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Abstract 

Rationale and hypothesis: Diabetic sensory neuropathy involves a distal dying-back of nerve 

fibers. Neuronal mitochondrial function is impaired in diabetes and Sirtuin 2 (SIRT2) is a sensor 

of redox state that regulates cellular bioenergetics. The role of SIRT2 in regulating the phenotype 

of adult sensory neurons derived from both control and diabetic rats or wild type and SIRT2 

knockout (KO) mice was studied. It was hypothesized that sensory neurons under a 

hyperglycemic state would have a lowered NAD+/NADH ratio thus deactivating the SIRT2 

pathway. It was further hypothesized that the down regulation of SIRT2 would diminish the 

activity of the AMP-activated protein kinase (AMPK) pathway resulting in mitochondrial 

dysfunction. This defect would contribute to distal dying-back of axons observed in diabetes. 

Methodology: Type 1 diabetes was induced in rodents by streptozotocin (STZ). Adult sensory 

neurons derived from control or STZ-diabetic rats or control and SIRT2 knockout (KO) mice 

were cultured in defined media with varying doses of neurotrophic factors and D-glucose. 

Protein levels were determined by quantitative Western blotting and neurite outgrowth quantified 

by immunocytochemistry. Plasmid transfection was initiated for overexpression of SIRT2 

constructs and Seahorse XF24 analyzer was utilized to measure mitochondrial function of 

cultured neurons.  

Results: Overexpression of SIRT2 elevated total neurite outgrowth in cultures derived from 

control and STZ-diabetic rats. Cultures derived from SIRT2 KO mice exhibited diminished 

neurite outgrowth. The AMPK pathway was inhibited under high glucose treatment through 

activation of the polyol pathway.  Pharmacological inhibition of the polyol pathway improved 

mitochondrial bioenergetics and neurite outgrowth in sensory neurons. Augmented expression of 
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electron transport proteins and increased mitochondrial mass was associated with enhanced 

bioenergetic function. 

Conclusion:  SIRT2 is a key component driving mitochondrial function and axon regeneration 

through the activation of AMPK pathway. In diabetes this pathway is suppressed via elevated 

polyol pathway activity.	
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Chapter 1: 

Background and literature review 

1.1. The Peripheral Nervous System (PNS) 

1.1.1 Introduction to PNS 

The nervous system is a network of specialized cells (neurons) and support cells (astrocytes and 

oligodendrocytes) that transmit and receive chemical and electrical signals. Through the actions 

of neurons, the nervous system can communicate and control the entire body. This integrated 

system is split into two separate divisions: the central nervous system (CNS) and the PNS. The 

CNS is the control center of the nervous system and includes the brain and spinal cord. The PNS 

is a part of the nervous system that lies outside of the CNS and includes nerves (bundles of 

axons) and ganglia (assortment of neuron cell bodies held together). The spinal and cranial 

nerves connect the entire body to the CNS by transmitting signals throughout. Based on function 

of these nerves, the PNS is divided further into the sensory division and the motor division. The 

sensory division involves nerve fibers (axons) that respond to receptors throughout the body and 

relay that subsequent information to the CNS. The location of these receptors separates the 

nerves into somatic and visceral fibers. Somatic fibers relay somatic information (temperature, 

touch, pressure, and pain), from the skin, skeletal muscles and joints while visceral fibers input 

information from organs within the body. In contrast to the sensory fibers, motor nerves relay 

information from the CNS to alter skeletal, smooth or cardiac muscles. Two divisions of the 

motor class of nerves are the somatic nervous system (SNS) and the autonomic nervous system 

(ANS). The SNS controls voluntary muscle movement. Dissimilarly, the ANS is an automatic 
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and involuntary process that controls internal organ functions such as heart rate, respiratory rate 

and digestion. It is further separated into the parasympathetic system; controls body functions at 

rest and the sympathetic system; the “flight or fight response”[1].  

1.1.2 Peripheral Nerve Structure and Function 

Nervous tissue is the main component in the PNS and is composed of highly packed cells. The 

two major types of cells are neurons (nerve cells) and neuroglia. Neurons are responsible for 

transmitting impulses for communication while the neuroglia support these cells. In the PNS, the 

ventral root contains motor neuron axons and the dorsal root contains axons of sensory neurons. 

These roots are attachment points on the spinal cord for spinal nerves. Spinal nerves carry all 

autonomic, motor and sensory signals between the CNS and body. A motor neuron is comprised 

of a cell body (soma), axons, and dendrites, while sensory neurons have only a cell body and an 

axon. A neurite is either an axon or a dendrite in its undifferentiated stage[2]. The main structure 

of the neuron is the cell body. The cell body is enclosed by a plasma membrane and holds the 

nucleus and organelles necessary for cell maintenance. Vast amounts of mitochondria in the cell 

body reflect the neurons high consumption of energy. Clusters of these cell bodies are called 

ganglia. The dorsal root ganglia (DRG), is a cluster of sensory cell bodies found in the dorsal 

root. Neuronal processes are filaments that attach to the cell body. Two types of neuronal 

processes found in the PNS are dendrites and axons. Dendrites usually are only found on motor 

neurons in the PNS. They have short extensive branches from the cell body that have a tree like 

appearance. Spines are seen on the very tips of these dendrites appearing as small round ends. 

The spines are specialized areas for receiving signals that synapse with axons. Synapses allow 

for communication between axon terminals and other neurons or effector tissues. They are the 

main input regions for receiving signals in the PNS. Axons in contrast, extend for longer lengths 
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before branching out. A single axon arises from the cell body at the axon hillock and branches 

sparingly throughout its length, terminating with a bouton. Not unlike the dendrite, signals are 

received at the bouton from axonal synapses in motor neurons. However, sensory neurons have 

axons that extend into the periphery, terminating into either encapsulated or free nerve endings 

as shown in Fig. 1. Axons also allow for transport of molecules to and from the cell body called 

retrograde and anterograde transport, respectively. This allows the cell body to supply axonal 

terminals with metabolic and structural material, and the cell body to respond to exogenous 

molecules[3].  

Fig.1: Sensory neuron with a myelinated axon. A sensory neuron is composed of a cell body with a nucleus, and a 

long fibrous axon that extends to the PNS and another axon that extends to the CNS. Schwann cells surround the 

axon with myelin and spaces between myelin are the nodes of Ranvier. Receptors extending to the PNS terminate 

with receptors and axons terminating in the CNS have synaptic endings. Edited figure[4].  

The amount of neuronal processes and their attachment patterns to the cell allow it to be 

separated into three main types: The multipolar, bipolar and its subclass pseudounipolar. 

Multipolar neurons contain a single long axon and short, extensive branching dendrites attached 
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to the cell body. Most neurons are characterized as multipolar neurons. Unipolar neurons have 

only one process extending from the cell body, while bipolar neurons have two processes, a 

dendrite to receive information and an axon that transmits signals. Bipolar neurons are usually 

only found in the retina and olfactory region of the nasal cavity. Pseudounipolar neurons are a 

class of unipolar that originated as bipolar. These sensory neurons develop when two processes 

fuse to form a single axon. This axon extends from the cell body into either the spinal cord 

synapsing with another axon or the periphery terminating into capsulated or free nerve endings 

covered with receptors[5] shown in Fig. 2.  

Fig. 2: Types of Sensory Receptors. A. Simple receptors are neurons with free nerve endings. B. Complex neural 

receptors have nerve endings enclosed in connective tissue capsules. C. Special senses receptors are cells that 

release neurotransmitter onto sensory neurons, initiating an action potential. Edited figure[1]. 

Different types of sensory nerve fibers innervate these receptors. These sensory fibers can 

be sorted into type A fibers (β δ), or type C fibers based on their axon diameter, myelination, and 
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conduction velocity (Fig. 3). Beta fibers are myelinated with a small diameter size and slower 

conduction velocity then alpha fibers. They are associated with cutaneous mechanoreceptors, 

functioning in touch, vibration and pressure. Delta fibers also function in touch, in addition to 

temperature and pain. They are myelinated, but have the smallest nerve diameter and slowest 

conduction velocity of type A fibers. Unlike the other type A fibers, delta fibers are associated 

with free nerve endings. Type C fibers are the only group that is not myelinated. Consequently, 

they have the smallest nerve diameter and slowest nerve conduction velocity of all the groups 

and function in temperature and deep pain. Similarly to delta fibers, type C fibers are associated 

with free nerve endings[6],[7].  

 

Fig. 3: Classification of peripheral nerves according to anatomy, physiology, and function[8]. 

Supporting cells of the peripheral nervous system, satellite cells and Schwann cells help 

build and support the structure of the nerve. Satellite cells surround the neuronal cell body while 

Schwann cells cover the sensory and motor axons in myelin. The myelin surrounding the axons 

is made up from several wrappings of fused plasma membrane that form a compact sheath.  

Schwann cells only generate myelin for a given segment of the axon. Portions of the axon that 

Chapter 36: Local Anesthetics 1033

Figure 36-4. A, Transverse sections of a 
peripheral nerve showing the outermost epi-
neurium; the inner perineurium, which collects 
nerve axons in fascicles; and the endoneurium, 
which surrounds each myelinated fiber. B, Each 
myelinated axon is encased in the multiple 
membranous wrappings of myelin formed by 
one Schwann cell, each of which stretches lon-
gitudinally more than approximately 100 times 
the diameter of the axon. The narrow span of 
axon between these myelinated segments, the 
node of Ranvier, contains the ion channels that 
support action potentials. C, Nonmyelinated 
fibers are enclosed in bundles of 5 to 10 axons 
by a chain of Schwann cells that tightly embrace 
each axon with but one layer of membrane.
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Figure 36-5. A typical plasma membrane has at its core the lipid bilayer, composed of phospholipids and cholesterol molecules (in an approxi-
mately 5:1 ratio) embedding the membrane integral proteins, which are most often glycosylated by extracellular carbohydrates and include 
receptors and ion channels essential for intercellular communication. “Peripheral proteins” regulate the functions of membrane proteins, chaper-
one them to the plasma membrane, and stabilize them in the cell through interactions with both the cytoskeleton and the extracellular matrix. 
Probable membrane locations and protein sites for local anesthetics are also shown.

TABLE 36-3 CLASSIFICATION OF PERIPHERAL NERVES ACCORDING TO ANATOMY, PHYSIOLOGY,  
AND FUNCTION 

Fiber 
Class Subclass Myelin

Diameter 
(µm)

Conduction 
Velocity (m/sec) Location Function

Susceptibility to 
Local Anesthetic 
Block

A alpha + 6-22 30-120 Efferent to muscles Motor ++
beta + 6-22 30-120 Afferent from skin 

and joints
Tactile, proprioception ++

gamma + 3-6 15-35 Efferent to muscle 
spindles

Muscle tone ++++

delta + 1-4 5-25 Afferent sensory 
nerves

Pain, cold 
temperature, touch

+++

B + <3 3-15 Preganglionic 
sympathetic

Various autonomic 
functions

++

C sC − 0.3-1.3 0.7-1.3 Postganglionic 
sympathetic

Various autonomic 
functions

++

dC − 0.4-1.2 0.1-2.0 Afferent sensory 
nerves

Various autonomic 
functions

Pain, warm 
temperature, touch

+

Modified From Bonica JJ: Principles and practice of obstetric anesthesia and analgesia. Philadelphia, 1967, FA Davis.
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are left unmyelinated are called Nodes of Ranvier and are critical for proper function of the axon. 

Myelin insulates the axons allowing the action potential to jump from one node to another, called 

saltatory conduction. Voltage-gated sodium channels accumulate at the Nodes of Ranvier and are 

activated for propagation of the action potential. Unmyelinated fibers have voltage gated sodium 

channels across the entire length of the axon. This saltatory conduction prevents loss of the 

electrical signal along larger axons and allows for rapid impulse of the action potential compared 

to the unmyelinated fibers, which are usually smaller axons[9]. Peripheral nerves consist of 

bundles of axons covered in three connective tissue layers; the endoneurium, perineurium, and 

the epineurium. To form the nerve, the endoneurium surrounds the axon. The second layer, the 

perineurium tissue ensheaths the axons, Schwann cells, and endoneurium to form fascicles. 

Several of the fascicles are held together by epineurium tissue[10] (Fig. 4).  

Fig. 4: Three dimensional view of a portion of a nerve, showing connective tissue wrappings[1] 

1.1.3 Nerve Damage/Injury 

Three types of injuries occur frequently in nerve fibers: stretch, lacerations, and compression 

damage. Stretch-type injuries are known to occur more often than the other injuries. Nerve fibers 
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are very elastic due to their surrounding connective tissue, however when they are stretched 

above their limit injury will occur. This is seen regularly in bone fractures and brachial plexus 

injuries. Sharp objects cause one third of nerve damage. In these injuries lacerations usually 

result in partial or complete transection of the nerve. Unlike lacerations, compression injuries do 

not involve severance or tearing of the nerve, but mechanical compression and ischemia. Nerve 

continuity is maintained, however there is a conduction block that results in loss of motor and 

sensory function. These effects are usually reversible in short-term compression[11].  

A classification system divides these injuries based on their severity into three categories: 

neurapraxia, axonotmesis and neurotmesis (Fig. 5). Neurapraxia injuries are the least severe. 

Myelin damage occurs, but usually the axon itself remains intact. Because of damage to the 

myelin, conduction is blocked, resulting in loss of function. However, this is temporary and 

when myelin is restored the function is reestablished. Axonotmesis is a more severe type of 

injury. Not only is there disruption of the myelin, but also the axon itself is damaged. This type 

of injury requires axon regrowth and reinnveration of its target. The severity of this injury 

initially requires Wallerian degeneration to break down the injured axon. Subsequently, 

regeneration of the axon will follow. The most severe injuries are categorized as neurotmetis. 

These injuries have complete anatomical disruption of the axon and its surrounding connective 

tissue. This results in complete loss of function and no natural nerve regeneration occurs without 

surgical intervention[12]. 
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Fig. 5: Schematic	drawing	of	a	normal	nerve	fiber	and	the	three	grades	of	nerve	injury	according	to	Seddon’s	

classification[12]. 

The above classification system was further expanded to include five types of injury 

severity. A type one injury is approximate to neurapraxia. Type two injuries are equivalent to 

axonotmesis where there is axon damage, but intact connective tissue allowing for full 

regeneration.  Type three and four injuries are categorized as axonotmesis, but have increasingly 

poor recovery due to progression of axon and connective tissue damage. Lastly, type five injuries 

are equivalent to neurotmesis where there is complete nerve and connective tissue disruption[13]. 

1.1.4 Neural Response to nerve injury – Wallerian degeneration 

After nerve injury, before regeneration begins, degenerative processes occur within the injured 

nerve. The success of regeneration is largely dependent on the injury severity and the subsequent 

degenerative processes. Injuries classified as neurapraxia where no axon damage has occurred 

has little or no degenerative or regenerative actions. In axonotmesis injuries, distal to the lesion 

site a process of axonal degeneration called Wallerian degeneration occurs. In this process, axons 

separate from the cell body and degenerate (Fig. 6). This allows for a debris free environment 
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Traumatic injuries of peripheral nerves:  
a review with emphasis on surgical indication
Lesões traumáticas de nervos periféricos: uma revisão com ênfase na indicação cirúrgica
Roberto Sergio Martins1,2, Dhiego Bastos3, Mario Gilberto Siqueira1, Carlos Otto Heise1, 
Manoel Jacobsen Teixeira1
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ABSTRACT
Traumatic peripheral nerve injury is a dramatic condition present in many of the injuries to the upper and lower extremities. An understanding 
of its physiopathology and selection of a suitable time for surgery are necessary for proper treatment of this challenging disorder. This article 
reviews the physiopathology of traumatic peripheral nerve injury, considers the most used classification, and discusses the main aspects of 
surgical timing and treatment of such a condition.

Keywords: peripheral nerve, peripheral nerve surgery, peripheral nerve injury, nerve.

RESUMO
Traumatismos dos nervos periféricos resultam em lesões incapacitantes e estão presentes em muitas das lesões dos membros. A com-
preensão da fisiopatologia dessas lesões e a seleção do momento operatório mais adequado são imprescindíveis para que o tratamento 
seja adequado. Neste artigo revisamos a fisiopatologia das lesões traumáticas dos nervos periféricos, apresentamos a classificação mais 
utilizada dessas lesões e discutimos os principais aspectos relacionados ao momento da cirurgia e às formas de reparo cirúrgico.

Palavras-chave: nervo periférico, cirurgia de nervo periférico, traumatismo de nervo periférico, enxerto de nervo, reparo do nervo.

Figure 1. Schematic drawing of a normal nerve fiber and 
the three grades of nerve injury according to Seddon’s 
classification.
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that supports axon regeneration[14].Wallerian degeneration occurs in three phases: acute 

degeneration, latency in the distal axon, and granular fragmentation. Acute axon degeneration 

(AAD) occurs immediately after axotomy, distally and proximal to the site of injury. Axonal 

membranes on the proximal stump swell and form bead like structures from ongoing axonal 

transport. This early degenerative step as been shown in both optic and spinal sensory nerves in 

vivo and has been demonstrated to be activated by influx of calcium through ion channels and 

inhibited by calcium channel blockers. The mechanism of calcium-induced degeneration is 

through initiation of calpain within thirty minutes after injury is sustained, where axonal 

neurofilaments and microtubule components are cleaved. Calcium influx has also been shown to 

trigger autophagy, which is indicated to be a secondary mechanism in AAD[15]. In phase II or 

the latency period there is prolonged inactivity in the distal part of nerve, allowing the damaged 

nerve to maintain conduction and axonal transport twenty-four hours after injury[16], [17]. The 

last phase is the granular fragmentation of the cytoskeleton elements of the axon that occur in 

either a retrograde or anterograde fashion depending on the type of injury[18]. The activation of 

this final phase is also shown to be calcium-induced. Culturing neurons in a media containing 

low levels of calcium allows for a delay in axonal degeneration for up to four days after injury 

and the addition of calcium will induce degeneration in healthy neurons[19]. After the calcium-

induced breakdown of the axon there is accumulation of macrophages and Schwann cells. Their 

role is to clear axonal fragments and provide an environment that promotes regeneration[15].  
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Fig. 6: Course of Wallerian axon degeneration. As early as 5–30 min after nerve injury, the axonal segments 

proximal (left) and distal (right) to the injury site exhibit short-distance acute axon degeneration (AAD), an event 

that is principally mediated by extracellular Ca2+ influx and activation of the intracellular Ca2+-dependent protease 

calpain. This event is followed by a slower axonal retraction and formation of axonal bulbs at the injury sites 

(arrow- heads). For the next 24 to 48 h after injury there is a period of relative latency in which the distal axon 

remains morphologically stable and electrically excitable. Although beading occurs along the distal axon at irregular 

intervals, there are few signs of physical fragmentation. At more than 72 h after injury, rapid fragmentation and 

cytoskeletal breakdown occur along the full length of the distal axon, followed by increased glial (consisting 

primarily of astrocytes, macrophages and, in the PNS, Schwann cells) influx to clear axonal remnants (blue circles) 

and to possibly promote regenerative attempts by the proximal axon[15]. 

1.1.4.1 Wallerian degeneration slow (WldS) mice 

Much of what is known of axon degeneration, specifically Wallerian degeneration, has come 

from the study of the WldS mutation. This mutation allows nerve fibers that have undergone 

injury to survive ten times longer then wild-type mice with the same nerve injury[20]. The ability 

of WldS axons to survive for a prolonged time without their cell bodies has changed our 

ideology of axonal degeneration regulation and instead introduces the idea of an active process 
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that is axon-autonomous. Initially, axon degeneration was thought to be a passive process caused 

by the separation of axon and cell body[21]. The discovery of the WldS mice has led to the 

convergence of signaling pathways of Wallerian degeneration of nerve injury and Wallerian-like 

mechanisms for neuronal disease models[22].  

WldS is a spontaneous autosomal mutation that was discovered by chance after it arose 

from C57BL/6J strain of mice and became homozygous[23]. It is a semidominant phenotype that 

is intrinsic to nerves[24]. The WldS gene was found on chromosome 4 where a splice event 

occurred to form a fusion protein that is absent in wild-type mice. Sequencing of this protein 

indicates nicotinamide mononucleotide adenylyltransferase 1 (Nmnat1) on the C-terminus and 

the N-terminus of E4-type ubiquitin ligase (Ube4b) on the N-terminus of the protein[25].  

NMNAT2, an isoform of NMNAT1 is a key protein in the generation of NAD+ and is essential 

for neuronal survival and growth[26]. It provides NAD+ as a substrate for enzymes like the 

sirtuins, which in turn regulate cellular energy balance and maintain nerve growth[27]. 

1.1.4.2 Distal-dying back axon degeneration 

Since the discovery of the WldS mouse model, it is possible to show a Wallerian-like mechanism 

in axons with no injury. Neurodegenerative disorders such as amyotrophic lateral sclerosis 

(ALS), Alzheimer’s disease, Parkinsons’ disease (PD), Huntingtons’ disease (HD)and peripheral 

neuropathies demonstrate axon degeneration before the loss of neuronal cell bodies. In peripheral 

neuropathies, the axons are exposed to various stresses and the long length of these axons 

compounds this problem. Axonal transport is crucial for delivering essential cell components to 

the axons and delivery of molecules back to the cell body for signal transduction and 

degradation. Any disruption to this transport system can lead to the disturbance of the normal 
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function of the axons (axonopathy) or neurodegenerative disorders. In these disorders, like 

Wallerian degeneration, axons undergo “dying back” in which axon degeneration occurs in the 

distal nerves and spreads retrogradely to the cell body as shown in Fig. 7. The axons follow the 

same events, which results in the granular disintegration of the axonal cytoskeleton and axon 

fragmentation. This prepares the axon for regeneration.[28]  

Fig. 7: Dying back and focal lesion models of axon degeneration. Shows two alternative models to account for the 

observation that nerves in many disorders show greater axon degeneration at their distal ends (centre). The ‘dying 

back’ model (top) proposes that degeneration of each axon starts at the distal end and moves retrogradely. The focal 

lesion model (bottom) proposes that focal lesions can trigger Wallerian degeneration of distal axons, while proximal 

axons remain intact. The lesion does not necessarily need to transect the axon, as a focal block of axonal transport 

(red bar) might also trigger Wallerian degeneration[28] 
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1.1.5 Nerve Regeneration  

After nerve damage and degeneration, two types of nerve reinnervation can occur.  Collateral 

sprouting is when outgrowth develops from a preexisting axon shaft. It occurs when the severed 

or injured nerve is adjacent to an uninjured nerve. The growth of the uninjured nerve will expand 

into the area of deinnervation.  Sensory function is restored even in the absence of nerve 

regeneration, however this type of reinnervation is dependent on the availability of nerve growth 

factor (NGF)[29], [30]. Anti-NGF antibodies eliminate the action of collateral sprouting. Nerve 

regeneration may occur simultaneously with collateral sprouting, but is not dependent on 

NGF[30]. 

             Nerve regeneration occurs after Wallerian degeneration, a crucial step to prepare the 

axon and the environment for the regrowth of axons. Essentially, the degree of success of the 

regeneration depends on severity of the injury and subsequent degeneration. In such cases where 

the endoneurium is damaged axons are not confined to the inside of the tube allowing for poor 

accuracy and may fail to reinnervate into the appropriate targets, compromising recovery. This is 

often the case in crush injuries, where endoneurial tubes and Schwann cell basal lamina are not 

intact. In nerve fibers that have been severed, the accuracy of regeneration has far more variables 

that include, body region, age, and species of animal[31]. 

1.1.5.1 Schwann cells 

Schwann cells are crucial for successful nerve regeneration. They are not only important in the 

removal of axonal fragments during Wallerian degeneration, but also have a vital role in the 

subsequent regeneration. During Wallerian degeneration, Schwann cells are triggered to 

proliferate. This proliferation allows the Schwann cells to align within the basal lamina of the 
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endoneurial tubes. Near the injured site of the nerve, Schwann cells migrate from the distal 

stump and form the band of Bungner. The band of Bungner is a column of proliferating Schwann 

cells that bridges the injury site. They secrete growth factors, chemo-attractants and an increased 

amount of cell adhesion molecules that promote axonal guidance and growth[32], [33] 

1.1.5.3 Axonal Growth/Cone 

Proximal to the site of injury axons begin to regenerate within a few hours following the initial 

damage. From the proximal stump at the node of Ranvier, axonal sprouts arise and grow down 

the endoneurial tube where the growth cone is in close contact with the basal lamina of the 

Schwann cells.  Initially, there is an excessive amount of axonal sprouts, but many of these 

sprouts will die, allowing a few to grow and reinnervate the target[34].  

The growth cone is essential for regeneration. The cone is an enlarged tip of the growing 

axon that is formed after degeneration of the proximal stump. It contains various vesicles and 

mitochondria[35]. Because the growth cones are highly motile structures that are responsible for 

the direction and guidance of the extending axon they consume vast amounts of energy 

accounting for the large number of mitochondria located in the growth cone. A distinctive 

feature at the tip of the cone is called lamellapodium, a cytoskeletal actin projection that propels 

the axon forward. Numerous cytoplasmic extensions called filopodia extend beyond the tip of a 

growing axon allowing them to explore and sense the surrounding environment that provide cues 

for growth, direction and recognition[36]. This type of movement is called actin treadmilling. 

Specifically, through the hydrolysis of ATP, polymerization of actin allows actin monomers to 

be added to one side of the actin projection while simultaneously being removed from the other 

end enabling movement[37]. The shapes of these structures are determined by intracellular 
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signaling and associated cytoskeletal structures while the motility is regulated by intracellular 

calcium[38]. 

1.1.5.4 Cell body and intrinsic factors  

Surviving cell bodies also undergo morphological and molecular changes after nerve injury. 

Morphologically, cell bodies undergo the dispersal of Nissl bodies, the displacement of the 

nucleus to the periphery of the cell, and swelling, collectively called chromatolysis[39]. The 

extent of chromatolysis is dependent on the proximity of the lesion to the cell body, however this 

morphological event is not required for regeneration within dorsal root ganglia which require 

little chromatolysis[40], [41]. 

At the same time the axon and cell body are undergoing morphological changes, internal 

molecular signaling is also altered. The cell body experiences molecular changes that are 

regulated by cytokines and influenced by positive and negative signals from the damaged 

axons[42]. Negatively, signals cause the disruption of the retrograde transportation of trophic 

factors, most importantly NGF. Positive signals that promote regeneration are found in lesioned 

nerves and allow the cell body to undergo immense protein synthesis, promoting the activation 

of transcription factors, adhesion molecules, growth associated proteins and structural 

components, like actin and tubulin (Fig. 8) [43]. However, the cell body is not inherent to the 

regenerative success of the nerve. When axons were completely separated from the cell body, 

their ability to regenerate did not diminish. Although, the cell body is not necessary it does 

facilitate regeneration by allowing for an increased supply of regenerative supportive 

molecules[33].  
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Fig. 8. Both positive and negative signals contribute to the conditioning effects of a peripheral nerve lesion (PNL). 

In the adult dorsal root ganglia (DRG) neurons, a PNL activates the axon regenerative program, indicated by the 

upregulation of regeneration-associated genes such as GAP-43, Smad1, and cytoskeleton components, as well as by 

the down-regulation of other genes such as ion channels and neurotransmitters. This activation will allow a robust 

axon regeneration to occur if the same prelesioned neurons receive a second axotomy even in the central branch. 

Many factors likely contribute to this conditioning effect, including injury-induced positive regulators such as 

activation of the Janus kinase/signal transducers and activators of transcription (JAK/STAT) pathway as the result of 

locally released cytokines, and the removal of negative influence from peripheral targets, such as electrical 

activity.[43] 

In the nerve repair process, the family of neurotropic factors including NGF, brain-

derived neurotropic factor (BDNF), ciliary neurotropic factor (CNTF) and many others are 

increasingly found to be indispensable for regeneration. NGF is involved in cell survival and 

maintenance and is continuously released from peripheral targets and transferred to the cell body 

in a retrograde manner[44]. The neurotrophin cell signaling cascade is initiated by binding to a 

tropomyosin receptor kinase (TRK) or low affinity receptor p75. The activation of extracellular 
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had been previously cut. Woolf and colleagues
(Neumann & Woolf 1999) subsequently
showed that injured central axons from DRG
neurons with a conditioning lesion could
regenerate across the hostile spinal cord injury
sites. Because adult DRG neurons possess
the competence for axon regeneration, the
conditioning effects provide a unique model
to investigate how the regenerative program is
turned on or off.

The effects of the conditioning lesion
require gene transcription alteration. In this
regard, a peripheral injury could trigger a
recapitulation of the developmental patterns
of expression for growth-associated proteins

(GAP-43, CAP23, SPRR1A, and cytoskeleton
components) and a decrease in the neuro-
filament proteins. Other upregulated genes
include transcription factors (such as ATF-3,
c-Jun, Sox11, and Smad1), translation regula-
tors, and arginase 1 (a rate-limiting enzyme in
polyamine biosynthesis). The downregulated
genes include ion channels and protein in-
volved in neurotransmitter synthesis (reviewed
by Hoffman 2010 and Richardson et al. 2009).

To transform a peripheral lesion into axonal
regeneration program activation, retrograde
signals must be involved (Cragg 1970, Rishal
& Fainzilber 2010) (Figure 2). Such signals
could be negative (e.g., interruption of the

Spinal cord 

Cytokines release
(LIF, CNTF, IL-6)  

Peripheral targets DRGs Lesion 

Electrical activity 

DRGs 

Electrical activity 

Injury-derived signals 

Regenerative program 

Muscle  

ATF3, SOX11, c-Jun
pSTAT, Smad1
cAMP   

GAP-43, CAP-23, Arg1,
SPRR1A, Actin, tubulin
Cytoskeleton components   

Ion channels
Neurotransmitters  

PNL 

Figure 2
Both positive and negative signals contribute to the conditioning effects of a peripheral nerve lesion (PNL). In the adult dorsal root
ganglia (DRG) neurons, a PNL activates the axon regenerative program, indicated by the upregulation of regeneration-associated
genes such as GAP-43, Smad1, and cytoskeleton components, as well as by the down-regulation of other genes such as ion channels and
neurotransmitters. This activation will allow a robust axon regeneration to occur if the same prelesioned neurons receive a second
axotomy even in the central branch. Many factors likely contribute to this conditioning effect, including injury-induced positive
regulators such as activation of the Janus kinase/signal transducers and activators of transcription ( JAK/STAT) pathway as the result of
locally released cytokines, and the removal of negative influence from peripheral targets, such as electrical activity.
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signal-related kinase (ERK) and phosphatidylinositol-3 kinase (PI3-K) by phosphorylation of 

TRK cause morphological responses and axon growth seen in regeneration[45]. The disruption 

of this transfer and the decreased amount of the neurotrophic factors is the negative signal 

needed to trigger regeneration. Upregulation of trophic factors is seen in distal nerve stumps of 

injured nerves dispensing trophic influence as shown above on the regenerating axons[34], [44].  

1.1.6. CNS Regeneration 

Unlike the PNS, the CNS axons do not readily regenerate. Increasing evidence proposes that 

interactions with different environments contribute to regenerative success. DRG have axons in 

both the CNS and PNS, while only those in the PNS environment exhibit extensive regeneration. 

This suggests that the CNS environment is more hostile for regrowth. An obvious environmental 

difference between the CNS and the PNS are the different types of glial cells. While Schwann 

cells are known to be indispensable for regeneration success in the PNS it has been suggested 

that oligodendrocytes and astrocytes are detrimental in the CNS[46]. Similarly, oligodendrocytes 

form myelin that surrounds nerve fibers and provide support for the axons. However, when the 

myelin is damaged the axon is now exposed to myelin-associated inhibitors. Several molecules 

were identified as inhibitors with the best-characterized being Nogo. Nogo-A is expressed as a 

component of CNS myelin and interacts with nogo-66 receptor (NgR1) to limit axon growth. 

Other inhibitory cues involved in the impairment of regrowth are repulsive guidance cues. 

During development molecules such as ephrin B3 and sema4D/CD100 are involved in axon 

pathfinding. Sema4D/CD100 is normally down regulated after development is complete, but can 

be induced during nerve injury and trigger growth cone collapse, successfully preventing any 

form of regeneration[47].  Another distinction between the two glial environments is the 

presence of astrocytes. After injury, glial cells including astrocytes are recruited to the lesion 
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site. Astrocytes accumulate at the injury and become reactive, releasing chondroitin sulphate 

proteoglycans (CSPG). This process forms what is known as the glial scar, which acts as a 

physical barrier to regrowth. During glial scar formation, CSPGs are rapidly unregulated by 

reactive astrocytes and are shown to be extremely inhibitory to axon outgrowth. Although the 

glial scar negatively affects regeneration it has beneficial effects of isolating the injury site and 

minimizing the area of inflammation and cellular degeneration[48].  

To enhance the ability of the CNS to regenerate new strategies of overcoming the 

inhibitive environment are being implemented. One method is to modify the sulphated 

proteoglycans. This strategy aims to eliminate the inhibitory effect of CSPGs by enzymatically 

digesting them after injury. In addition, methods of blocking the inhibitory effects of myelin are 

being extensively investigated. Blocking the molecule Nogo by directing antibodies against its 

receptor has shown to improve regeneration. Naturally, peripheral conditioning has indicated 

regenerative improvement of the axonal process of DRGs within the CNS. Furthermore, when 

there is injury to the central axonal process of a DRG, e.g. damage within the dorsal spinal cord 

of the CNS, peripheral axons of the same DRG neuron that have a prior injury can aid in the 

regeneration of the central process within the spinal cord, known as a conditioning lesion. In this 

regard cAMP positively influences the growth state of the neuron. This can be replicated without 

the peripheral injury by injecting sensory neuron cell bodies with cAMP, positively promoting 

the ability of the central process to overcome glial scars and myelin inhibitors within the dorsal 

spinal cord[49].  
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1.2. Mechanisms of histone deacetylation  

Epigenetic modifications are essential for successful development and repair of the peripheral 

nervous system. The relative level of acetylation or the status of site specific acetylation on target 

proteins is influenced by both histone acetyltransferases (HAT) and histone deacetylases 

(HDAC). The balance between acetylation and deacetylation can mediate the activation or 

inhibition of gene expression and regulate numerous biological processes that contribute to 

maintaining peripheral nerves. 

1.2.1 Histone deacetylases 

HDACs also known as lysine deacetylases or protein deacetylases are enzymes that work in 

collaboration with HAT to modulate the acetylation status of the ε-amino group of lysine by 

adding or removing acetyl groups. This reversible post-translational modification is a dynamic 

process that influences the target protein’s activity, affinity, stability, and protein interactions 

with variances in functionality due to the position of the lysine residues in the target[50]. 

Histones were identified as the first targets for the HAT-HDAC system. In a multi-protein 

complex HATs would modify core histones and relax chromatin and allow for gene transcription 

while HDACs attenuate the transcription by deacetylating the targets and condensing the 

chromatin[51]. Since the identification of non-histone targets the HDAC’s role has broadened to 

transcriptional dependent and transcriptional independent mechanisms including signal 

transduction, microtubule dynamics and intracellular transport, metabolism and aging[52]. 

1.2.2 Histone superfamily 

The superfamily of histone deacetylases is divided into classical deacetylases that are zinc 

dependent and sirtuins. Further division establishes four main classes based on phylogenetic 
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analysis and sequence homology[52].  Class I, IV and II divided in IIa and IIb are classical 

HDACs and class III are sirtuins[53]. Class I HDACs include HDAC1, 2, 3 and muscle specific 

HDAC8. This class is predominantly localized to the nucleus. However, HDAC3 can shuttle 

from the nucleus to the cytoplasm[54]. HDAC1 and	2	are	highly	homologous and work 

collaboratively in catalytic subunits of the transcriptional repressor’s SIN3, NuRD/NRD/Mi2, 

and CoREST[55]. Class II HDACs have tissue-specific expression patterns and are highly 

expressed in the brain, heart and muscle. Class IIa HDAC consists of four members HDAC 4,5,7, 

and 9.  HDAC 9 remains in the nucleus while the HDAC9 splice variant (MITR) and HDAC4,5, 

7 shuttle between the nucleus and cytoplasm[56]. Class IIb contains HDAC6 and 10 which are 

primarily found in the cytoplasm.  HDAC6 contains a unique C-terminal ubiquitin binding 

domain and two deacetylase domains and functions in deacetylating tubulin, cortactin, and 

HSP90, resulting in the regulation of axon trafficking, cell motility, and degradation of misfolded 

proteins. Additionally, HDAC6 shuttles to the nucleus to regulate transcription[57], [58]. Class 

IV HDACs includes HDAC 11 which is predominately found in the nucleus and is found to 

regulate immune tolerance[59]. Lastly, sirtuin (silent information regulator two) proteins are 

classified as class III HDACs.  Sirtuins are unique among the HDACs because they require 

nictonamide adenine dinucleotide (NAD+) for catalysis[60].  Further summary of HDACs can be 

found in Fig. 9.  
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 Fig. 9: Characterization of histone deacetylases 

1.2.3 The Sirtuin family: 

The Sir2 gene was the first sirtuin identified in Saccharomyces cerevisiae (yeast). Subsequently, 

sirtuins have been categorized in both eukaryotes and prokaryotes with seven mammalian SIRTs 

now known[61]. All seven sirtuins share substantial sequence homology, conserved catalytic 

domain, and NAD+ binding domain, but differ in their subcellular localization and amino-

terminal/carboxy terminal sequences [62] (Fig. 10).  
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Specific	
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Fig. 10: Comparison of the mammalian sirtuins 1-7. Indicated on the right is an illustration of the sirtuin protein 

with the conserved catalytic domain shown in grey and the varying amino/carboxy-terminal amino acid lengths 

shown in white. On the right are the enzymatic activities, for example, deacetylase amino ribosyltransferase (ART) 

and cellular localization of each sirtuin protein[63]. 

The seven mammalian SIRTs are categorized into four classes. Class I consists of SIRT1, 

2, 3, class II and III consist of SIRT4 and 5 respectively and SIRT6 and 7 are in Class IV[64]. As 

mentioned above sirtuins require NAD+. They require NAD+ to carry out the catalytic reactions 

that include deacetylation and mono-ADP-transferase activities.  SIRT1, 2,3 and 5 mainly carry 

out deacetylated activities that are coupled to the cleavage of NAD+, resulting in the production 

of nicotinamide and 2’-O-acetyl ADP ribose along with the deacetylated lysine and protein 

substrate. Additionally, SIRT5 has a demalonylase and desuccinylase activity[65]. SIRT4, along 

with a weak deacetylase activity and SIRT 6 can use NAD+ as proton donor to mediate the ADP-

ribosylation of protein substrates[66]. The sirtuin family deacetylate both histone and non-

histone substrates. Deacetylation of histone leads to regulation of transcription and gene 

silencing, while deacetylation of non-histones results in a wide range of biological effects 
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including senescence, survival, metabolism, and proliferation[63]. Sirtuins are considered 

nutrient sensors because of their reliance on the nutrient dependent NAD+/NADH ratio. When 

levels of NAD+ rise, in nutrient low cases, the activity of sirtuins are amplified, however when 

this ratio decreases with high nutrient levels, sirtuin activity decreases. This accounts for their 

roles in longevity and metabolism[67] (Fig. 11).  

Fig. 11: The Sirtuin family. (A) Sirtuins deacetylate both histone and non-histone targets which allows for the 

activation and inhibition of numerous cellular functions. The cofactor NAD+ is required for the deacetylase reaction 

catalyzed by sirtuins. This reaction produces 2’-O-acetyl-ADP ribose, the deacetylated protein and NAM. NAM can 

be recycled to NAD+ by the enzyme NAMPT via the salvage pathway. (B) Since sirtuins are dependent on NAD+, 

their catalytic activity is coupled to the NAD+/NADH ratio, which fluctuates with nutrient levels, increasing in 

times of low nutrient exposure and decreasing in times of high nutrient level[68].	
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1.2.3.1 Protein structure and isoforms 

The overall structure of the sirtuin protein indicates a highly conserved catalytic core with N and 

C terminals that vary in their length and sequences[69]. Within the conserved catalytic core there 

are two domains, a large Rossman fold domain which functions in binding NAD+ as well as a 

smaller domain that contains a zinc binding ribbon module and a helical module with three to 

four helices as seen in Fig. 12. The modules are tied to the large domain by linking loops 

resulting in the formation of a cleft. Within the cleft a hydrophobic tunnel binds both the NAD+ 

and acetylysine on opposite sides, resulting in the catalysis of the compounds[70]. The zinc 

compound in the small domain is not directly involved in the deacetylation of the lysine residues, 

however, it plays a key role in maintaining the stability of the catalytic core structure[71]. Within 

the catalytic core domain there are binding sites for acetylysine and specific binding sites for 

adenine binding, nicotinamide binding and nicotinamide moiety binding sites of NAD+[70].  In 

all sirtuin isoforms the architecture of the binding sites are conserved, but specific features such 

as shape details and charge distribution differ[72], [73]. Substrate recognition has been tied to 4 

or 5 main residues from the acetyl-lys region, which bind through backbone interactions and 

surface contacts, indicating sequence preference and substrate polarity influence in specific 

positions[69], [70].  
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Fig. 12: Overall structure and modulators of Sirtuins. (A) Structure of human Sirt3 with bound AceCS2 (acetylCoA 

synthetase 2) peptide and NAD+ analog. The structure of Sirt3 (PDB entry 3glr) is shown as a cartoon model with 

Rossmann-fold domain and Zinc-binding domain colored in blue and green, respectively. The cofactor binding loop 

(magenta) is in a closed conformation and binds a carba-NAD molecule (gray), which was added to the model based 

on a superposition with the structure of an Hst2/carba-NAD structure (1szc). The active site cleft also contains the 

peptide substrate AceCS2 (yellow) with the acetylated lysine directly pointing to the active site. Edited figure[69] 

Subcellular locations differ among the mammalian sirtuins. SIRT1, 6 and 7 are found in 

the nucleus of the cell. Among the three nuclear SIRTs there is a wide array of preferences for 

substrates indicating the similar subcellular localization of sirtuins does not affect the specificity 

of preferences of substrates. SIRT3, 4, and 5 are localized to the mitochondria and consequently 

show varying preferences for substrates. Lastly, SIRT2 is mainly localized to the cytoplasm, but 

can be found in the nucleus[74]. Tissue specificity differs among sirtuins, however in neurons, 

SIRT1,2 and 3 are highly expressed in the brain[75]. 
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1.2.3.2 Regulation of Sirtuins  

Regulatory mechanisms occur at various points in the life cycle of sirtuins. Because of overlap in 

cellular locations, supplementary regulation is required to ensure specificity to substrates. 

Expression, post-translational modifications, complex formations, compounds and NAD+ 

regulation are several of the mechanisms that control the activity of the seven mammalian 

sirtuins. Best described are the mechanisms of regulation for SIRT1, 2, and 3[76].  

1.2.3.2.1 Control of sirtuin expression 

Physiological conditions play an important role in inducing and inhibiting expression of sirtuins. 

During nutrient starvation, low glucose levels increase the expression of SIRT1, 2, and 3. In 

reverse, high glucose levels inhibit their expression. The exact mechanisms of high and low 

glucose induction/inhibition still remain unclear for many of the sirtuins[77]–[79]. However, a 

number of transcription factors are known to regulate SIRT1 under these conditions. Forkhead 

box protein O1 (FOXO1), peroxisome proliferator-activated receptors (PPARα), (PPARβ) and 

cAMP response element binding protein (CREB) are known to activate SIRT1, while PPARγ, 

carbohydrate response element binding protein (CHREBP) and poly (ADP-ribose) polymerase 

(PARP2) repress its expression. Moreover, during nutrient excess, hypermethylated in cancer 1 

(HIC1) represses SIRT1 transcription through the mechanism of transcriptional repressor 

carboxy-terminal binding protein (CTBP). In addition to transcription factors another form of 

regulation involves microRNA (miRNA)-mediated inhibition of sirtuins. Specifically, mouse 

miR-34a and miR-199a repress SIRT1’s translation during genotoxic stress, diet-induced 

diabetes and hypoxia[76].   
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Exercise has also been linked to SIRT expression. Both short term and endurance 

exercise has been shown to improve the expression of SIRT1 in skeletal muscles[80]. Research 

has also shown that with age, decreases in mitochondrial-related proteins like SIRT1 and PGC-

1α can be attenuated with increased exercise[81], [82].  The upregulation of nicotinamide 

phosphoribosyltransferase (NAMPT) in skeletal muscles can balance the NAD+/NADH ratio 

allowing for the modulation of sirtuins[83].  

1.2.3.2.2 Post-translational modification (PTM) of sirtuins 

After protein synthesis a number of covalent and enzymatic modifications can occur. These 

modifications can enhance the diversity of protein functions. The entirety of sirtuin’s PTMs is 

only now being fully understood and investigated (Fig. 13). What is known are the N and C 

terminal extensions are the target for most of these modifications. The modified extensions can 

further interact with the catalytic domain influencing the sirtuin’s activity. SIRT1 modifications 

include phosphorylation, methylation, nitrosylation, and sumoylation. In total, thirteen 

phosphorylation sites were found. C-Jun N-terminal kinase (JNK) is one of the best-known 

kinases that modifies SIRT1. During oxidative stress, JNK phosphorylates the protein enhancing 

its ability to translocate to the nucleus in addition to increasing the catalytic activity of SIRT1 

with its target histone H3.  In contrast, mTOR-dependent phosphorylation inhibits SIRT1 

deacetylase activity. Indicating the site of phosphorylation is extremely important for regulation 

outcome. Other kinases are the cyclin/cyclin-dependent kinase family (CycB/CDK1, 

CycE/CDK2, CycA/CDK2, CycD3/CDK4, and p35/CDK5) and casein kinase 2 (CK2)). In 

addition to phosphorylation, sumoylation sites are found on SIRT1. SUMO1 sentrin specific 

peptidase 1 (SENP1) can increase the catalytic activity of SIRT1 in stress-induced environments 

by sumoylation. Sumoylation is a similar process as ubiquitination, however instead of ubiquitin, 
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small ubiquitin-like modifiers (SUMO) are added. Four sites for methylation have been found on 

SIRT1. Only secondary to phosphorylation in its abundance. One of the main methylators is 

Set7/9. It transfers a methyl group to SIRT1 and as a result alters the binding and deacetylation 

of p53. Lastly, two sites were found on SIRT1 that were modified by trans-nitrosylation. 

Glyceraldehyde-3-phosphate dehydrogenase (GAPDH) is the only known protein involved in 

transferring transnitrosyl groups to SIRT1[84].  

             Fewer PTM sites are known in SIRT2 with only two phosphorylation sites indicated.  

The family of cyclin/cyclin-dependent kinases (CycB/CDK1, CycE/CDK2, CycA/CDK2, 

CycD3/CDK4, and p35/CDK5) phosphorylate at one of these sites during the S phase of the cell 

cycle. This reduces the catalytic activity of SIRT2 reducing deacetylation of histone targets and 

α-tubulin. The other identified PTM is acetylation by p300. P300 is a coactivator and is 

universally expressed controlling cell growth, differentiation and survival. P300 acetylates 

SIRT2, subsequently decreasing its deacetylase activity[84], [85]. 
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Fig. 13: Schematic overview of human sirtuins and their PTMs. The seven mammalian sirtuins are schematically 

indicated with the blue boxes depicting the sirtuin-typic catalytic core domain. The catalytic domains are flanked by 

distinct N- and C-terminal extensions (gray boxes). The numbers below indicate amino acid numbers for orientation. 

Two isoforms (IF) are shown for SIRT2 and SIRT5, respectively. The ESA (“essential for SIRT1 activity”) 

sequence of SIRT1 (see below) is indicated. PTMs, nuclear localization sequences, nuclear export sequences, and 

proteolytic cleavage sites are indicated[84]. 

1.2.3.2.3 Complex formation 

Complex formation is another form of regulation that can have either a positive or negative 

influence on sirtuins. Few complexes with SIRT1 positively influence its activity. Active 

regulator of SIRT1 (AROS) is one of the few complexes with SIRT1 that do. This formation 

Flick and Lüscher Posttranslational regulation of sirtuins

FIGURE 2 | Schematic overview of human sirtuins and their PTMs. The
seven mammalian sirtuins are schematically indicated with the blue boxes
depicting the sirtuin-typic catalytic core domain. The catalytic domains are
flanked by distinct N- and C-terminal extensions (gray boxes). The numbers
below indicate amino acid numbers for orientation. Two isoforms (IF) are
shown for SIRT2 and SIRT5, respectively. The ESA (“essential for SIRT1
activity”) sequence of SIRT1 (see below) is indicated. PTMs, nuclear
localization sequences, nuclear export sequences, and proteolytic cleavage
sites are indicated. The precise amino acids modified by the different PTMs
are given inTable 1.

what has been learned about the regulation of mammalian sirtuins
by PTMs.

SIRTUINS AND THEIR REGULATION BY PTMs
All sirtuins share a common catalytic domain, which binds NAD+.
In contrast to this conserved core domain, the enzymes differ
in sequence and length of their C- and N-terminal extensions.
These are well suited to participate in the regulation of sirtuins
and indeed most PTMs that have been identified to date target
these extensions (Figure 2). Several scenarios can be imagined. The
extensions may communicate with the catalytic domain, thereby
controlling the activity of sirtuins. For example the C-terminal
extension of yeast Hst2 interacts with the NAD+-binding region,
while the N-terminal region of Hst2 engages with the Kac sub-
strate binding site, suggesting different modes of autoregulation
(Zhao et al., 2003). Furthermore the N-terminal extension has

been suggested to function in trimer formation, which might
influence enzymatic activity. Together these findings indicate a
more general role of these C- and N-terminal sequences in the
regulation of sirtuin function.

SIRT1
Among the seven human sirtuins, SIRT1 shares the highest
sequence homology with yeast Sir2 (Voelter-Mahlknecht and
Mahlknecht, 2006). In addition SIRT1, similar to its ancestor Sir2,
is primarily localized in the nucleus and involved in chromatin
remodeling as it deacetylates several lysine residues of histones,
including acetylated lysines 9 of histones H3 (H3K9ac), H3K14ac,
H4K16ac, and H1K26ac (Vaquero et al., 2004). Moreover SIRT1
targets also non-histone proteins and its activity can be regulated
by its ability to shuttle between nuclear and cytoplasmic compart-
ments (Tanno et al., 2007; Hisahara et al., 2008). The increasing
number of known SIRT1 substrates includes the transcription
factor and tumor suppressor p53 as well as several other transcrip-
tional regulators and cofactors, among them NF-κB, members of
the forkhead family (FOXOs), peroxisome proliferator-activated
receptors (PPAR), and p300 (reviewed in Rahman and Islam,
2011). Molecular studies revealed that SIRT1 is involved in the
regulation of diverse cellular processes ranging from lipid and
glucose metabolism to aging and stress response. Of particular
relevance for many of these processes is the AMP-activated pro-
tein kinase (AMPK)-SIRT1 signaling axis. AMPK is activated in
response to increasing amount of AMP and thus functions as an
energy sensor that responds to cellular metabolic stress, including
calorie restriction (reviewed in Fulco and Sartorelli, 2008). Maybe
not surprising then is the finding that Sirt1 knockout mice have
a high prenatal or early postnatal death rate (Cheng et al., 2003;
McBurney et al., 2003).

With the identification of the tumor suppressor p53 as a SIRT1
substrate, a role of this enzyme in tumor formation was postu-
lated (Luo et al., 2001; Vaziri et al., 2001; Langley et al., 2002).
Upon deacetylation by SIRT1, the activity of p53 is reduced and
thus SIRT1 appears to function as an oncoprotein (Chen et al.,
2005; Kim et al., 2007; Yuan et al., 2011). However, there are also
reports that describe SIRT1 as a tumor suppressor (Yi and Luo,
2010). These alternative activities are possibly the result of cell-
type specific effects and/or a consequence of distinct regulation of
SIRT1 that might differentially affect the activities of substrates.

SIRT1 is by far the largest human sirtuin with 747 amino acids
due to its extensive N- and C-terminal extensions (Figure 1). The
N-terminal extension of SIRT1 contains two functional nuclear
localization sequences (NLS) and two nuclear export sequences
(NES). These are responsible for the nucleo-cytoplasmic shut-
tling of SIRT1 (Tanno et al., 2007), which determines at least
in part the enzyme’s ability to interact with distinct substrates
(Hisahara et al., 2008). Furthermore the nuclear-cytoplasmic dis-
tribution of SIRT1 is regulated by signals, for example during
differentiation (Tanno et al., 2007). While SIRT1 is nuclear in pro-
liferating C2C12 myoblasts, it is cytoplasmic in differentiated cells.
Moreover inhibition of PI3K prevents the nuclear localization
of SIRT1 in proliferating cells, suggesting that PI3K-dependent
signaling controls the shuttling. Whether the PI3K signaling cas-
cade targets directly SIRT1 or some accessory factor or factors is
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allows for suppression of SIRT1’s target substrate p53 through increased deacetylation[86]. In 

contrast, several complex formations inhibit SIRT1’s activity. These include nuclear receptor co-

repressor 1 (NCoR1) and silencing mediator of retinoid and thyroid hormone receptors (SMRT). 

In a complex with PPARγ, SIRT1 can repress PPARγ’s induction of adipogenesis[87]. 

Additionally, SIRT1 forms complexes with deleted in breast cancer 1(DBC1) and lys-specific 

demethylase 1 (LSD1).  The DBC1- SIRT1 complex is formed during genotoxic stress and 

inhibits the activity of SIRT1, while the LSD1-SIRT1 complex represses the activation of notch 

genes, targeted by SIRT1 deacetylation[88], [89].  

1.2.3.2.4 Compounds regulating sirtuins 

Small molecules have been found that can activate or inhibit sirtuin activity. Compounds that 

activate sirtuins have been mostly targeted to SIRT1. These activators increase the deacetylase 

activity of SIRT1 influencing metabolism and health span. Resveratrol is one of the most studied 

activators. However, conflict has arisen whether resveratrol directly activates SIRT1 or 

independently activates it through the 5' AMP-activated protein kinase (AMPK) pathway and 

increase in NAD+ levels[90]. Unlike activators, inhibitors have been found to target all sirtuins 

and decrease their activity.  

1.2.3.2.5 NAD+ modulation of sirtuins 

As mentioned above NAD+ is needed for the activity of sirtuins. Therefore, intracellular levels of 

NAD+ are themselves a limiting factor for sirtuin’s deacetylase process. NAD+ levels increase in 

nutrient starvation and decrease in nutrient excess, subsequently affecting the activity of sirtuins. 

NAD+ is synthesized through two major metabolic pathways: de novo pathway, derived from the 

amino acid tryptophan and the salvage pathway, utilizing nicotinamide from NAD+.  The 
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synthesis of NAD in the de novo pathway is from the generation of simple components. Starting 

with tryptophan or compounds containing nicotinamide rings, a number of conversions take 

place to produce NAD+. The enzyme nicotinamide phosphoribosyltransferase (Nampt) in the 

salvage pathway converts nicotinamide directly to nicotinamide mononucleotide (NMN)[91]. 

When the expression of Nampt is elevated by various stresses, subsequent NAD+ levels also 

increase. Inhibitors of Nampt have been shown to decrease sirtuin activity in acute myeloid 

leukemia, demonstrating NAD+ ability to regulate sirtuins[92].  

Another regulatory method dependent on the deacetylase activity is the production of 

nicotinamide. Nicotinamide is a noncompetitive inhibitor of sirtuin deacetylase activity. 

Nicotinamide inhibits the deacetylation activity by a process called nicotinamide exchange, 

where the conformation of NAD+ is altered so that it no longer can cause catalysis. The rate of 

this reaction is increased when the concentration of nicotinamide rises[93]. 

1.2.3.3 Target proteins of sirtuins 

Sirtuins have a number of regulatory mechanisms that allow them to show specificity in their 

target substrates and regulation of biological processes. Sirtuins being localized to different 

tissues and subcellular locations in addition to being regulated by various mechanisms are able to 

target a number of different substrates regulating many biological systems. By removing the 

target protein’s acetyl groups they can activate or inhibit that protein’s activity and their 

influence on particular systems. Sirtuins were initially thought to predominantly target histones, 

but with continued study the number of non-histone substrates continues to increase.  

SIRT1 has the most known targets, regulating several biological processes.  Since SIRT1 

is mainly localized to the nucleus and it’s regulation expands to numerous tissue types. The first 
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target discovered was the TATA binding protein-associated factor 168 (TAF168). TAF168 is a 

transcriptional factor that activates RNA polymerase I transcriptional complex. Deacetylation by 

SIRT1 prevents this transcriptional initiation[94]. Since then the discovery of non-histone 

substrates has continuously risen. One of the first non-histone substrates discovered was p53, a 

tumor suppressor gene.  When the cell sustains DNA damage SIRT1 can be activated and 

subsequently will form a complex and deacetylate p53. This interaction causes impaired 

apoptosis which results in cell senescence[95]. Other well known protein targets include 

FOXO1/3 and proliferator-activated receptor-γcoactivator-1α (PGC-1α). FOXOs are 

transcription factors that are important in regulating the stress response as well as glucose and 

lipid metabolism[96]. Activation of PGC-1α, a transcriptional co-activator allows SIRT1 to 

regulate signaling pathways that control mitochondrial biogenesis[97]. Another important target 

for regulation of metabolism is liver kinase B1 (LKB1), a serine-threonine kinase. LKB1 

phosphorylates and activates AMPK in response to deacetylation by SIRT1.  Once activated 

LKB1 has been shown to phosphorylate AMPK directly on Thr-172. This is essential for the 

activation of AMPK[98]. AMPK is involved in glucose and lipid metabolism, promotes cell 

growth and like SIRT1 is altered by nutrient levels. Its also been shown that through AMPK’s 

signaling cascades there is an increase in the ratio of NAD+ to NADH[99], [100]. This allows 

AMPK to regulate SIRT1 levels. Therefore, SIRT1 regulates AMPK activity and reversibly 

AMPK regulates SIRT1 activity ultimately allowing for balance in the regulation of energy 

metabolism. Consequently the affect of deacetylation on PGC-1α, AMPK and FOXO allows for 

regulation of metabolism, growth and senescence as seen in Fig. 11.  

The mitochondrial sirtuins, SIRT3, 4 and 5 primarily regulate metabolism. The best-

known target of SIRT4 is glutamate dehydrogenase (GDH). Unlike other sirtuins, SIRT4 has 
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ADP-ribosylation activity, which inhibits the activity of GDH by transferring an ADP-ribose 

moiety. GDH is an enzyme that converts glutamate to alpha-ketoglutarate in the mitochondria, 

subsequently producing ATP. This is particularly important in insulin-producing β islet cells that 

produce more insulin in response to an increase in ATP[101].  SIRT5 has only one known target 

carbamoyl phosphate synthetase 1 (CPS1), an enzyme that catalyzes an ATP dependent reaction 

producing carbamoyl phosphate from bicarbonate. Deacetylation of CPS1 by SIRT5 intensifies 

this reaction increasing ammonia detoxification of the urea cycle[102].   The main mitochondrial 

deacetylase SIRT3 has the most known targets of all the mitochondrial sirtuins. SIRT3 activates 

long-chain acyl CoA dehydrogenase (LCAD), which promotes fatty acid breakdown as well as 

3-hydroxy-3-methylglutaryl CoA synthase 2 (HMGCS2), which regulates ketone body 

production. Activation of components of the TCA cycle such as isocitrate dehydrogenase 2 

(IDH2) allow for energy regulation. As well, SIRT3 activates superoxide dismutase 2 (SOD2), 

an antioxidant enzyme, effectively regulating oxidative stress[84]. SIRT3 also directly regulates 

components of the electron transport chain such as complex I, complex II and complex III, 

regulating oxidative phosphorylation and aerobic respiration[103]–[105].  

Not much is known of the protein targets of the sirtuins 6 and 7.  What is known is that 

SIRT6 both deacetylates and ADP-ribosylates its targets. It functions in regulating DNA stability 

and repair by deacetylating a number of histone targets[106]. SIRT7 has no known substrates, 

however p53 is a possible target since SIRT7 knockout mice have cardiac hypertrophy that is 

linked to p53 hyperacetylation.[107].  

SIRT2 is a cytosolic protein that has three alternate splice isoforms.  SIRT2.1 is the full  

length version of the protein (43KDa)  and is only moderately expressed in the CNS/PNS. 

Dissimilarly, SIRT2.2(39KDa) is abundant in both the CNS and PNS while SIRT2.3 is expressed 
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in the nervous system at very low levels[108], [109]. All three isoforms can target and 

deacetylate tubulin, suggesting they deacetylate similar substrates[109]. Another target of SIRT2 

is partitioning defective 3 homologue (PAR3)[110], [111]. Ultimately, deacetylation of PAR3 

changes the myelin formation of Schwann cells[110]. SIRT2 also deacetylates 

phosphoenolpyruvate carboxykinase (PEPCK) and FOXO1, regulating gluconeogenesis and 

adipogenesis[112], [113]. SIRT2 is predominantly recognized as a cell cycle regulator, but new 

research has proposed a role in metabolism and mitochondrial biogenesis, where it has recently 

been shown to deacetylate PGC-1α[114]. 

            Through regulation, localization and specificity of targets numerous processes are 

regulated as seen in Fig. 14.  

Fig. 14: Sirtuins target numerous protein targets. Edited figure[115] 
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1.2.3.4 Role of sirtuins in glucose metabolism  

Many of the protein targets of sirtuins influence metabolism and since the activity of sirtuins is 

completely dependent on levels of free NAD+ in the cell, a relationship develops between 

sirtuins, nutrient levels and metabolism of glucose. Constant glucose levels are essential for 

providing energy to all tissues and maintaining a continuous source for the nervous system. 

Sirtuins modulate various cellular processes that are involved in maintaining constant glucose. 

These processes include gluconeogenesis, insulin sensitivity, glycolysis, and insulin secretion.  

Gluconeogenesis is a pathway that results in the generation of glucose from lactate, 

glycerol, and amino acids in situations where energy is lacking. SIRT1 can inhibit 

gluconeogenesis by deacetylating CREB-regulated transcription co-activator 2 (CRTC2). 

Deacetylation results in degradation of CRTC2, which reduces gluconeogeneic gene 

transcription[116]. In contrast, through deacetylation of FOXO, gluconeogenesis transcription is 

enhanced[116]. During lack of nutrients, SIRT2, 3 and 4 maintain gluconeogenesis. SIRT2 has 

been shown to increase the stability of PEPCK by deacetylation[117]. PEPCK is a gluconeogenic 

enzyme[112]. SIRT4 may be involved by regulating glucose production through GDH. GDH 

frees up α-ketoglutarate for the citric acid cycle allowing energy production to continue[101].  

SIRT1 and SIRT3 have also been implicated in regulating insulin sensitivity. While the 

mechanisms remain unknown, SIRT1 and SIRT3 knock out mice have shown increase 

development of insulin resistance in the liver and muscle[105], [118].  

Glycolysis is another process that involves glucose, but unlike gluconeogenesis glucose is 

utilized to produce pyruvate, NADH, and ATP. The major sirtuin regulators of glycolysis are 

SIRT1, 3 and 6[76]. In SIRT6 knock out mice, severe hypoglycemia develops. This is a result of 
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increased utilization of glucose into glycolysis and a decrease for mitochondrial respiration[119] 

through the suppression of hypoxia-inducible factor 1-alpha (HIF1α), a transcription factor that 

activates glycolysis-driven respiration[120]. SIRT3 indirectly inhibits HIF1α through 

SOD2[121], while SIRT1 directly suppresses HIF1α[122].Additionally, SIRT1 inhibits the 

process of glycolysis through deacetylation and activation of PGC-1α. This coactivator induces 

gluconeogenic genes and represses glycolytic genes, promoting mitochondrial function[123].  

The last mechanism of sirtuin regulation of glucose metabolism is by insulin secretion. 

Insulin is produced in pancreatic β-cells in response to plasma glucose levels. Through 

repression of uncoupling protein 2 (UCP2) by SIRT1, mitochondrial ATP production is 

uncoupled, increasing insulin secretion[124]. In contrast, SIRT3/SIRT4 affect amino acid 

induced secretion of insulin. They both target GDP, however they have opposite effects, either 

positively or negatively affecting insulin secretion. SIRT4 inhibits insulin secretion. In mice 

lacking SIRT4, the activity of GDP is increased, subsequently increasing amino acid insulin 

secretion. Expectedly, overexpression of SIRT4 decreased insulin secretion in response to 

glucose. SIRT3 interacts with GDH and has been indicated in positively increasing its activity, 

but the mechanism is not fully understood[101], [125].  

In maintaining glucose homeostasis sirtuins either positively or negatively regulate the 

processes of gluconeogenesis, glycolysis and insulin secretion in response to low or high glucose 

levels.  

1.2.3.5 Calorie restriction  

With increasing age there is a rise in the incidence of cardiovascular disease, diabetes and cancer 

in all types of organisms. Calorie restriction (CR), a low-calorie diet is known to extend the 
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lifespan from yeast to mammals and prevent these age-related diseases[126]. Initially, CR was 

thought to be a passive process that extends lifespan by reducing mitochondrial respiration and 

ROS damage. However, recent evidence has disproved these findings and shown CR to be a 

regulated process that in fact increases mitochondrial respiration. Research with various species 

has shown mitochondrial dysregulation to be principal in aging and disease.  The mitochondrial 

genome and electron transport chain progressively are damaged in aging. Moreover, 

mitochondrial genetic disease showcase premature aging[127]. The regulation of calorie 

restriction is essential to its beneficial effects. CR is activated in response to low energy levels, 

and regulators that similarly are affected by nutrient levels are key in this mechanism. One such 

regulator is sirtuin. As shown in mice fed high fat diets, SIRT1 activation leads to oxidation of 

fat in peripheral tissues and increased gene expression of electron transport proteins in the 

mitochondria. Furthermore, increase in NAD+/NADH level enhances sirtuin activity, PGC-1α 

expression, and protects against diet induced diabetes[94].  

 The mechanism by which CR regulates mitochondrial biogenesis starts with the 

activation of endothelial nitric oxide synthase (eNOS). This enzyme activates sirtuin activity, 

promoting deacetylation of PGC-1α and enhancing its ability to promote mitochondrial gene 

expression. In eNOS null mice, there is a reduced level of SIRT1 and reduced mitochondrial 

reprogramming indicating a relationship between the two proteins in various tissues[128].   

Another mechanism of CR regulation of mitochondrial biogenesis is AMPK. In skeletal 

muscle of mice, activation of AMPK increases phosphorylation of PGC-1α and mitochondrial 

respiration. In addition to directly phosphorylating PGC-1α, AMPK can influence the 

NAD+/NADH ratio through its regulation of fatty acid β-oxidation and respiration. An increase 
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in this ratio enhances the activity of SIRT1 and downstream deacetylation and activation of 

PGC-1α[129].  

The comprehensive relationship between AMPK, sirtuins, and PGC-1α allow a broad 

response in nutrient deprivation and provide a beneficial response in improving mitochondrial 

respiration and preventing dysregulation, which may be important in preventing degeneration of 

nerves and enhancing regeneration of nerve fibers. 	

1.3 HDACs in regeneration of nerves  

Nerve regeneration requires coordinated activation and inhibition of a wide array of genes and 

proteins. Proper regulation is fundamental for accurate nerve repair. HDACs target lysine 

residues at both the transcriptional and post-translational level indicating various points of 

regulatory control for regeneration.  By influencing gene expression through histone 

deacetylation or activating/inhibiting proteins involved in nerve regeneration, HDACs and 

especially sirtuins are proving to be increasingly important in the success of the regeneration of 

nerves through their control of various targets.    

1.3.1 Class II HDACs  

Class II HDACs have been found in both the nucleus and cytoplasm and have the ability to 

regulate cytoplasmic substrates in addition to nuclear targets. Through the activation and 

inhibition of HDAC5 and HDAC6 regulation of microtubule dynamics amongst other targets can 

successfully influence nerve regeneration[130].  

1.3.1.2 HDAC6  

HDAC6 is a histone deacetylase that has a dynamic role in neuronal pathology. Both its 
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activation and inhibition demonstrate beneficial effects that differ with the type of 

neuropathological diseases. This complicated relationship is also seen in nerve regeneration. 

Because of its role in deacetylating tubulin HDAC6 is categorized as detrimental for 

regenerating nerves. Deacetylated microtubules are unstable and prevent proper growth cone 

formation required for regeneration. The silencing of HDAC6 allows for increased acetylation of 

tubulin and promotion of nerve regeneration[130]. In addition, cortical neurons see elevated 

HDAC6 levels when the cells undergo increased oxidative stress or neurite growth inhibition[58]. 

Despite numerous inhibitory mechanisms of HDAC6, beneficial effects have been shown 

towards axonal growth in hippocampal neurons. Inhibition of HDAC6 slowed down axonal 

growth, decreased the concentration of voltage-gated sodium channels in the initial segment of 

the axon, and altered the distribution of the kinesin family of motor proteins[131].   

1.3.1.3 HDAC5  

HDAC5 unlike HDAC6 has proven to have a much clearer beneficial role in nerve regeneration. 

Different substrates and upstream regulation may account for the different outcomes seen by 

both HDAC5 and 6[132]. Normally HDAC5 has no role in tubulin deacetylation, however, under 

conditions of nerve damage HDAC5 primarily controls microtubule deacetylation in the PNS. 

Through reorganization of microtubules, injured axons can reform their injured tip into a new 

growth cone requiring changing levels of acetylation/deacetylation and microtubule stability. 

Induced by calcium influx, HDAC5 decreases the acetylation of microtubules in a gradient like 

fashion from the site of injury to promote nerve regeneration. Inhibition of HDAC5, in contrast 

to HDAC6 showed suppressed axon regeneration[130]. Another mechanism that is coordinated 

by HDAC5 in nerve regeneration is its apparent nuclear exit. Again this mechanism is activated 

by an influx of calcium into the cell body of the neuron. Failure of HDAC5 to exit the nucleus 
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inhibits the acetylation of histones and prevents activation of proregenerative genes. Knock 

down of HDAC5 cells that also had impaired axon regeneration could be rescued by cytosol-

trapped HDAC5 supporting the requirement of HDAC5 to enter the cytoplasm. These 

mechanisms indicate a pro-regenerative role for HDAC5[133] . 

1.3.2 Nuclear roles of HDACs 

HDAC’s can interact directly with many genes by deacetylating a number of different histones 

and regulating gene transcription. Deacetylation of histone H3 and H4 prevent the expression of 

pro-regenerative genes as shown in Fig. 15. Through the injury-induced nuclear exit of HDAC5, 

histone H3 has increased acetylation and expression of associated genes[132]. In DRG neurons, 

the promoter regions of the proregenerative genes, Smad1, ATF3, Sprr1a were associated with 

injury-induced histone H4 acetylation[134]. Subsequently, creating a mutant HDAC5 that is 

nuclear trapped, prevents the expression of  jun, fos, KLFs, and Gadd45a, transcription factors 

implicated in regeneration. In addition to HDAC5 exiting the nucleus, HDAC3 is also 

transported to the cytoplasm in DRG neurons during nerve injury. When HDAC5 is knocked out, 

HDAC3 fails to move to the cytoplasm preventing the acetylation of regenerative genes[133]. 

Failure of HDAC5 to exit the nucleus in response to injury reduces the ability of the nerve to 

regenerate indicating the importance of nuclear regulation by histone deacetylases in nerve 

regeneration.  
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Fig. 15: The roles of HDACs in axon regeneration. Axon injury triggers multiple events that engage several HDACs 

locally at the site of injury as well as distantly in the cell soma. In the injured axon, HDAC5 and HDAC6 regulate 

the necessary changes in the microtubule cytoskeleton to optimize growth cone dynamics and axon re-growth. 

Whereas HDAC5 activity is required for re-growth on permissive substrates, HDAC6 prevents growth on inhibitory 

substrates mimicking the environment of the injured CNS. In the cell soma, injury-induced nuclear export of 

HDAC5 and HDAC3 elicits changes in the epigenetic landscape that are required to activate a pro-regenerative gene 

expression program[132]. 

1.3.3 Sirtuins in nerve regeneration 

Sirtuins are epigenetic modulators that suppress a wide array of genes and proteins as well as 

upregulating proteins involved in energy metabolism and nerve regeneration. SIRT1, 2, 3 have 

explicitly been shown to impact nerve regeneration through positive and negative mechanisms in 

a variety of different neurodegenerative diseases.  

 

 

Figure 3. The roles of HDACs in axon regeneration
Axon injury triggers multiple events that engage several HDACs locally at the site of injury
as well as distantly in the cell soma. In the injured axon, HDAC5 and HDAC6 regulate the
necessary changes in the microtubule cytoskeleton to optimize growth cone dynamics and
axon re-growth. Whereas HDAC5 activity is required for re-growth on permissive
substrates, HDAC6 prevents growth on inhibitory substrates mimicking the environment of
the injured CNS. In the cell soma, injury-induced nuclear export of HDAC5 and HDAC3
elicits changes in the epigenetic landscape that are required to activate a pro-regenerative
gene expression program.
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1.3.3.1 SIRT1  

SIRT1 and certain microRNAs are two groups of regulatory factors that guide axon regeneration. 

Usually microRNAs have several target genes or the same gene is targeted by several 

microRNAs. The microRNA, miR-138 has been shown to target SIRT1 in axonal regeneration 

by negatively influencing its expression in DRG neurons. Evidence of this interaction is shown 

in adult DRG neurons where overexpression of miR-138 decreased protein levels of SIRT1 and 

overexpression of mutant SIRT1 without 3’UTR (location of miR-138 binding) rescues axon 

growth. Blocking the activity of SIRT1 in vivo by a pharmacological inhibitor or siRNA further 

supports the role of SIRT1 in axon growth by decreasing regenerative axons in sensory neurons. 

SIRT1 forms a negative feedback loop with miR-138 by not only being a target, but also 

functioning to repress miR-138 transcription. In uninjured neurons there are high levels of miR-

138 that actively repress SIRT1, resulting in low regenerative ability. However, during nerve 

injury, SIRT1 is extensively up regulated and functions to repress transcription of miR-138, 

allowing for widespread regeneration[135]. SIRT1 can further activate and inhibit genes that 

support axon regeneration through its deacetylation activity. One such gene is AKT. AKT is a 

serine/threonine protein kinase that functions in neuron survival and axonal growth. SIRT1 

accumulates in the growth cone at the distal region of the axon. In this region, SIRT1 can 

deacetylate and activate AKT. This promotes binding of phosphatidylinositol 3,4,5-trisphosphate 

(PIP3). PIP3 translocates AKT to the membrane of the cell where AKT is phosphorylated. The 

activation of AKT allows it to interact and suppress glycogen synthase kinase-3 (GSK3). GSK3, 

is also a serine/threonine protein kinase and functions in regulating neurite outgrowth, 

neurogenesis, polarity, and plasticity of neurons. Inhibiting GSK3 allows for increased axon 

regeneration[136]. SIRT1 also functions in the AMPK/PGC-1α energy-sensing network. In this 
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network, AMPK and SIRT1 can positively influence and activate PGC-1α. This allows for 

optimal mitochondrial function and biogenesis and enhanced neuronal plasticity[137]. Overall, 

during axon injury SIRT1 is unregulated and functions to decrease miR-138 transcription in 

addition to activating the AKT/GSK3 and AMPK/PGC-1α pathway to enhance axon 

regeneration.   

1.3.3.2 SIRT2  

Not unlike SIRT1, SIRT2 is an epigenetic factor that influences axon regeneration. However, 

there is controversy over whether SIRT2 has a positive or negative role under conditions of 

nerve injury. SIRT2 is evenly distributed in the growth cone of the neurite[138]. The main target 

of SIRT2 is α-tubulin of microtubules. Because SIRT2 is involved in regulating mitotic exit in 

the cell cycle, its expression is up-regulated during mitosis and regulated strongly during the 

G2/M checkpoint. New research has provided a role for SIRT2 in the nervous system 

functioning in outgrowth and membrane expansion, in addition to remodeling where it is targeted 

to myelin sheaths on the nerve. This localization to myelin sheaths indicate a role for SIRT2 with 

stathmin-1, another microtubule modifying protein in regulating cytoskeletal dynamics[139]. In 

WLDS, microtubule hyperacetylation was found to contribute to the delay in Wallerian 

degeneration. When SIRT2 is overexpressed, increased deacetylation occurs on the microtubules 

decreasing the resistance to axonal degeneration. In contrast, the treatment of a SIRT2 inhibitor 

allowed for increased resistance to axonal degeneration[140]. This indicates that SIRT2 may 

negatively affect the axon stability by decreasing the acetylation of the microtubules and 

suggesting that inhibiting SIRT2 may prevent Wallerian degeneration[141]. However, a positive 

impact on axon regeneration has been proposed as indicated by studies in adipocyte tissue. In 

adipocytes, SIRT2 is implicated in reducing the acetylation of PGC-1α. During adipocyte 
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hypertrophy, an accumulation of HIF1α inhibits the activity of SIRT2.  This prevents the 

activation of PGC-1α and leads to decreased metabolic activity, as shown in Fig. 16[114]. This 

association indicates a role for SIRT2 in regulating metabolic demand. This relationship may 

crossover to other tissues including peripheral nerves allowing for a beneficial impact on 

mitochondrial biogenesis during axon regeneration[114].  

Fig. 16: Schematic representation of the transcriptional and enzymatic co-regulation of SIRT2 by HIF1a. Nutrient 

overload-induced adipose expansion augments intra-adipose hypoxia, leading to adipocyte HIF1α accumulation. 

HIF1a represses SIRT2 transcription via interaction at a cross-species conserved HRE on the SIRT2 promoter. The 

repression of SIRT2 activity by HIF1a is predicted to support the maintenance of general control of amino acid 

synthesis, yeast, homolog-like 2 (GCN5/KAT2A)-mediated, and/or steroid receptor coactivator protein 3 

(SRC3/NCOA3)-mediated Pgc1a hyperacetylation and its consequent inactivation, culminating in the maintenance 

of lipid anabolism and pathological adipose expansion. Modified figure[114]. 
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1.3.3.3 SIRT3  

SIRT3 is found in the mitochondria and consequently exerts its deacetylase activity on 

mitochondrial targets. Through the direct deacetylation of the electron transport chain 

components: complex I, II, and III, SIRT3 can regulate oxidative phosphorylation and aerobic 

respiration[103], [104].Like the other sirtuins, PGC-1α interacts with SIRT3. It has been 

proposed to control SIRT3 expression and through a positive feedback mechanism SIRT3 may 

upregulate PGC-1α. The activation of PGC-1α and SIRT3 augments mitochondrial biogenesis 

which promotes axon regeneration[142].  

1.3.4 Neurodegenerative diseases and sirtuins 

As indicated by the roles sirtuins play in axon regeneration, they are dynamic proteins with both 

positive and negative mechanisms of action. This is also reflected by their function in numerous 

neurodegenerative diseases.  

             SIRT3 has been shown to have a more positive role in neurodegenerative diseases. In 

cell culture models of Huntington’s disease (HD), a mutant protein inhibits SIRT3, but when an 

allosteric activator is applied not only is SIRT3 increased as a result, but also mitochondrial 

biogenesis is amplified through the interaction with LKB and cell survival is promoted through 

deacetylation of MnSOD. This indicates a neuroprotective role of SIRT3 in HD as shown in Fig. 

17. Again in amyotrophic lateral sclerosis (ALS) SIRT3 is protective when overexpressed. A 

recent study identified SIRT3 in preventing mitochondrial fragmentation and neuronal cell death 

caused by SOD1 G93A overexpression in ALS[143]. SIRT1, like SIRT3 has a positive 

protective role in neurodegeneration. In β-amyloid models of Alzheimer’s disease, SIRT1 was 

linked with reducing the amount of β-amyloid stimulated signaling of NF-kB. This decreases the 
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neurotoxicity induced by β-amyloid. Subsequently, the deletion of SIRT1 causes increased tau 

acetylation that contributes to the cognitive defects seen in Alzheimer’s. Again in Parkinson’s 

disease (PD) and HD, SIRT1 activated beneficial pathways when overexpressed in cell culture 

models. In PD, SIRT1 prevented the aggregation of misfolded proteins that cause dopaminergic 

cell death. By activating a heat shock factor SIRT1 subsequently activates the transcription of 

heat shock protein 70, which regulates homeostasis of cellular proteins. Similarly, in HD SIRT1 

activates a number of proteins that increase mitochondrial biogenesis and cell survival[143], 

[144]. In contrast, to SIRT1 and SIRT3, SIRT2 has proven to exacerbate numerous 

neurodegenerative diseases. SIRT2 has been indicated in PD to activate a Foxo3a signaling 

cascade that ends in cellular death[145]. Again in HD, SIRT2 negatively affects the outcome by 

increasing dysregulated sterol biosynthesis seen in the pathogenesis of this disease. This can 

result in poor myelination and synapse maintenance. Addition of SIRT2 inhibitors in cell models 

of HD and PD, has decreased neurodegeneration and improved the pathology of these diseases. 

Despite SIRT2’s negative involvement in numerous neurodegenerative disorders, new research 

proposing a beneficial mechanism of increased mitochondrial biogenesis may provide new 

insight into a positive role for SIRT2 in the peripheral nervous system[143], [144]. Many 

different kinds of neuropathies can affect peripheral nerves, but one of the most common causes 

is diabetes.  
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Fig. 17: Sirtuin targets in Huntington’s disease. Mutant huntingtin protein can directly inhibit SIRT1 activity, 

affecting multiple downstream targets. According to one model, SIRT1 deacetylates TORC1, facilitating its 

interaction with CREB, which is linked to BDNF and DARPP32 expression in neurons. Other possible 

consequences of the inhibition of SIRT1 activity by mutant huntingtin include the decreased deacetylation and 

altered activities of Foxo3a, p53 and PGC-1α In addition, sterol biosynthesis is dysregulated in HD (indicated by the 

wavy line) and studies using SIRT2 inhibitors have shown decreased neurodegeneration accompanied with 

decreased sterol biosynthesis in HD models. It has been proposed that SIRT2 affects cholesterol biosynthetic 

pathways, which may affect myelination and synapse maintenance in HD mouse models. More recently, viniferin, a 

naturally occurring resveratrol derivative, was shown to be protective in cell culture models of HD. This compound 

increases SIRT3 levels, affecting LKB and MnSOD acetylation[143]. 

1.4 Diabetes 

Diabetes is a chronic metabolic disorder, categorized as prolonged hyperglycemia and is divided 

into two main categories: type 1 and type 2. Type 1 diabetes is characterized as an autoimmune 

disorder causing destruction of the pancreatic β-cells that produce insulin. It usually occurs in 

Sirtuin deacetylases in neurodegenerative diseases of aging
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targets is crucial. 
7KH�¿UVW�VWXG\�OLQNLQJ�6,57��ZLWK�$/6�SDWKRJHQHVLV�

used both resveratrol and lentiviral injection and found 
that these interventions provided short term neuropro-
tection, although clinical outcomes documenting an 
improvement in motor function or lifespan of the whole 
animal were not assessed [13]. Several subsequent stud-
ies used tissue culture to demonstrate that resveratrol 
protects neurons in a cell-based model of ALS [106, 
107]. Further analysis found that resveratrol elicits pro-
tection from neurotoxic factors in patient cerebrospinal 
ÀXLG� �&6)��XVLQJ� UDW�EUDLQ�FRUWLFDO�PRWRU�QHXURQV��7KLV�
study found that incubating neuronal cultures with CSF 
from ALS patients was more damaging than exposing 
neuronal cells to CSF from control subjects. Further-
more, resveratrol protected cultured neurons from cyto-
toxic factors present in CSF whereas riluzole, the only 
FDA approved medication for the treatment of ALS, was 

QRW�EHQH¿FLDO�LQ�WKLV�FHOOXODU�PRGHO�>���@��7KHVH�¿QGLQJV�
suggest that resveratrol may act via a different mecha-
nism from riluzole, a medication that is believed to work 
by reducing glutamate excitotoxicity or blocking voltage-
gated sodium channels [108]. 

Two papers have investigated the effect of resveratrol 
in the G93A mouse model of ALS, the most commonly 
used transgenic line that develops ALS pathology due to 
overexpression of a mutant SOD1 [109]. While dietary 
UHVYHUDWURO� WUHDWPHQW�ZDV�QRW�VXI¿FLHQW� WR�HIIHFW�GLVHDVH�
outcomes [110], intraperitoneal injection of resveratrol 
was sufficient to produce a significant improvement in 
both symptoms and survival of G93A mice [111]. The 
proposed mechanism was that SIRT1 can deacetylate 
HSF1, inducing the transcription of molecular chaper-
ones such as hsp70 and hsp25, and decreasing motor 
neuron death [11, 70, 75, 111]. Resveratrol is reported to 
have a short half-life in vivo [112], and the different ad-

Figure 4 Sirtuin targets in Huntington’s disease. Mutant huntingtin protein can directly inhibit SIRT1 activity, affecting mul-
tiple downstream targets. According to one model, SIRT1 deacetylates TORC1, facilitating its interaction with CREB, which 
is linked to BDNF and DARPP32 expression in neurons [10, 78, 84]. Other possible consequences of the inhibition of SIRT1 
activity by mutant huntingtin include the decreased deacetylation and altered activities of Foxo3a, p53 and PGC-1Į [10]. In 
addition, sterol biosynthesis is dysregulated in HD (indicated by the wavy line) and studies using SIRT2 inhibitors have shown 
decreased neurodegeneration accompanied with decreased sterol biosynthesis in HD models [85-87, 127]. It has been pro-
posed that SIRT2 affects cholesterol biosynthetic pathways, which may affect myelination and synapse maintenance in HD 
mouse models [85-87]. More recently, viniferin, a naturally occurring resveratrol derivative, was shown to be protective in cell 
culture models of HD. This compound increases SIRT3 levels, affecting LKB and MnSOD acetylation [89].
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children and only accounts for approximately ten percent of all cases[146]. Type 2 diabetes 

predominantly occurs due to lifestyle and genetics. Its characterized by insulin insensitivity due 

to initial insulin resistance, eventual decline in production of insulin and ultimately pancreatic β-

cell failure. Ninety percent of diabetic cases are diagnosed as type 2 with the majority being 

adult onset, however there is increasing incidents of children being diagnosed[147]. If left 

undiagnosed or improperly managed diabetes can lead to macrovascular complications such as 

cardiovascular diseases or microvascular complications including neuropathies[148].  

1.4.1 Diabetic neuropathy 

Diabetes is the leading cause of peripheral neuropathies with upwards of fifty percent of patients 

diagnosed with diabetic neuropathy. It is one of the most common complications associated with 

diabetes leading to pronounced morbidity and mortality. Diabetic neuropathy affects almost all 

nerve fibers although the somatic system is the most heavily affected with distal symmetrical 

polyneuropathy (DSP), a combination of sensory neuropathy and motor neuropathy, being the 

most commonly diagnosed. Typically it develops silently as sensation loss that can ultimately 

lead to ulcers. Neuropathy is the primary risk factor for the development of diabetic foot ulcers, 

which are responsible for the majority of lower-extremity amputations[149], [150].  

1.4.2 Diabetic neuropathy pathology 

Distal symmetric polyneuropathy is length-dependent and predominately affects sensory 

neurons[151]. This neuropathy is characterized as the distal-dying back of nerve fibers. Small 

fibers are affected in early stages of the disease presenting with reduced intraepidermal nerve 

fiber (IENF) densities and both small and large nerves are affected by nerve fiber loss[152]. Due 

to the “stocking-glove” distribution symptoms generally occur in the longest nerves first. These 
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symptoms can be positive (tingling, weakness, numbness and pain although not as frequent as 

the other symptoms) or more commonly negative (sensory loss)[153]. Associated with nerve 

fiber loss is the presence of microangiopathy, primary demyelination, secondary segmental 

demyelination, impaired remyelination, onion-bulb formations and basal lamina 

hypertrophy[154], [155]. Wallerian degeneration of axons is attributed to this nerve loss and 

failure of regeneration leads to complete fiber loss. Understanding the pathophysiological 

mechanisms underlying diabetic neuropathy is essential in finding a cure and alleviating the most 

common complication of diabetes.  

1.4.3 Pathophysiology of diabetic neuropathy 

Glucose uptake in sensory neurons is insulin-independent so prolonged hyperglycemia, as seen 

in diabetes, is reflected in these cells by high intracellular glucose concentration and contributes 

to the pathophysiology of neuropathy. Mechanisms that may underlie the pathogenesis of 

diabetic neuropathy include; the polyol pathway, advanced glycated end-products (AGEs), 

proinflammatory mechanisms, reduced neurotrophic factors, oxidative stress and mitochondrial 

dysfunction. Understanding these mechanisms may lead to the prevention of nerve fiber loss and 

the promotion of axon regeneration[156].  

1.4.3.1 Activation of the polyol pathway  

Under normal conditions glucose is metabolized through the aerobic respiration pathways 

including glycolysis, citric acid cycle and oxidative phosphorylation to create ATP. However, 

hyperglycemia caused by diabetes activates a secondary metabolic pathway in the neuronal cell 

and its support cells (Schwann cells and satellite cells). The polyol pathway normally has a low 

affinity for glucose, but under the conditions of excess glucose, aldose reductase (AR) the first 
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enzyme in this pathway will bind and channel up to 30% of glucose through the polyol 

system[157]. AR is a part of the aldo-keto reductase superfamily, which has a high affinity for 

aldehydes; subsequently the normal function of AR is to reduce toxic aldehydes to inactive 

alcohols in the cell. During increased flux through the polyol pathway, AR will reduce glucose to 

sorbitol[158]. Aldehyde reductase, another member of the aldo-keto reductase superfamily, 

despite binding glucose with a lower affinity can still can drive excess glucose through this 

pathway[159]. During this process, the coenzyme NADPH is consumed, limiting the amount 

available for use in reducing free radicals by glutathione reductase. This contributes to the 

oxidative stress seen in the peripheral nerve in diabetic neuropathy. In addition, sorbitol will 

accumulate in the cell increasing osmotic stress and edemic nerve damage[160]. After the 

reduction to sorbitol, sorbitol dehydrogenase (SDH) oxidizes sorbitol to fructose. Like the 

previous reaction, a coenzyme is utilized. In this case, NAD+ is consumed and results in altered 

cell redox states in terms of the NAD+/NADH ratio. Similarly, this contributes to oxidative stress. 

NADH is a substrate for NADH oxidase and by increasing the substrate there is increased 

generation of ROS through NADH oxidases[161]. Depleting available NAD+ also has an impact 

on sirtuins. As stated above, sirtuins require NAD+ for activity and diminishing NAD+ levels 

affects sirtuin activation and thus inhibition of related biochemical processes, including 

mitochondrial biogenesis[137]. In addition to the oxidative stress caused by the consumption of 

NAD+ and NADPH the generation of fructose and its metabolites allow for an increase in AGE 

levels that are also known to cause oxidative stress that leads to cell dysfunction and death[157].  
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Fig. 18: Aldose reductase and the polyol pathway. Aldose reductase reduces aldehydes generated by reactive 

oxygen species (ROS) to inactive alcohols, and glucose to sorbitol, using NADPH as a co-factor. In cells where 

aldose reductase activity is sufficient to deplete reduced glutathione (GSH), oxidative stress is augmented. Sorbitol 

dehydrogenase (SDH) oxidizes sorbitol to fructose using NAD+ as a co-factor[162]. 

1.4.3.2 Advanced glycated end-product (AGE) accumulation 

The excess sugars present in diabetes may undergo glycation.  Glycation is when a reducing 

sugar, such as glucose or fructose non-enzymatically reacts with an amino group of a protein, 

lipids or nucleic acid producing a non-enzymatic molecular rearrangement called an AGE[163]. 

Both in the production of AGE and its subsequent binding to its receptor RAGE, high glucose 

can produce reactive oxygen species (ROS) and generate oxidative stress[164]. When binding to 

RAGE, the nuclear factor κB (NF-κB) signaling cascade is initiated. This signaling cascade 

causes a long-term inflammatory response and triggers apoptosis leading to cell dysfunction and 

death[165].  
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1.4.3.3 Oxidative stress  

Generation of free radicals and loss of free radical scavenging is a process that is exacerbated in 

hyperglycemia and produces oxidative stress. As seen in cultured endothelial cells, 

hyperglycemia leads to an increase in activity of the electron transport chain in the mitochondria 

and subsequent production of hydrogen peroxide[166].  However, DRGs in diabetic rats have a 

decrease in respiratory chain activity which was associated with a decrease in ROS production 

by the mitochondria. Nevertheless, oxidative stress was observed in the axon and presumably 

derived from another source, possibly NAPH oxidase in the cytoplasm or mitochondria. This 

suggests that ROS are generated by the polyol pathway and/or AGEs[167]. In peripheral nerves 

hydrogen peroxide can react with nitrites to form peroxynitrite. This accumulation of ROS and 

nitrites can overload the normal antioxidant capacity resulting in damage to DNA, lipids and 

proteins. Consequently, poly (ADP-ribose) polymerase (PARP) is activated by these DNA 

breaks further reducing the availability of NAD+[168]. The damage caused by an increase in 

ROS contributes to the degeneration found in axons. Several studies have shown that treatment 

with antioxidants can prevent nerve damage[164].  

1.4.3.4 Reduction of neurotrophic factors 

Neurotrophins such as nerve growth factor (NGF) and neurotrophin-3 (NT-3) promote the 

development and maintenance of neurons by providing trophic support for survival and growth 

and tropic  by directing movement of neurites up a concentration gradient of growth factor. 

Neurotrophins mediate individual actions by binding to specific species of TRK receptors [169]. 

In vivo models of diabetic neuropathy have shown a significant reduction in NGF and its 

receptors TRKA and p75 in DRGs. Additionally, the retrograde transport of NGF, derived from 



	
	

53	

both exogenous and endogenous sources, are reduced in diabetic rodents as well as gene 

products regulated by NGF such as neuropeptides[169], [170]. Similarly, NT-3 is altered in 

diabetic neuropathy models where a fifty percent reduction of NT-3’s receptor TRKC is seen the 

DRG of diabetic rats compared to age-matched controls[171]. Again, retrograde transport is 

affected with reduced transport of NT-3 to the neuronal cell body. Evidence has also suggested a 

rise in NT-3 in DRG cell bodies during diabetes indicating a compensatory mechanism for the 

loss of targeted neurotropic support[169], [172]. This sub-optimal support from the neurotrophic 

factors results in an increase in axonal death and poor regenerative capability.  

1.4.3.5 Induction of pro-inflammatory mechanisms 

Most of the known pathways involved in the pathogenesis of diabetic neuropathy are directly or 

indirectly involved in the production of inflammation. The central mechanism of the 

inflammatory process in diabetic neuropathy is through the activation of NF-κB. NF-κB  is a 

transcription factor that upregulates the gene expression of proinflammatory cytokines. Through 

the accumulation of AGEs or ROS the occurrence of binding to receptors on microglia and 

macrophages increases and as a result stimulation of NF-κB, cytokines such as IL-17 and TNF-α, 

chemokines and many more inflammatory agents are produced. These inflammatory cytokines 

contribute to pathogenesis by amplifying the immune response that results in tissue damage[173], 

[174].  

1.4.3.6 Mitochondrial dysfunction 

During axonal regeneration, high amounts of energy are required to maintain the motility of the 

growth cone. As a result, any damage to the mitochondrial structure or function will influence 

the ability of the axon to regenerate[152]. Mounting evidence suggests that abnormalities of 
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mitochondrial structure and function are present in diabetic neuropathy. Changes in the 

mitochondrial number and size in the Schwann cells of the sural nerve in human diabetes 

supports these notions[175]. Additionally, evidence of reduced function has been shown in STZ-

diabetic rat DRGs where respiratory chain components were down regulated with associated 

reduction in respiratory chain function[167]. Furthermore, depolarization of the mitochondrial 

inner membrane was measured in DRG sensory neurons supporting the reduced activity of the 

respiratory chain in the mitochondria[176]. Upstream regulators of the mitochondria such as 

AMPK, SIRT, and PGC-1α can account for this reduction by themselves being reduced by the 

increase in glucose levels[137] as shown in Fig. 19. By directly deacetylating and promoting the 

transcription of PGC-1α in the nucleus of the cell, sirtuins are key in influencing the 

mitochondrial biogenesis[177].  

Fig. 19: Effect of the diabetic state on neuronal metabolism. Under nutrient sufficiency, AMPK senses energy status 

as well as level of insulin-dependent activation of the Akt/phosphoinositide-3 kinase pathway. The nutrient-

dependent AMP/ATP and NAD+/NADH ratios determine the level of AMPK and SIRT activation (+ve induction of 

activity and −ve inhibition of activity). Nutrient-independent signaling by insulin constrains AMPK activity via Akt- 

leading to increased electron leakage [134]. This theory was
primarily based on studies in endothelial cells. Work in adult
sensory neurons, primary Schwann cells, and kidney reveals
that respiratory complex activity is down leading to reduced
rates of mitochondrial electron transport and thus sup-
pressed leakage of electrons [45•, 53]. However, this
does not preclude diabetes-induced ROS generation
from other sources, e.g., glucose metabolism through
the aldose reductase pathway leading to enhanced
NADPH oxidase (NOX) activity [125, 135].

Impact of Mitochondrial Dysfunction on Neuronal
Performance

Glucose uptake is insulin-independent in neurons, and so, a
high extracellular glucose concentration will distribute equally
across the plasma membrane driven via equilibrative transport
mediated primarily by GLUT3 [106, 136]. Under diabetic
conditions within the perikarya, the high intracellular glucose
concentration triggers the AMPK/SIRT/PGC-1α pathway to
be down-regulated [53, 58, 78, 80]. It can be postulated that
this process deviates maintenance of neuronal bioenergetics
away from a reliance on mitochondrial OXPHOS in favor of
less energetically efficient anaerobic metabolism (glycolysis).

This shift to anaerobic metabolism is borne out when consid-
ering studies on effect of ischemia on nerve conduction in
sciatic nerve in persons and rats with diabetes where there is
resistance to ischemic conduction block [137, 138]. This phe-
notypic change is akin to the Crabtree effect described in yeast
and leads to a down-regulation of respiratory chain compo-
nents, matrix enzymes, and mitochondrial biogenesis [139•,
140].

Outcome of Combination of Loss of Insulin and Raised
[Glucose] Insulin-dependent PI-3K/AKTsignaling phosphor-
ylates GSK3α/β subunits leading to reduced activity but en-
hanced binding to AMPKβ and elevation in phosphorylation
of AMPKα1α2 subunits on Thr479; this inhibits the activity of
AMPK via increased dephosphorylation of the Thr172 activa-
tion site in a nutrient-independent manner [86•]. Insulin also
directly inhibits AMPK via Akt-dependent phosphorylation
on Ser485/491 on AMPKα [84•, 85]. This anabolic signal under
nutrient sufficiency ensures that resources are directed via the
mTOR pathway to protein, glycogen, and lipid synthesis [62,
80, 82]. Under nutrient starvation, a high AMP/ATP ratio,
AMPK becomes activated and directs resources to more effi-
cient energy production, e.g., mitochondrial biogenesis, and
away from energy-utilizing anabolic pathways. Alternatively,
nutrient stress (e.g., excess) in the form of a high intracellular

Fig. 1 Effect of the diabetic state on neuronal metabolism. Under
nutrient sufficiency, AMPK senses energy status as well as level of
insulin-dependent activation of the Akt/phosphoinositide-3 kinase
pathway. The nutrient-dependent AMP/ATP and NAD+/NADH ratios
determine the level of AMPK and SIRT activation (+ve induction of
activity and −ve inhibition of activity). Nutrient-independent signaling
by insulin constrains AMPK activity via Akt- and GSK3-dependent
phosphorylation events that inhibit AMPKα phosphorylation at Thr172.
Thus, catabolic and anabolic pathways are balanced, in part, at the level of
PGC-1α activation to ensure that efficient ATP production is coupled to
effective protein synthesis, etc. This enables optimal mitochondrial
function and drives axonal plasticity through efficient production of

ATP and delivery of proteins needed to build nerve fibers. The advent
of nutrient excess, or nutrient stress, in diabetes drives down the AMP/
ATP and NAD+/NADH ratios primarily via excess flux of glucose via
glycolysis and the polyol pathway. This leads to lower activation of
AMPK and SIRT. The loss of insulin should contribute to an activation
of AMPK; however, this is overridden by the nutrient-dependent down-
regulation of AMPK and SIRT. The subsequent deactivation of PGC-1α
leads to suboptimal mitochondrial function and biogenesis and an
inability to maintain nerve endings in diabetes (or reduced axonal
plasticity which is defined as suboptimal collateral sprouting and/or
axon regeneration)
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and GSK3-dependent phosphorylation events that inhibit AMPKα phosphorylation at Thr. Thus, catabolic and 

anabolic pathways are balanced, in part, at the level of PGC-1α activation to ensure that efficient ATP production is 

coupled to effective protein synthesis, etc. This enables optimal mitochondrial function and drives axonal plasticity 

through efficient production of ATP and delivery of proteins needed to build nerve fibers. The advent of nutrient 

excess, or nutrient stress, in diabetes drives down the AMP/ ATP and NAD+/NADH ratios primarily via excess flux 

of glucose via glycolysis and the polyol pathway. This leads to lower activation of AMPK and SIRT. The loss of 

insulin should contribute to an activation of AMPK; however, this is overridden by the nutrient-dependent down- 

regulation of AMPK and SIRT. The subsequent deactivation of PGC-1α leads to suboptimal mitochondrial function 

and biogenesis and an inability to maintain nerve endings in diabetes (or reduced axonal plasticity which is defined 

as suboptimal collateral sprouting and/or axon regeneration)[152]. 

1.5 Summary 

Sirtuins are known for their regulatory role throughout the body in various biological systems. 

They have been linked to a number of neurodegenerative disorders resulting in both positive and 

negative outcomes. Recently, SIRT1 and SIRT2 have been linked to the AMPK/ PGC-1α 

signaling cascade. While SIRT1 has only low levels indicated in the PNS, SIRT2 is highly 

expressed. This cascade has been implicated in mitochondrial dysfunction, an underlying 

pathogenic mechanism in diabetic neuropathy. As a result, there is renewed interest in the polyol 

pathway and its effect on sirtuins as a possible drug target for treatment in neurodegeneration 

and the promotion of axon regeneration.   

1.6 Plan of study 

With this information, I studied the role of SIRT2 in regulating the phenotype of  adult sensory 

neurons derived from both control and diabetic rats or wild type and SIRT2 KO mice. I 

hypothesized that sensory neurons under a hyperglycemic state would have a lowered 

NAD+/NADH ratio, thus deactivating the SIRT2 pathway. I further hypothesized that the down 
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regulation of SIRT2 would diminish the activation of PGC-1α resulting in mitochondrial 

dysfunction and reduced mitochondrial ATP. This would explain the distal dying back of axons 

observed in diabetes.  

My objectives were to first study the mechanistic role of SIRT2 in the management of 

neurite outgrowth and to link that mechanism to the modulation of mitochondrial function in 

adult sensory neurons. Secondly, under in vitro conditions that mimic hyperglycemia, I 

investigated if the expression of SIRT2 was reduced. Then by the addition of drugs that block the 

polyol pathway I tested whether the expression of SIRT2 could be subsequently enhanced.. 

Lastly, I tested if the blockade of the polyol pathway resulted in the improvement of 

mitochondrial performance and elevated nerve regeneration.  
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Chapter 2 

Research design and methods 

The methods of this project were adapted and paraphrased from protocols and papers published 

from Dr. Fernyhough’s lab[178]–[183] 

2.1 DRG sensory neuron culture  

DRGs were isolated from either control or 3-5 month diabetic adult male Sprague Dawley rats or 

wild type and SIRT2 KO mice using a previously described method[178], [184]. SIRT2 

knockout mice strain B6.129-Sirt2tm1.1Fwa/J35 on a c57Bl/6J background were obtained from 

Jackson lab. This is a whole body knockout with a vector targeting exons 5,6, and part of exon 7 

of the mouse SIRT2 gene, eliminating gene function [185]. Rats were made diabetic by a single 

intraperitoneal injection of 75mg/kg STZ (Sigma) and mice were given either 2 intraperitoneal 

injections of 85mg/kg STZ for control and 90mg/kg for SIRT2 KO. A lower dose was used on 

controls due to toxicity. Only animals with blood glucose levels greater then 20mM at the time 

of euthanasia were considered. STZ is an antibiotic that causes pancreatic islet β cell destruction 

and induces experimental type 1 diabetes. Neuropathic changes occur early in STZ induced rats 

and appear as reduced nerve blood flow, deficits in nerve conduction velocity and changes in 

pain perception[186]. All animal protocols carefully followed the Canadian Committee on 

Animal Care (CCAC) guidelines. DRG neurons were collected from the cervical, thoracic, 

lumbar, and sacral areas of the spine and were plated onto poly-D-L-ornithine hydrobromide and 

laminin-coated multi-well plates for neuronal survival and 25mm glass coverslips for 

immunocytochemistry. Neurons were grown with either custom defined Hams F-12 media (no 
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glucose) or defined Hams F-12 media, both with modified Bottenstein and Sato’s N2 medium 

(with no insulin) containing: 0.1mg/ml transferrin, 20nM progesterone, 100µM putrescine, 30nM 

sodium selenite, 1 mg/ml BSA, and supplemented with a low dose cocktail of neurotrophic 

factors (NTFs): 0.1nM insulin, 0.1ng/ml nerve growth factor (NGF), 0.1 ng/ml neurotrophin-3 

(NT-3), and 1ng/ml glial cell line-derived neurotrophic factor (GDNF). Low dose (LD) 

neurotrophic factors maintain the viability of the cells in culture while having minimal impact on 

neurite outgrowth[187]. Neurons derived from control animals were exposed to either 5mM 

glucose or 10mM glucose and 0.1nM insulin. To mimic hyperglycemic conditions seen in 

diabetes neurons were exposed to 25mM glucose and no insulin. Neurons derived from STZ-

induced diabetic rodents were cultured in the presence of 25mM glucose without insulin to 

mimic physiological conditions in the diabetic state. Cultures were maintained from 1 day to 3 

days. Pharmacological inhibitors sorbinil, lidorestat, and SDI-158 (a kind gift from Pfizer Inc.) 

were prepared with methanol and culture grade water respectively.  Sorbinil and lidorestat target 

aldose/aldehyde reductase and SDI-158 targets sorbinil dehydrogenase (lidorestat exhibits a 

much higher affinity for aldose vs aldehyde reductase).  

2.2 Plasmids for WT-SIRT2 and SIRT2-H150 and cell transfection of adult sensory 

neurons 

Adult sensory neurons from control or diabetic rats maintained in the presence of neurotrophic 

factors as described above were transfected with plasmids overexpressing WT-SIRT2 or 

plasmids overexpressing the dominant negative mutant (SIRT2-H150Y). All plasmids co-

expresssed green fluorescent protein (GFP).  A control plasmid, of the same sub-type, but just 

expressing GFP was used as a negative control for plasmid transfection studies. The constructs 

were kind gifts from Dr. Luscher, Aachen University, Germany[138]. DRG cells (30x103) were 



	
	

59	

transfected with 1.8µg of plasmid in triplicate using the Amaxa electroporation kit for low 

numbers of cells according to the manufacturer’s instructions (ESBE Scientific)[183].  

2.3 Assessment of total neurite outgrowth 

For assessing neurite outgrowth cultures were either live imaged for GFP fluorescence (plasmid 

infected cells) or fixed with 4% paraformaldehyde in phosphate buffered saline (PBS, pH 7.4) 

for 15 min at room temperature then permeabilized with 0.3% Triton X-100 in PBS for 5 min. 

The fixed cells were incubated for 1 hour in Blocking Buffer (Roche) diluted with fetal bovine 

serum (FBS) and 1.0mM PBS in a ratio of (1:1:3). The cells were then washed three times with 

PBS and the primary antibody for neuron specific β-tubulin isotype III (1:1000) was added to all 

cells and incubated overnight. The following day, the cells were incubated with either 

fluorescein isothiocyanate-conjugated (FITC) secondary antibody (Jackson ImmunoResearch 

Laboratories) or cyanine3-conjugated (CY3) secondary antibodies (Jackson ImmunoResearch 

Laboratories) for 1 hour at room temperature. Glass cover slips were rinsed several times with 

PBS and mounted on 4’,6-diamidino-2-phenylindole (DAPI) covered glass slides. Fixed cells 

were imaged using a Carl Zeiss Axioscope upright fluorescence microscope equipped with an 

AxioCam camera. Images were captured using Axio-Vision4.8 software[179]. For live cell 

fluorescence imaging for GFP a Carl Zeiss LSM510 confocal microscope was used and bright 

field images collected simultaneously[182]. For both approaches, neurite outgrowth was 

quantified by measuring mean pixel area of images through ImageJ software adjusted for the cell 

body signal and normalized to cell number[180].  The level of total neurite outgrowth has been 

validated previously to be directly related to an arborizing form of axonal plasticity and 

homologous to collateral sprouting in vivo[188].  
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2.4 Western blotting  

Approximately fifty DRGs isolated from rats and mice were homogenized in a stabilization 

solution that contained: 0.1 M PIPES, 5mM MgCl2, 5mM EGTA, 0.5% Triton X-100, 20% 

glycerol, 10mM NaF, 1mM PMSF and protease inhibitor cocktail that was cooled on ice[181]. 

Samples were homogenized with a polytron homogenizer (IKA PowerGen 125, Fisher Scientific 

Limited) using 4 x 7.5s grinding pulses at 30s intervals[182]. Cultured sensory neurons were 

harvested and lysed either after 24, 48 or 72hrs of treatment in ice-cold stabilization buffer as 

stated previously. Protein content was calculated by performing the DC protein assay (BioRad). 

Tissue homogenate or lysate from DRG cell culture (5-20µg total protein/lane) were resolved on 

a 10% SDS-PAGE gel, and electroblotted onto a nitrocellulose membrane using the 

TRANSBLOT turbo (BioRad). Blots were then blocked in 5% nonfat milk containing 0.05% 

Tween-20, then incubated overnight at 4 degrees C with the primary antibody for SIRT2 (1:500, 

Sigma-Aldrich), SIRT1, P-AMPK (phosphorylated on Thr-172), P-LKB1, phosphorylated on 

Ser-431 (1:500, Santa Cruz Biotechnologies), OXPHOS; Complex I subunit NDUFB8, Complex 

II subunit 30kDa, Complex III subunit Core 2, Complex IV subunit II, and ATP synthase subunit 

alpha (1:250, MitoScience) or PORIN (1:500, MitoScience). Total ERK and β-Actin (1:500-

1:1000; Santa Cruz Biotechnologies) were used as loading controls. After rinsing with TBS-T 

several times, secondary antibody was applied for 1 hour at room temperature. Blots were then 

rinsed and incubated with ClarityTM Western ECL substrate (Bio-Rad) and imaged using the 

BioRad Fluor-S image analyzer[180].  
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2.5 Measurement of mitochondrial respiration in cultured DRG neurons 

An XF24 Analyzer (Seahorse Biosciences) was used to measure mitochondrial bioenergetics in 

neuronal cells of mouse and rat cultures. The XF24 creates a transient 7 µl chamber in 

specialized 24-well microplates that allows for the oxygen consumption rate (OCR) to be 

monitored in real time[189]. Culture medium was changed 1 hour before the assay to unbuffered 

Dulbecco’s modified Eagle’s medium (DMEM, pH 7.4) supplemented with 1mM pyruvate 

(Gibco) and either 10mM D-glucose or 25mM D-glucose. Neuron density in the range of 2000-

4000 cells per well gave linear OCR. Oligomycin (1µM), carbonylcyanide-p-

trifluoromethoxyphenyl hydrazine (FCCP; 1.0µM) and rotenone (1µM) + antimycin A (1µM) 

were injected sequentially through ports in the Seahorse Flux Pak cartridges. Each loop was 

started by mixing for 3 min, and then delayed for 2 min and OCR measured for 3 min[182]. This 

allowed determination of the basal level of oxygen consumption, the amount of oxygen 

consumption linked to ATP production, the level of non-ATP-linked oxygen consumption 

(protein leak), the maximal respiratory capacity and non-mitochondrial oxygen 

consumption[189]. Oligomycin inhibits the ATP synthase leading to a build-up of the proton 

gradient that inhibits electron flux and establishes coupling efficiency. Injection of FCCP 

uncouples the respiratory chain and reveals the maximal capacity to reduce oxygen. Finally, 

rotenone + antimycin A were injected to inhibit complex I and III and prevent oxygen 

consumption at cytochrome c oxidase. The remaining OCR determined after this intervention is 

primarily non-mitochondrial[179]. Immediately after finishing the OCR measurement, cells were 

harvested for a protein assay. Data was expressed as OCR in pmol/min for 5µg protein[179].  
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2.6 Statistical Analysis 

Data was expressed as mean +/- SEM and were subjected to two-tailed Student’s t-test or one-

way ANOVA with posthoc comparisons using Tukey’s or Dunnett’s posthoc tests when 

appropriate. GraphPad Prism software was used to perform statistical analysis. For each 

experiment, one rat was used with cultures performed in replicate (n=3-6). Experiments were 

independently repeated. Data presented is for representative experiment from each study.  
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Chapter 3:  

SIRT2 enhanced neurite outgrowth in sensory neurons and high 

glucose concentration negatively impacted this pathway through 

activation of the polyol pathway  

We tested the hypothesis that SIRT2 signaling within adult sensory neurons drives axon 

regeneration and under diabetic conditions this pathway is impaired due to enhanced polyol 

pathway activity driven by hyperglycemia. Our objectives were to study the effect of SIRT2 on 

neurite outgrowth of normal and STZ-diabetic sensory neurons and control and SIRT2 KO mice. 

We further tested the expression/activity of SIRT2 in a hyperglycemic state and the effect of 

reduced or absent SIRT2 on activating the P-LKB1/P-AMPK/PGC-1a signaling cascade. Finally, 

we investigated the role of the polyol pathway with the addition of inhibitors to enhance SIRT2 

expression and activate its signaling cascade to improve neurite outgrowth. The following results 

were found: 	

3.1 SIRT2 enhanced neurite outgrowth in normal and STZ-diabetic sensory neurons 

The ability of SIRT2 to enhance neurite outgrowth in adult sensory neurons was investigated. 

Isolated sensory neurons in culture have been shown to maintain the same features as sensory 

neurons in vivo with a varied amount of neuronal cell types and a diverse set of cell sizes[190]. 

Neurite outgrowth seen in culture reflects an arborizing form of axonal plasticity that is 

comparable to collateral sprouting in vivo[188]. Changes in collateral sprouting are reflected in 

measurements of total neurite outgrowth in culture. DRG sensory neurons were collected from 

adult control and STZ-induced diabetic rats. Cells were cultured with LD or high dose (HD) 
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neurotrophic factors. Low doses of neurotrophic factors help support the survival and 

maintenance of the cells in culture without interfering significantly with neurite outgrowth 

levels[187]. Normal DRG neurons were transfected with either green fluorescent protein (GFP) 

plus a plasmid containing the same nucleotide composition of SIRT2, but rearranged for a 

negative control (Scramble) or GFP plus a plasmid over-expressing WT-SIRT2. In a separate 

experiment, cells were transfected with GFP (control), GFP plus a plasmid over-expressing wild-

type (WT-SIRT2) or GFP plus a plasmid over-expressing the dominant negative mutant SIRT2-

H150Y. SIRT2-H150Y is deacetylase deficient SIRT2[138]. Diabetic sensory neurons were 

transfected with the same plasmids. After transfection, cells were left to grow in defined medium 

for forty-eight hours.  Fluorescence images derived from GFP-expressing plasmid-transfected 

neurons were taken to quantify the levels of total neurite outgrowth. Sensory neurons containing 

overexpression of WT-SIRT2 significantly enhanced total neurite outgrowth in age matched 

control (Fig. 20A) or diabetic neurons (Fig. 20B). Over-expression of the dominant negative 

mutant (SIRT2-H150Y) prevented the promotion of neurite outgrowth with similar levels of 

growth seen in the negative control  (Fig. 20A,B – right bar charts).  
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Fig. 20: SIRT2 mediates axon outgrowth in adult sensory neurons.  Adult DRG sensory neurons from adult rats 

were cultured with LD or HD neurotrophic factors. In (A) neurons were transfected with plasmids over-expressing 

WT-SIRT2 or dominant negative mutant SIRT2-HI50Y. The images are GFP fluorescence of transfected neurons 

and bar charts reveals levels of total neurite outgrowth. In (B) neurons were isolated from 5month type 1 diabetic 

rats and transfected with the same plasmids. All values are means +/- SEM (n=3-4 replicate cultures); *p<0.05 vs 

other groups **p<0.05 vs WT-SIRT2. All statistical analysis were Student T-Test or oneway ANOVA (Tukey’s 

posthoc test). Data contributed by Rafaela Vieira Da Silva. 	
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3.2	Absence	of	SIRT2	reduced	neurite	outgrowth	in	SIRT2	KO	mice		

After determining that SIRT2 is involved in modulating axon regeneration, I investigated the 

effect of SIRT2’s absence on neurite outgrowth in SIRT2 knockout (KO) mice. First, I examined 

nervous tissue to establish the lack of SIRT2 protein in SIRT2 KO mice. DRG sensory ganglia 

and sciatic nerve tissue were derived from adult control wild-type (WT) and SIRT2 KO mice. 

The tissues were homogenized and Western blotted for SIRT2 protein levels. SIRT2 levels were 

not detected in both DRG and sciatic tissue of SIRT2 KO mice when normalized to total-ERK 

(T-ERK) (Fig 20A). Furthermore, adult DRG sensory neurons were collected from control and 

SIRT2 KO mice and were cultured and left to grow under defined conditions for twenty-four 

hours in the absence or presence of a cocktail of neurotrophic factors. After fixation, the cells 

were stained with neuron specific β-tubulin III to visualize outgrowth and 4’6-diamidino-2-

phenylindole (DAPI) to detect non-neuronal cells. To quantify levels of total neurite outgrowth 

fluorescent images were taken. Absence of SIRT2 suppressed total neurite outgrowth when 

compared to WT neurons with dependence on the dose of neurotrophic factors being seen (Fig. 

21D). A two-fold decrease was detected in both the absence of neurotropic factors and in the 

presence of low dose neurotrophic factors (*p<0.05 vs. SIRT2 KO). At the medium dose of 

neurotrophic factors the neurite outgrowth support provided by these growth factors overcame 

any deficit in SIRT2 expression. Suggesting that SIRT2 supports the promotion of neurite 

outgrowth, but is not the sole factor in its regulation. 	
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Fig. 21: Absence of SIRT2 depressed neurite outgrowth in SIRT2 KO sensory neurons. In (A) is a  Western blot of 

DRG and sciatic nerve samples from control and SIRT2 KO mice displaying levels of SIRT2 protein. T-ERK = 

levels of total ERK (loading control). In B and C are fluorescent images of cultured sensory neurons stained for 

neuron-specific β-tubulin III in WT and SIRT2 KO mice treated with no neurotrophic growth factors (No GF) and 

low dose neurotrophic growth factors (LD GF). Size marker indicates 100 µm. In (D) total neurite outgrowth of 

adult DRG sensory neurons derived from control and SIRT2 KO mice in response No GF, LD GF and medium dose 

growth factors (MD GF) for twenty-four hours. The levels of neurite outgrowth were adjusted to cell number. 

Values are means +/- SEM (n=3 replicates); *p<0.05 vs SIRT2 KO (Student’s t-test). 	
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3.3 Increasing doses of [NAD+] enhance neurite outgrowth in WT but not SIRT KO mice 

Sirtuins are dependent on NAD+ for their deacetylation activity. The ability of NAD+ to 

influence SIRT2 activity facilitates the investigation on the impact that levels of  NAD+ 

contribute to SIRT2’s modulation of neurite outgrowth in WT and SIRT2 KO mice. Neurons 

were cultured and left to grow for twenty-four hours under definded conditions  and treated with 

different concentrations of NAD+ in the presence of low dose cocktail of neurotrophic growth 

factors. NAD+ enhanced neurite outgrowth at the 1000µM dose, which is within the 

physiological range of intracellular NAD+[191] (*p<0.05 vs control) in  WT mice (Fig. 22A). 

However, NAD+ failed to produce any significant changes in the neurite outgrowth of SIRT2 KO 

mice (Fig. 22B). This demonstrates that SIRT2 is required for the NAD+ effect on total neurite 

outgrowth as opposed to the other sirtuins because of the lack of effect seen in SIRT2 KO cells.  

Fig. 22: NAD+ enhanced neurite outgrowth of control sensory neurons and had no effect on SIRT2 KO neurons. 

DRG sensory neurons were collected from control and SIRT2 KO mice and were cultured for twenty four hours in 

response to varying doses of NAD+ in the presence of low dose cocktail of neurotrophic growth factors. After 

fixation, neurons were stained for neuron-specific β-tubulin III. Shown in A and B is the impact of NAD+ on total 
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neurite outgrowth. Data are mean +/- SEM (n=3 replicates). *p<0.05 vs control. All statistical comparisons were 

performed by oneway ANOVA with Tukey’s posthoc test. 

3.4 Sirtuin expression is suppressed in lumbar DRG derived from STZ-diabetic rat  

To provide further evidence of the importance of SIRT2 in modulating neurite outgrowth as 

opposed to the other sirtuin isoforms, we investigated the expression of SIRT1, SIRT2 and 

SIRT3. These isoforms share many similar substrates, in numerous nervous tissues samples 

derived from a normal adult rat. It was also important to determine if SIRT expression in DRG 

was altered under the diabetic state since this may affect peripheral nerve function. The tissues 

seen in Fig. 23A and 23B were homogenized and Western blotted for SIRT1 and SIRT2 protein 

levels. SIRT1 protein was not found in DRG, sciatic nerve (SN), tibial nerve (TN) and cortex 

while SIRT2 (39 and 43 KDa) were found in all of the above tissues. Further investigation 

looked at the protein levels of SIRT2 and SIRT3 isoforms in DRG from control and STZ-

diabetic rats (Fig. 23C).  Unlike SIRT2, SIRT3 exerts its deacetylase activity directly onto 

mitochondrial targets influencing mitochondrial bioenergetics. As such the expression of SIRT3 

is associated with the function of the mitochondria. I found that SIRT2.1 (43 KDa) and SIRT3 

(43 KDa) were depressed in DRG of STZ-induced diabetic rats when normalized to T-ERK (Fig. 

23D).  
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Fig. 23: SIRT2 is localized to DRG tissues and sirtuin expression is suppressed in STZ-diabetic sensory neurons.  In 

A and B is shown Western blot of DRG, sciatic nerve (SN), tibial nerve (TN), cortex and heart samples from a 

normal adult rat displaying SIRT1 and SIRT2 levels. In (C) lumbar DRG were isolated from control and 4 month 

STZ-diabetic rats.. Western blots for SIRT2, SIRT3, and T-ERK are shown. Data for SIRT2 and SIRT3 levels were 

normalized against T-ERK are shown in (D). Values are mean +/- SEM (n=6 rats). *p <0.05 vs control (Student’s t-

test). Data contributed by Subir Roy Chowdhury.  

3.5 Prolonged high [glucose] decreases the expression of SIRT2 in normal adult rat sensory 

neurons and mannitol has no effect  

After determining that SIRT2 is down regulated in DRG under a type 1 diabetic phenotype, I 

investigated the role of hyperglycemia in directly reducing the expression of SIRT2. Since 

neurons exhibit insulin-independent glucose uptake, an external high glucose concentration 

([glucose]) is reflected inside the cell. The excess glucose can activate the polyol pathway. This 
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pathway converts glucose to sorbitol then fructose and during this reaction NAD+  is consumed. 

This decreases the available NAD+ for the sirtuin deacetylation reaction. Adult rat sensory 

neuron cultures were treated with 5mM D-glucose (control) and 25mM D-glucose for 24hrs, 

48hrs, and 72hours to reflect a hyperglycemia environment in the presence of low dose 

neurotrophic factors. After lysing the cells, I determined the protein levels of SIRT2 (39 and 43 

KDa). High [glucose] significantly inhibited the expression of SIRT2 with increasing length of 

time (Fig. 24A). Significant suppression was observed at all time points (Fig. 24B). Because of 

the lack of SIRT2 activity a negative feedback mechanism could be activated that could decrease 

the expression of SIRT2. In a separate experiment 25mM mannitol was added to cells cultured 

for 3 days in the presence of low dose neurotrophic factors treated with 5mM D-glucose and 

25mM D-glucose (Fig. 25). Mannitol was added as an osmotic control to confirm results were 

not due to high [glucose] induced osmotic stress[192]. No Significant change in SIRT2 

expression levels was induced by the addition of mannitol. 
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Fig. 24: Prolonged high [glucose] decreased the expression of SIRT2 in cultured normal adult sensory neurons. 

DRG neurons derived from control rat were treated with 5mM D-gluocse (control) and 25mM D-glucose for 24, 48, 

and 72hrs in the presence of low dose neurotrophic factors. A Western blot for SIRT2 (39 and 43 kDa) and T-ERK 

are shown in (A). Data for SIRT2 (39 and 43KDa) levels are normalized to T-ERK is shown in (B). Values are 

means +/- SEM (n=3 replicates). *p<0.05 vs control, **p<0.01 vs control, p***<0.001 vs control, ****p<0.001 vs 

control (oneway ANOVA with Tukey’s posthoc test).	
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Fig. 25: High mannitol concentration has no effect on SIRT2 expression.  Neurons were derived from normal rat 

and were treated with 5mM D-glucose (control) and 25mM D-glucose for 3 days. Cells treated with 5mM and 

25mM D-glucose were also treated with 25mM mannitol. All cultures in the presence of low dose neurotrophic 

factors. Western blots for SIRT2 (39 and 43kDa) and T-ERK are shown in (A). Data for SIRT2 normalized to T-

ERK is shown in (B). Values are means +/- SEM (n=3 replicates). For SIRT2.1  *p <0.05 vs 5mM D-glucose and 

5mM D-glucose + 25mM mannitol. For SIRT2.2 *p<0.05 vs 5mM D-glucose, **p<0.05 vs 5mM D-glucose ,  

#p<0.05 vs 25mM D-glucose and 25mM D-glucose + 25mM mannitol (one way ANOVA with Tukey’s posthoc 

test).	

3.6 Reduction of expression of downstream effectors in SIRT2 KO mice  

After establishing that SIRT2 expression was suppressed under high [glucose], I tested the effect 

of SIRT2 absence on the phospho-liver kinase B1 (P-LKB1)/P-AMPK/PGC-1α signaling 

cascade in wild-type and SIRT2 KO sensory neurons. In kidney cells, SIRT1 activity has been 
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mechanistically linked to AMPK activation through deacetylation of P-LKB1. P-LKB1 is a 

serine threonine protein kinase that phosphorylates (on threonine 172) and activates AMPK[98]. 

DRGs were collected from WT and SIRT2 KO mice and cultured for twenty-four hours in the 

presence of low dose neurotrophic factors. The cells were then lysed and a Western blot was 

performed to determine the levels of P-AMPK, PGC-1α, and P-LKB1 (Fig. 26A, B). I found a 

reduction in the expression in P-AMPK, PGC-1α and P-LKB1 normalized to T-ERK in SIRT2 

KO neurons when compared to WT neurons (Fig. 26C, D).  
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Fig. 26: Absence of SIRT2 reduces the expression of the P-AMPK, P-LKB1 and PGC-1α signaling cascade 

compared to cultured WT sensory neurons. Neurons were isolated from WT and SIRT2 KO mice  and were cultured 

for twenty-four hours in the presence of neurotrophic factors. Western blots for P-AMPK, P-LKB1, PGC-1α and T-

ERK are shown in A and B. Data for P-AMPK, and PGC-1α levels normalized against T-ERK are shown in (C) 

Values are means +/- SEM (n=6 replicates). Data for P-LKB1 normalized to T-ERK is shown in (D). Values are 

means +/- SEM (n=3 replicates). *p<0.05 vs control (Student’s t-test). 
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3.7 Sorbinil, lidorestat or SDI-158 mediated inhibition of the polyol pathway enhances the 

expression of SIRT2 and activates the P-LKB1/P-AMPK pathway in adult rat sensory 

neurons cultured under high [glucose] 

After determining the prolonged high [glucose] treatments reduced the expression of SIRT2  I 

investigated the ability of sorbinil (a dual aldose and aldehyde reductase inhibitor), lidorestat (a 

higher affinity and selective aldose reductase inhibitor) and SDI-158 (a sorbitol dehydrogenase 

inhibitor) to modulate SIRT2 expression and activate the downstream LKB1/AMPK pathway. 

Neurons were derived from control adult rats. The cells were cultured in 5mM D-glucose 

(control) and 25mM D-glucose for 3 days. High [glucose] treated cells then were treated with 

either 10µM of SDI-158, 30µM and 100µM of sorbinil or 10µM, 30µM, and 100µM of 

lidorestat for 3 days in the presence of low dose neurotrophic factors. After lysing the cells, I 

determined the levels of SIRT2 (39 and 43 KDa). I found increases in SIRT2 expression in cells 

treated with 10µM SDI-158 (Fig. 27), 30µM and 100µM sorbinil (Fig. 28) and 30µM and 

100µM lidorestat (Fig. 29) in the presence of high [glucose]. In cells treated with 30µM and 

100µM of liderostat there was significant enhancement of expression of P-AMPK and P-LKB1 

when normalized to T-ERK (Fig. 29). This suggests that these changes induced by high glucose 

and reversed by polyol pathway inhibitors could be due to alterations in the total levels of the 

kinase proteins phosphorylating LKB1 and AMPK.  
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Fig. 27: SDI-158 inhibits the polyol pathway though inhibition of sorbitol dehydrogenase and augments SIRT2 

expression in cultured sensory neurons under high [glucose]. Neurons were derived from control rat and were 

treated with 5mM D-glucose (control) and 25mM D-glucose for 3 days. Cells treated with 5mM and 25mM D-

glucose were treated with10µM of SDI-158 in the presence of  low dose neurotrophic factors. Western blots for 

SIRT2 (39 and 43KDa) and T-ERK are shown in (A). Data for SIRT2 normalized to T-ERK is shown in (B). Values 

are means +/- SEM (n=3 replicates). *p<0.05 vs 5mM D-glucose **p<0.05 vs 3 day 25mM D-glucose (oneway 

ANOVA with Tukey’s posthoc test).	
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Fig. 28: Sorbinil inhibits the polyol pathway through inhibition of aldose and aldehyde reductase and raises SIRT2 

expression in cultured sensory neurons under high [glucose]. Neurons were derived from control rat and were 

treated with 5mM D-glucose (control) and 25mM D-glucose for 3 days. Cells treated with 25mM D-glucose were 

treated with 30µM and 100 µM of sorbinil in the presence of low dose neurotrophic factors. Western blot for SIRT2 

(39 and 43 KDa) and  β-actin are shown in (A). Data for SIRT2 normalized to β-actin is shown in (B). Values are 

means +/- SEM (n=3 replicates). *p<0.05 vs 5mM D-glucose and **p<0.05 vs 25mM D-glucose (oneway ANOVA 

with Tukey’s posthoc test).  
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Fig. 29: Lidorestat inhibits the polyol pathway and enhances SIRT2 expression and the P-LKB1/P-AMPK signaling 

cascade in cultured normal sensory neurons. Neurons were isolated from a control rat and were treated 5mM D-

glucose (control) and 25mM D-glucose for 3 days. Cells treated with 25mM D-glucose were treated with 10µM, 

30µM, and 100µM of Lidorestat in the presence of low dose neurotropic factors. Western blots for SIRT2 (39 and 

43KDa), P-AMPK, P-LKB1 and T-ERK are shown in A, B, and C. Data for SIRT2 normalized against T-ERK is in 

(D). Values are means+/- (n=3  replicates). For SIRT2.1 *p<0.05 vs 5mM D-glucose and lidorestat [100µM]. For 

SIRT2.2 *p<0.05 vs 5mM D-glucose and lidorestat [30µM] and [100µM] (oneway ANOVA with Tukey’s posthoc 

test).  Data for P-LKB1 normalized against T-ERK is in (E). Values are means +/- (n=3 or 4 replicates). *p<0.05 vs 

5mM D-glucose and lidorestat [30µM] and [100µM]  (oneway ANOVA with Tukey’s posthoc test). Data for P-

AMPK normalized to T-ERK is in (F). Values are means +/-(n=3 or 4 replicates). *p<0.05 vs 5mM D-glucose and 

lidorestat [30µM] and [100µM](oneway ANOVA with Tukey’s posthoc test).	
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3.8 Sorbinil and SDI-158 inhibition of the polyol pathway enhances the expression of 

SIRT2 and total neurite outgrowth in sensory neurons derived from STZ-diabetic rats 

The previous data have determined that suppressing the polyol pathway prevents the high 

[glucose]-induced reduction in SIRT2 expression and enhances activation of the P-LKB1/P-

AMPK pathway. The present work now tested these mechanistic links in sensory neurons 

derived from diabetic rats. In addition, I tested the association between the level of activation of 

the SIRT2 signaling cascade and modulation of axonal regeneration in diabetic neurons. DRGs 

were collected from STZ-diabetic rats and were cultured in the presence of high [glucose] and 

incubated for forty-eight hours in the presence of low dose neurotrophic factors and treated with 

30µM and 100µM of sorbinil or 10µM SDI-158. After lysing the cells, I performed Western 

blotting and normalized the levels of SIRT2 (39 and 43 kDa) against β-Actin and T-ERK (Fig. 

30A, B). I found increases in SIRT2 expression in both 30µM and 100µM treated neurons (Fig. 

30C). I also saw significant enhancement with the addition of 10µM SDI-158 (Fig. 30D). 

Western analysis was also performed for P-AMPK and PGC-1α (Fig. 31). PGC-1α and P-AMPK 

when normalized to T-ERK showed significant augmentation with addition of 10µM SDI-158 or 

30µM sorbinil. Neurons derived from STZ-diabetic rats were again treated with 10µM  SDI-158 

or 30µM of sorbinil for forty-eight hours in the presence of low dose neurotrophic factors. After 

fixing these cells they were stained with β-tubulin III. The impact of the inhibitors of the polyol 

pathway on total neurite outgrowth was assessed. Both 10µM of SDI-158 and 30µM of sorbinil 

significantly enhanced total neurite outgrowth compared to control (Fig. 32). This suggests that 

the SIRT2 signaling cascade is suppressed in the diabetic state and under high glucose 

concentration. This inhibitory environment for SIRT2 was relieved by blockade of polyol 

pathway at the aldose/aldehyde reductase or sorbitol dehydrogenase steps. 
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Fig. 30: Sorbinil or SDI-158 enhance the expression of SIRT2 in cultured sensory neurons derived from STZ-

diabetic rats. Neurons were isolated from a STZ-diabetic rat and were treated with 30µM and 100µM sorbinil or 

10µM SDI-158 in the presence of 25mM D-glucose and low dose neurotrophic factors for forty-eight hours. 

Western blot for SIRT2 (39 and 43kDa), β-actin,  and T-ERK  are shown in A and B. Data for SIRT2 normalized 

against β-actin is shown in (C). Values are means +/- SEM (n=3 replicates). *p<0.05 vs control (oneway ANOVA 

with Tukey’s posthoc test).  Data for SIRT2 normalized against T-ERK is shown in (D). Values are means +/- SEM 

(n=3 replicates). *p<0.05 vs control (Student’s t-test).  
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Fig. 31: Sorbinil or SDI-158 activate the P-AMPK/PGC-1α signaling cascade in cultured STZ-diabetic sensory 

neurons. Neurons were isolated from a STZ-diabetic rat and were treated with 10µM SDI-158 and 30µM sorbinil in 

the presence of neurotrophic factors for forty- eight hours. Western blot for P-AMPK, PGC-1a and T-ERK are 

shown in (A). Data for P-AMPK, PGC-1a normalized to T-ERK is shown in (B). Values are means +/- SEM (n=3 

replicates). *p<0.05 vs control and **p<0.05 vs control (oneway ANOVA  with Tukey’s posthoc test). 
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Fig. 32: SDI-158 and sorbinil enhanced neurite outgrowth in diabetic sensory neurons. DRG sensory neurons were 

derived from diabetic rats and were cultured for forty-eight hours in the presence of neurotrophic factors and were 

exposed to pharmacological inhibitors of the polyol pathway, 10µM SDI-158 and 30µM sorbinil. After fixation, 

neurons were stained for neuron-specific β tubulin III. In (A) are images of control, and treated 10µM SDI-158 and 

30µM sorbinil cells. In (B) the impact on total neurite outgrowth is shown. Data are means +/- SEM (n=4 replicates). 

*p<0.05 vs control (oneway ANOVA with Tuckey’s posthoc test).  
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Chapter 4: 

Abnormal mitochondrial bioenergetic function and reduced 

expression of proteins involved in oxidative phosphorylation result 

from the absence or reduction in SIRT2 and levels were improved 

by the inhibition of the polyol pathway in sensory neurons 

In diabetic neuropathy abnormal mitochondrial function has been described as an important 

pathophysiological component contributing to axonal degeneration. For axonal functions and 

growth cone motility sensory neurons require a high demand of energy provided by the 

mitochondria[193].  I hypothesize that the down regulation of SIRT2 reduces mitochondrial 

function causing dying back of axons. Because SIRT2 has been shown to be directly involved in 

promoting the transcription of PGC-1α leading to improved mitochondrial biogenesis[194]. Our 

objectives were to link SIRT2 to mitochondrial bioenergetics and to demonstrate that reduced 

SIRT2 leads to reduced mitochondrial bioenergetics. We further examined the mechanistic link 

between SIRT2 and mitochondrial function by testing the relationship between reduced SIRT2 

and the effect on mitochondrial proteins of the electron transport chain and mitochondrial mass. 

Finally, we investigated if polyol pathway inhibitors could reverse the downregulaton of 

mitochondrial bioenergetics, oxidative phosphorylation and mitochondrial mass. The following 

results were found: 
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4.1 Absence of SIRT2 caused dysregulation of mitochondrial bioenergetics in SIRT2 KO 

mice sensory neurons 

During neurite outgrowth functional mitochondrial bioenergetics is essential for providing ATP, 

I investigated whether the absence of SIRT2 would negatively impact mitochondrial 

bioenergetics. DRG neurons derived from WT and SIRT2 KO mice were cultured for twenty-

four hours in the presence of low dose neurotrophic growth factors. Neurons are maintained at 

10mM D-glucose throughout the experiment. To measure the bioenergetics of the mitochondria 

the Seahorse Biosciences XF24 analyzer was used. By using glucose as an oxidative substrate, 

the measurement of oxygen consumption rate (OCR), an indicator of mitochondrial respiration, 

allows for the assessment of key parameters of mitochondrial function: basal respiration, 

maximal respiration, spare respiratory capacity and coupling efficiency.  Initially, the basal 

respiration is measured, soon after an injection of oligomycin is added. Oligomycin is an ATP 

synthase inhibitor. As a result of blocking the flow of protons through ATP synthase, state 3 

(active) respiration is inhibited and the coupling efficiency can be measured. The second 

injection is FCCP. FCCP is an uncoupling agent that transports protons across the mitochondrial 

membrane disrupting ATP synthesis. This dissipates the electrochemical gradient and allows for 

rapid consumption of energy and oxygen, maximum respiration. Spare respiratory capacity is 

calculated by subtracting the basal respiration from the maximal respiration.  Finally, rotenone 

(complex I inhibitor) and antimycin A (complex III inhibitor) are injected. This combination 

blocks mitochondrial respiration and reveals the non-mitochondrial OCR[179].  OCR is 

presented as pmol/min and data is normalized to total protein/well. SIRT2 KO mice showed 

significant reduction in the OCR compared to the WT when induced by FCCP uncoupler (1µM) 

(Fig. 33A).  When describing the basal respiration, coupling efficiency, maximal respiration, and 
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spare respiratory capacity wild-type is presented as dark blue and SIRT2 KO is light blue. 

Bioenergetics were calculated using a previously described method[195]. In the absence of 

SIRT2 there was significant reduction in mitochondrial bioenergetics, specifically in maximal 

respiration, basal respiration and spare respiratory capacity (Fig. 33B). 

Fig. 33: The absence of SIRT2 reduced mitochondrial bioenergetic function. DRG sensory neurons from WT and 

SIRT2 KO mice were cultured for twenty-four hours in the presence of neurotrophic growth factors. Oxygen 

consumption rate (OCR) was measured at the basal level (a), then the cells were then exposed, in sequence, to µM 

oligomycin, 1µM FCCP, and 1µM rotenone plus 1µM antimycin A (AA). Dotted lines labeled a-f have been used to 
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calculate bioenergetic profiles[179]. In (A) Data are expressed as OCR pmol/min. *p<0.05 vs SIRT2 KO (Student’s 

t-test). Data shown in (B) are calculated parameters of mitochondrial function according to a previously described 

method, basal respiration (a-e), coupling efficiency (b-e/a-e), maximal respiration (d-e), and spare respiratory 

capacity (d-a)[195]. Data are means +/- SEM  (n=5 replicates). *p <0.05 vs  WT and **p<0.05 vs WT (Student’s t-

test). 	

4.2 High [glucose]-induced abnormalities in mitochondrial bioenergetics were corrected 

through inhibition of the polyol pathway 

After determining that a loss of SIRT2 reduced mitochondrial function, I tested the relationship 

between the high [glucose]-induced suppression of the SIRT2 directed pathway and 

mitochondrial dysfunction. I then tested whether inhibition of the polyol pathway could rescue 

mitochondrial bioenergetics disrupted by glucose exposure. Mannitol was added as an osmotic 

control to confirm results were not due to osmotic stress[192]. DRG neurons derived from 

normal rat were cultured with 5mM D-glucose (control) and 25mM D-glucose and treated with 

10mM mannitol for seventy-two hours in the presence of low dose neurotrophic factors (Fig.34). 

In a separate experiment I added [10µM] SDI-158 and [30µM] sorbinil to cells treated with 

25mM D-glucose (Fig. 35) and an additional experiment was performed with only [10µM] SDI-

158 added to 25mM D-glucose (Fig. 36).  With the cells maintained with the same 

concentrations of glucose, OCR was measured with the Seahorse Biosciences XF24. High 

[glucose] treatment suppressed mitochondrial function indicated by a reduction in basal 

respiration, maximal respiration and spare respiratory capacity (Fig. 34). The addition of 

mannitol to control and high [glucose] treatments had no effect. Mitochondrial function was 

rescued by sorbinil as indicated by raised basal and maximal respiration (Fig. 35) and maximal 

respiration and spare respiratory capacity were augmented with the addition of SDI-158 (Fig. 36).  
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Fig. 34: Mitochondrial bioenergetics are depressed by the addition of high [glucose] in normal sensory neurons. 

DRGs were derived from normal rat and sensory neurons were cultured for 3 days and treated with 5mM D-glucose 

(control) and 25mM D-glucose in the presence of low dose neurotrophic growth factors. The OCR measurements of 

control (red), control + mannitol (blue) and cells treated with high glucose (purple), high glucose + mannitol (light 

blue) at 1µM concentration of FCCP were plotted (A). High [glucose] treatment depressed mitochondrial function 
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indicated by reduced basal respiration, maximal respiration and spare respiratory capacity shown in (B). Data are 

expressed as OCR in pmol/min for 5µg protein and are means +/- SEM  (n=3 replicates). In basal respiration *p 

<0.05 vs  control and #p<0.05 vs control and control +[10mM] mannitol. For maximal respiration *p<0.05 vs 

control and control + [10mM] mannitol. In spare respiratory capacity *p<0.05 vs control and control + [10mM] 

mannitol and #p<0.05 vs 3 day 25mM D-glucose. All statistical analysis done by oneway ANOVA with Tukey’s 

posthoc test. 	
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Fig. 35: Mitochondrial bioenergetics was rescued by the addition of sorbinil in normal sensory neurons. DRGs were 

derived from normal rat and sensory neurons were cultured for 3 days in 5mM D-glucose (control) or 25mM D-

glucose in the presence of low dose neurotrophic growth factors. High [glucose] treated cells were additionally 

treated with 10µM of SDI-158 or 30µM of sorbinil. OCR measurements of control (red), high [glucose] (pink), 

[10µM] SDI-158 (orange) and [30µM] sorbinil (dark blue) at the 1µM concentration of FCCP were plotted (A). 
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Data are shown in (B) and are means +/- SEM  (n=3 replicates). In basal respiration *p<0.05 vs 3 day 25mM D-

glucose. In maximal respiration *p<0.05 vs 3 day 25mM D-glucose. All statistical comparisons by one way 

ANOVA with Dunnett’s posthoc test. 	

Fig. 36: Mitochondrial bioenergetics was rescued by the addition of SDI-158 in normal sensory neurons. DRGs 

were derived from normal rat and sensory neurons were cultured for 3 days in 5mM D-glucose (control) or 25mM 

D-glucose in the presence of low dose neurotrophic factors. High [glucose] treated cells were additionally treated 

with 10µM of SDI-158. OCR measurements of control (red), high [glucose] (blue), [10µM] and SDI-158 (pink) at 
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the 1µM concentration of FCCP were plotted (A). Data are shown in (B) and is expressed as OCR in pmol/min for 

5µg protein and are means +/- SEM  (n=4  replicates). In maximal respiration *p<0.05 vs control and [10µM] SDI-

158. In spare respiratory capacity *p<0.05 vs 25mM D-glucose and ***p<-0.05 vs 25mM D-glucose. All statistical 

comparisons by one way ANOVA with Dunnett’s posthoc test.	

4.3 Aberrant mitochondrial bioenergetics was corrected by sorbinil in sensory neurons 

derived from STZ-induced diabetic rats 

After determining that treatment with SDI-158 and sorbinil augmented mitochondrial function in 

normal cells treated with high [glucose], I investigated further to identify if mitochondrial 

dysfunction could be improved under a diabetic phenotype. DRG neurons derived from diabetic 

rats were cultured and treated with 10µM SDI-158 or 30µM sorbinil for forty-eight hours in the 

presence of low dose neurotrophic growth factors. OCR was measured through Seahorse 

Biosciences XF24. Significant improvement was seen in basal respiration, maximal respiration 

and spare respiratory capacity with the treatment of sorbinil (Fig. 37). However, treatment with 

SDI-158 failed to enhance mitochondrial function. Coupling efficiency did not change with 

either treatment. Mitochondrial function is dependent on the SIRT2 directed signaling cascade 

and can be improved in a diabetic or specifically a hyperglycemic environment with the addition 

of polyol pathway inhibitors.  
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Fig. 37: Sorbinil enhanced mitochondrial function by inhibiting the polyol pathway and activating the SIRT2 

directed signaling cascade in diabetic sensory neurons. In (A) the OCR measurements of control (red), 10µM SDI-

158 (blue) and 30µM (purple) at the 1µM concentration of FCCP were plotted. Data is shown in (B) and is 

expressed as OCR in pmol/min for 5µg protein and is calculated as means +/- SEM  (n=3  replicates). In basal 
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respiration *p<0.05 vs control. In spare respiratory capacity **p<0.05 control. In spare respiratory capacity *p<-

0.05 vs control. All statistical comparisons by one way ANOVA with Dunnett’s posthoc test.	

4.4 SIRT2 KO sensory neurons exhibit reduced expression of proteins involved in the 

electron transport chain 

I investigated the effect of the absence of the SIRT2 protein on mitochondrial protein expression. 

DRGs were isolated from WT and SIRT2 KO mice and were cultured for twenty-four hours in 

the presence of neurotrophic growth factors. After lysing the cells, Western blotting was 

performed and I determined the levels complex V subunit ATP5a, complex III subunit ubiquinol-

cytochrome c reductase core protein II (UQCRC2), complex II subunit succinate dehydrogenase 

B (SDHB) and T-ERK (Fig. 38A). Without SIRT2, expression levels of complex V, III and II 

were significantly reduced when normalized to T-ERK (Fig. 38B).  
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Fig. 38: With the absence of SIRT2 the expression levels of proteins involved in oxidative phosphorylation were 

reduced in cultured sensory neurons.  DRGs removed from WT and SIRT2 KO mice were cultured for twenty-four 

hours in the presence of low dose neurotrophic growth factors.  In (A) shows Western blot for Complex V subunit 

ATP5A, complex III subunit (UQCRC2), complex II subunit (SDHB) and T-ERK. In (B) is graphed data for the 

various complexes normalized against T-ERK. Values are means +/- SEM (n=3 replicates). ** p<0.05 vs WT and 

***p<0.05 vs WT (Student’s t-test)	
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4.5 The expression of proteins involved in the mitochondrial oxidative phosphorylation 

pathway were reduced with prolonged high [glucose] treatment in normal cultured sensory 

neurons 

After determining that the absence of SIRT2 resulted in significant suppression of mitochondrial 

protein complexes, I investigated the association between a hyperglycemic reduction of the 

SIRT2 directed pathway and suppression of mitochondrial proteins. Cultures were treated with 

5mM D-glucose (control) and 25mM D-glucose for 24hrs, 48hrs, and 72hrs in the presence of 

low dose neurotrophic growth factors. After lysing the cells, I determined the protein levels of 

complex V subunit ATP5A, complex III subunit UQCRC2, complex II subunit SDHB, and T-

ERK (Fig. 39A). With the increase length of time, sensory neurons exposed to high [glucose] 

had progressively reduced expression levels of complex V, complex III and complex II.  At 

72hrs, there was significant reduction of all measured complexes when normalized to T-ERK 

(Fig. 39B).  
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Fig. 39: Prolonged high [glucose] suppressed the expression of mitochondrial protein complexes in cultured normal 

adult sensory neurons. DRGs derived from normal rat were treated with 5mM D-glucose(control) and 25mM D-

glucose for 24, 48, and 72hrs in the presence of low dose neurotrophic growth factors. Western blot for complex V 

subunit  ATP5A, complex III subunit UQCRC2, complex II subunit SDHB, and T-ERK are shown in (A).  Data for 

complex V, III, and II normalized to T-ERK are shown in (B). Values are means +/- SEM (n=3 replicates). *p<0.05 

vs control and **p<0.05 vs control (oneway ANOVA with Tukey’s posthoc test).	
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4.6 Augmentation of mitochondrial protein complex through inhibition of the polyol 

pathway in normal adult sensory neurons treated with high [glucose]: 

I investigated the ability of SDI-158 and sorbinil to enhance mitochondrial protein expression. 

DRGs were derived from normal adult rat and cultured for 72hrs in either 5mM D-glucose 

(control) or 25mM-D-glucose in the presence of neurotrophic growth factors. Sensory neurons 

cultured in 25mM D-glucose were treated with either [10µM] SDI-158 or 30µM] Sorbinil. Cells 

were harvested and Western blot was performed. The protein levels of complex IV subunit 

cytochrome oxidase II (COX-II), complex III subunit UQCRC2, complex II subunit SDHB, and 

T-ERK were detected (Fig. 40A). SDI-158 significantly increased the expression of complexes 

IV, and II and sorbinil increased the expression of complex IV, III and II (Fig. 40B). 
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Fig. 40: Sorbinil and SDI-158 enhanced the expression of mitochondrial protein complexes in cultured normal 

sensory neurons. DRGs were isolated from a normal rat and cultured for 72hrs in either 5mM D-glucose (control) or 

25mM D-glucose in the presence of neurotrophic growth factors. 25mM D-glucose samples were treated with either 

[10µM] SDI-158 or [30µM] sorbinil. Western blot for complex IV subunit  COX-II, complex III subunit UQCRC2, 

complex II subunit SDHB, and T-ERK are shown in (A).  Data for complex IV, III, and II normalized to T-ERK are 

shown in (B). Values are means +/- SEM (n=3 replicates). *p<0.05 vs 5mM D-glucose, [10µM] SDI-158, and 

[30µM] sorbinil (oneway ANOVA with Tukey’s posthoc test). 
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4.7 The expression of mitochondrial protein complexes are enhanced by inhibition of the 

polyol pathway in STZ-diabetic adult rat sensory neurons: 

To further establish the mechanistic relationship between inhibition of the polyol pathway and 

activation of mitochondrial protein expression, I investigated the ability of SDI-158 and sorbinil 

to enhance mitochondrial protein expression in diabetic sensory neurons. In two separate 

experiments I isolated DRGs from a diabetic rat and cultured the sensory neurons for forty-eight 

hours in low dose neurotrophic growth factors. The sensory neurons were treated with 10µM 

SDI-158 and separately with either 30µM or 100µM sorbinil. After lysing the cells, I determined 

the levels of complex V subunit ATP5A and complex II subunit SDHB (Fig. 41). With all three 

drug treatments there was significantly enhanced expression in complex V ATP5A and complex 

II SDHB when normalized to T-ERK. Mitochondrial protein expression is down-regulated with 

dyregulation of the SIRT2 signalling cascade, but can be rescued with the polyol pathway 

inhibitors SDI-158 and sorbinil.  
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Fig. 41: SDI-158 and sorbinil caused a significant increase in the expression of mitochondrial protein complexes of 

diabetic sensory neurons. DRGs were isolated from STZ-diabetic rat and cultured for 48hrs in the presence of 

neurotrophic factors and treated with either [10µM] SDI-158 or [30µM], [100µM]. Western blot for complex V 

subunit ATP5A, complex II subunit SDHB, and T-ERK are shown in A and B.  Data for complex V and II 

normalized to T-ERK are shown in (C). Values are means +/- SEM (n=3 replicates). *p<0.05 vs control and 

**p<0.05 vs control (Student’s t-test). Shown in (D) are complex V and II normalized to T-ERK and are means +/- 

SEM (n=3 replicates). *p<0.05 vs control and **p<0.05 vs control (oneway ANOVA with Tukey’s posthoc test).	
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4.8 The expression of porin was reduced with prolonged high [glucose] treatment and 

enhanced with polyol pathway inhibitors 

I tested the effect of high [glucose] on mitochondrial mass by measuring protein levels of porin. 

Porin spans the mitochondrial membrane and is used in Western blotting to measure 

mitochondrial mass[196]. Neurons were derived from a normal rat and cultured in 5mM D-

glucose (control) and 25mM D-glucose for 24hrs, 48hrs, and 72hrs in the presence of low dose 

neurotrophic growth factors. After lysing the cells I determined the level of porin (Fig. 42A). I 

found suppression of PORIN when neurons were exposed to high [glucose] for longer amounts 

of time. Significant reduction of PORIN was seen at 2 and 3 days of high [glucose] when 

normalized to T-ERK (Fig. 42B). After establishing that the mitochondrial mass was decreasing 

the longer it was exposed to high [glucose], I tested whether the addition of the polyol pathway 

inhibitors could reverse the reduction. Neurons were cultured for 3 days in 5mM D-glucose 

(control) and 25mM D-glucose. Cells exposed to high [glucose] were treated with either 10µM 

SDI-158 or 30µM sorbinil. The cells were harvested and a Western blot was performed 

measuring the levels of  PORIN (Fig. 43A). I found that both 10µM SDI-158 and 30µM sorbinil 

significantly enhanced the expression of PORIN, with an immense increase with the treatment of 

sorbinil (Fig. 43B).  
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Fig. 42: High [glucose] reduces the expression of PORIN in cultured normal sensory neurons. Neurons were 

isolated from a normal rat and were treated in 5mM D-glucose (control) and 25mM D-glucose for 1,2 and 3 days in 

the presence of neurotrophic growth factors. A Western blot was performed for PORIN and T-ERK and is shown in 

(A). Data for PORIN normalized against T-ERK is shown in (B). Values are means +/- SEM (n=3 replicates). 

*p<0.05 vs control and **p<0.05 vs control (oneway ANOVA with Tukey’s posthoc test).	
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Fig. 43:  Sorbinil and SDI-158 inhibit the polyol pathway and activates PORIN expression in cultured normal 

sensory neurons. Neurons were derived from normal rat and were treated with 5mM D-glucose (control) and 25mM 

D-glucose 3 days in the presence of neurotrophic growth factors. Cells exposed to high [glucose] were treated with 

either 10µM SDI-158 or 30µM sorbinil. A Western blot was performed for PORIN and T-ERK and is shown in (A). 

Data for PORIN normalized against T-ERK is shown in (B). Values are means +/- SEM (n=3 replicates). *p<0.05 vs 

3 day 25mM D-glucose (oneway ANOVA with Tukey’s posthoc test).	
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Chapter 5 

Discussion 

The aim of this project was to study the SIRT2 activated signaling cascade and its involvement 

in regulating neurite outgrowth in adult sensory neurons. This was the first time the SIRT2 

pathway was mechanistically linked to the diabetes-induced distal-dying back of sensory nerve 

fibers and will aid in identifying novel treatments for diabetic neuropathy and other 

neurodegenerative disorders. I discovered that SIRT2 enhanced total neurite outgrowth in 

cultures derived from both control and STZ-induced diabetic rodent models. I propose this effect 

was imparted through the SIRT2-dependent deacetylation and activation  of P-LKB1/P-AMPK 

and PGC-1α pathways in the nucleus of the cell. In diabetes the hyperglycemic condition 

activated the polyol pathway and both SIRT2 and its downstream targets were reduced in 

expression. Inhibition of the polyol pathway using aldose reductase inhibitors (ARIs) increased 

expression of SIRT2 and improved mitochondrial bioenergetic function possibly via P-LKB1/P-

AMPK and PGC-1α in sensory neurons through augmentation of the mitochondrial oxidative 

phosphorylation protein expression. The ARI-dependent enhancement of mitochondrial function 

was also associated with augmented neurite outgrowth in diabetic neurons.  

5.1 Sirtuin expression in sensory neurons derived from diabetic rats 

Diabetes is a part of the metabolic syndrome that is associated with the dysregulation of glucose 

homeostasis, a result of loss of insulin signaling and development of insulin insentivity in the 

type 2 form of the disease[197]. Recent evidence supports the correlation of high calorie diets 

and inactivity to the rise of the type 2 form of the disease. In contrast, calorie restriction (CR) is 
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the reduction of food intake and promotion of increased survival in numerous organisms[198]. 

Since many of the physiological parameters that affect metabolic disease are shared in the 

opposite manner by CR, the relationship between CR, sirtuins and diabetes may present as a 

novel area for discovering new targets for treatment of diabetes. One such target is the sirtuins. 

Research has proposed a link between sirtuins and the regulation of CR. The reliance of sirtuins 

on NAD+, classifies sirtuins as nutrient sensors with their activity dependent on nutrient 

levels[94]. This is emphasized in sensory neurons where extracellular concentrations of glucose 

match the intracellular concentration since glucose uptake is not insulin dependent[199]. Thus, in 

vivo, diabetes-induced hyperglycemia is reflected by elevated intracellular glucose concentration 

in sensory neurons. Consequently, activation of secondary glucose metabolism pathways 

contributes to pathological features of axonal degeneration observed in diabetic neuropathy[199].  

Sirtuins as part of the HDAC family, have a history in promoting axon regeneration. In 

hippocampal neurons, HDAC6 promotes axonal growth and HDAC5 deacetylates microtubules 

at the site of injury to improve nerve regeneration in the PNS[130], [131]. Within the nucleus 

HDACs can directly interact with genes, promoting transcription of regenerative proteins[134]. 

Sirtuins specifically, may target mitochondrial respiration and metabolism in regulation of nerve 

regeneration. SIRT3 directly targets complexes of electron transport chain improving 

mitochondrial function[103], [104]. In neurodegenerative disorders sirtuins are typically 

neuroprotective. In HD, SIRT3 targets LKB and promotes cell survival while SIRT1 deacetylates 

PGC-1a promoting mitochondrial biogenesis[143]. In contrast, SIRT2 has a more controversial 

role in neurodegeneration. While negatively impacting HD and PD, a positive role in 

mitochondrial biogenesis has been shown in adipocytes. Not unlike SIRT1, SIRT2 has been 

implicated in deacetylating PGC-1a to promote mitochondrial biogenesis[114], [143]. While 
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SIRT1 has been found in the heart, kidney and various other tissues, we found its expression 

below detection levels in nervous tissue while SIRT2 was highly expressed in nervous system 

tissues (Fig. 23A,B). SIRT1 expression that has been found in neurons has shown to have 

deleterious effects. Studies found the deletion of SIRT1 improved insulin sensitivity in neurons. 

Specifically in the hypothalamus SIRT1 inhibited insulin signaling[200]. An additional study 

found SIRT1 negatively affects the activity of PGC-1a in SINKO hypothalamus cells[94]. Due to 

SIRT1’s broad scope of targets, crosstalk between signaling pathways may result in mixed 

effects in nervous tissue and this may explain why the expression is lower in neurons. In contrast, 

SIRT2 has a smaller scope of targets, leading to more specific effects. Overlapping substrates, 

FOXO and PGC-1a between SIRT1 and SIRT2 may allow for SIRT2 to regulate the pathways 

normally activated by SIRT1 in neurons[114], [115]. However in type 1 diabetic rats in DRG the 

SIRT2/3 levels are reduced (Fig. 23D,E). This may be due to the activation of the polyol 

pathway. With excess levels of glucose entering the cell and elevated flux via the polyol pathway 

the subsequent increased activity of this pathway consumes NAD+, decreasing the availability to 

sirtuins. Since sirtuins require the NAD+ substrate for their activity this augmented polyol 

pathway activity could account for the reduction we saw in both SIRT2 and SIRT3 protein levels 

in DRGs. However, further experimentation showed that SIRT2 could soley influence effects on 

mitochondrial bioenergetics (Fig. 33A) and components of the electron transport chain (Fig. 

38A). By decreasing the activity of SIRT2, a feedback mechanism could be activated that 

subsequently reduces the expression of SIRT2. With this information, I hypothesized that 

decreased SIRT2 signaling could be involved in the contribution of hyperglycemia to the 

pathophysiology of diabetic neuropathy.  

 



	
	

108	

5.2 SIRT2 modulation of neurite outgrowth 

Previous reports have shown inhibition of neurite outgrowth in hippocampal neurons through 

overexpression of SIRT2 and promotion of neurite outgrowth upon knockdown of SIRT2[138]. 

Our results show for the first time the positive impact of SIRT2 on adult sensory neurons derived 

from control and STZ-induced diabetic rat and control and SIRT2 KO mouse models. Under 

diabetic conditions higher SIRT2 expression was associated with enhanced neurite outgrowth in 

adult sensory neurons derived from control and STZ-induced diabetic rat models. This 

enhancement was driven by AR or SDH inhibition presumably mediated by depression of the 

polyol pathway, elevation of SIRT2 expression and activation of the P-LKB1/P-AMPK and 

PGC-1a pathways. Overexpression of SIRT2 significantly improved neurite outgrowth by 2-fold 

in both control and diabetic neurons (Fig. 20A,B). However, in the absence of SIRT2 in either 

over-expressed dominant negative mutant SIRT2-H150Y in rat cultures or SIRT2 KO mice (Fig. 

20A,B, and Fig. 21) neurite outgrowth was significantly depressed.  

Studies on the negative impact of SIRT2 primarily focus on CNS neurons. SIRT2 is 

expressed at much lower levels in the peripheral system[109]. This may account for the 

corresponding effects seen based on the expression of SIRT2 in the CNS and PNS. With higher 

expression in the CNS any increase in activity may cause over activation of targets and be 

detrimental as opposed to the PNS where SIRT2 has a lower basal expression and any increase in 

activity is still beneficial. Another explanation could be found in non-neuronal cells supporting 

the neurons. Since SIRT2 is highly expressed in the nervous system it can also be found in 

satellite cells that support DRGs[201]. The CNS has four distinctive types of support cells while 

the PNS has only satellite glia and Schwann cells[202]. Differences between the support cells 

could influence SIRT2 signaling and account for discrepancies.   
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In my cultures most non-neuronal cells were removed, however glial cells remain and 

could influence signaling. Glial cells can produce neurotrophic factors like GDNF that improve 

survival of cells, but also contribute to promotion of neurite outgrowth[203]. Immunostaining 

revealed that medium to large neurons were mostly affected by modulation of SIRT2 

expression/activity, producing the majority of the neurite outgrowth.  By blocking the polyol 

pathway in culture, diabetic, sensory neurons similarly saw increased neurite outgrowth (Fig. 32). 

NAD+ is an essential metabolite that has a long history in regulating metabolism and 

mitochondrial function[204]. It is required by sirtuins for their activity and its ratio gets 

diminished in hyperglycemia when the polyol pathway is activated[205]. NAD+ was found to 

modulate neurite outgrowth at a dose of 1000µM, but the affect was diminished in SIRT2 KO 

mice (Fig. 22). This indicates a commensal affect of NAD+  in promotion of SIRT2 activity, 

specifically in improving neurite outgrowth. These results confirm that NAD+ is benefiting 

neurite outgrowth, presumably through the activation of SIRT2 signaling. Thus we propose that 

the inhibition of the polyol pathway may contribute to improved SIRT2 activity and promotion 

of axonal plasticity and regeneration observed in sensory neurons derived from diabetic rats.  

5.3 Activation of the polyol pathway and reduced SIRT2 expression 

In diabetes, hyperglycemia can activate a secondary metabolic pathway, the polyol pathway in 

neuronal and glial cells. As much as 30% of glucose can channel through this pathway allowing 

for a significant effect in neuronal cells[157]. Activation of the polyol pathway converts glucose 

to sorbitol and sorbitol to fructose. During this conversion NAD+ is consumed and converted to 

NADH[206]. This causes absolute reduction in the levels of NAD+ in these cells[207]. Its been 

shown that increased blood sugar in type 2 diabetic patients will have a decreased NAD+/NADH 

ratio as shown in the kidney, resulting in a decrease in the sirtuin expression[208], [209]. This 
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correlates with what we found in DRG of diabetic adult rat. Compared to control DRG, SIRT2 

had significant reduction in the SIRT2.1 isoform (Fig. 23B, D). Reinforcing this point in culture, 

a treatment of 25mM D-glucose directly applied to control sensory neurons for three days, 

significantly decreased the expression of all isoforms of SIRT2 (Fig. 24). This effect is 

independent of any osmolality influence caused by glucose accumulation as tested with mannitol 

in Fig. 25. By reducing the availability of NAD+ to be used by sirtuins, the action of SIRT2 on 

downstream targets is reduced. This accounts for the activity of SIRT2, but what causes the 

reduction in expression of SIRT2? Physiological conditions have been shown to be important in 

regulation expression levels of sirtuins. Low glucose levels have increased sirtuins levels, and 

high glucose have decreased levels. SIRT1 has a number of transcription factors such as FOXO1 

and PPARa that activate it by binding to the promoter region during low glucose levels. It is 

likely, transcription factors, are regulating SIRT2 in the same manner[76]–[79].  

5.4 SIRT2, P-AMPK, and PGC-1a, a network of metabolic signaling 

Abnormal metabolism in diabetes is a hallmark of its pathogenesis. Well-known regulators of 

metabolism are AMPK and sirtuins. Sirtuins regulate changes through fluctuations in the 

NAD+/NADH while AMPK regulates based on ATP consumption and generation. Additionally, 

phosphorylation of AMPK at Thr 172 by LKB1 is critical for its activity[210]. Genetic studies 

with tissue-specific deletion of LKB1 have shown that LKB1 regulates AMPK in the majority of 

tissues[211]. High glucose has been shown to down regulate AMPK in skeletal muscles of rats 

and in vivo in DRG of diabetic rodents. This common response and the similarities in activators, 

actions and targets suggest a link between the proteins[99]. Evidence to support the 

SIRT/LKB1/AMPK signaling mechanisms was shown in HepG2 cells where resveratrol required 

the presence of both SIRT1 and LKB1 for activation of AMPK[212]. HepG2 cells that were 
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exposed to either a SIRT1 inhibitor or 5 vs 25 mM glucose revealed decreased activities of both 

AMPK and SIRT1[213]. Due to difference in subcellular localization and tissue specificity 

SIRT1 and SIRT2 have overlapping substrate targets and for the first time we have linked SIRT2 

to P-AMPK in neuronal cells[114]. Reduction in expression of SIRT2 in conditions of 

hyperglycemia has lead to reduced expression of P-LKB1 and P-AMPK. Directly applied 25mM 

D-glucose treatment for three days saw a reduction in the levels of P-LKB1 and P-AMPK (Fig 

29E,F). Similarly, SIRT2 KO mice showed a significant reduction in the expression levels of P-

LKB1 and P-AMPK (Fig. 26C,D). Because of the use of SIRT2 KO mice we can determine that 

SIRT2 is directly modulating the expression levels of LKB1/AMPK and not SIRT1 or SIRT3. 

SIRT2, not unlike SIRT1 in other tissues, can directly deacetylate and activate P-LKB1[100]. 

SIRT1 and AMPK have both been linked to the regulation of PGC-1a. AMPK leads to 

phosphorylation of PGC-1a and enhances PGC-1a expression, in addition SIRT1 deacetylates 

and regulates PGC-1a activity[214]. PGC-1a is prominent player in cell metabolism and links 

nutrient sensing to mitochondrial function. Its expression is generally found to be high in tissues 

requiring increased demands of energy like neurons[215]. By eliminating SIRT2 activity in 

SIRT2 KO mice we saw similar reductions in PGC-1a expression in sensory neurons (Fig. 26C). 

SIRT1 has an established relationship between deacetylating PGC-1a directly and indirectly 

activating P-AMPK by activating P-LKB1[137]. By reducing SIRT2 activity, we saw similar 

reductions in the downstream cascade directed by SIRT2. This mechanism can explain SIRT2’s 

role in regulating neurite outgrowth via modulation of mitochondrial function (see later). 

5.5 Polyol pathway inhibitor’s induction of SIRT2 signaling 

Heavily studied in the 1990’s the polyol pathway has proved to be a successful candidate for 

drug targets in diabetic animal models. Recent evidence in diabetic rat models showed the 
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deletion of aldose reductase, the first enzyme in the polyol pathway, prevented early events of 

diabetes contributing to development of neuropathy in peripheral nerve[216]. Similarly, 

inhibition of sorbitol dehydrogenase, the second enzyme in this pathway was shown to attenuate 

nerve conduction slowing in sciatic nerves in diabetic rats[217]. Our results have agreed with 

these observations. By inhibiting this pathway through inhibition of either the aldose/aldehyde 

reductase or sorbitol dehydrogenase under high glucose or in sensory neurons derived from 

diabetic rats, SIRT2 signaling was restored and neurite outgrowth was enhanced. By adding 

10µM SDI-158, 30µM or 100µM sorbinil, or 30µM and 100µM lidorestat to a 25mM D-glucose 

treatment we saw significant increases in SIRT2 expression (Fig. 27, 28, 29D). Sorbinil and 

lidorestat bind to inhibit aldose reductase, the first enzyme of the polyol pathway. By preventing 

glucose conversation to sorbitol, NAD+ is thus not being consumed in the second half of this 

pathway. SDI-158 binds and inhibits sorbitol dehydrogenase, the second enzyme in this pathway. 

Likewise it can prevent the reduction in the NAD/NADH ratio. This improves the availability for 

SIRT2 and could signal activation of SIRT2 expression through a feedback mechanism and 

increase its overall activity. With enhanced activity, SIRT2 can activate its downstream targets. 

A rise in P-LKB1/P-AMPK and PGC-1a expression was seen when the polyol pathways 

inhibitors were added in vitro (Fig. 29C,F 31)  

As compelling as this evidence is in vitro, years of research has shown lack of 

translatable results in human clinical trials. ARIs have at best, only shown minimal beneficial 

effects in nerve conduction studies in humans with neuropathy[218]. Some would suggest that 

these results illustrate a minimal effect of polyol pathway in the pathogenesis of diabetic 

neuropathy[218]. However when analyzed, the ARIs that have gone into phase III trials show 

glaringly obvious shortcomings. The carboxylic acid class of ARI proved to penetrate tissues 
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poorly and the spiroimid inhibitors could penetrate tissues effectively, but due to liver toxicity 

the dose was limited to a concentration that was shown to be sub-therapeutic in animal 

models[219], [220]. Consequently, the Sorbinil Retinopathy trial because of liver toxicities used 

sorbinil doses that were 20x lower then effective doses in diabetic rat models[221]. These 

limitations account for the dismal effectiveness in inhibiting the polyol pathway and prevents 

these drugs having potential therapeutic contributions. Development in levels of efficacy, 

selectivity and safety may improve the outcome in future diabetic neuropathy trials.  

5.6 SIRT2 augmentation of mitochondrial function 

Mitochondria are able to produce ATP, the major energy precursor of the cell, and high ATP 

consumption is essential for axonal regeneration[222]. In diabetic sensory neurons, limited ATP 

due to mitochondrial dysfunction contributes to the ability of these neurons to regenerate[156]. 

Because neurons require ATP for growth cone motility and neurite outgrowth, impairment leads 

to numerous neurodegenerative disorders including diabetic neuropathy[223]. In type 1 and type 

2 diabetic rat and mouse models, the activity of the respiratory chain is reduced. Based on 

quantitative proteome analysis of DRGs the levels of mitochondrial proteins were downregulated 

and studies reveal that this influences mitochondrial bioenergetics[152].  

To measure mitochondrial bioenergetics the Seahorse XF analyzer was used. Based on 

the parameters of basal respiration, maximal respiration, coupling capacity and spare respiratory 

capacity, information about mitochondrial function can be interpreted. Mitochondrial 

bioenergetics was significantly depressed in DRG cultures derived from SIRT2 KO mice (Fig. 

33). Similarly, in the presence of reduced SIRT2 expression under hyperglycemic conditions, 

respiration of cultured adult neurons was impaired (Fig. 34A). Basal respiration, maximal 
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respiration and spare respiratory capacity show significant reduction after three days of  neuron 

exposure to 25mM D-glucose treatment (Fig. 34B). By measuring spare respiratory capacity we 

can determine the ability of the cell to respond to increased energy demand[195]. Having a 

reduced ability to produce ATP inhibits growth cone motility and neurite outgrowth. However, 

addition of 30µM sorbinil or 100µM SDI-158 improved the spare respiratory capacity under 

high glucose concentration and in sensory neurons derived from diabetic rats (Fig. 34-37). This 

indicates that through activation of the polyol pathway, reduction in SIRT2 signaling decreased 

the mitochondrial bioenergetics of the cell, but by inhibiting the polyol pathway, enhanced 

SIRT2 signaling can possibly reverse mitochondrial dysfunction, promote ATP production to 

induce neurite outgrowth and we predict thus prevent diabetic neuropathy.  

5.7 Enhancement of mitochondrial protein expression through SIRT2 signaling 

To explain the basis for increased SIRT2 expression raising mitochondrial bioenergetics, I tested 

the expression of specific protein components of the electron transport chain involved in 

mitochondrial ATP production. Initially, we tested the effect on mitochondrial protein expression 

in the absence of SIRT2. In the SIRT2 KO mice DRG cultures when compared to control wild 

type mice, components of Complex III and Complex V showed a dramatic suppression of 

expression. However, Complex II did not show any change in expression (Fig. 38). With other 

results opposing this analysis, I would suggest that this is an abnormal result that is due to 

experimental error. With variability in the way the proteins transfer and differences in binding of 

antibodies, Western blotting can be imprecise and I suggest that this result is a reflection of that. 

In conditions of hyperglycemia, all complexes observed; components of complex II, III, and V 

showed significant reduction in expression (Fig. 39). Furthermore, in high glucose and in 

cultures of sensory neurons derived from diabetic rats, the addition of sorbinil and SDI-158 
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improved the expression in proteins of complex II, III, and IV, and V (Fig. 40,41).  These results 

suggest that due to reduction in SIRT2 signaling, the complex components undergo reduced 

expression, and when SIRT2 levels are enhanced, SIRT2 signaling enhances the mitochondrial 

protein levels as well as their activity resulting in the augmentation of mitochondrial function. 

This fluctuating gene expression can account for the prolonged changes seen in mitochondrial 

function in the absence/ reduction or activation of SIRT2. However, effects directly related to 

changing mitochondrial mass and number could also account for the change in gene expression.  

5.8 Promotion of mitochondrial function by increased mitochondrial mass 

To determine whether the changes in mitochondrial bioenergetics were due to a more widespread 

effect of increased mitochondrial mass and number, porin expression was determined. Porin is a 

protein that is present in the mitochondrial membrane and is regularly used to determine 

mitochondrial mass. After 2-3 days of high glucose treatment porin expression was significantly 

reduced (Fig. 42, 43). However, sorbinil and SDI-158 applied to high glucose treatments 

prevented this depression and improved expression of porin to levels that were the same or were 

higher than levels in the control (Fig. 43). This data indicates that the entire mitochondrial 

physiology is changing.  There is two ways in which PGC-1a controls respiration. First, by 

altering individual mitochondrial function. Evidence of this was shown in alterations of the 

electron transport chain protein expression levels. Secondly, PGC-1a changes the entire cellular 

number of mitochondria by promoting mitochondrial biogenesis[224]. By changing the 

expression of PGC-1a through either high glucose treatments or by addition of polyol 

pathway drugs, both the composition of individual mitochondria and the cellular number of 

mitochondria, reflected in the PORIN results, are changing.  
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5.9 Conclusion 

This project identifies a positive role for SIRT2 in regulating neurite outgrowth in adult sensory 

neurons derived from normal or diabetic rats. The findings of this study should help identify new 

drug treatments for diabetic neuropathy and other neurodegenerative disorders. The results show 

that enhancement of SIRT2 through the inhibition of the polyol pathway contributed to axonal 

plasticity in cultured sensory neurons from normal and diabetic rats. This enhancement was 

mediated by ARI or SDH dependent blockade of the polyol pathway and I propose resulted in 

increased activation of the P-LKB1/P-AMPK and PGC-1a signaling pathways.  I postulate that 

SIRT2 associated augmentation of neurite outgrowth was regulated by enhancement of 

mitochondrial bioenergetics mediated through SIRT2 regulation of P-LKB1/P-AMPK and PGC-

1a. Therefore, I propose that a reduction of SIRT2 results from activation of the polyol pathway 

and by inhibiting this pathway, SIRT2 signals through P-LKB1/P-AMPK and PGC-1a to 

modulate mitochondrial function by enriching the expression levels of electron transport chain 

proteins and increasing the number of mitochondria. This results in increased neurite outgrowth 

that could protect neurons from the devastating effects of hyperglycemia that lead to 

development of diabetic neuropathy. Additional experimentation could eliminate any 

confounding results or unexplored pathways and support the role of SIRT2 in diabetic 

neuropathy. 
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