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ABSTRACT 
 

Aortic valve disease (AVD) represents a spectrum of etiologies and pathologies; however, all 

severe cases lead to similar disease sequelae, including decompensated cardiomyopathy, 

reduction of forward blood flow, dyspnea and heart failure. The gold standard treatment for 

patients with AVD is surgical replacement of the aortic valve with either mechanical or fixed 

tissue prostheses. These implants have a limited lifespan and are associated with serious adverse 

events; thus, providing the rationale to develop superior alternative devices. Patient autologous 

tissue engineered heart valves (TEHVs) offer a solution, as tissue valves would mitigate some of 

the issues that arise with current implants. Vital to the development of a TEHV is determining a 

source of donor tissue(s) that most closely mimics the native valve tissue. The main cellular 

component found in aortic valve cusps are valvular interstitial cells (VICs). These cells are 

responsible for the synthesis, degradation and maintenance of the extracellular cellular matrix. In 

pursuit of determining an alternative cell source for patient autologous TEHVs we compared a 

number of phenotypic and genotypic characteristics of atrial fibroblasts (A-fibs), dermal 

fibroblasts (D-fibs) and differentiated bone marrow-derived progenitor cells (BMCs) and made a 

comparison to VICs. We demonstrate that while VICs share some phenotypic similarities with 

fibroblasts and BMCs, they also possess unique characteristics and demonstrate differential 

mRNA expression of key regulatory pathways that may influence their phenotype.  

We conclude that a greater understanding of the genes that mediate phenotypic differences 

between VICs and A-fibs, D-fibs and BMCs is a first step towards determining a patient 

autologous cellular source for valve implants, which would advance TEHV technology and 

improve therapeutic options for patients with aortic valve disease. 
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1. INTRODUCTION 

 

1.1. Aortic valve 

The aortic valve is positioned between the left ventricular outflow tract and the aorta, and 

posterior to the pulmonic valve (1). The aortic valve facilitates unobstructed, unidirectional 

blood flow during systole and prevents the regurgitation of blood back into the left ventricle 

during diastole (2). The aortic valve has two main components: the annulus, and the cusps (or 

leaflets). The annulus is a thick fibrous ring that lies at the aortic root and provides the structure 

to the valve orifice. Three thin leaflets (right, left and posterior) are attached to the annulus and 

form a valve opening between 3 and 4 cm2 (3). The aortic valve leaflets form the physical 

boundary between the left ventricle and the aorta. During systole, the pressure within the left 

ventricle generated by the contracting myocardium forces the aortic valve to open (4). During 

diastole, the reversed hemodynamic pressure pushes the leaflets towards the center of the 

annulus, closing the valve (4). Tight coaptation of the leaflets prevents backflow into the heart 

during diastole (Figure 1) (2). The leaflets of the aortic valve form three distinct layers: 1) 

ventricularis; 2) fibrosa; and 3) spongiosa, each defined by a unique extracellular matrix (ECM) 

composition (5, 6) (Figure 2). The ventricularis lies on the inflow side of the valve, proximal to 

the left ventricle, and consists mainly of radially aligned elastin fibers (7). Elastin provides the 

valve leaflet with the elasticity required to stretch during diastole, allowing for proper coaptation. 

The collagen-dense fibrosa layer lies on the outflow tract of the aortic valve (8). The collagen 

fibers of the fibrosa are arranged circumferentially and lie perpendicular to the elastin fibers (8, 

9). The strength provided by the collagen fibers prevents the leaflets from prolapsing into the 
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ventricle during diastole (2). The spongiosa consists of hygroscopic glycosaminoglycans (GAGs) 

and proteoglycans (PGs), which act to resist compression, provide flexibility, and transmits shear 

forces between the outer two valve layers (7-10).  

 

 

Figure 1: Aortic valve structure and function during the cardiac cycle  
(A) During systole, the aortic valve opens and allows forward blood flow through the left 
ventricular outflow tract. (B) In diastole, the aortic valve leaflets close and prevent backflow into 
the heart. Adapted with permission from Hutcheson et al (2). 
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Figure 2: Cross-section depicting the trilaminar structure of the aortic valve leaflet 
A monolayer of valvular endothelial cells (VECs) line the aortic valve leaflet. Valvular interstitial 
cells (VICs) are the main cellular component of the aortic valve and are found in all three layers: 
1) fibrosa, 2) spongiosa, and 3) ventricularis. Collagens, glycosaminoglycans, and elastin are 
found in high abundance in the fibrosa, spongiosa, and ventricularis, respectively. Abbreviations: 
glycosaminoglycans (GAGs), valvular endothelial cells (VECs) and valvular interstitial cells 
(VICs). Adapted with permission from Leopold (11). 
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1.2. Aortic valve disease 

 The aortic valve open and closes with every cardiac cycle, a remarkable 3 billion times over 

the course of a lifetime (7). These repetitive mechanical and hemodynamic stresses can cause to 

physical damage of the aortic valve and subsequently lead to aortic valve disease (12). 

Individuals can live asymptomatically with a degree of valvular impedance; however those who 

progress to decompensated aortic valve disease may suffer from irreversible LV dysfunction, 

pulmonary hypertension, atrial fibrillation, stroke, dyspnea and heart failure (13, 14). There are 

several causes of decompensated aortic valve disease, most of which will be discussed below. 

 

1.2.1. Aortic stenosis 

Aortic stenosis is a hemodynamic narrowing of the left ventricular out flow tract and is often 

accompanied by aortic sclerosis (fibrotic thickening and calcification of the leaflets) (15). 

Individuals can live with AS asymptomatically for a number of years prior to being diagnosed 

(16). Once the disease has progressed to symptomatic AS, patients will commonly present with 

angina, syncope and/or heart failure and the onset of these symptoms typically occurs once the 

aortic valve area (AVA) is ≤1 cm2 (15). There are three main types of aortic valve stenosis: 1) 

degenerative calcific aortic stenosis; 2) rheumatic aortic stenosis; and 3) congenital aortic 

stenosis (15, 17-19). 

Degenerative calcification of the aortic valve is the most common cause of aortic stenosis in 

industrialized countries and is most frequently seen in adults 65 years or older, with an estimated 

5% of the population acquiring moderate to severe degenerative calcific disease by the age of 75 

(20-24). Calcific aortic valve disease (CAVD) is a dynamic process that involves biological, 
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chemical and physical changes. Hemodynamic “wear and tear” of the valve leaflets, as well as 

inflammation, lipid accumulation, mineralization and fibrosis are all processes that have been 

implicated in the progression of CAVD (17, 18, 25-27). Typically, the valve undergoes 

fibrocalcific remodeling over the period of years to decades, leading to an over-abundance 

collagen accumulation and calcium deposition on the leaflets (2). However, an exception to this 

is the observation of rapid calcification of the aortic valves seen in end-stage renal disease 

patient undergoing dialysis (28).  

Rheumatic aortic stenosis (RAS) is a secondary complication to an untreated group A 

streptococci infection that leads to an abnormal autoimmune response causing pancarditis and 

valvular fibrosis (29, 30). RAS remains the most common cause of AS in low-middle income  

countries and is estimated to be responsible for more than 300 000 deaths worldwide each year 

(19, 30-32) However, RAS continues to be a concern amongst the Indigenous populations of 

Australia, New Zealand and Canada (33, 34).   

Congenital aortic stenosis is a condition in which infants are born with a bicuspid, unicuspid, 

or quadricuspid valve, predisposing these individuals to valvular damage and aortic insufficiency 

(35, 36). More specifically, bicuspid aortic valve disease is the most common form of congenital 

heart defects affecting 1-2% of the global population (37, 38). This disease, found predominantly 

in males, puts patients at a 10 fold greater risk of suffering from aortic dissection as well as an 

additional risk of endocarditis, aortic coarctation, dilation of the proximal ascending aorta and 

aortic aneurysm (37, 39). The complications secondary to congenital valve stenosis can 

drastically increase the financial burden of the disease (37).  

Congenital valvular malformations and rheumatic valve disease predispose the aortic valve to 

fibrocalcific remodeling and stenosis (15, 35).  
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Individuals diagnosed with severe aortic stenosis have a 50% mortality rate at 1 year, and 

90% mortality at 5 years, if the disease if left untreated (24). This underscores the importance of 

early surgical intervention.  

 

1.2.2. Aortic regurgitation 

Aortic regurgitation (AR) is characterized by failure of the leaflets to coapt during diastole, 

resulting in reflux of blood into the left ventricle (40, 41). Bicuspid aortic valves (or congenital 

valve defects), calcific valve disease and rheumatic heart disease are common etiologies of AR; 

however, AR can also be a secondary sequelae arising from diseases that cause dilation of the 

aortic root or ascending aorta, such as Marfan’s syndrome (40, 42-44). Similar to AS, most 

patients with AR experience a slow progression in their disease and are at risk of left ventricular 

volume overload and heart failure (14, 45). 

 

1.2.3. Infective endocarditis 

Infective endocarditis (IE) is an infection of the endocardial lining of the heart, most 

commonly caused by persistent bacteremia (46-52). Risks factors of the disease include: 

intravenous (IV) drug use, degenerative CAVD, nosocomial infections, valves prostheses and 

implantable devices and/or intravascular catheters (49, 50, 52, 53). Individuals with in 

degenerative CAVD are at a high risk of developing IE as the fibrocalcific remodeling provides a 

nidus for bacteria to form vegetative lesions on the valve leaflets (46, 53). Vegetations on native 
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valves or valves prostheses can cause severe AS or AR, leading to congestive heart failure (46, 

47, 51, 52).  

 

1.3. Treatment of aortic valve disease 

The standard treatment for severe aortic valve disease is surgical replacement of the aortic 

valve with a mechanical or fixed-tissue prosthesis (54). Despite advances in quality and design, 

the current options for valve implants continue to have substantial limitations (55).  Mechanical 

heart valves are made with metal disks that confer long durability and have a low likelihood of 

reoperation; however, these implants put patients at high risk of hemolysis and 

thromboembolism, which requires life-long anti-coagulation therapy (55-57). The guideline-

determined medical therapy for post-surgical aortic valve replacements (SAVR) with mechanical 

prosthesis is anti-coagulation therapy with Warfarin (Coumadin), a vitamin K antagonist (VKA) 

(14, 57). VKAs have many drug-drug interactions and are affected by dietary levels of vitamin K 

and blood alcohol content; thus patients prescribed VKAs have alcohol and dietary limitations 

(58-61). Monthly monitoring for dose titration are required to ensure that international 

normalized ratio (INR) levels remain in the therapeutic range, which may be challenging for 

patients with limited access to healthcare facilities. Patients on anti-coagulation therapy are at 

high risk of bleeding events – with intracranial hemorrhage being of great concern (62, 63). 

Massive bleeding events are of particular concern for children and young adults who participate 

in sports and/or other rigorous activities (61). In addition, women of child bearing age may not 

be suitable candidates for mechanical heart valves as VKAs are associated with increased fetal 

death and hemorrhagic sequelae (64).  
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Bioprosthetic valves made from fixed porcine or bovine pericardial tissue do not require 

anticoagulation therapy; however, these implants are susceptible to structural deterioration and 

calcification and typically require reoperation within 10-15 years, with accelerated degeneration 

of bioprosthetic valves seen in children and young adults (65-67). As such, bioprosthetic valves 

are more commonly used in patients aged 65 or over, or in those for which anti-coagulation 

therapy is contraindicated (65). In addition, bioprosthetic valves, similar to mechanical valves, 

are rigid and do not compensate for cardiac growth and or remodeling, necessitating repeat 

surgeries for pediatric patients (68). In addition to the emotional and physical impacts that a 

patient endures by undergoing re-replacement surgery, there is also a substantial financial burden 

placed of the health care system with each repeat procedure (69). 

Other surgical interventions include transcatheter aortic valve implantation (TAVI), which is 

a minimally invasive endocatheter approach for valve replacement (70, 71). A relatively new 

procedure, TAVI is only used for those individuals who are considered too high risk for SAVR 

(71-74). The Ross procedure – replacement of the aortic valve with a pulmonic autograft – is 

used in infants and young children (75, 76). Although this procedure has the best hemodynamic 

outcome, there are high rates of prosthetic pulmonic valve stenosis and higher operative risk 

(77).  

As there are considerable risks with surgical intervention, physicians adopt a “watch and 

wait” philosophy towards managing patients with asymptomatic aortic stenosis (16). This is not 

without concern as the early stages of aortic stenosis are concomitant with irreversible left 

ventricular remodeling is response to pressure overload, which can lead to additional 

complications such as mitral regurgitation and atrial fibrillation (72, 78).  
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The long-term outcome for patients suffering from AVD remains poor, despite surgical and 

medical intervention. This necessitates the development of an alternative valve prosthesis that 

would have fewer associated risks and quality of life limitations. Such a prosthesis may then be 

indicated for those patients with early asymptomatic AVD and prevent complicated disease 

sequelae. 

 

1.4. Tissue engineered heart valves 

Tissue engineering is an interdisciplinary field that provides a potential solution to the 

limited supply of donor organs and inadequacy of modern implants (68, 79). To date, this area of 

research is poised for significant advances and has covered nearly all mammalian tissue, 

including: cornea, skin, cartilage, bone, liver, intestine, ureter/urinary bladder, nervous system, 

myocardium, and heart valves (80-88). The practice of tissue engineering and regenerative 

medicine includes any and all biological substitutes that use either: 1) cells alone; 2) 

biocompatible, biodegradable substrates alone; 3) or a combination of both cells and biomaterials 

(89). Successful construction of implantable tissue-engineered heart valves (TEHVs) requires 

both a biocompatible scaffold as well as an appropriate cellular alternative to native VICs (79, 

90, 91). 

 

1.4.1. Scaffolds for tissue engineered heart valves 

Scaffolds for TEHVs can be categorized as either biodegradable synthetic matrices or natural 

(or biologic) scaffolds (68, 81, 90-92). Natural scaffolds are made by exposing donated human 
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tissue or non-human mammalian tissue to chaotropic agents that remove the cellular components 

while leaving the extracellular matrix intact (80, 93, 94). Decellularized allografts are less 

immunogenic than non-human mammalian matrices; however, the limited supply of human 

cadaveric donor tissue precludes widespread clinical use of allografts at this time. As such, 

decellularized xenogenic scaffolds are more widely studied, and are becoming promising 

candidates for tissue-engineered valve replacements (92, 95, 96). 

Synthetic matrices are made using biodegradable, polymeric substrates to construct scaffolds 

that resemble native valve tissue. Although synthetic scaffolds are currently limited by 

insufficient biomechanical properties, the polymeric substrates used are non-immunogenic, non-

antigenic and are less thrombogenic than decellularized valve scaffolds (92). 

 

1.4.1.1. Decellularized scaffolds 

Decellularized heart valves (DHVs) share similar hemodynamic and biomechanical 

properties to that of native heart valves. Usually, the decellularization process maintains the 

structural integrity of the matrix, including the microvasculature, which is challenging to recreate 

with modern technology (90, 95, 97). DHVs also contain a rich course of signaling molecules 

that support the adhesion of cells to the matrix and promote cellular proliferation. For example, 

ECM proteins collagen and fibronectin contain RGD sequences, or cellular adhesion motifs, that 

can bind to cellular transmembrane proteins, such as integrins (80, 98). In addition, the ECM 

contains matrix-bound growth factors and chemoattractants that facilitate cellular division and 

differentiation (92). 
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The immunogenicity of allogeneic and xenogeneic scaffolds remains an obstacle in using 

biologic scaffolds for tissue engineering. Theoretically, the removal of native cells should 

eliminate host immune rejection without chemically fixing the tissue; however, studies have 

shown that decellularization does not completely abrogate antigenicity (90, 95, 99, 100). This is 

attributable to incomplete removal of cellular debris and antigenic epitopes found on matrix 

proteins (100). Although matrix proteins are well conserved amongst species there are some 

antigens found on xenographs that elicit a robust immune response in humans: for example, the 

ECM component galactose-alpha-1,3-galactose (α-gal) found in porcine tissue (100, 101).  This 

has led to studies using α-gal knockout animals or pre-treatment of the valve scaffold with α-

galactosidase (98, 102-107). Residual cytosolic and membrane proteins as well as associated 

genetic material can also elicit an inflammatory response, leading to rapid breakdown and/or 

calcification of the decellularized scaffold (43, 108-110).  

Another drawback to native matrices is that the decellularization process can breakdown the 

ECM, altering the biomechanical and hemodynamic properties of the biologic scaffolds – 

although this can be minimized by avoiding the use of harsh chaotropic agents (80, 97, 108, 111-

113). Chemically crosslinking decellularized scaffolds maintains valve integrity and reduces 

both antigenicity and immunogenicity, but it decreases reseeding potential by lowering the 

bioavailability of ECM adhesion motifs (92). Further, repopulation of DHVs with donor cells 

remains largely unsuccessful. New methods for reseeding or scaffold preparation will be 

required to increase the effective delivery of cells into the collagen-dense matrix (94, 114). 
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1.4.1.2. Bioprinted scaffolds 

Bioprinting is a technique that allows for the creation of complex, patient-specific 3D 

structures through a process of depositing layers of material and fusing them together (115, 116). 

Unlike other valve scaffolds that must be seeded once the structure is formed, ECM components, 

proteins, cytokines and/or living cells can be deposited into the 3D scaffold simultaneously 

(117). Osteoblasts, pluripotent cells, endothelial cells and cardiac cells have been successfully 

bioprinted; however, survival of printed cells over the duration of lengthy procedures remains a 

challenge (118). Biomimetic hydrogels and gelatinous proteins are commonly used materials in 

bioprinted heart valves (119-122). These biodegradable synthetic materials have tunable 

porosities and pore size, and can be made with varying levels of stiffness (123). Despite the 

versatility of bioprinted structures, reproducing the mechanical strength, flexibility and intricate 

structure of semilunar hearts valves using 3D bioprinting methods remains a challenge (118). 

Notably pre-vascularization of tissues cannot yet be done reliably and requires the improvement 

of nanoscale bioprinting (115, 124). The aforementioned constraints of bioprinted heart valves 

have precluded clinical use, and vast improvements in technology are required before bioprinted 

scaffolds become a reasonable option for TEHVs. 

 

1.4.1.3. Electrospun scaffolds 

Electrospinning technology produces nanofibrous scaffolds by applying a high voltage to a 

polymeric liquid while the substance is being ejected through a syringe pump (125, 126). Once 

ejected from the syringe, the polymeric nanofibers adhere to a mold and create a fibrous mesh 

(125, 127). This technology is easy to perform and can create scaffolds with high levels of 
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structural and mechanical anisotropy, which is crucial when trying to imitate the unique 

structural layers found in native semilunar heart valves (127-132). Polyglycolic acid (PGA), 

polyglycerol sebacate (PGS) and polycaprolactone (PCL) are commonly used due to their 

biocompatibility and their ability to be degraded without the release of harmful toxins (133-137). 

Previous studies have shown that electrospun valves can support the growth of VICs and MSCs 

and that these cells can degrade the polymeric substrate and replace the scaffold with ECM 

deposition (134).  However, similar to bioprinted constructs, electrospun valve scaffolds have 

failed to recapitulate the mechanical strength and flexural modulus of the native heart valve (127, 

138, 139). 

 

1.4.2. Cellular alternatives for TEHVs 

Numerous cellular sources have been investigated for their potential use in bioengineering, 

including: stem cells, progenitor cells, and committed non-parenchymal cells (82, 140-149). In 

regenerative medicine, stem cells or progenitor cells refer to any of the following: embryonic 

stem cells (ESCs), fetal-derived stem cells (FSCs), adult-derived stem cells or progenitor cells, as 

well as adult induced pluripotent stem cells (iPSCs) (97). Depending on the stage in development 

in which the stem cells are isolated, they may have varying degrees of differentiation potential 

(i.e. totipotent, pluripotent or multipotent) (150-152). Totipotent stem cells have the greatest 

differentiation potential and can generate any embryonic tissue, as well as give rise to the 

placenta. Pluripotent and multipotent stem cells, on the other hand, are restricted to embryonic 

tissue only (151). The distinction between pluripotency and multipotency is that pluripotent stem 

cells can give rise to cell types in any of the three germ layers (ectoderm, mesoderm and 
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endoderm), whereas multipotent stem cells are committed to a single germ layer (151). 

Progenitor cells, another cell type with regenerative potential, are even further differentiated and 

are typically restricted to only a single cell lineage (153).  

To determine whether or not a cellular source(s) is appropriate for bioengineered tissue, there 

are several characteristics that must be considered, such as: a) the urgency of need of the tissue 

replacement; b) the feasibility of cellular harvest and expansion; and c) the requirement of 

differentiation potential (97). Imminent need for organ replacement requires readily available 

cells, such as allogeneic adult stem cells, ESCs or potentially banked iPSCs (97). Non-emergent 

cases are more conducive to using autologous cell sources including committed, primary cells or 

adult-derived stem or progenitor cells (97).  

As aortic heart valve replacements are commonly non-emergent cases and patients are treated 

medically for an extended length of time prior to surgical intervention, the flexible timeframe 

permits the use of autologous cells for TEHVs and warrants greater investigation towards 

patient-specific cellular alternatives (97). 

 

1.4.2.1. Embryonic stem cells 

Embryonic stems cells (ESCs) are isolated from the inner cell mass of a blastocyst (154). 

Isolated shortly after fertilization, ESCs retain totipotency and can thus give rise to the placenta, 

embryo, and all post-embryonic tissues. The ability of ESCs to differentiate into all three germ 

layers, namely, the ectoderm, mesoderm and endoderm, has great implications in regenerative 

medicine (154). ESCs demonstrate an extraordinary proliferative capacity – they can undergo 

several hundred passages without becoming senescent, in vitro (155). Additionally, as ESCs are 
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derived from early stage embryos and have had little environmental influence, they lack many 

epigenetic modifications. As a result, they may be more easily programmable than stem cells 

derived from adult tissues (97).  

There are, however, several drawbacks regarding the use of ESCs in tissue engineering. 

Firstly, cells derived from embryos are allogeneic in origin and face immune rejection if they are 

transplanted into non-gamete providers (144, 156). However, this genetic mismatch can be 

overcome through somatic cell nuclear transfer to create cells that are immunologically identical 

to the recipient (156, 157). Secondly, ESCs can form teratomas if they are implanted in an 

undifferentiated state. Consequently, these cells require further in vitro processing prior to use 

(158). To overcome this barrier, studies investigating cellular alternatives for VICs have shown 

that exposure of ESCs to cardiopoietic factors such as bone morphogenetic protein 2 (BMP-2), 

transforming growth factor-beta (TGF-β) and vascular endothelial growth factor (VEGF) can 

differentiate ESCs towards a cardiac lineage (154, 158-163). Lastly, there remains a moral 

opposition towards the use of ESCs in tissue engineering and/or research; therefore, a resolution 

of this ethical dilemma is required prior to practical application (114, 156, 157, 164-166).  

 

1.4.2.2. Fetal-derived cells 

Fetal stem cells (FSCs) are not yet widely used in tissue engineering; however more 

recently there have been advancements in the isolation of mesenchymal stem cells (MSCs) from 

fetal tissue (97). FSCs derived from first trimester fetal tissue retain a high proliferative capacity 

and express pluripotent stem cell markers, indicating multi-lineage potential (167). Nevertheless, 

FSCs demonstrate a reduced propensity towards teratoma formation. Not surprisingly, isolation 



16	  

	  

of cells directly from fetal tissue remains an ethically debated subject; however, fetal stem cells 

can be derived from a less contentious source: amniotic fluid (156, 164). Fetal stem cells isolated 

from amniotic fluid are more readily accessible, easily expandable and can be reprogrammed to 

pluripotent stem cells (97). Given that amniotic fluid-derived progenitors are easy to obtain and 

retain self-renewal properties in vitro, the use of fetal derived cells in tissue engineering will 

likely increase. 

 

1.4.2.3. Adult-derived stem cells and progenitor cells 

Adult-derived stem cells pertain to any multipotent cell source that has been isolated from 

post-nascent tissue, including umbilical cord blood, bone marrow and organ-derived progenitor 

cells (97). Unlike embryonic and fetal stem cells, adult-derived progenitors and have a reduced 

proliferative capacity and are committed to one lineage, i.e. multipotent (97). Umbilical cord 

blood cells (UCBCs) are isolated from placental blood shortly after parturition and can be 

expanded as a source of mesenchymal stem cells (97, 168). An advantage of using MSCs derived 

from cord blood over other allogeneic adult sources is that UCBCs express only the class I 

human leukocyte antigen (HLA), not class II HLA. As a result, they are far less immunogenic 

and can be transplanted with a greater degree of genetic mismatch (169-172). For this reason, 

UCBC are becoming more popular in TEHV research (173).  

Bone marrow-derived mesenchymal stem cells or progenitors (BMCs) are another source of 

mulitpotent mesenchymal cells, and are characterized by their plastic adherent capacity, 

fibroblast-like morphology and their ability to differentiate into osteoblasts, chondrocytes, and 

adipocytes (153, 174, 175). Although BMCs are most commonly isolated directly from bone 
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marrow, BMCs can also be found in the circulation and these cells have been shown to replenish 

cells in various tissues in the body, including heart valves (175, 176). For this reason, there has 

been a substantial amount of research investigating the in vitro manipulation of BMCs towards a 

VIC phenotype (142, 177-189). Studies have shown that exposure to mechanical stretch and 

fibroblast growth factors (FGFs) mitigate BMC osteogenic differentiation and that these cells 

share similar levels of collagen expression to that of native aortic VICs (143, 180).  

Organ-derived stem cells (ODSCs) or progenitors are multipotent cells with self-renewal 

properties that maintain the regeneration of the tissue in which they reside (174). As these cells 

are derived directly from the tissue of interest, organ-derived progenitors require less in vitro 

manipulation to create phenotypically similar cellular donors for bioengineered tissue (174).  

Despite the instinctive advantage of tissue-derived stem cells, they are often found in low 

abundance and require considerable in vitro expansion for clinical application, which is costly 

and laborious (190). Additionally, isolation of ODSCs for autologous transplantation may not be 

feasible as retrieval may reduce or abolish tissue function, causing harm to the patient (190). For 

example, cardiac stem cells may be a phenotypically compatible cellular source for VICs due to 

their cardiogenic differentiation potential, but extraction of cardiac progenitor cells for patient 

autologous TEHVs is impractical (190-193).  This has prompted the development of induced 

cardiac progenitor cells (iCPCs), a more committed variation of induced pluripotent stem cells 

(194).  

Induced pluripotent stem cells (iPSCs) are adult-derived cells that have been de-

differentiated via genetic manipulation to become pluripotent (195-197). iPSCs have been 

genetically reprogrammed to an embryonic-like state via induction of four transcription factors: 

MYC, KLF-4, OCT3/4 and SOX2 (196, 197). This allows that creation of patient-specific cell 
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lines that can generate nearly any cell type, and circumvents the risk of immune rejection and 

ethical concerns regarding use of human embryos; however, reprogramming does not completely 

reverse epigenetic modifications of the DNA, which may hinder practical use (97, 198, 199).  

Additionally, human iPSCs are costly and take considerable time to produce, and if implanted in 

an undifferentiated state can cause teratomas (198, 200). The teratogenic risk may be mitigated if 

pluripotent stem cells are differentiated into iCPCs prior to implantation (201, 202). Albeit, a 

superior method may be developing cardiac progenitors directly from stromal cells via 

expression of cardiogenic transcription factors, circumventing the iPSCs stages (194). For 

example, fibroblast are non-parenchymal cells that have been be reprogrammed into iCPCs 

(201). An advantage of using stromal cells, such as fibroblasts, in regenerative medicine is their 

accessibility and abundance, increasing TEHV feasibility (201). Likewise, as previously 

mentioned, VICs are often characterized as phenotypically similar to fibroblasts (203). This 

provides a rationale to pursue the investigation of directly using fibroblasts for recapitulating 

scaffolds for biological valve implants. 

 

1.4.2.4. Adult-derived stromal cells 

Non-parenchymal cells such as fibroblasts and endothelial cells are important in maintaining 

the structure of the tissue and providing non-thrombotic barriers, respectively (204, 205). 

Fibroblasts secrete and remodel the ECM and act as supporting cells to parenchymal cells; for 

example, cardiac fibroblasts are mechanically and electrically coupled to cardiomyocytes, 

supporting the contraction of, and electrical impulse through, the myocardium (206-208). 

Cardiac fibroblasts have also been shown to share several phenotypic characteristics to VICs, 
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including matrix remodeling. Intuitively, harvesting cardiac fibroblast from live donors may 

appear to be challenging and/or unsafe; however there is an autologous source of cardiac 

fibroblasts that may be able to be acquired via a minimally invasive procedure. The left atrial 

appendage (LAA) is a small sac of myocardium that protrudes from the wall of the left atrium 

and consists of resident cells equivalent to that of the left atrium, including cardiac fibroblasts 

(209, 210). The function of the LAA remains largely unknown; however, recent data has shown 

that the LAA can be a stroke risk for patients with atrial fibrillation (AF) (211-217). For this 

reason, several studies have investigated the safety of occluding of the LAA via cardiac plug 

(AMPLTZER and WATCHMAN) and percutaneous suture (LARIAT) (218-222). Positive long-

term patient outcomes from the LARIAT trial could justify the removal of the left atrial 

appendage for use in patient autologous TEHVs (218).  

Dermal fibroblasts have been another investigated source of cells for TEHVs (149, 223-225). 

Although previous studies have shown that cellular sources such as vascular fibroblasts have 

greater phenotypic similarity to native VICs than dermal fibroblasts, this disparity may be 

mitigated by variations within studies and among studies with respect to in vitro culturing 

conditions (149, 224). The easy access of dermal fibroblasts through a minimally invasive, low 

risk biopsy further justifies investigation for the use of dermal fibroblasts for TEHVs.  

 

1.5. Valvular interstitial cells 

Cardiac valve leaflets contain interstitial tissue amongst the dense extracellular scaffold. The 

majority of this dynamic tissue consists of valvular interstitial cells (VICs), which are 

responsible for maintaining the steady-state of valve matrix remodeling (226, 227). Although 
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VICs are found throughout the trilaminar leaflet, they are most concentrated within the spongiosa 

(228).  

While VICs are recognized to be a unique mesenchymal cell type, they possess phenotypic 

characteristics of both smooth muscle cells (SMCs) and fibroblasts (203, 229, 230). VICs 

resemble both fibroblasts and SMCs in vitro, with the majority exhibiting a spindle-like 

morphology with elongated processes; however, distinctions can be made in post-confluent, 

overgrowth conditions (231). Cultured VICs, like fibroblasts, form an orthogonal monolayer and 

lack the typical hill and valley appearance observed with SMCs (227, 228). Additionally, both 

VICs and fibroblasts have an incomplete basal lamina, allowing direct contact with the ECM 

proteins (231). This is distinct from SMCs which have a fully developed basal lamina and intact 

basement membrane (227, 231). Despite morphological similarities, SMCs and fibroblasts can be 

easily distinguished by the presence or absence of the intermediate filament, desmin, respectively 

(232). Some studies observed weak, diffuse expression of desmin in a small percentage of VICs 

– suggesting desmin expression, but incomplete filament organization (228, 233, 234). In 

addition, VICs demonstrate aligned actin filaments that shorten when stimulated with 

epinephrine (231). VICs have also been shown to compress collagen matrices in vitro, indicating 

contractile properties similar to SMCs (126, 228, 230). Furthermore, unlike fibroblasts, VICs 

have also been shown to express cGMP-dependent protein kinase (PKG) and myosin light chain, 

both of which are found in smooth muscle cells (231). As VICs demonstrate characteristics of 

both fibroblasts and smooth muscle cells, it was previously unknown as to whether VICs were a 

singular cell type (muscle-like fibroblasts or myofibroblasts), or if they represented a 

heterogeneous group of distinct cells (203). However, experiments aimed to characterize VICs, 

such as a particular study, which observed that VICs secrete significantly greater amounts of 
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prostacyclin than both fibroblasts and SMCs when exposed to arachidonic acid, indicated their 

distinctiveness from other mesenchymal cells (229). Therefore, while VICs were considered by 

some to be a heterogeneous mixture of cells (fibroblasts, myofibroblasts, progenitors and smooth 

muscle cells), VICs are now considered to be a singular, unique mesenchymal cell type (235, 

236).  

Due to their plasticity and specific contribution to valve development, homeostasis and 

pathological remodeling, VICs have been categorized into five identifiable phenotypes: 1) 

quiescent VICs, 2) activated VICs, 3) osteoblastic VICs, 4) progenitor VICs, and 5) embryonic 

progenitor endothelial/ mesenchymal cells. Quiescent VICs (qVICs) resemble fibroblasts 

(vimentin positive, α-SMA negative cells) and under normal, physiological conditions qVICs 

maintain homeostatic matrix remodeling. However during pathological conditions, such as 

valvular injury or hemodynamic stress, qVICs become activated, adopting a myofibroblast-like 

phenotype (237). Similar to fibroblast-myofibroblast activation, TGF-β mediates VIC activation 

in a dose dependent manner that is seen through elevated stress fiber protein expression, 

predominantly α-SMA (238, 239). Removal of TGF-β stimulation reduces both VIC activation 

as well as proliferation, and also mitigates apoptosis (240). In response to injury, aVICs secrete 

high levels of matrix metalloproteinases (MMPs) and their inhibitors, tissue inhibitors of MMPs 

(TIMPs), which initiates wound healing and matrix repair (241, 242). Subsequent to ECM 

remodeling, the majority of aVICs are eliminated via TGF-β mediated apoptosis. However, a 

dysfunction in the apoptotic process can lead to excess ECM deposition, inflammation and 

formation of fibrocalcific nodules (230, 243). These calcific lesions are a result of aVICs 

differentiating into osteoblastic VICs (obVICs).  
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obVICs are characterized by the presence of cellular markers alkaline phosphatase (ALP), 

bone sialoprotein (BSP), BMP-2, osteocalcin (OCN) and osteopontin (OPN); congruency is 

observed between OPN expression levels and the degree of calcification and VIC osteogenesis 

(230, 244-246). Osteogenic differentiation of aVICs occurs in the event of elevated TGF-β and 

BMP-2 in the presence of mechanical tension (235). Interestingly, increasing mechanical tension 

alone or TGF-β alone showed little effect on osteoblastic differentiation, suggesting a synergistic 

effect; this evidence is congruent with the model of CAVD (235). While aVICs may differentiate 

into an osteogenic phenotype secondary to pathological sequelae, it has been shown that VICs do 

not have to pass through the activated phenotype prior to osteoblastic differentiation (244). One 

particular study demonstrated that VICs exposed to mineralizing media underwent osteogenesis 

without expressing elevated levels of α-SMA, indicating direct conversion from a quiescent to 

osteogenic phenotype (244). While osteogenic differentiation of VICs occurs via a similar 

process to that of osteogenesis in skeletal bone formation, obVICs are distinct from osteoblasts 

as demonstrated via differential protein expression of osteoblast cell markers (244, 247, 248). 

VIC turnover primarily occurs through the proliferation of qVICs; however a small number 

of progenitor cells have been found within the valve leaflet and have been shown to contribute to 

VIC replenishment (176, 249). Progenitor VICs (pVICs) are valvular stem cells that are derived 

from circulating BMCs and hematopoietic stem cells (HSCs) (176, 237). These cells express 

cellular markers for pericyte progenitors (neural/glial antigen 2; NG2), mesenchymal stem-cells 

(stage-specific embryonic antigen-4; SSEA-4), and myofibroblast-like/osteogenic progenitors 

(osteoblastic cadherin; OB-CDH) and respond to signaling molecules such as VEGF and TGF-β 

(237, 250). pVICs are distinct from embryonic progenitor endothelial/mesenchymal VICs 

(emVICs). emVICs are endothelial cells that appear during early aortic valve development. 
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Initially overlying the endocardial cushions, emVICs invade the cardiac jelly and undergo 

endothelial to mesenchymal transition (EndMT), a process regulated by TGF-β superfamily 

members (TGF-β1, BMPs, NOTCH1 and VEGF) (237, 251). emVICs express high levels of α-

SMA – an intercellular protein that is likewise highly expressed in adult aVICs isolated from 

diseased, myxomatous valves (252). Similarly, in comparison to VICs isolated from long-term 

pulmonary autografts, VICs from short-term pulmonary autografts also showed elevated α-SMA 

expression (252). These findings suggest that elevated levels of α-SMA are expressed by cells 

within valves that are undergoing development, disease or remodeling. Furthermore, cell-cell 

contact has been shown to inhibit VIC activation, as α-SMA expression decreases concurrently 

with increased cell density (240). The absence of cell-cell contact appears to promote VIC 

activation via TGF-β mediated wound healing response (240). These findings suggest that VICs 

adopt a myofibroblast-like phenotype during development and disease states, and assume a 

quiescent, fibroblast-like phenotype in homeostatic conditions. 

VICs in culture have been shown to have two distinct morphologies: small islands of 

cuboidal/cobblestone cells and the more predominant elongated, spindle-shaped cells (126). 

Cuboidal VICs are less-motile, more contractile and have a prominent Golgi apparatus and rough 

endoplasmic reticulum (RER), whereas elongated VICs have prominent microfilaments and are 

more proliferative and demonstrate greater motility (227, 237). Spindle-shaped VICs have long 

slender processes and express cell-cell junctional proteins such as cadherins, gap junctions and 

integrins that allow for cell-cell and cell-matrix contact (230, 231). Gap junctions allow VICs to 

transduce intercellular signals through direct connection of the cytoplasm between to cells, 

whereas integrins are transmembrane proteins that allow for cell-cell and cell-matrix interactions 

(231, 232). Integrins act as both adhesion proteins as well as a mechanotransducers, mediating 
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mechanical signal transduction and providing the VICs with environmental information, such as 

hemodynamic stress or flexural tension (126).  

 

1.5.1. Cell-matrix communication 

The aortic valve is a trilaminar structure that contains numerous extracellular matrix proteins 

(9). Collagen I and chondroitin sulfate are found predominantly in the fibrosa or outermost layer 

of the aortic valve (253). Elastin, fibronectin and vitronectin are expressed strongly in the 

ventricularis, or innermost layer (253). Proteoglycans and GAGs are found throughout the 

trilaminar cusp, but are highly concentrated in the spongiosa, or central layer of the leaflet (253). 

Collagen III, keratin sulfate and decorin are expressed ubiquitously (253).  

 Although the ECM largely is responsible for maintaining the mechanical properties of the 

valve, it is also implicated in the mediation of cellular pathways, such as VIC adhesion, 

proliferation, and differentiation (254). Communication between the matrix and VICs is 

primarily accomplished through focal and fibrillar adhesions in conjunction with integrins (255). 

The valve matrix also binds and localizes growth factors and chemokines (referred to as 

matrikines), which can be solubilized and then utilized by interstitial cells in the event of 

valvular injury or hemodynamic stress (254, 256). These molecules can regulate cellular 

behaviour, function and differentiation (257).  

Increased mechanical tension causes VICs to secrete MMPs and TIMPs into the extracellular 

environment. VICs express several MMPs and TIMPs, but predominantly MMP-1 and -2, and 

TIMP-1, -2 and -3 (237, 258). MMPs and TIMPs are responsible for repairing and modeling the 

extracellular matrix post-injury. Consequently, dysfunction in matrix remodeling can have 
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deleterious effects (230). For example, connective tissue diseases such as Marfan’s syndrome 

and myxomatous valve disease lead to inappropriate ECM remodeling and lead to reduced 

matrix integrity (126, 258). Conversely, overt remodeling secondary to wound healing can result 

in excess matrix deposition and increased valve stiffness (242). Thickening and stiffening of the 

valve has a direct influence on VIC phenotype (259). Decreased ECM compliance promotes VIC 

activation, propagating pathological ECM deposition, leading to aortic fibrosis and CAVD (259).  

 

1.5.1.1. Matrix compliance 

Matrix compliance unequivocally alters VIC phenotype, which is clearly observed via in 

vitro culture methods (6, 260-262). VICs plated on standard plastic dishes – which have a 

substrate modulus of ~1 GPa – demonstrated high levels of activation through elevated 

expression of α-SMA and were highly contractile and proliferative (260, 262). Conversely, 

myofibroblast-like VICs cultured on matrices with elastic moduli ≤15 kPa not only mitigate cell 

activation, but reverts VICs from an activated to quiescent phenotype (194, 242, 261, 263). This 

cause and effect relationship between mechanical stiffness and VIC activation is mimicked in 

fibroblasts (Figure 3) (264). Hemodynamic stress in conjunction with the presence of TGF-β 

promotes fibroblast to myofibroblast activation in a dose dependent manner (265). Similarly, 

substrate compliance directly affects stem cell and progenitor cell behaviour and mesenchymal 

stem cells (MSCs) cultured on substrates with varying elasticity display distinct phenotypes 

(257, 266-268). For example, MSCs subjected to 0.1-1 kPa differentiate into neuronal-like cells, 

whereas stem cells cultured on 10 kPa or 100 kPa promote myogenic or osteogenic 

differentiation, respectively; further demonstrating the effects of matrix stiffness on cell-fate 
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(266, 267). While, cell-matrix communication is critical in regulating cellular differentiation, 

neighbouring cells can also communicate with one another directly to drive processes such as 

proliferation, activation, and termination (269).  

 

 

 

Figure 3: Mechanical tension regulates cellular activation 
Increased mechanical tension and TGF-β mediate the activation of valvular interstitial cells 
(VICs) and fibroblasts, leading to a loss of cortical actin filaments and increased expression of α-
SMA, FN and EDA-FN and stress fiber alignment. Abbreviations: activated valvular interstitial 
cell (aVIC), quiescent valvular interstitial cell (qVIC), alpha smooth muscle actin (α-SMA), 
extra domain A fibronectin (EDA-FN), fibronectin (FN) and transforming growth factor beta 
(TGF-β). Adapted with permission from Tomasek et al (264). 
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1.5.2. Cell-cell  communication 

VICs can communicate with adjacent cells through paracrine or juxtacrine signaling, which 

are forms of cell-cell communication that can occur through release and uptake of signaling 

molecules or via direct contact, respectively (242). Juxtacrine signaling can direct cellular 

proliferation, function and survival, and is responsible for regulating numerous cellular 

pathways, including those implicated in epithelial-mesenchymal transition (EMT) and 

valvulogenesis (269). Furthermore, the interplay between VIC intercellular signaling can 

determine VIC behaviour and these cell-cell interactions may be vital in directing and 

maintaining VIC phenotype (242).  

 

1.6. NOTCH signaling pathway 

The NOTCH signaling pathway is an evolutionarily conserved signaling pathway that 

regulates cell-fate determination, differentiation, proliferation and apoptosis through a cell-cell 

dependent mechanism (270-273). Transmembrane receptors of the NOTCH family (NOTCH1-4) 

are activated via direct binding with transmembrane Delta or Jagged/Serrate (DSL) ligands: 

Jagged (JAG) and Delta-like (DLL) families (JAG 1, 2 and DLL 1, 3 and 4) (274, 275). 

NOTCH-DSL binding leads to cleavage of the extracellular portion of NOTCH by ADAMs 10 

and 17 (276). Subsequently, presenilin-1 dependent gamma-secretase (PSEN1) cleaves the 

intracellular region, releasing the NOTCH intracellular domain (NICD) into the cytoplasm (276). 

The NICD translocates to the nucleus where it binds with cotranscription factor recombining 

binding protein suppressor of hairless (RPBJ; also known as CBF1, CSL, or Su(H)) (271, 277-

279). NICD-RBPJ binding converts the RBPJ complex from a repressor to an activator, leading 
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to the transcription of NOTCH target genes, HES/HEY family members (273, 278, 280). 

Hairy/enhancer of split (HES) and hairy/enhancer or split related with YRPW motif (HEY) 

proteins are basic helix-loop-helix (bHLH) transcription factors belonging to the Orange family 

of transcriptional regulators (281). HES1 is implicated in neurogenesis and is also responsible for 

regulating progenitor cell differentiation (272, 278). There are three HEY proteins: HEY1, 

HEY2 and HEYL, also called HRT1, 2 and 3, HESR1, 2 and 3, HERP2, 1 and 3 and CHF2, 1 

and 3, but only HEY1 and 2 are normally expressed during cardiogenesis (275, 278, 282). HEY1 

and HEY2 have differential spatial expression within the developing heart. HEY1 expression 

observed in atrial progenitor cells and atrial myocardium, whereas HEY2 expression is found in 

ventricular progenitor cells, the ventricular myocardium and the mesenchymal cushion; both are 

found throughout the endocardium (275, 283).  

HEY1 has been demonstrated to be redundant in murine cardiogenesis; HEY1 null mice were 

fully viable and exhibited only vascular malformations (282). However, inactivation of both 

HEY1 and HEYL lead to detrimental cardiac malformations, suggesting that HEY1 loss of 

function may be party compensated by HEYL (284). In contrast, HEY2 knockout mice have 

severe cardiac defects, including ventricular septal defects, tetralogy of Fallot and tricuspid valve 

atresia, and the majority fail to thrive perinatally (282, 283, 285). Deletion of both HEY1 and 

HEY2 genes is embryonic lethal (286). NOTCH and RBPJ are essential for EMT and deletion of 

these proteins leads to severe disruptions in both cardiac and valve development (283, 287). 

NOTCH signaling is also implicated in directing stem cell fate, progenitor expansion and lineage 

commitment (287). Activation of NOTCH in mesodermal cells prevents the development of 

cardiac muscle cells, endothelial cells and hematopoietic cells, whereas inhibition of NOTCH 

promotes cardiomyocytes differentiation (237, 283, 288). 
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NOTCH1 has also been implicated in the etiology of aortic valve disease and appears to play 

a critical role in ameliorating VIC osteoblastic differentiation by suppressing pro-osteogenic 

signaling pathways (283, 289, 290). NOTCH1 represses valvular expression of both BMP-2 and 

the master osteogenic regulator, runt-related transcription factor 2 (RUNX2), mitigating calcific 

nodule formation and CAVD pathogenesis (277, 280, 281, 291, 292). Conversely, derepression 

of BMP-2 and RUNX2 via NOTCH1 inhibition demonstrated valve mineralization and 

subsequent fibrocalcific remodeling (283). In addition, aortic valve calcification is concomitant 

with the loss of SOX9, a downstream mediator of NOTCH1. SOX9 expression appears to be 

mediated by NOTCH target gene, HEY2, as adenoviral overexpression of HEY2 resulted in an 

increase in SOX9 expression (277). Overexpression of HEY2 also resulted in decreased levels of 

OPN in valve leaflets, further suggesting that HEY2 plays a key role in regulating CAVD 

pathogenesis.  

In summary, the NOTCH signaling pathway is a central regulatory cascade that directs cell 

fate in numerous tissue types and is a critical player in valve development and disease (292). 

Disruption in the NOTCH signaling pathway during valvulogenesis has been shown to cause 

valvular anomalies in humans and non-human mammals, leading to aortic valve disease and 

subsequent heart failure (273, 285, 286, 293). Furthermore, down regulated NOTCH signaling in 

human adults has been linked to increased incidences of bicuspid aortic stenosis and CAVD, as 

well as increased VIC activation and osteoblastic differentiation (281, 284, 294, 295). This 

finding suggests that NOTCH signaling may be central to maintaining VIC phenotype and/or 

implicated in VIC differentiation from resident or circulating progenitor cells. 
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2. RATIONALE, HYPOTHESIS & OBJECTIVES 

 

2.1. A-fibs, D-fibs and BMCs as cellular alternatives for VICs in TEHVs 

Determining a patient autologous cellular source that can successfully populate 

bioengineered valve scaffolds and maintain valve homeostasis is central to the success of 

TEHVs. Numerous studies have attempted to define a cellular alternative that could be used to 

build TEHVs. The vast majority of this research has involved allogeneic progenitor cell sources. 

A major disadvantage in using non-autologous cells in TEHVs is the risk of graft rejection; the 

use of patient-specific tissue would circumvent this concern. In order to meet the criteria for use 

in TEHVs, the defined cell type would have to be: 1) autologous-derived; 2) phenotypically 

similar to VICs; and 3) easily accessible through minimally invasive means. Previous studies 

have suggested that fibroblasts and bone marrow-derived progenitors demonstrate similar 

characteristics to VICs. Dermal fibroblasts and bone marrow can be harvested quite easily and 

with minimal risk to the patient. Atrial fibroblasts are more challenging to isolate, but have 

previously shown to closely resemble VICs and their use warrants further investigation. Our 

working hypothesis was that atrial fibroblasts, dermal fibroblasts and/or differentiated bone 

marrow-derived progenitor cells will demonstrate phenotypic similarities to VICs and as such 

will represent reasonable potential cellular alternative(s) to VICs for valve bioengineering. 
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2.1.1. Objective 1 – Optimizing VIC, A-fib, D-fib and BMC culture methods 

Optimization of in vitro culture methods for VICs, A-fibs, D-fibs and BMCs had to first be 

established. To achieve this we tested several parameters, such as: the duration of initial cell 

seeding for excluding non-fibroblast-like cells (i.e., endothelial cells and SMCs), the types of 

enzymes used for cellular liberation, duration of enzymatic digestion, etc. Our objective was to 

define cell culture methodologies that would consistently produce an evenly distributed 

monolayer of cells that reached 60-70% confluency within 48-72 hours (or 5-6 days for BMCs).   

 

2.1.2. Objective 2 – Cell culture purity 

Our second objective was to determine the purity of the different types of cells in culture. We 

needed to establish pure culture in order to be confident that our gene expression studies would 

be representative of only the cells of interest. Contamination would likely lead to spurious 

results. To achieve this goal we stained P1 cultures with immunofluorescent probes specific to 

potential cellular contaminants (i.e. endothelial cell and smooth muscle cell markers). We then 

analyzed the cell cultures for the presence of these cellular markers to determine the percentage 

of cellular contaminants in our cell cultures.  

 

2.1.3. Objective 3 – Characterization of cellular marker expression 

We hypothesized that VICs would have positive staining for numerous fibroblast markers 

and have the greatest similarity in cellular marker expression with A-fibs. As such, our third 

objective was to determine if cultured VICs express key fibroblast/myofibroblast markers and/or 
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bone marrow progenitor cell markers, as this would give us a general idea whether or not VICs 

shared phenotypic similarities with these cell types.  

We also wished to compare the expression of these markers by VICs to that of the alternative 

cell types investigated (i.e. A-fibs, D-fibs or BMCs) and look for intercellular similarities. To 

achieve this objective we stained P1 cell cultures with antibodies against several 

fibroblast/myofibroblast and BMC markers and detected the presence or absence of fluorescent 

staining, indicating the presence or absence of protein expression, respectively.  

 

2.1.4. Objective 4 – Characterization of cellular morphology 

We hypothesized that VICs would most closely resemble the morphology of A-fibs, followed 

by D-fibs and BMCs. Therefore, our fourth objective was to characterize the morphology of 

cultured VICs and to compare VIC morphology to that of A-fibs, D-fibs and BMCs. To do this 

we cultured P0 cells to 60-70% confluency on standard culture dishes and acquired images using 

a light microscope.  

 

2.2. Substrate stiffness as a mediator of cellular activation 

Several studies have shown that matrix stiffness has a direct effect on cellular phenotype, 

and that an increase in the substrate modulus promotes cellular activation and differentiation (6, 

249-251).    
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2.2.1. Objective 5 – Effect of substrate stiffness on α-SMA expression 

Here we wished to confirm that our model for mimicking physiological aortic valve elasticity 

via pre-fabricated, compliant (relative to plastic and applicable to stress and strain within cardiac 

tissues) 2-D silicone-based culture dishes was effective in mitigating cellular activation. To do 

this we cultured A-fibs on 2-D matrices of varying stiffness, 5 kPa (normal heart compliance), 

100 kPa and 1 GPa, and compared relative α-SMA expression between cultures. We also wanted 

to determine if the softer matrices would maintain cellular quiescence over passage. To 

determine this we passaged the cell cultures to P1 and again compared relative α-SMA 

expression.  

 

2.2.2. Objective 6 – Effect of substrates stiffness on cellular morphology 

We hypothesized that the softer matrices would promote a quiescent, spindle-like cellular 

morphology, whereas the relatively stiff (1 GPa) substrates would force the cells to adopt an 

activated, cuboidal/cobblestone shape. Our sixth objective was to investigate the effect of 

substrate stiffness on cellular morphology. To do this we cultured P0 VICs, A-fibs, D-fibs and 

BMCs on substrates with varying stiffness, 5 kPa, 100 kPa and 1 GPa, to 60-70% confluency and 

acquired images using a light microscope.  
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2.3. Signaling pathways central to maintaining VIC phenotype 

VICs are mesenchymal in origin and undergo cellular differentiation. As A-fibs, D-fibs and 

BMCs are also mesenchymal in origin we tested the hypothesis that there may key regulatory 

pathways that may be exploited in these cell types to push them towards a VIC phenotype. 

 

2.3.1. Objective 7 – Differential expression of key regulatory pathway proteins 

Finally, we investigated differences in mRNA expression between VICs, A-fibs, D-fibs and 

BMCs. In particular, we were interested in the differential expression of key regulatory pathways 

known to be involved in valve development and disease. To accomplish this we extracted mRNA 

from P0 VICs, A-fibs, D-fibs and BMCs cultured on matrices with a substrate modulus of 5 kPa, 

which is similar to that of the native valve. We then performed a microarray analysis to obtain a 

general overview of gene expression, followed by quantitative reverse transcriptase polymerase 

chain reaction (RT-qPCR) and Western blot on the genes of interest. 
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3. MATERIALS & METHODS 

 

3.1. Isolation and culture of porcine VICs, A-fibs, D-fibs and BMCs 

All animal study protocols were approved by the Animal Care Committee of the University 

of Manitoba, in accordance with the Canadian Institute of Health Research and the Canadian 

Council on Animal Care Guidelines (2010). Approval was obtained for the collection of skin, 

bone marrow, and heart tissue (particularly the left atrial appendage and aortic valve) from 

female Yorkshire pigs (~40 kg) (Figure 4).  

All animals were anesthetized via intramuscular injection of Tiletamine (2.4 mg/kg), 

Zolazepam (2.4 mg/kg), and Xylazine (4.6 mg/kg). Orotracheal intubation was established for 

institution of mechanical ventilation and maintenance of general anesthesia using 2% 

inhalational isoflurane. The animals were mechanically ventilated to maintain a pH of 7.35 to 

7.45, PO2 > 200 mmHg and PCO2 of 35-45 mmHg. Post induction, a small area of the ventral 

thoracic region was shaved and cleaned to allow for the removal of a small piece of the dermis 

(1.0 cm2), which was immediately placed in a 50 mL conical tube containing 10 mL of 

phosphate buffered saline (PBS). A median sternotomy was performed and the pericardium 

opened. Systemic heparinization was established with intravenous delivery of 400 units/kg of 

heparin. The animals were euthanized via heart excision and exsanguination. The hearts were 

harvested, after which the aortic valve leaflets and a piece of the left atrial appendage (1.0 x 1.0 x 

0.5 cm) were excised. 
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Figure 4: Cellular culture methods for porcine VICs, A-fibs, D-fibs and BMCs 
Schematic diagram depicting the main steps involved in the isolation and cell culture preparation 
of porcine donor tissue.  
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3.1.1. Dermal, aortic valve and atrial appendage cell isolation 

After collection, all tissue samples were immediately placed in individual 50 mL conical 

tubes containing 10 mL of phosphate buffered saline (PBS). Under sterile conditions, the 

subcutaneous fat was removed from the dermal tissue. The dermal and atrial tissues were minced 

into 1 mm3 pieces. The minced atrial tissue and the aortic valve leaflets were treated with 0.1% 

w/v collagenase type II (396 U/mg, Worthington Biochemical Corp., USA) in Minimal Essential 

Medium for suspension cultures (SMEM) for 16 hours at 37 C. The minced dermal tissue was 

treated similarly, with the addition of 0.05% w/v dispase II protease (0.5 U/mg, Sigma-Aldrich, 

USA) in the culture medium.  Collagenase type II and dispase II were neutralized via the 

addition of equal volume of growth media (Dulbecco’s Modified Eagle Medium F-12 (DMEM-

12), supplemented with 10% fetal bovine serum (FBS), 1% penicillin (100 U/mL), 1% 

streptomycin (100 µM/mL), 0.1% gentamicin (10 mg/mL), and 1% ascorbic acid (100 mM)). 

The cells were dissociated via trituration and filtered through a 40 µm cell filter, using a 60 mL 

syringe and plunger. The cellular suspension was centrifuged at 750 rcf for 7 min, the 

supernatant was removed, and the cells were rinsed once with 1x phosphate buffered saline 

(PBS) and centrifuged once more at 750 rcf for 7 min. The pellets were re-suspended in fresh 

growth media and plated onto 100 mm culture dishes for 1-2 hours in a 5% CO2 incubator at 37 

C to allow for cell anchorage. The cells were rinsed twice with PBS to remove all non-adherent 

cells (i.e. myocytes, endothelial cells and smooth muscle cells). The remaining adherent cells 

(mainly fibroblasts or VICs) were incubated in fresh growth media for approximately 24 hours at 

which time the growth media was changed. Cell culture media changed every 48 hours, 

thereafter. For experiments that required the collection of cellular lysates, cultures were left to 

grow for 48-72 hours until they reached 60-70% confluency at which point the cells were 
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liberated from the plates using 0.25% trypsin with ethylenediaminetetraacetic acid (EDTA). 

Cells were subsequently pelleted and rinsed twice with PBS.  

 

3.1.2. Bone marrow cell isolation 

Samples of the bone marrow (1 cm3) were excised from the sternum of the animals, via the 

sternal incision. The collected bone marrow was immediately placed in a solution containing 8 

mL of growth medium (as described above) and 17 mL of PBS, and then subjected to 

mechanical disaggregation. The cellular suspension was then filtered through a 40 µm cell filter 

(as above) and collected in a fresh 50 mL conical tube. Bone marrow-derived stem cells were 

isolated as previously described (296). Using a 9 inch glass pipette, a total of 15 mL of room-

temperature Ficoll-PaqueTM (Sigma-Aldrich, USA) was added to the cellular suspension. The 

pipette tip was gently placed to the bottom of the 50 mL tube, below the marrow-medium-PBS 

suspension, and the Ficoll was slowly underlain. The layered cell suspension was centrifuged at 

400 rcf for 30 min at room temperature, with the brake off. Four layers were formed: 1) bottom 

layer – predominately red blood cells; 2) the second layer – Ficoll; 3) the third layer – a pink 

hazy layer, or “buffy coat,” which contained the majority of the mononuclear cells; and 4) the 

uppermost layer – predominately the plasma and DMEM-F12/PBS solution (Figure 5). Using a 

glass pipette, the uppermost layer was aspirated and discarded. The mononuclear layer was 

collected via aspiration and transferred into a 10 mL conical tube. The collected cells were 

centrifuged at 1000 rcf for 10 min at room temperature. After centrifugation, the supernatant was 

discarded and the cells were rinsed and re-suspended in 10 mL of warm PBS. This washing step 

was repeated three times. After thorough rinsing the cells were re-suspended in 10 mL of growth 
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medium, and gently triturated to ensure adequate separation. The cells were plated on a 100 mm 

culture dish and incubated overnight in a 5% CO2 incubator at 37 C. After 16-24 hours the cells 

were gently rinsed with warm PBS and fresh growth media was added. Afterwards, cell culture 

media changed every 48 hours. For experiments that required the collection of cellular lysates, 

cultures were left to grow for 5-6 days until they reached 60-70% confluency at which point the 

cells were liberated from the plates using 0.25% trypsin with EDTA and subsequently pelleted 

and rinsed twice with PBS. 

 

                

Figure 5: Ficoll gradient before and after centrifugation 
Schematic illustrating the layers formed during the isolation of bone marrow mononuclear cells 
using a Ficoll gradient and centrifugation steps. (A) Ficoll was carefully layered beneath the 
cellular suspension. (B) After centrifugation, four layers were formed. The top layer contained 
plasma; beneath that is the “buffy coat” or mononuclear cells; under the buffy coat is a layer of 
Ficoll; and the bottom layer consists of red blood cells. Abbreviations: bone marrow-derived 
progenitor cells (BMCs) and red blood cells (RBCs).  

A B 
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3.2. Immunofluorescence of target genes 

Cells cultured in 6-well plates overlaid with glass coverslips were fixed in 4% 

paraformaldehyde for 15 minutes and permeabilized in 0.2% Triton-X-100 in PBS for 5 minutes. 

Cultures were washed twice with PBS and blocked with 10% bovine serum albumin (BSA) for 

30 min at room temperature. Fixed cells were incubated with 100 µL of the appropriate primary 

antibody, overnight at 4°C. The coverslips were then gently rinsed three times with PBS, and 

incubated with a fluorescent secondary antibody for 1 hour at room temperature. All primary and 

secondary antibodies were diluted in 1% BSA. Cells requiring staining for filamentous actin (F-

actin) were blocked, incubated overnight in 1% BSA, washed twice, and incubated with 100 µL 

of phalloidin for 20 min at room temperature. Once the secondary antibody or the phalloidin 

stain was applied, the coverslips were protected from the light. SlowFade® Gold antifade reagent 

with 4',6-diamidino-2-phenylindole (DAPI) was used to mount the coverslips. Cells were 

visualized with an epifluorescent microscope with appropriate filters. 

 

3.3. Cell culture using pre-fabricated silicone-based matrices 

VICs, A-fibs, D-fibs and BMCs were isolated as described above. The cells were then plated 

onto matrices of varying stiffness: 5 kPa, 100 kPa, and ~1 GPa (standard plastic) (Figure 6). The 

prefabricated silicone-based culture dishes (5 kPa and 100 kPa) were pre-treated with 1% human 

fibronectin in DMEM-F12 for one hour prior to plating, to support cellular adherence. In order to 

account for any variability caused by the fibronectin coating, all experiments comparing the 

various substrates included a fibronectin coated plastic culture dish control. Once the cells 



41	  

	  

reached 60-70% confluency, the cells were liberated from the substrate via trypsinization, and 

passaged onto a fresh plate with the same substrate modulus as the previous passage.  

  

  

Figure 6: Substrate moduli of bone marrow, skin, heart tissue and standard culture 
dishes 
Biological tissue from various origins demonstrates differences in compliance. Bone marrow, 
skin and heart-derived  tissues have elastic moduli of 0.5-1.5 kPa, 3-7 kPa and 10-15 kPa, 
respectively, whereas standard plastic culture dishes have a much higher elastic moduli of ~ 1 
GPa.  
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3.4. Western blot analysis 

Primary cells cultures were washed twice in cold PBS, and trypsinized using 5 mL of 0.25% 

trypsin with EDTA. The trypsin reaction was terminated by adding 10 mL of DMEM-F12 (with 

10% FBS and supplements) to the cell cultures. Cells were centrifuged at 2000 rpm for 7 

minutes, rinsed twice with PBS, and then lyzed in RIPA lysis buffer (150 mM NaCl, 50 mM Tris 

pH 8.0, 1mM EDTA, 1 mM EGTA, 0.5% sodium deoxycholate, 0.1% SDS, and 1% Triton X-

100) supplemented with a protease inhibitor cocktail (0.1 M phenylmethylsulfonyl fluoride, 5 

µg/mL leupeptin, 2 µg/mL aprotinin, and 1 µg/mL pepstatin). Protein concentrations of whole 

cell lysates were determined using the bicinchoninic acid (BCA) method (297). Equal amounts 

of each protein sample (20 µg) were separated on an 8% sodium dodecyl sulfate-polyacrylamide 

gel at 180 V for 60 min. Separated proteins were transferred to a polyvinylidene difluoride 

(PVDF) membrane via electrophoresis for 110 minutes at 100 V. After blocking the membrane 

with 5% (w/v) dried skim milk powder in PBS for 2 hours at room temperature, the membrane 

was incubated with primary antibody overnight at 4°C with shaking. The membrane was rinsed 

three times with 0.1% PBS-Tween for 10 minutes each, followed by one rinse with PBS without 

tween, and then incubated for 1 hour at room temperature with the respective horseradish 

peroxidase-conjugated secondary antibody. The membrane was rinsed again, as above, and the 

protein bands were visualized using Pierce® ECL Plus (according to the manufacturer’s 

instructions) and developed on film. To facilitate probing for the loading control, membranes 

were either cut stripped and re-probed for β-tubulin. Blot densities were measured using Quantity 

One software and normalized to β-tubulin blot densities. Only those films that did not have over 

saturated bands, as assessed by the Quantity One software, were used for analysis. 
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3.5. Transcriptome analysis 

3.5.1. RNA extraction 

Passage 0 cell cultures were grown to 60-70% confluency on soft, 5 kPa substrates. The 

growth medium was removed and the cells were rinsed twice with warm PBS. Cells were 

detached from the growth surface via trypsinization (0.25% trypsin with EDTA) and collected in 

a sterile 50 mL conical tube. The trypsin reaction was neutralized by adding 10 mL of growth 

media, supplemented with 10% FBS. The cellular suspensions were centrifuged for 5 min at 250 

x g, and then rinsed with warm PBS to remove any residual growth medium; this step was 

repeated twice. After a final centrifugation step, the supernatant was removed and the cell pellet 

was collected in a 1.5 mL RNase free Eppendorf tube. Total RNA was isolated using the 

GeneJET RNA purification kit, as follows. Cell pellets were resuspended in 600 µL of GeneJet 

lysis buffer supplemented with 2% v/v of 1.4 M β-mercaptoethanol and vortexed for 10 s, 

followed by addition of 360 µL of 100% ethanol, mixed via gentle trituration. Cell lysate was 

transferred into the GeneJet RNA purification column, and subsequently inserted into a 

collection tube. The column was centrifuged for 1 min at 14 000 rcf. The flow through was 

discarded and the purification column was inserted back into the collection tube. This step was 

repeated until all of the lysate was transferred into the column and spun through. The purification 

column was transferred into a new 2 mL collection tube, after which 700 µL of GeneJet Wash 

Buffer 1 was added to the column followed by centrifugation for 1 min at 14 000 rcf. The flow 

through was discarded and the purification column was transferred back into the collection tube. 

600 µL of Wash Buffer 2 was added to the column, again followed by a 1 min centrifugation at 

14 000 rcf. Flow through was discarded and the column placed back into the collection tube. The 
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purification tube was then transferred into a sterile, RNase free microcentrifuge tube. 100 µL of 

nuclease-free water was added to the center of the purification column membrane, and the 

column was spun for 1 min at 14 000 rcf to elute the RNA. The purified RNA was stored at -80 

C until use. 

RNA concentration and purity was determined by measuring the nucleic acid concentration 

at 260 nm and the 260/280 nm ratio, respectively, via the NanoDrop Lite Spectrophotometer. An 

additional measurement of RNA purity was done using the Aligent 2100 Bioanalyzer – only 

RNA with a RIN ≥8 was used for experiments. 

 

3.5.2. Microarray analysis 

Total RNA samples collected from P0 VICs, A-fibs, D-fibs and BMCs (n=3) were pooled 

together such that each cell type investigated had equal contribution from each of the three 

animals. Microarray analysis was performed according to the Affymetrix GeneChip Expression 

3’-Amplification Labeling kit directions, with a modification that 5 µg total RNA was used as a 

starting point. Samples were hybridized to Affymetrix GeneChip Porcine Genome 2.0 

microarrays and analyzed using GCOS software, with post-analysis performed using 

BioConductor and AffylmGUI. 
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3.5.3. Quantitative reverse transcriptase polymerase chain reaction 

The RNA samples used to generate the microarray data were also used for the subsequent q-

RT-qPCR experiments; however, the RNA samples used were unpooled and ran as separate 

samples to allow for statistical analysis. A one-step RT-qPCR analysis was performed using a 

Bio-Rad iQ5 iCycler and B-R One-Step SYBR Green RT-qPCR kit, with 25 ng RNA and 5 µM 

of each of the forward and reverse primers. mRNA expression was normalized relative to 

GAPDH. All primers were designed using the PrimerBlast program (Table 1 and Table 2). 

 
Table 1: Primer sequences used in 1-Step RT-qPCR analysis.  

Gene Name Direction Primer sequence 5’ → 3’ 
HES1 Forward CAGTTTGCCTTCCTCATCCC 
 Reverse CTGTTGCTGGTGTAGACTGG 
HEY1 Forward AGGTTCCATGTCCCCAACTAC 
 Reverse GGCAGATCCCTGCTTCTCAA 
HEY2 Forward TGTCAGTATCAGCCACGTCC 
 Reverse TGGCTACTTTCAGGGTGCAG 
RBPJ Forward TACCTACACGCCAGAACCAG 
 Reverse TGTGTAACTTCCCTCGCTGT 
GAPDH Forward AACGTGTCGGTTGTGGATCT 
 Reverse CCCCAGCATCAAAAGTGGAAG 

 
 
 
Table 2: Gene and protein names 

Gene Name Protein Name Alternative Name 
HES1 HES1  
HEY1 HEY1 HRT1/HESR1/HERP2/CHF2 
HEY2 HEY2 HRT2/HESR2/HERP1/CHF1 
RBPJ RBPJ CBF1/CSL/Su(H) 
GAPDH GAPDH  
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3.5.4. Western blot analysis of microarray target genes 

To investigate the protein expression of the genes of interest selected subsequent to the 

microarray and RT-qPCR analyses, Western blot analyses were performed. Due to limitations 

concerning the number of P0 cells that could be isolated from each animal, protein and RNA 

were not isolated from the same animals. Therefore, cellular lysates of VICs, A-fibs, D-fibs and 

BMCs from three additional animals were collected for protein extraction. Again, due to 

limitation regarding the availability of porcine antibodies, antibodies selected for probing 

included HEY1, HEY2, ADAM10 and ADAM17. Western blots were performed as previously 

described in the methods section. 

 

3.6. Reagents 

Cell culture media (DMEM-F12 and SMEM) and antibiotics (penicillin, streptomycin and 

gentamycin) were purchased from Gibco, Life Technologies (Grand Island, USA). FBS was 

purchased from Wisent (St-Bruno, Canada). Plastic cell culture plates were obtained from 

Corning (Tewksbury, USA) and the silicone, compressible culture dishes were purchased from 

Excellness (Lausanne, Switzerland). Collagenase type II protease was purchased from 

Worthington Biochemical Corp. (Lakewood, USA) and the dispase II protease was obtained 

from Sigma (St. Louis, USA). The GeneJet RNA purification kit, coverslips and SlowFade® 

Gold was purchased from Thermo Fisher Scientific (Canada). The SuperSignal West Pico 

chemiluminescent substrate was purchased from Thermo Fisher Scientific (Rockford, USA). A 

BCA kit used for protein assays was obtained from Sigma (St. Louis, USA), and the Western 
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blot ladders and PVDF membranes were purchased from BIO-RAD (Hercules, USA) and 

Millipore (Ebicoke, Canada), respectively. The One-Step SYBR Green RT-qPCR kit was 

purchased from Quanta Biosciences (Gaithersburg, USA). 

 

3.7. Antibodies 

Mouse monoclonal desmin (ab8976), ED-A fibronectin (ab6328), PECAM-1 (ab14091), 

SMEMB (ab684), and vimentin were purchased from Abcam (Cambridge, UK). Rabbit 

polyclonal alpha smooth muscle actin (ab5694), β-tubulin (ab6046), and osteopontin (ab4884) 

were also purchased from Abcam (Cambridge, UK). Secondary antibodies used for Western blot 

analysis (goat anti-rabbit IgG, conjugated to horse radish peroxidase) were purchased from 

Jackson ImmunoResearch Laboratories (Westgrove, USA). Tetramethylrhodamine 

isothiocyanate conjugated probe for F-actin was obtained from Molecular Probes, Life Sciences 

(Rockford, USA). Goat anti-mouse, Alexa Fluor 488 FluoroNanogold and goat anti-rabbit, Alexa 

Fluor 594 Nanogold secondary antibodies were obtained from Life Technologies (USA). 

 

3.8. Statistical analysis 

Results were analyzed by one-way analysis of variance (ANOVA). Newman-Keuls multiple 

comparison test and Tukey’s multiple comparison test were used post hoc for the immunoblot 

and qRT-PCT data, respectively. All data is expressed as mean ± SEM. A P-value ≤ 0.05 was 

considered statistically significant. 
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4. RESULTS 

 

4.1. Optimization of cell culturing methods 

Prior to proceeding with experiments comparing the different cell types, protocols for large 

animal use, harvesting tissue and cell culture had to be defined. Particular care was taken to 

optimize the cell culture methods to ensure consistency among in vitro experiments.  

 

4.1.1. Direct explant vs. enzymatic liberation 

We compared two commonly used techniques for isolating dermal fibroblasts: direct 

explant and enzymatic liberation. The direct explant method involves cutting the tissue (in this 

case skin) into small pieces and placing it directly onto the surface of the culture dish and 

allowing the cells to migrate out of the tissue and onto the plate, as opposed to the cellular 

liberation method that uses enzymes to isolate cells prior to plating. Overall we found that the 

enzymatic liberation method for culturing dermal fibroblasts was less time consuming, easier to 

execute and produced far better results than the direct explant method for reasons explained 

below. 

 Firstly, complete removal of the hypodermis (or subcutaneous fat) was required for the 

direct explant method. Failure to remove the hypodermis would result in a low yield cell culture. 

This is likely due to fibroblasts not having contact with the culture dish, resulting in a low 

percentage of cells migrating out onto the surface of the plate. Additionally, if only a small 

number of cells migrated from the tissue, this often result in early senescence (i.e. cells 
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undergoing cell death prior to reaching confluency), possibly due to a lack of intercellular 

signaling caused by low population density. Conversely, complete removal of the hypodermis 

was not required in the enzymatic liberation method as any remaining adipose tissue would be 

removed during the subsequent enzyme digestion steps, prior to plating.  

For the direct explant method, placing the tissue onto the culture dish presented a challenge. 

We had to ensure that the deep side (dermis), as opposed to the epidermis, was adjacent to the 

surface of the culture dish; otherwise the cells would not migrate out of the tissue. In addition, it 

was difficult to determine how far apart to space the pieces of tissue and what size the pieces of 

dermis should be in order to grow cell cultures with an even distribution of cells. We cut the 

dermal tissue into 4 mm3 (2 mm x 2 mm x 1 mm) pieces and spaced the tissue between 1 and 2 

cm apart. Based on our trials, we were unable to grow P0 cultures that had an even distribution 

of cells. In addition, our cultures were not reaching confluency within 48-72 hours –  a 

requirement of our experimental studies. For the enzymatic method, as the cells were liberated 

from the connective tissue and put through a cell filter prior to plating, the P0 cell cultures had a 

much more even distribution of cells. 

As our experiments required the use of P0 cell cultures we abandoned the direct explant 

method and pursued the enzymatic method of culturing dermal fibroblasts. In addition, as the 

direct explant method was fairly laborious and did not produce P0 cell cultures that were 

appropriate for our experiments we chose not to trial the direct explant method on the other 

tissue types (atrial appendage or aortic valve leaflet). 

 

 



50	  

	  

4.1.2. Types of enzymes used and duration of exposure 

As we found the enzymatic liberation method superior to the direct explant method for our 

experimental design, our next step was to determine which enzyme(s) would be most efficient at 

digesting the porcine tissues (dermis, atrial appendage and aortic valve leaflets). All tissue was 

minced into small pieces (between 1 and 8 mm3), with the exception of the valve leaflets, which 

were left in their native state. Our initial attempts to establish which enzyme(s) to use and for 

how long included collagenase type II (0.1% w/v) over 4 hours. We found that after 4 hours of 

exposure to collagenase II was not sufficient to digest the tissue. As a result, a large percentage 

of cells were unable to pass through the cell filter and were discarded prior to plating. We 

extended the duration of enzyme exposure to 6 hours, then to 8 hours. This resulted in only a 

slight increase in the percentage of cells that were liberated from the tissue. As we wanted to 

minimize the percentage of cells discarded we tested the addition of dispase II protease (0.05% 

w/v) to the enzyme cocktail. After 8 hours we found that the dermal tissue was noticeably more 

disaggregated; however, it was still challenging to pass the cells through the filter and a large 

percentage of cells were still discarded. In addition, we did not notice any improvement in the 

percentage of cells liberated from the atrial tissue and valve leaflets; therefore, we increased the 

duration of enzyme exposure to ~16 hours (or overnight). For logistical reasons we did not test a 

digestion time between 8 and 16 hours. After 16 hours all tissue types (dermis, atrial appendage 

and aortic valve leaflets) were sufficiently disaggregated such that only a minimal amount of 

tissue was discarded after passing through the cell filter. Additionally, as we found that including 

dispase II appeared to aid in the digestion of the dermal tissue we used a mix of both dispase II 

and collagenase II for all future dermal fibroblast isolations. 
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For the isolation of aortic valvular interstitial cells only we also tested the efficacy of a brief 

(10 min) exposure to collagenase II, followed by gentle removal of the endothelial monolayer 

with a small sterile sponge, prior to the overnight digestion. This was initially done to minimize 

endothelial cell growth in our cultures; however, this became redundant once we decreased the 

initial cell adherence time to 60 min, as less adherent cells (i.e. endothelial and smooth muscle 

cells) would be removed when the media was changed. Again previously mentioned, mincing the 

leaflets into small pieces was redundant due to the natural size of the porcine aortic valve 

leaflets; however, any smooth muscle tissue still attached to the leaflets after excision was 

removed to minimize smooth muscle cell contamination in our VIC cultures.  

 

4.1.3. Isolation of porcine bone marrow-derived progenitor cells 

As stated in the methods section, we used a modified version from a previously described 

method for culturing porcine bone marrow-derived progenitor cells (296). As this method 

describes the isolation of rat tibial bone marrow, a number of steps had to be modified for our 

use. Due to the age of the animals, the bone matrix of the sternum was quite stiff; therefore, we 

had to minced the tissue into very small pieces (<0.1 mm3). Failure to sufficiently breakdown the 

tissue via mechanical disaggregation resulted in a too low yield of cells, such that we could not 

grow the required number of cell cultures for our experiments. Additionally, mincing the bone 

marrow into very fine pieces allowed the tissue to be triturated through a glass pipet, which also 

increased the number of cells released from the tissue. 

We also had to optimize the amount of media/salt solution to the cellular suspension prior to 

differential centrifugation. Adding too much media/salt solution to the cellular suspension prior 
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to differential centrifugation would result in a diffuse mononuclear layer (or buffy coat), which 

was not adequate separated from the media/salt solution. We found that this resulted in a 

substantially lower yield of cells. Typically, a mixed solution consisting of 8 mL of growth 

media and 17 mL of PBS resulted in optimal cell retrieval for piece of bone marrow; however, 

this amount was adjusted according to the size of the tissue specimen.  

 

 

4.1.4. Population doublings 

Determining population doubling for our P0 cell cultures presented a challenge. As the cell 

types were selected for during the culturing procedure, not prior, it was not possible to accurately 

assess the number of atrial fibroblasts, dermal fibroblasts, VICs and BMCs in the atrial tissue, 

dermal tissue, valve tissue and bone marrow, respectively, prior to initial plating by using 

standard cell counters. We attempted to measure cell doubling via flow cytometry using 

fluorescent cell proliferation assays (Click-iT® EdU Alexa Fluor® 488 Imaging kit, 

ThermoFisher Scientific, Canada); however, we were unsuccessful in obtaining significant 

results. Therefore, we were unable to obtain accurate results for cell doublings. Based on the 

consistency in the methods between cell cultures we assume that the number of cell doublings 

between cell cultures of the same tissue type were fairly comparable we acknowledge that this 

was a parameter that we were unable to adequately quantify. In addition, we cannot reasonably 

determine if the cell doubling between different tissue types was similar or not. This may mean 

that one tissue type underwent a higher number of cell doublings to reach the desired confluency. 

Certainly, we acknowledge that due to the number of cells that could be isolated from the bone 
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marrow tissue that our progenitor cell cultures likely underwent a substantially higher number of 

cell doublings prior to reaching the desired confluency.  

 

4.1.5. Size of tissue biopsies 

As previously mentioned, our goal was to consistently grow cell cultures to a confluency of 

60-70% within 48-72 hours. These parameters were chosen to 1) reduce the influence of 

prolonged in vitro culture on gene expression, and to 2) minimize the number of, or prevent the 

inclusion of, cells in the experiment that were undergoing senescence. We also wished to 

minimize the presence of cellular contaminants (i.e. smooth muscle cells, myocytes and 

endothelial cells) in our cell cultures. To achieve this we needed to determine: 1) the minimum 

sample size for the tissue biopsies (i.e. the amount of tissue required for plating), and 2) the 

duration of cell seeding (as our method for excluding cellular contaminants was based on 

fibroblast-like cells adhering to plastic dishes or culture surfaces more quickly than other cells 

types.  

Through trial and error we observed that an atrial tissue biopsy with a size of 0.125 cm3 

(0.5cm x 0.5cm x 0.5cm) was sufficient for seeding four, 100 mm culture dishes. Furthermore, a 

sample of skin 0.1 cm3 (1cm x 1cm x 0.1cm) in size was sufficient, as was a bone marrow biopsy 

8 cm3 (2 mm x 2 mm x 2 mm). These samples sizes were large enough to ensure that we had 

sufficient starting material to grow our cultures to 60-70% within 48-72 hours. Our initial trials 

used much larger tissue specimens. From this we determined that plating too many cells resulted 

in overgrowth and a large percentage of cells undergoing senescence within 24 hours. For our 
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VIC cultures, we used all three leaflets to inoculate four, 100 mm plates. Attempts to grow more 

than four cultures resulted in our cell cultures reaching 60-70% confluency after 72 hours. 

To minimize the growth of other cell types in our cultures we had to determine a length of 

time for cell seeding that would allow our target cells to attached and proliferate, while excluding 

other (less adherent) cell types. We found that reducing duration of cell seeding to 1 hour was 

still a sufficient amount of time to allow our target cells to adhere, with the exception of the bone 

marrow progenitor cells which required 16 hours. In the event that we used a smaller tissue 

sample than previously mentioned, we would need to increase the duration of cell seeding for 

enough target cells to adhere to the cell dish, which would likely lead to a higher percentage of 

non-target growing in the culture. If the cell seeding time was not increased, the cultures would 

not reach confluency within 48 hours. By determining the amount of tissue required as well as 

the duration of cell seeding, we were able to consistently grow cell cultures that had an even 

distribution of cells and reached 60-70% confluency within 48-72 hours (with the exception of 

BMCs which required 5-6 days) (Figure 7). 
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Figure 7: Phase contrast image of cell cultures 
Phase contrast image of (A) dermal fibroblasts, (B) atrial fibroblasts, (C) bone 
marrow-derived progenitor cells, and (D) valvular interstitial cells. Images found 
in figures A, B and D were taken 68 hours post plating, whereas the image in 
figure C was taken 120 hours post plating. Magnification 4x. Scale bar 1 mm. 
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4.1.6. Cell culture purity 

We did not find any evidence of cellular staining for platelet endothelial cell adhesion 

molecule (PECAM-1) or desmin in any of our cell cultures – VICs, A-fibs, D-fibs or BMCs 

(n=3) (data not shown). This suggests that our methods for cell isolation were successful in 

excluding endothelial and smooth muscle cell contaminants. We did not culture porcine smooth 

muscle cells or porcine endothelial cells for a positive control for desmin and PECAM-1 

staining, respectively. We recognize that including a positive control for these antibodies would 

strengthen our results. 

  

4.2. Phenotypic comparison of porcine VICs to porcine A-fibs, D-fibs and BMCs 

4.2.1. Cellular marker expression 

P1 porcine VICs, A-fibs, D-fibs and BMCs cultured on standard plastic dishes were probed 

for various fibroblast/myofibroblast and BMCs markers (Figure 8). All cell types stained positive 

for α-SMA, DDR2, F-actin and vimentin. VICs and BMCs both stained positive for BMC 

markers KIT and OPN, whereas A-fibs and D-fibs did not. VICs also expressed myofibroblast 

marker SMEMB, but showed no expression of EDA-FN and POSTN. Both fibroblast cell 

cultures stained positive for POSTN; however between the fibroblasts only the A-fibs showed 

expression of SMEMB, whereas the D-fibs expressed EDA-FN. VICs and BMCs had the same 

expression profile of the cellular markers investigated, with the exception of SMEMB, which 

was not expressed in the differentiated BMC cultures.  
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Figure 8: Characterization of cellular marker expression in VICs 
Porcine VICs, A-fibs, D-fibs and BMCs were stained for various myofibroblast markers (α-
SMA, DDR2, EDA-FN, F-actin, POSTN, SMEMB and VIM), as well as F-actin and 
differentiated BMC markers (KIT and OPN). These cells were also probed for DES and 
PECAM-1, but all cells were negative for those markers (data not shown). All cell cultures were 
P1 and plated on standard rigid plastic dishes.  
 
Figure 8A: Immunofluorescent staining probing for cellular markers OPN and VIM. 
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), osteopontin (OPN) and vimentin (VIM). 
Scale bar: 50 µm 
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Figure 8B: Immunofluorescent staining probing for cellular markers DDR2 and EDA-FN. 
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), discoidin domain receptor 2 (DDR2) and 
extra domain A fibronectin (EDA-FN). Scale bar: 50 µm 
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Figure 8C: Immunofluorescent staining probing for cellular marker KIT  
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs) and v-kit Hardy-Zuckerman 4 feline 
sarcoma viral oncogene (KIT).  Scale bar: 50 µm 
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Figure 8D: Immunofluorescent staining probing for cellular marker α-SMA. 
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), and alpha smooth muscle actin (α-SMA). 
Scale bar: 50 µm 
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Figure 8E: Immunofluorescent staining probing for cellular marker SMEMB. 
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), and embryonic smooth muscle myosin 
heavy chain (SMEMB). Scale bar: 50 µm 
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Figure 8F: Immunofluorescent staining probing for cellular marker POSTN.  
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), and periostin (POSTN). Scale bar: 50 µm 
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Figure 8G: Immunofluorescent staining probing for cellular marker F-actin.  
Abbreviations: valvular interstitial cells (VICs), atrial fibroblasts (A-fibs), dermal fibroblasts (D-
fibs), bone marrow-derived progenitor cells (BMCs), filamentous actin (F-actin). Scale bar: 50 
µm. 
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Table 3: Summary of donor cell phenotyping  
(A) PI primary porcine VICs, A-fibs, D-fibs and BMCs cultured on standard, rigid plastic dishes 
were probed for a number of cellular markers; (+) and (-) represent positive or negative staining, 
respectively. (B) VIC staining results were grouped into fibroblast markers, differentiated BMC 
markers, smooth muscle cell markers and endothelial cell markers; (+) and (-) represent positive 
or negative staining, respectively. Abbreviations: valvular interstitial cells (VICs), A-fibs (atrial 
fibroblasts), D-fibs (dermal fibroblasts), bone marrow-derived progenitor cells (BMCs), alpha 
smooth muscle actin (α-SMA), desmin (DES), discoidin domain receptor 2 (DDR2), extra 
domain A fibronectin (EDA-FN), filamentous actin (F-actin), v-kit Hardy-Zuckerman 4 feline 
sarcoma viral oncogene (KIT), osteopontin (OPN), platelet endothelial cell adhesion molecule 
(PECAM-1), periostin (POSTN), embryonic smooth muscle myosin heavy chain (SMEMB) and 
vimentin (VIM). 
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4.2.2. Cellular morphology 

We examined the cellular morphology the different cell types and found that VICs were most 

similar in shape and size to dermal fibroblasts. Both exhibited a slender, spindle-like cell body 

with long cellular projections; however, D-fibs tended to have longer cell bodies and even longer 

projections. The differentiated BMCs were also similar in shape to that of the VICs and D-fibs, 

but they were markedly smaller at the same time point. In contrast, A-fibs had larger, 

cuboidal/cobblestone cell bodies and did not exhibit the same long, slender cellular projections 

as the VICs and dermal fibroblasts (Figure 9).  

 

 

Figure 9: Characterization of VIC morphology 
Primary P0 porcine VICs exhibit a similar cellular morphology in comparison to D-fibs and 
BMCs. Images were taken with a light microscope 72 hours after plating with a magnification of 
40x. Representative images show cell cultures plated on fibronectin coated plastic. VICs, as 
shown, were spindle-shaped, and had elongated processes that protruded from the cell body. D-
fibs exhibited a similar shape to VICs, but had longer processes. Differentiated BMCs also 
exhibited a spindle-shaped cell body after 72 hours of plating, but they were markedly smaller 
than VICs and D-fibs at the same time point. When compared to VICs, A-fibs had a larger, more 
cuboidal cell body. Abbreviations: valvular interstitial cells (VICs), A-fibs (atrial fibroblasts), D-
fibs (dermal fibroblasts) and bone marrow-derived progenitor cells (BMCs). Scale bar: 200 µm. 
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4.3. Decreased elastic modulus mitigates cellular activation 

4.3.1. Cell culture on 2D compressible matrices 

To confirm that the pre-fabricated silicone-based matrices were affective in blocking cellular 

activation, in vitro, we cultured VICs, A-fibs, D-fibs and BMCs 2D matrices with varying 

stiffness: 5 kPa, 100 kPa, and standard rigid plastic (~1 GPa).  

 

4.3.2. Increased substrate compliance decreases α-SMA expression 

Compared to the A-fibs cultured on standard plastic dishes (FN coated and uncoated), A-fibs 

cultured on soft 2D substrates expressed lower levels of α-SMA, indicating reduced cellular 

activation. When these cultures were passaged to P1, cells cultured on the soft substrates 

maintained a significantly lower α-SMA expression when compared to those passage onto the 

rigid plastic (FN coated and uncoated), p-value ≤ 0.05 (Figure 10). Only those films that did not 

have over saturated bands, as assessed by the Quantity One software, were used for analysis. 
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Figure 10: Substrate modulus correlates with cellular α-SMA expression 
(A) Representative Western blot of A-fibs from a single Yorkshire pig showing reduced α-SMA 
expression on soft silicone matrices (5 kPa and 100 kPa), as compared to standard rigid plastic 
(FN coated and uncoated, substrate modulus ~1 GPa). Lysates were collected once the cell 
cultures reached 60-70% confluency, or ~72 hours after plating. The soft silicone plates required 
a fibronectin coating prior to plating, therefore, a fibronectin plastic control was included to 
account for any variability. β-tubulin was used as a loading control. (B) Histogram. n=3, 
*p<0.05, **p<0.01, ± SEM). Abbreviations: atrial fibroblasts (A-fibs), alpha smooth muscle 
actin (α-SMA), beta tubulin (β-tubulin), fibronectin (FN), gigapascal (GPa), kilopascals (kPa).  
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4.3.3. Compressible 2D matrices alter cellular morphology 

Compared to rigid controls (FN coated and uncoated), P0 VICs, A-fibs, D-fibs and BMCs 

plated on 5 kPa and 100 kPa substrates appeared to exhibit reduced cell body size (Figure 11). 

Additionally, those cells plated on softer matrices appeared to have a more slender, spindle-

shaped appearance, whereas those plated on standard rigid plastic had a more 

cuboidal/cobblestone appearance (e.g. see atrial fibroblasts). BMCs appeared to be less 

dependent on substrate stiffness, exhibiting a slender cell body on all substrates. To account for 

any differences that may be due to the FN coating, we compared cells plated on FN coated 

plastic to the corresponding cell types plated on uncoated rigid plastic. Upon qualitative visual 

assessment there was no noticeable difference in the cell shape or size between those cells plated 

on FN coated rigid plastic as compared to uncoated rigid plastic dishes.  
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Figure 11: Substrate stiffness modulates cellular morphology 
Primary P0 porcine VICs, A-fibs, D-fibs and BMCs were cultured on substrates with varying 
stiffness. Images were taken with a light microscope at 60-70 confluency (or 72 hours after 
plating for the A-fibs, D-fibs and VICs, and 120 hours post plating for the BMCs), at 40x 
magnification. Representative images show cell cultures plated on 5 kPa, 100 kPa, and ~1 GPA 
(FN coated and uncoated). All cells types, with the exception of BMCs showed an increase in 
cell body size with increased matrix stiffness. The soft silicone plates (5 and 100 kPa) required a 
fibronectin coating prior to plating; therefore, a fibronectin plastic control was included to 
account for any variability. †Representative images showing BMC cultures 24 hours after 
plating. ††Representative images showing BMC cultures 72 hours after plating. BMCs had a 
star-shaped morphology early in cell culture, but transitioned into spindle-shaped cells at higher 
confluency and/or after a longer duration in cell culture. Abbreviations: Atrial fibroblasts (A-
fibs), bone marrow-derived progenitor cells (BMCs), dermal fibroblasts (D-fibs), valvular 
interstitial cells (VICs), fibronectin (FN), gigapascals (GPa) and kilopascals (kPa). Scale bar: 
200 µm. 
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4.4. Microarray analysis of porcine VICs, A-fibs, D-fibs and BMCs 

Gene expression was analyzed by Affymetrix GeneChip Porcine Genome 2.0 microarray and 

a cut-off of a 2-fold change in RNA levels (p-value ≤ 0.05) was used for comparisons between 

samples. Of the 24 123 gene targets that were analyzed, 1512 transcripts were differentially 

expressed between VICs and A-fibs (600 up-regulated in A-fibs and 912 down-regulated, 

representing ~6.3% of the transcripts on the array); 1682 transcripts were differentially 

expressed between VICs and BMCs (705 up-regulated in BMCs and 977 down-regulated, 

representing ~7.0% of the transcripts on the array); and 1843 transcripts were differentially 

expressed between VICs and D-fibs (880 up-regulated in D-fibs and 963 down-regulated, 

representing ~7.6% of the transcripts on the array). All data were normalized and indicated no 

sampling bias (Figure 12). 
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Figure 12: Microarray data quality analysis 
MA plot of the microarray data after normalization with signal intensity ratio (M, y-axis) plotted 
against the average signal intensity (A, x-axis). A distribution of approximately M=0 indicates 
that the majority of comparative transcripts between the two samples did not differ in expression 
– this was expected for our sample populations and indicated successful data normalization. (A) 
A-fibs vs. VICs, signal intensity ratio (y-axis) vs. average signal ratio (x-axis). (B) D-fibs vs. 
VICs, signal intensity ratio (y-axis) vs. average signal ratio (x-axis). (C) BMCs vs. VICs signal 
intensity ratio (y-axis) vs. average signal ratio (x-axis). Abbreviations: valvular interstitial cells 
(VIC), A-fibs (atrial fibroblasts), D-fibs (dermal fibroblasts) and bone marrow-derived progenitor 
cells (BMCs), average signal intensity (A) and signal intensity ratio (M). 
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4.4.1. VICs demonstrate differential gene expression in NOTCH signaling proteins 

The microarray data revealed differences in relative mRNA levels of several NOTCH 

signaling targets, relative to VICs (Table 4).  HES1 expression was lower in VICs than all cell 

types, with A-fibs, D-fibs and BMCs demonstrating fold increases of 3.4, 13.4 and 4.3 relative 

to VICs, respectively. Conversely, VICs had markedly higher expression of HEY2 as compared 

to all other cell types, most notably observed when compared to D-fibs, -216.6-fold change in D-

fibs. HEY2 expression was diminished to a lesser degree in A-fibs and BMCs (-8.0-fold change 

and -4.0-fold change, respectively). Using a cut-off of a 2-fold change in expression, we did not 

see any significant difference in HEY1 expression between VICs and A-fibs, or VICs to BMCs; 

however, D-fibs had a significantly higher expression of HEY1 as compared to VICs with a fold 

increase of 3.3. ADAM-10 and -17, which are proteases that cleave the extracellular NOTCH 

domain, showed only slight variability in mRNA expression across cell types. The only 

significant differences observed were between A-fibs/VICs and BMC/VICs, exhibiting slight 

decreases in expression as compared to VICs (fold-changes -3.0 and -2.4, respectively). There 

was no significant difference in RBPJ across cell types. Due to limitations of the Affymetrix 

GeneChip Porcine Genome 2.0 microarray, downstream targets of Hes/Hey were not available 

for analysis. 
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Table 4: Porcine VICs, A-fibs, D-fibs and BMCs show altered expression in NOTCH target 
genes 
Microarray data showing relative mRNA expression for select proteins involved in the NOTCH 
signaling pathway. Some proteins have multiple expression levels – this is due to multiple target 
sites for the same gene on the GeneChip. All mRNA expression is normalized to VIC mRNA 
expression and expressed as fold-change. Abbreviations: atrial fibroblasts (A-fibs), bone 
marrow-derived progenitor cells (BMCs), dermal fibroblasts (D-fibs), valvular interstitial cells 
(VIC), a disintegrin and metalloproteinase domain-containing protein 10 (ADAM10), a 
disintegrin and metalloproteinase domain-containing protein 17 (ADAM17), delta-like 3 
(DLL3), delta-like 4 (DLL4), hairy/enhancer-of-split 1 (HES1), hairy/enhancer-of-split related 
with YRPW motif protein 1 (HEY1), hairy/enhancer-of-split related with YRPW motif protein 2 
(HEY2), jagged 1 (JAG1) and recombination signal binding protein for immunoglobulin kappa J 
region (RBPJ). 
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4.5. Quantitative reverse transcriptase polymerase chain reaction analysis 

Validation of the microarray was performed via RT-qPCR. Optimal annealing temperatures 

were confirmed by preliminary PCRs via temperature gradients. 

 

4.5.1. Porcine VICs demonstrate differential expression of NOTCH target genes 

Congruent with the microarray data, A-fibs and D-fibs expressed significantly higher levels 

of HEY1 (6.4-fold increase, p<0.05; 15.9-fold increase, p<0.001, respectively) relative to VICs.  

Conversely, HEY2 expression was significantly lower in both A-fibs and D-fibs, relative to VICs 

(fold-increase of 4.0 and 142, respectively). There was no significant difference in expression of 

HES1 and RBPJ between VICVs and the other cell types (Figure 12). 
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Figure 13: Porcine VICs demonstrate differential expression of NOTCH targets genes 
RT-qPCR data showing relative mRNA levels for select proteins involved in the NOTCH 
signaling pathway. All mRNA expression is normalized to VIC mRNA expression and expressed 
as fold-change. * p<0.05; **p<0.01; ***p<0.001, n=3. 
Abbreviations: valvular interstitial cells (VIC), A-fibs (atrial fibroblasts), D-fibs (dermal 
fibroblasts) and bone marrow-derived progenitor cells (BMCs), hairy/enhancer-of-split 1 
(HES1), hairy/enhancer-of-split related with YRPW motif protein 1 (HEY1), hairy/enhancer-of-
split related with YRPW motif protein 2 (HEY2) and recombination signal binding protein for 
immunoglobulin kappa J region (RBPJ). 
  



79	  

	  

4.6. Western blot analysis of NOTCH target genes 

Despite attempts to assess relative HEY1 and HEY2 protein levels via Western blot, we were 

unable to collect usable data. Despite following the manufacturer’s protocol for storage, 

blocking (5% skim milk) and primary antibody concentration (1:200), we had high amounts of 

background that were incompatible with analysis. We made several attempts to optimize the 

protocol by testing various blocking agents, and using different concentrations. We found that 

blocking with 5% skim milk, 10% skim milk, 5% skim milk with 1% BSA or 1% Block-CH 

were all unsuccessful in preventing high amounts of background. We also increased the primary 

antibody concentration to 1:100; however, similarly, we were unable to quantify the results with 

confidence due to high background. We were limited in our options for primary antibodies 

compatible with porcine epitopes; therefore, we were unable to test antibodies from other 

manufacturers.  

Due to resource limitations were we unable to collect additional cell lysates to attempt other 

methods for comparing protein levels amongst our selected tissue types. Had more protein been 

available for analysis a number of other methods for protein quantification could have been 

attempted. Enzyme-linked immunosorbent assays (ELISAs) are an alternative method for 

detecting and quantifying proteins; however, similar to Western blots, ELISAs also employ 

antibodies for protein detection. Therefore, it is likely that we may have encountered similar 

issues. Another method for protein detection and relative comparison that does not use 

antibodies is isobaric tagging for relative and absolute quantification (iTRAQ). Instead of using 

antibodies for protein detection, iTRAQ is a method that involves labeling protein samples with 

tags of varying mass (298). These samples are then pooled together and fractionated by liquid 
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chromatography (LC), and then analyzed by tandem mass spectrometry (MS/MS). Although we 

initially considered iTRAQ as an investigated method for protein quantification – we were 

unable to pursue that option.   
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5. DISCUSSION 

 

5.1. Cell culture methods for porcine VICs, A-fibs, D-fibs and BMCs 

We investigated the use of pre-fabricated, compliant, silicone-based substrates for culturing 

porcine tissue, specifically VICs, atrial fibroblasts, dermal fibroblasts and bone marrow-derived 

progenitor cells. To accomplish this goal, we first standardized protocols for harvesting each 

organ/tissue type (heart – aortic valve and LAA, bone marrow, and skin), then optimized cell 

culture methods. To facilitate in vitro experiments that would attempt to mimic in vivo tissue, our 

primary experiments required P0 cells that would grow to 60-70% confluency within 48-72 

hours (or 5-6 days of BMCs) and required an initial cell seeding time of none more than 2 hours 

(16 hours for BMCs). These parameters were chosen as we wanted 1) to minimize or prevent the 

inclusion of cells undergoing senescence, 2) to minimize the influence of the in vitro culture 

environment by minimizing the time in culture, and 3) to limit the number other cell types in our 

cultures (i.e., non-fibroblast cells and non-VICs). Protocol steps that were empirically 

established included: duration of enzymatic digestion, enzymes used for tissue digestion, seeding 

method and initial duration of cell seeding.  

The majority of previous studies that investigated porcine VICs in vitro performed a 1-6 hour 

digestion (299-301). However, we found that this length of time was too short and that an 

overnight digestion resulted in a markedly higher yield. One exception was the BMCs, which 

were extracted via physical disaggregation and therefore did not required enzymatic digestion. 

The discrepancy regarding the duration of tissue digestion could be accounted for by the age of 
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the donors, as older animals have increased matrix protein content and extensive matrix 

formation. Tissue with a higher percentage of ECM proteins may require a longer exposure to 

enzymes for sufficient matrix breakdown. Another consideration is the passage number used in 

our experimental designs versus other studies. The majority of studies studying VICs use P3-P6 

cell cultures (240, 302, 303). As our experiments required P0 cell cultures (i.e., we could not 

expand our cell cultures to increase yield), we had to extract as many cells as possible directly 

from the tissue to ensure sufficient starting material for our cell cultures. Amongst methods for 

isolating VICs from valve leaflets, there was substantial variability within the literature regarding 

the enzymes employed for cellular liberation. Some methods involved the use of collagenase III 

and dispase II for VIC liberation, whereas others used deoxyribonuclease (DNAse) and 

hyaluronidase (299, 300). Our lab found did not test collagenase type III, but we found that 

collagenase type II alone worked quite well and that there was no notable difference when 

dispase II was included. In addition, we also found that neither DNAse nor hyaluronidase made 

any noticeable difference to VIC liberation from the leaflets; therefore these enzymes were not 

included in subsequent isolations. Furthermore, most published methods for culturing porcine 

VICs include a brief (~10 min) pre-digestion to remove valvular endothelial cells (VECs) (300, 

301). Although this was tested in our lab, pre-digestion proved to be redundant as any 

endothelial contamination was excluded in the subsequent seeding and rinsing steps.  

Although we found that the addition of dispase II did not substantially increase the number of 

VICs extracted from the leaflets, dispase II did markedly increase cellular liberation from the 

skin tissue. Although several methods for isolating dermal fibroblasts recorded a 24 hour 

digestion with dispase II alone, we found that a 16 hour (or overnight) digestion with dispase II, 

along with collagenase II, on tissue that was minced into 2x2x1 mm pieces was sufficient (299, 
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304, 305). Previous methods for epidermal cell liberation have used 0.2-0.25% trypsin for 

digestion – this was not examined by our lab (306).  

Not all published methods for isolating VICs and dermal fibroblasts involved enzymatic 

digestion. A direct explant method for culturing either porcine VICs and dermal fibroblasts has 

been reported (307). Our lab tested the efficacy of culturing dermal fibroblasts using this method 

and although we were successful in growing colonies of cells, we ultimately opted for enzymatic 

digestion as we required a method that facilitated an even distribution of cells that would 

consistently reach 60-70% with 48-72 hours. We did not evaluate the direct explant method with 

VICs (or atrial fibroblasts) as we anticipated similar issues.  

To determine the amount of tissue required to grow our cultures we used trial and error. We 

opted to not use cell counting as a method for determining how many cells to use for cell seeding 

as the tissue sample is a heterogeneous mixture of a number of cell types. We recognize that a 

superior method could include a cell sorting step via flow cytometry to exclude non-fibroblast-

like cells followed by cell counting. However, this was not available to us, nor would it have 

been efficient given our experiment design. 

By optimizing our cell cultures methods, we were able to consistently culture porcine VICs, 

A-fibs, D-fibs and BMCs that were evenly distributed and reached 60-70% confluency 48-72 

hours, (or 5-6 days for BMCs). 
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5.2. Cell culture using pre-fabricated, compliant, silicone-based substrates 

Prior to use for in vitro cell culture, the pre-fabricated, compliant, silicone-based matrices 

required a fibronectin coating prior to use. The fibronectin coating increased the adhesivity of the 

dishes; therefore, seeding times had to be adjusted to optimize cell purity and culture density. We 

found that an initial seeding time of one hour was adequate for the A-fibs and D-fibs, whereas 

the VICs required a slightly longer seeding time of two hours, and the BMCs needed to be left 

overnight. Cellular debris commonly stuck to the fibronectin coating; therefore, additional rinse 

steps were often required to remove excess debris. A disadvantage to using the compliant, 

silicone dishes was that cells could not be removed from the plate via scraping. This meant that 

the collection of cellular lysates demanded the use of trypsin, which could affect cellular gene 

expression.  

 

5.3. VICs as unique mesenchymal cells 

The identity of VICs has long been debated. VICs were previously regarded as a fibroblast 

with smooth muscle-like characteristics as they demonstrated several phenotypic qualities similar 

to both fibroblasts and SMCs (203, 227). However, more recently it has been accepted that VICs 

are a unique cell type that have the ability to activate or differentiate into various phenotypes (i.e. 

myofibroblast-like and osteoblast-like) (237). Previous studies have shown that VICs in a non-

activated state have an elongated, spindle-like morphology, similar to cardiac and dermal 

fibroblasts (126). Although our cell cultures showed similar trends, we noticed marked 

differences between the VICs and the A-fibs. We found that the A-fibs appeared to have larger 
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cell bodies, which more closely resembled a cuboidal/cobblestone appearance, as opposed to a 

spindle-shaped appearance. VICs, D-fibs and BMCs all exhibited a spindle-shaped cell body 

with elongated cellular processes, although the BMCs were visibly smaller in size as compared 

to the VICs and D-fibs.  

We also compared the expression of fibroblast and bone marrow progenitor cell markers, 

between the cell types. All of our experiments included a secondary antibody control to assess 

the presence of false positive staining, such that we could be confident that any staining we 

observed was indicative of true protein-antibody binding (i.e. positive protein expression). As 

expected, both α-SMA and vimentin were expressed in all cell types (228). Although α-SMA 

staining was weak, some long straight filaments could still be observed. While the cells exhibited 

a web-like pattern of vimentin, we expected a stronger immunofluorescent signal. However, 

since all cell-types exhibited weak vimentin staining this could be attributed to efficiency of the 

antibody. While previous studies have shown that a small percentage of VICs may express low 

levels of desmin in a diffuse arrangement, this was not observed by our lab. None of our cell 

cultures, including the VIC cultures exhibited desmin expression. This discrepancy may be due 

to the difference in passage number used to performed these experiments. Whereas our lab used 

P1 cells to perform the immunocytochemical analysis, to our knowledge all previous studies 

used cells isolated from passages 3-6, or higher (300-303). This large difference in passage 

number could account for discrepancies in protein expression. Discoidin domain receptor II 

(DDR2), a known marker for fibroblasts, its expression was observed in all cell types (308).  

Periostin is a secreted extracellular matrix protein and is commonly used as a marker for 

fibroblasts (308). It is also found in the mature post-natal heart and is constitutively expressed at 
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low levels by VICs (309). Periostin is expressed in high levels during valvulogenesis and is vital 

to embryonic valve development (310, 311). Homozygous deletion of periostin results in serve 

malformation of the aortic valve and formation of calcific nodules (312). Studies have also 

shown that periostin expression is increased in the event of aortic valve disease and that elevated 

levels of periostin in the post-natal heart promotes fibrocalcific remodeling, whereas deletion of 

periostin attenuates pathological hypertrophy and cardiac remodeling cause by pressure overload 

(313). We observed periostin staining in the atrial fibroblasts and dermal fibroblasts alone, 

suggesting that the VICs in culture were not in an activated state. However, VICs stained 

strongly for OPN – as did BMCs, albeit only weakly. As the VIC cultures stained only weakly 

for α-SMA, but strongly for OPN, this suggests that our cell cultures were undergoing osteogenic 

differentiation due to presence of pro-osteogenic factors in the media, rather than through 

cellular activation. Neither A-fibs nor D-fibs stained positive for osteopontin, suggesting that 

fibroblasts differ from VICs in their response to factors in the cell culture media. 

Kit, a marker for progenitor cells, was present in both BMCs and VICs. Positive staining for 

VICs has been previously observed and supports the suggestion that circulating progenitor cells 

replenish VICs. 

 

5.4. Substrate modulus as a regulator of cellular phenotype 

It has been well established that cells respond to environmental cues, including mechanical 

tension (314-318). As such, culturing cells on hard plastic dishes creates an environment that 

fails to mimic physiological compliance. Stiff substrates have been shown to cause cell 
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activation and modulate gene expression, whereas biomimetic substrates arrest cells in a 

physiological, quiescent state (319). To demonstrate this, previous studies have primarily used 

soft hydrogels and or various in house polymeric compounds (320-324). Our lab sought to 

investigate the efficacy of pre-fabricated, compliant, silicone-based culture dishes to mitigate 

cellular activation. To demonstrate this we recorded changes in cellular morphology and α-SMA 

expression. Congruent with previous studies, VICs and fibroblasts that were cultured on 

compliant substrates that had a spindle-like morphology, whereas those plated on the stiffer 

matrices had a cobblestone/cuboidal shape. The softer substrates also reduced α-SMA expression 

and maintained depressed levels over passage (P0-P1). This finding indicates that cells may be 

expanded and undergo serial passage without overt activation by using these prefabricated, 

biomimetic substrates. This may be important in the application of tissue engineering heart 

valves, in order to grow large numbers of donor cells without causing cellular activation and 

pathological differentiation. 

 

5.5. NOTCH signaling as a potential regulator of VIC phenotype 

We sought to compare the transcriptome of VICs to A-fibs, D-fibs and BMCs and examine 

any differences of expression in key regulatory pathways that may influence VIC phenotype. The 

results from our microarray demonstrated significant differences in gene expression of several 

NOTCH signaling targets, most notably HEY1 and HEY2. NOTCH is an intercellular signaling 

pathway that is involved in cell fate determination and if left unregulated can lead to oncogenesis 

(271, 284). It has been well established that this pathway is a key regulator in valvulogenesis and 

mutations in this gene have been linked to inherited cardiovascular deformities, including 



88	  

	  

congenital bicuspid valve disease (276, 287, 295, 325-329). More recently, it has been observed 

that dysfunctional NOTCH leads to VIC osteogenesis and promotes fibrocalcific remodeling in 

the heart (283, 330). Furthermore, constitutive expression of NOTCH1 in the post-natal heart 

abrogates the expression of cardiac muscle proteins, such as sarcomeric myosin heavy chain and 

alpha-actin (331). This suggests that NOTCH may be an important regulator of the VIC 

phenotype.  

Two key downstream targets of NOTCH are HEY1 and HEY2. We found significant 

differences in HEY1/HEY2 RNA levels in VICs as compared to fibroblasts. VICs demonstrated 

markedly higher HEY2 RNA levels in comparison to cardiac and dermal fibroblasts, whereas 

dermal fibroblasts had significantly higher levels of HEY1. This apparent reciprocal relationship 

in HEY1/HEY2 gene expression amongst cell types is of interest. We do recognize, however, that 

a limitation to our analysis is that all data is reported in relative abundance, not absolute 

abundance. Therefore, our data may present exaggerated results that are not physiologically 

relevant. In addition, based on our results we cannot conclude whether the differences in RNA 

levels amongst cell types is a result of increased or decreased gene expression or due to 

differences in mRNA stability. Methods including kinetic labeling techniques and transcriptional 

inhibitors can measure the rate of mRNA decay (332, 333). Similarly, transcriptional pulsing 

methods such as those based on the c-fos inducible promoter and the tetracycline regulated (tet-

off) promoter systems can also measure mRNA stability (334). Such experiments would 

complement our RT-qPCR data. We also acknowledge that our data only provides information 

for a singular time-point. As such, time course experiments would have provided information 

regarding relative gene expression over an extended period of time. In addition, while 

quantitative analysis of relative RNA abundance does provide insight into gene regulation and 
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may accurately reflect relative protein abundance, we cannot rule-out the possibility of 

discordant protein and mRNA expression. Unfortunately, we were unable to acquire meaningful 

data on the relative HEY1 and HEY2 protein levels across cell types via Western blotting, and 

were unable to pursue alternative methods for protein detection, such as LC/MS/MS. Therefore, 

without having qualitative data describing relative protein expression, our analysis is limited. 

Furthermore, studies that investigate HEY1 and HEY2 activity would provide a greater 

understanding as to the potential functional differences between tissue types in regards to 

NOTCH/HEY regulation. For example, as HEY 1 and 2 are transcription factors, cellular 

localization studies establishing differences in regional distribution HEY1 and HEY2 between 

tissues would be valuable, (however, this technique also requires the use of antibodies). In 

addition, transcription factor activity assays (e.g., luciferase assays) could be used to measure 

functional differences in HEY1 and 2 activity between tissue types. These experiments are 

critical as relative differences in HEY gene expression may not result in physiological 

differences.  

While HEY1 and HEY2 are downstream targets of NOTCH, other signaling pathways may 

also control expression of these genes in VICs. One study investigating the Organ of Corti has 

shown that FGF can regulate HEY2 independent of NOTCH signaling (335). Furthermore HES, 

another downstream target of canonical NOTCH signaling, can also be regulated by pathways 

other than NOTCH, including: hedgehog, FGF, WNT and STAT. As our results showed that 

HES1 expression did not differ significantly between cell types and we suggest that the 

discrepancy in HEY1 and HEY2 expression seen across donor cell types may be independent of 

NOTCH signaling. Unfortunately, due to limitations with the Affymetrix GeneChip Porcine 

Genome 2.0 microarray, the array did not have other downstream targets of NOTCH1; therefore, 
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we did not pursue RT-qPCR analysis of NOTCH1. However, further gene analysis targeting 

NOTCH1 would likely provide insight as to whether differential expression of HEY proteins is 

NOTCH mediated. We also observed trends of varying expression of RBPJ across cell types, 

with A-fibs expressing significantly more RBPJ than BMCs. Whether this difference has 

physiological downstream effects is unknown and further tests would be required to elucidate 

this. As NOTCH activation can affect cell lineage, it may be reasonable to assume that changes 

in signaling may have a greater effect on the less differentiated and more plastic BMCs (276). 

VECs play an important role in regulating VIC phenotype and differentiation (242). Co-

culture with VECs has been shown to reduce VIC activation and osteogenic differentiation (242). 

This paracrine effect is the result of VEC nitric oxide secretion mediating VIC NOTCH1 

signaling. Increased NOTCH signaling leading to an upregulation in HEY1/HEY2 expression, 

which subsequently causes a repression of osteogenic transcription factors BMP-2 and TBX2 

(289). Co-culturing effects were abolished via NG-nitro-L-arginine methyl ester (L-NAME), a 

known NO inhibitor (289, 336). Further investigations showed that inhibition of soluble guanylyl 

cyclase (sGC) also inhibited VEC effects on VIC activation (242). The cell lysates used in our 

microarray and subsequent RT-qPCR experiments were derived from VIC cultures without VEC 

influence. Therefore, our results may oversimplify the complex signaling dynamics that occurs 

within the valve.   

Culture conditions have also been reported to have an effect on cellular gene expression 

(329). One study reported that primary human endothelial cells exposed to fresh media 

(containing serum) for two hours had a robust increase in HEY1 and HEY2 expression, which 

lasted for up to 3 hours (329). Interestingly, concomitant upregulation of other NOTCH target 
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genes was not observed, and pretreatment of cells with soluble BMP receptors abrogated the 

increase in HEY protein expression (329). This suggests that factors in the media can induce 

non-canonical HEY1/HEY2 expression. As our method for collecting cellular lysates includes a 

trypsinization step, followed by neutralization with fresh media, the cell cultures used in our 

experiments were exposed to a brief period of serum prior to RNA extraction (less than 5 

minutes). Although this is substantially less time than the study in question, we cannot dismiss 

that a brief exposure to serum may have affected the results if there are cell specific differences 

in response to serum exposure.  
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6. CONCLUSIONS 

In summary, we have demonstrated the following: 

• Successful in vitro culturing of porcine valvular interstitial cells, porcine atrial fibroblasts, 

porcine dermal fibroblasts, and porcine bone marrow-derived progenitor cells 

• Porcine VICs express a number of fibroblast and progenitor cell markers, in vitro  

• Cultured porcine VICs have a morphology similar to dermal fibroblasts and differentiated 

bone marrow-derived progenitor cells 

• Reduced substrate modulus mitigates activation of primary cultured porcine VICs, A-fibs, D-

fibs and BMCs  

• Reduced substrate modulus maintains a quiescent state in cultured atrial fibroblasts over 

passage (P0 to P1). 

• Stiffer substrates may promote increased cell size and an activated phenotype, in a dose 

dependent manner 

• Porcine VICs, A-fibs, D-fibs and BMCs share unique transcriptomic profiles 

• VICs, A-fibs, D-fibs and BMCs have marked differences in NOTCH signaling pathway 

protein abundance: in particular HEY1 and HEY2 

These results provide evidence to support the suggestion that VICs share similarities to both 

atrial and dermal fibroblasts, as well as bone marrow-derived progenitor cells. Based on our 

analysis, VICs demonstrated the greatest similarity to differentiated BMCs.    



93	  

	  

7. SIGNIFICANCE & FUTURE DIRECTIONS 

Despite the slow progression of calcific aortic valve disease, medical management of aortic 

stenosis remains a temporary measure and surgical replacement is the inevitable treatment for 

patients with severe AS (16, 78). Unfortunately, even with the advances in the design and 

materials used in aortic valve prostheses, these implants still have substantial limitations, most 

notably the dependence on anti-coagulant therapy and/or re-operation (57, 65). The development 

of a heart valve prosthesis that addresses these limitations is imperative. Tissue engineered heart 

valves are a promising solution; however, progress still needs to be made in regards to finding a 

suitable, patient autologous cellular alternative for VICs. The majority of research has focused 

on allogeneic progenitors as a source of cells for engraftment. While non-autologous sources 

may be more readily available in imminent cases, there is still the major drawback of allograft 

rejection (97). As aortic valve replacements are commonly elective procedures with a substantial 

preoperative window, presurgical harvest of autologous cells is a feasible option. The usage of 

the patient’s own cells to recapitulate valve scaffolds would mitigate concerns of 

immunogenicity. Dermal fibroblasts and bone marrow-derived progenitor cells are readily 

available and can be harvested in large quantities with ease and relatively little risk to the patient. 

Similarly, atrial fibroblasts may be a promising source of cells; however harvesting these cells 

may be more challenging. As seen in previous studies, BMCs share similarities with VICs (337). 

Our observation was that BMCs cultured in fibroblast growth conditions most closely resembled 

VICs in regards to phenotypic characteristics and gene expression.  

NOTCH signaling plays an important role in regulating VIC activation and may also be vital 

in providing VICs with their unique phenotype. Our results suggest that the differential 
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expression of downstream NOTCH target genes, HEY1 and HEY2, may be in part responsible 

for the uniqueness of VIC characteristics. Based on our preliminary studies, we were unable to 

determine if the differences in expression were mediated by NOTCH. Therefore, further studies, 

including RT-qPCR studies examining the expression of NOTCH1, as well as putative NOTCH-

independent regulators of HEY proteins, such as WNT, STAT, FGF and hedgehog, are warranted. 

In addition, targeting genes downstream of HEY2, such as BMP, RUNX2 and TBX2, or 

performing a chromatin immunoprecipitation assay to discover HEY2 DNA- or promoter 

binding sites, may provide insight to the downstream effects of elevated HEY2 expression in 

VICs. Creating a HEY2 adenoviral vector to synthetically elevate HEY2 expression in BMC, A-

fibs and D-fibs, followed by similar characterization studies would be a natural progression 

towards determining the effects of HEY2 on cellular phenotype. Finally, we only targeted one 

regulatory pathway from the vast amount of microarray data collected. A more thorough 

examination of the data set and investigation into other regulatory pathways would likely yield 

other pathways governing VIC cell fate and novel hypotheses surrounding the issue of valvular 

tissue engineering.  
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