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ABSTRACT
Age-related muscle atrophy and the importance of satellite cells in muscle
maintenance, growth and repair led us to examine the effects of mechanical stretch, nitric
oxide (NO), and age on satellite cell (SC) activation and gene expression in normal
young and old mice. Baseline variables (body mass, muscle mass, fiber cross-sectional
area (CSA), muscle strength, SC population, stretch activation and gene expression) were
obtained from normal C57BL/6 mice at 3-, 8-, 12- and 18-months-of-age. Activation was
assayed by 3H-thymidine incorporation into extensor digitorum longus (EDL) muscles
isolated for culture. In a second experiment, muscle from 8- and 18-month-old mice was
treated with one or more of: stretch; NO-donors (L-Arginine (LA), isosorbide dinitrate
(ISDN)) and; Nω-nitro-L-Arginine methyl ester (LN). EDL muscles from 6-month-old
mice required a greater stretch stimulus (20% vs. 10% length increase) than EDL from
younger mice to increase SC activation. Stretch did not increase SC activation in mice
older than 6 months-of-age. NO supplementation from an exogenous source (ISDN)
increased SC activation by stretch in 8- but not 18-mo-old EDLs. In a third experiment,
8- and 18-month-old mice were subjected to 3 weeks of voluntary wheel running, or not.
The EDL, tibialis anterior (TA), gastrocnemius (GAST) and quadriceps (QUAD) muscles
were selected for analysis following sacrifice. The QUAD muscle from 8-month-old
mice was the only muscle that demonstrated an exercise-induced increase in SC
activation, elevated expression of neuronal nitric oxide synthase (NOS-I) and
downregulation of myostatin, a gene that inhibits muscle growth. These results suggest
mechanical stimulation of satellite cells and regulation of gene expression that controls
muscle growth in voluntary contractile tissue is muscle-specific and age-dependent.

VII

Perturbed sensitivity to mechanical stimulation and NO in muscle from 18-mo-old mice,
in culture and in vivo, may partly explain loss of muscle mass, fiber CSA, relative grip
strength and SC pool size with age. Similar to dystrophic muscle, a disrupted dystrophinglycoprotein complex and subsequent alteration in NO availability may affect the ability
of native satellite cells to maintain or effectively regenerate aged muscle. Therefore, NO
treatment and exercise have the potential to stimulate satellite cell activation and increase
muscle growth.
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CHAPTER 1. INTRODUCTION
In the postnatal period, skeletal muscle is a post-mitotic, voluntary contractile
tissue responsible for movements of the skeleton [1]. Skeletal muscle also plays a role in:
protection of bones, organs, vessels and nerves; metabolism; oxygen consumption; and
regulation of body temperature. Muscle is a dynamic tissue that is constantly undergoing
maintenance, growth and repair through the processes of protein synthesis and
degradation. A balance of these two processes results in maintenance of muscle size and
shape, whereas increased levels of protein synthesis or degradation lead to muscle growth
(hypertrophy) or muscle loss (atrophy), respectively.
Since skeletal muscle is post-mitotic, nuclei located within individual muscle
fibers do not have the ability to maintain, increase or repair fiber size and shape.
Fortunately, located between the sarcolemma and basement membrane of the fiber are
muscle precursor cells called satellite cells. Satellite cells were named by Mauro in 1961,
more for their location than function [2]. Muscle precursor cells surround the muscle
fiber much like a satellite orbits the earth; sensitive to signals sent or received by the
dominant mass. In 2000, Anderson discovered that the chemical messenger, nitric oxide
(NO), governs the activation state of satellite cells [3]. In normal adult muscle, a
pulsatile release of NO maintains the quiescent state of the cells whereas a bolus release
of NO results in the activation, proliferation and differentiation of satellite cells. Unlike
the nuclei of the muscle fiber, satellite cells are stem cells and have the ability to divide
into a large number of daughter cells, identical to itself (self-renewal), or into precursor
cells that eventually become mature muscle cells [4]. Therefore, muscle satellite cells are
responsible for the maintenance, growth and repair of muscle tissue.
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Satellite cells must be activated in order to contribute to the processes of muscle
maintenance, growth and repair [5]. Activation of satellite cells can occur through
stretch, exercise, trauma, denervation [6] and the addition of growth factors, specifically
hepatocyte growth factor (HGF) [7-10]. For the purposes of this research, the two
models used to study satellite cell activation are stretch in vitro and exercise in vivo. In
both of these models, the mechanical stimulus of stretch or exercise is utilized to produce
a bolus release of NO from the muscle fiber to activate satellite cells. Although stretchand exercise-induced satellite cell activation have been well documented in young muscle
of both humans [11-14] and animals [7, 15-21], the effects of mechanical stimulation on
satellite cell activation in aged muscle has yet to be realized.
In young muscle, satellite cells typically respond to stimuli by becoming activated
within 10 minutes, however, in aged muscle there is a 24 hour lag between the
application of a stimulus and activation of muscle precursor cells [22-24]. However, the
age-related delay in satellite cell activation has been demonstrated using in vivo models
of severe muscle trauma or in vitro studies incorporating growth factors. Therefore, the
current study is unique in the fact that in vitro stretch and in vivo exercise are adopted to
activate satellite cells from aged muscle. Since muscle atrophy and decreased muscle
function is associated with aging, it is important to determine how typical life-style
activities, such as stretch and voluntary exercise, can be utilized to combat the negative
consequences of age-related muscle atrophy.
Age-related changes in animal and human muscle include decreased mass and
volume; reduced fiber CSA; diminished strength and power; impaired contractile
function; increased cell death (apoptosis); and a decreased ability to respond to
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hypertrophic stimuli [25, 26]. A diminished response to hypertrophic stimuli may be the
cause of age-related changes in skeletal muscle with reduced mass, volume, CSA,
strength, power and contractile function being the effects. Central to the lack of response
to activating stimuli is the satellite cell. If satellite cells cannot be activated to maintain,
enlarge or repair muscle, atrophy will ensue. Since muscle precursor cells are the main
contributor to these processes, intuitively, defunct recruitment of satellite cells would
result in the structural and functional deficits associated with aging.
To date, NO [7, 16, 27-31] and HGF [8, 17, 23] are the only two chemical
messengers proven to activate satellite cells . As mentioned previously, NO production
(in young muscle) increases in response to mechanical stimulation. In addition, NO has
been implicated in the formation of neuromuscular junctions, glucose uptake, muscle
contraction and vasodilatation [32]. NO is produced via the muscle specific isoform of
neuronal nitric oxide (NOS-Iμ) [32, 33]. Since the topic of this thesis is skeletal muscle,
the abbreviation NOS-I will refer to the muscle specific isoform of neuronal NOS. NOSI is anchored in the dystrophin-glycoprotein complex (DGC) that connects the sarcomere
(contractile component of the muscle fiber) to the basement membrane [34]. In normal
muscle, NOS-I is located in an optimal position to communicate with satellite cells. As
NOS-I converts L-Arginine (internal source of NO) to L-citrulline and NO, diffusion of
NO across the sarcolemma of the muscle fiber either maintains satellite cell quiescence,
or activates satellite cells depending on the amount of NO produced [6, 31].
Blake and colleagues demonstrated that the lack of response to mechanical stimuli
in the EDL and soleus muscles of aged rats can be attributed, in part, to the alterations in
mitogen-activated protein kinase phosphorylation [35]. Although the mechanisms
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responsible for these changes are poorly understood, data confirm that aged muscle does
not respond to an applied load to the same extent as young muscle [36]. Interestingly, in
genetic diseases such as muscular dystrophies, similar deficits in load-induced signaling
of skeletal muscle are present [37]. Dystrophic muscle is characterized by varying
degrees of DGC defects (depending on the type of dystrophy) which may also be
responsible for deficits in mechanically-induced satellite cell activation since the DGC
plays a role in sensing mechanical forces imposed on the sarcolemma of muscle fibers
[38]. Similar to dystrophic muscle, contractile tissue from the aged muscle of rats has
demonstrated an absence or discontinuous distribution of dystrophin along the
sarcolemma of muscle fibers [39]. In addition, suspension-induced atrophy models in
young normal mice have resulted in a dislocation of NOS-I from the sub-sarcolemmal
position to the cytoplasm of muscle fibers. Dislocation of NOS-I from the DGC not only
disrupts the structure of muscle fibers but actually increases atrophic signaling within the
fiber[40]. These results suggest that two prominent changes in aged muscle, increased
susceptibility to contraction-induced injury and the lack of response to hypertrophic
signaling, may be a result of disruption to the DGC and dislocation of NOS-I into the
cytoplasm of fibers. Both of these changes would ultimately affect the ability of aged
muscle to activate satellite cells for the purposes of muscle maintenance, growth and
repair.
If the DGC is disrupted, and NOS-I is dislocated into the cytoplasm of the muscle
fiber, stretch and exercise may not be able to activate satellite cells via NO production
since this messenger molecule has a very short half-life and is only able to travel 150-300
μm during this time [41]. Although muscle fibers typically range in diameter from 10-
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100 μm [1], the quantity of NO that reaches a satellite cell when NOS-I is dislocated may
not be sufficient to activate satellite cells. In addition, the sensitivity of satellite cells to
NO may be altered with age. Thus, it is important to determine if exogenous sources of
NO that do not have to be converted to NO via NOS-I can rescue muscle from agerelated atrophy. If satellite cell sensitivity is not changed with age, an exogenous source
of NO would have the ability to activate satellite cells since the displacement of the
enzyme would be irrelevant.
Despite the fact that age-related changes in skeletal muscle have been well
documented, the progression and sequence of these changes are not well understood. To
develop effective, non-invasive treatments through exercise and NO supplementation, a
preventative approach may be more effective than reactive intervention. In order to
prevent sarcopenia (age-related loss of muscle mass), it is important to identify when
structural and functional changes in skeletal muscle begin to occur. Therefore, a
component of this research has been dedicated to re-investigating the effects of age on
muscle structure and function in normal female mice from a young age to a period when
the animals are considered senescent.
Evidence suggests that the age-related structural and functional changes that occur
in muscle may be a result of a diminished ability to respond to hypertrophic stimuli [42].
Absent or discontinuous DGC and dislocated NOS-I may be responsible for the loss of
mechanically-induced satellite cell activation in aged muscle. Therefore, the purpose of
this research is: (1) to determine the progression of age-related changes in muscle
structure and function, (2) to investigate the effects of stretch and NO
supplementation/inhibition on satellite cell activation in aged muscle that demonstrates a
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reduced sensitivity to mechanical stimuli and, (3) to determine if voluntary exercise can
rescue different muscles from the structural and functional changes that occur with age
via increased satellite cell activation.
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CHAPTER 2. REVIEW OF LITERATURE
2.1 Skeletal Muscle
Skeletal muscle is a vital and dynamic tissue both morphologically and
functionally. The “heart” of any striated muscle is the muscle cell which is a
multinucleated syncitium called a fiber. Morphologically, muscle tissue is constantly
undergoing processes responsible for growth, degeneration, maintenance and repair,
depending on the imposed requirements of the tissue and the state of the environment in
which it is exists. Functionally, skeletal muscle is responsible for movement of the body
by producing tension on bones to move, stabilize or neutralize the articulations of osseous
tissue that forms the framework of the skeleton. In addition, muscle helps to regulate
body temperature and provides protection for other systems of the body (i.e. skeletal,
digestive system).
2.1a Structure
Here, structure will refer to gross organization, then it will be discussed from
“outside – in” or from the extracellular matrix and connective tissue to the complex and
intricate features of the structurally dynamic contractile component of muscle known as
the sarcomere. The architecture of skeletal muscle, which was well reviewed by
MacIntosh and colleagues, is responsible not only for the appearance, at a macro- and
microscopic level, but also the dynamic function of the contractile tissue [43].
Superficially, the entire muscle is covered by a dense connective tissue known as
the epimysium. The epimysium not only compartmentalizes individual muscles but also
pierces the muscle belly to further section the contractile tissue by surrounding bundles of
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muscle fibers with connective tissue known as the perimysium. The perimysium is
thinner than the epimysium but is still a strong and dense connective tissue since it serves
as a pathway for vessels and nerves to penetrate the central aspect of the muscle belly.
Arterioles, venules, and intramuscular nerve branches are located underneath the
perimysium in a mesh-like network of collagen fibrils, some of which connect to the
delicate connective tissue surrounding individual muscle fibers known as endomysium.
The endomysium is a delicate and dense layer of connective tissue that connects, in some
capacity, to the basement membrane of the muscle fiber.
The basement membrane is an extracellular component of muscle tissue
surrounding each individual muscle fiber. Within the basement membrane are two
distinct structures: the basal lamina that links the basement membrane to the
plasmalemma (also known as sarcolemma); and the reticular lamina, superficial to the
basal lamina but deep to the endomysium [44]. The basal lamina is composed of two
layers that can be identified with electron microscopy and are known as the (a) lamina
densa and (b) lamina lucida. The lamina lucida lies underneath the lamina densa, but is
superficial to the plasmalemma of the myofiber that envelopes the cell and ensures the
chemical composition within this membrane is different from the extracellular
environment [43]. These membranes are not only important for the structure of
contractile tissue but also form a microenvironment or “niche” that contains muscle stem
cells [45]. Muscle stem cells or satellite cells (SCs) were first identified by Mauro in
1961 and lie between the plasmalemma and basal lamina of the muscle fiber [2].
Myogenic satellite cells, which will be discussed later in more detail, are essential
for normal muscle growth and repair from injury or disease [5]. Depending on animal
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group, age, and/or muscle type, satellite cells only comprise 3-6% of all muscle nuclei
whereas myonuclei make up the largest percentage [45]. Myonuclei lie within the
syncitium of muscle, internal to the plasmalemma, and do not have the ability to divide.
Conversely, satellite cells are external to the fiber membrane, are contained within in a
specific cell membrane, and have the ability to activate, proliferate and differentiate given
the appropriate stimuli.
Near the tendon of a muscle, the collagen fibrils of the reticular lamina connect to
the collagen fibers within the muscle tendon. Collectively, these collagen fibrils transmit
force from the contractile component of the muscle fiber to the tendon and, subsequently,
the articulating bone [43]. Several proteins such as acetylcholinesterase, collagen,
fibronectin, tenascin and agrin lie within, or are bound by the basement membrane layer,
and are pivotal to achieving normal structure, contractile function and innervation of the
muscle fiber. Collagen, or fibronectin and tenascin connect the basement membrane and
the plasmalemma, respectively, to the collagen fibers of the endomysium. This ensures a
mechanical link between the contractile component of the muscle cell and the connective
tissue, and forms the ultimate link to the skeleton.
Deep to the basement membrane is the plasmalemma, and it is between these two
layers that Mauro (1961) made the novel discovery of muscle satellite cells. As in all
cells, the plasmalemma of the muscle cell is a lipid bilayer that surrounds the entire
muscle fiber and separates the intracellular- from the extracellular-environment. The
dynamic properties of the plasmalemma govern the transport of sugars, lipids, amino
acids and ions across the membrane via several pumps, channels, and transporter proteins
(e.g. for glucose) embedded within the lipid bilayer. Proteins that form ion channels
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either cross one (intrinsic) or both (extrinsic) layers of the plasmalemma. Proteins pivotal
for structure, and ultimately for mechanical force transfer from the cytoskeletal structures
and plasmalemma to the basement membrane and endomysium are called integrins. In
addition to integrins, two laminin receptors and the dystrophin/glycoprotein complex
assist in linking the sarcomere to the basement membrane. The importance of the
dystrophin-glycoprotein complex to the stability and effectiveness of force transfer in
muscle is no more evident than in individuals with Duchenne Muscular Dystrophy
(DMD). In DMD, the dystrophin-associated glycoprotein complex is deficient which
leaves the muscle susceptible to extensive damage even when the simplest of contractions
are performed (e.g. walking). The integrin proteins are bound to laminin receptors which
are a component of a greater structure known as the costomere [46]. Costomeres link the
Z-disk of the sarcomere, via γ-actin, desmin and vimentin, with the basal lamina through
the integrin proteins [47].
Up to this point, the extracellular components of muscle tissue and proteins that
traverse the plasmalemma of the muscle cell have been described. Several references
have been made to proteins that form the link between the muscle cell cytoskeleton and
the connective tissue that ultimately transfers force to the bones of a joint. The
contractile component of the muscle fiber, or sarcomere, is the mechanical component of
the muscle fiber and enables the tissue to shorten with tremendous force and/or velocity.
Each muscle fiber is comprised of several to several thousand myofibrils that give the
muscle fiber its striated appearance. Striations are a result of alternating dark (anistropic)
and light (isotropic) filaments that correspond to myosin and actin, respectively.
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Individual myofibrils contain many sarcomeres depending on the length, function
and pennation of the muscle and fiber to which it belongs. Sarcomeres are composed of
actin and myosin filaments. Actin and myosin filaments run longitudinally in a myofiber,
and are bordered on each end of the sarcomere unit by a Z-disk that is orientated
perpendicular to the filaments. Myosin filaments are located within the A-band of the
sarcomere and are bisected by the M-region that maintains the appropriate 3-dimensional
spacing between the thick filaments.
The longitudinal orientation of the myosin filaments is achieved by an extremely
large protein called titin. Titin wraps around the myosin filament and passes through the
I-band to connect to the Z-disk. Lateral to the A-band, in a longitudinal section, is the Iband comprised of actin filaments. Similar to the A-band, proteins midway along the Iband maintain the position and stability of the actin filaments. Nebulin, which has a
similar role to that of titin with myosin filaments, contributes to the position and stability
of actin filaments along with the intermediate filaments desmin, vimentin, symenin, and
α-actin. The intermediate filaments connect the Z-disk to the filamentous cytoskeleton
proteins actin, dystrophin, and spectrin, completing the mechanical link between the
endomysium and basement membrane to the sarcomere. The H-zone of the sarcomere is
the central region of the A-band and contains only myosin and the M-region.
Immediately lateral to the H-zone is the section of the A-band where actin and myosin
overlap, giving this region a darker appearance. Each myosin filament is surrounded by 6
actin filaments in a hexagonal arrangement. This hexagonal arrangement allows for the
formation of cross-bridges between actin and myosin filaments. Each actin filament is
surrounded by a rope-like molecule known as tropomyosin. Tropomyosin is a binding
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site for troponin which contains three subunits (TnT, TnC, and TnL) responsible for the
attraction of calcium ions and the promotion and/or inhibition of actin-myosin interaction
[1].
Each myofibril is encased by a membrane meshwork called the sarcomplasmic
reticulum (SR) that plays an important role in the calcium release-mediated contraction of
skeletal muscle. At the junction of A- and I-bands, the sarcoplasmic reticulum abuts on
both sides of the transverse tubule system to form a triad consisting of 2 terminal
cisternae (expansion of SR) and a T-tubule.
The structure of skeletal muscle cannot be discussed without reference to the
neuromuscular junction since voluntary contraction would not be possible without the
connection between the nervous system and striated muscle. Myelinated motor nerves
branch and lose the insulating myelin sheath at the terminal end of the axons as the axon
approaches the muscle fibers and forms the neuromuscular junction (NMJ). The
branched fiber at the terminal end of the axon forms the neuronal bouton that contains
numerous mitochondria and acetylcholine (ACh) vesicles. Opposite the axon terminal
and across the intervening cleft of the neuromuscular junction, the plasmalemma of the
muscle fiber invaginates to form junctional folds of the motor end plate region that
contain many ACh receptors and sodium (NA+) channels. Excitation of the motoneuron
is communicated to the muscle fiber at the NMJ via the release of ACh that travels across
the NMJ cleft to bind to ACh receptors, depolarize the T-tubules and stimulate Ca2+
release from the SR. This Ca2+ induces myosin-actin interaction in a process that is
described as excitation-contraction coupling (described below).
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2.1b Function
Skeletal muscle has four distinct functions that include contractility, excitability,
extensibility and elasticity [48]. Contraction is the most evident functional characteristic
of muscle as it causes movement, stabilization and neutralization of the skeletal system.
For example, when performing a bicep curl the biceps brachii muscle produces
“movement” by pulling the forearm closer to the upper arm; the rhomboid muscles
contract to “stabilize” the scapula against the body wall; and the pronator teres is
activated to prevent supination of the forearm by “neutralizing” the position of the radius.
The excitability of skeletal muscle allows for the voluntary control of muscle contraction
via the nervous system. Passive structures that form the framework and maintain the
architecture of sarcomeres contribute to the extensibility of muscle tissue along with the
connective tissue that invests and invades the muscle belly. The series and parallel
elastic components are extensile features of muscle derived from its tendinous and
membranous structures, respectively [49]. Elasticity, also derived from the series and
elastic components, is the property of muscle that returns the tissue to original length
after being extended beyond resting length. Titin is the third most abundant protein in
skeletal muscle, after actin and myosin, and is an integral part of the series elastic
component, contributing to the extensible and elastic characteristics of muscle [50].
The chemical and mechanical processes of muscle contraction will be described
from the axon of the motoneuron to the tendinous attachment on bone. An action
potential travels down the axon from the cell body to the motor end plate causing release
of the acetylcholine-filled vesicles from the boutons and into the synaptic cleft.
Acetylcholine binds to the acetylcholine receptors, located in the plasmalemma of the
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junctional folds, which increases the permeability of the membrane and leads to an influx
of Na+ ions. The depolarization travels deep into the muscle via the transverse tubular
system. The depolarization signal is passed to the sarcoplasmic reticulum at the triad that
causes a release of Ca2+ from the sarcoplasmic reticulum and into the sarcoplasm of the
muscle fiber. Ca2+ binds to troponin on the actin filaments and exposes the active
binding site for myosin. The myosin head binds to the actin filament via troponin,
forming a cross bridge and causing a release of phosphate from the head of the myosin
molecule. Energy stored in the head of the myosin molecule causes bending of the
myosin head that pulls the cross bridge closer to the M-region of the sarcomere.
Consequently, the Z-disks move closer together and narrow the diameter of the H-zone
and the I-band since actin filaments slide towards the central portion of the contractile
unit. As the Z-disks move closer together, the costameres, which attach to the Z-disk,
place tension on the plasmalemma and basement membrane via the integrin molecules
[47]. The basement membrane is subsequently attached to the collagen fibers of the
endomysium, via reticular fibers, and extends to the perimysium and outwards to the
epimysium [1]. Through the epi-, peri- and endomysium connective tissue layers,
mechanical force is transferred from the sarcomere to the muscle tendon and ultimately,
the bone targeted for intended movement.
The ability of muscle to cause movement is determined by the resultant vector
from the sum of all muscle fiber actions and total resistance forces in 3 dimensions,
including inertia. Torque is the product of force and the perpendicular distance from the
axis of rotation to the line of action of the force (i.e. muscle or resistance). The
musculoskeletal system in mammals is actually inefficient in utilizing the force produced
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by a muscle; however the design maximizes the range of motion based on the mechanical
advantage of the muscle-bone system [49]. For example, the elbow joint is classified as a
3rd class lever because the mechanical advantage (moment arm of the force divided by
the moment arm of the resistance) is less than one, since the length of the force arm (from
the axis of rotation to the insertion of the muscle) is shorter than the length of the moment
arm of the resistance (from the axis of rotation to center of gravity of the forearm and
hand). Therefore, the force of the muscle must be much greater than the force of the
resistance (greater than the magnitude of the difference between the lengths of the
moment arm) in order to achieve movement. The smaller the discrepancy in the length of
the moment arms, the less force is required to overcome the resistance to movement.
Conversely, the musculoskeletal system is designed to maximize the range of motion at a
joint since minimal linear displacement of the insertion of the muscle results in a large
range of motion at the distal aspect of the limb. The magnitude of the difference between
the length of the insertion of the muscle to the axis of rotation, and the length of the point
of interest to the axis of rotation, is the multiplier for the difference in linear displacement
of the two points.
As mentioned above, the torque of a muscle is dependent on the length of the
moment arm of the force and the magnitude of the muscle force. Several variables
influence the amount of force or tension that a muscle can produce including, but not
limited to, the size and cross-sectional area of muscle; muscle architecture; fiber type;
length of muscle; type of contraction; velocity of contraction; muscle endurance, and the
number of motor units recruited. The general features of muscle fiber type and type of
muscle contraction, and how each contributes to muscle torque will be discussed briefly
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here. A more detailed review of fiber type and type of contraction will be presented later
since these two variables are particularly important in relation to age and muscle damage,
respectively.
The size (length) and cross-sectional area (diameter) of a muscle are related to the
anatomical location and proposed function of that muscle. Smaller muscles used for fine
motor skills and tasks requiring less strength, such as the first lumbrical muscle, contain
only about 10 muscle fibers [51]. By contrast, the human medial gastrocnemius muscle
has, on average, over 1,000,000 fibers [52]. Considering all muscles, as the number of
fibers in a muscle increases the ratio of muscle fiber per motor unit increases. In other
words, contractile tissue that has hundreds of thousands of muscle fibers is intended for
large powerful movements and one motor unit can supply over a thousand fibers. By
contrast, the external rectus muscle of the eye may contain only nine fibers for every
motor unit. [52].
There is a general consensus in the literature that the cross-sectional area (CSA)
of a muscle fiber is positively correlated with peak force (P0) production [53-55]. In fact,
a review by Malisoux illustrated that the correlation is so strong that training programs
that are designed to promote muscle hypertrophy do not demonstrate a change in CSA/P0
since both variables increase proportionately [56-61]. Only two studies demonstrated a
disproportionate increase and decrease in the ratio of fiber CSA to peak force, but these
studies included bodybuilders on steroids and recreational runners training for a
marathon, respectively. Steroid supplementation accounted for the disproportionate
increase in fiber size whereas marathon training lead to a decrease in fiber CSA in
relation to P0 [58, 62].
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The orientation of muscle fibers in relation to the tendon establishes the
architecture of the contractile tissue and determines the amount of force each sarcomere
contributes to the tension placed on the bone via the tendon. This orientation of muscle
fibers constitutes the pennation of the muscle. Two general categories of pennation exist;
pennate- and parallel-fiber arrangement [63].
Fibers within parallel-fiber arrangement muscles are aligned parallel to the
tendon; therefore, the force vector of each fiber is directed along the tendon and the
majority of force produced is transferred to the tendon and ultimately, the bone. The
parallel-fiber structure allows large proportional shortening of the muscle and, therefore,
a very large range of motion.
Muscles with a pennate-fiber arrangement have the fibers aligned at an angle to
the tendon that results in forces transmitted along the longitudinal and transverse axis of
the tendon. Using vector analysis one can observe that the greater the angle of pennation
the less effectively force is transferred to the tendon-bone structure [49]. In a positive
manner, a pennate-fiber arrangement allows for a greater number of fibers per unit
volume of muscle compared to parallel-fiber arrangement. This increases force
production and stability at the expense of range of motion. For example, the resultant
force of a muscle fiber pulling at an angle of 45° to the tendon is comprised of a vertical
(along the length of the tendon) and horizontal force vector (perpendicular to the tendon).
Because the angle of pull is 45°, the two force vectors have equal magnitude and
approximately 70% of the resultant force is directed in both the vertical- and horizontaldirection (figure 2.1). Similarly, about 30% of the change in length of the muscle fiber
will not contribute to the vertical displacement of the tendon due to the angle of muscle
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pennation. The pennate-fiber arrangement of a muscle, therefore, allows for greater force
production by that muscle since more fibers connect on a tendon, albeit with a
compromise in the resultant force produced by each fiber. The compromise, however,
means there is less range of motion since the proportional shortening is lower than in
muscles with a parallel fiber arrangement where there are fewer fibers per volume of
muscle.
Muscle fiber type determines the force, fatigability and twitch speed of a muscle
fiber. Various muscle fiber-type classifications will be described later in greater detail.
A type I fiber has slow contraction velocity, produces small forces, and is resistant to
fatigue. Type IIA fibers have a faster contraction speed, intermediate force production,
and relatively low fatigability. Type IIB fibers are characterized by a fast contraction
speed but produce more force and have high fatigability compared to type IIA fibers.
Johnson and colleagues demonstrated that the majority of muscles in humans are
heterogeneous and are composed of type I- and type II-fibers [64]. Two exceptions to
this generalization are the soleus- and obicularis oris-muscle that consist mainly of type I
and type II fibers, respectively. Conversely, fiber type percentages in wild type mice are
more homogeneous than humans and have a much lower percentage of type I fibers [65].
The next variable that affects the force of a muscle contraction is the type of
contraction that occurs. Concentric contraction is activation of a muscle that causes the
shortening of muscle fibers and ultimately the entire muscle. Hill was the first to propose
the force-velocity relationship of concentric contraction which suggested there is a
negative correlation between the force of a concentric contraction and the velocity of the
shortening of the muscle. When the maximum amount of force a muscle can produce
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equals the force of the resistance, the system is in equilibrium and no movement occurs.
This type of contraction is an isometric contraction and defines the transition point
between concentric and eccentric contraction. An eccentric contraction is lengthening of
a muscle during contraction and occurs when the torque of the resistance at a joint is
greater than the torque of the muscle contraction acting at the same joint. As the
magnitude of the eccentric contraction increases, the velocity at which the muscle
contracts also increases. The combination of increasing muscle force and increasing
velocity often leads to muscle damage since fewer cross-bridges are engaged at any one
time and cause sarcomeres to become weaker and more easily disrupted [66].
Velocity of Contraction – The velocity of a contraction can either be correlated
with the type of contraction or can be independent. For instance, concentric contractions
with a low resistance can be performed at a high velocity; they can also be executed
slowly. Similarly across all types of muscle (i.e. cardiac, smooth and skeletal), in a
concentric contraction the greatest force can be produced at a velocity near zero and force
declines as the velocity of the movement increases. However, the opposite holds true for
eccentric contractions as the faster the movement, the greater the force produced. If the
velocity of a contraction reaches zero, the contraction is considered isometric (iso =
equal; uniform) since there is no change in muscle length.
Length-tension relationship – There are major differences between the forcetension relationship of a whole muscle and that of single-fiber units. Single fibers
isolated from whole muscle can produce peak force at resting length. However, in whole
muscle, maximum force is produced beyond resting length as the connective tissue
components (i.e. series elastic component, parallel elastic component) become engaged in
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producing maximum tension. For example, analogous to pulling a brick along a platform
with an elastic, the extensibility of the tissue or elastic material must be maximized to
eliminate the “slack” or laxity in the system evident at resting length. Once the laxity has
been removed from the system, the majority of the applied force will be transferred from
the elastic- to the resistance-components.
The characteristics of muscle described above not only affect the strength of the
muscle, but also the power of the contraction. If strength is deemed as the amount of
force produced, then power is defined as the rapidity by which the force can be generated
[49, 67-69]. Peak power is produced at about 33% of maximum force and approximately
one-third of peak velocity of the muscle [49]. Power is a requirement for elite athletic
performance in most sports (hockey, football, sprinting, etc.). However power is also
essential for activities of daily living (ADL). Although strength has been studied
extensively in the literature, the subject of power training in older adults has received a
lot of attention recently. Hazell and colleagues cited several studies that demonstrate a
much stronger relationship between muscle power and ability to perform ADL compared
to muscle strength and proficiency in executing ADL [69]. One of the major problems
with strength training is that it does not necessarily result in an increased ability to
perform ADL; whereas, power training increases the proficiency at which ADL can be
performed. Resistance training may provide a false sense of security since individuals
may be under the misconception that increased strength will reduce the risk of falls when
in fact, power is the most critical variable when trying to right oneself from an
unbalanced position. Increased disability in executing ADL is strongly and consistently
correlated with decreased muscle power [70-72]. Fortunately, the benefits of power
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training are two-fold since the majority of power training studies report an increase in
strength and an improvement in most functional tests [69].
Although research continues to emerge on the subject of power training in older
adults, additional studies with a high level of evidence are required since little is known
about the most effective training protocol. Porter [73] reviewed literature and stated the
overall benefits of power training occur at a high intensity (80% of one-repetition
maximum); however, higher intensity training may also lead to a greater incidence of
adverse events as reported by de Vos and colleagues [73, 74]. The American College of
Sports Medicine (ACSM) recommends that the intensity of power training be executed at
40%-60% of one repetition maximum (1 RM) [75]. Two other factors need to be
considered before determining the appropriate method of power training for older adults
which include the following: muscle groups to be trained, and the effectiveness of the
program at improving the ability to perform ADL (transfer validity). The transfer
validity of the training program highlights the importance of the specificity of exercises
not only for training but testing as well. Bean and colleagues had subjects wear a
weighted vest (2% of BW) and execute exercises including, but not limited to, chair
stands, toe raises, and seated triceps dips [76]. After 12 weeks of training subjects
increased muscle strength, power, and most importantly, functional performance in ADLspecific tests [67]. It is important to understand that power training programs for older
adults refer to high velocity movements during the concentric phase of an exercise and
not the eccentric component of the activity. Although this type of power training has
demonstrated significant improvement in ADL, results should not be extrapolated and
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applied to reducing the risk of falls since the mechanism of maintaining balance often
requires a powerful eccentric contraction to “right” oneself.
Additionally, power training has not only demonstrated an increase in balance,
but an increase in muscle strength and endurance after 8- to 12-week programs. Muscle
endurance and strength were positively correlated with intensity of training (80% 1RM),
but this high intensity training did not improve balance. The greatest improvements in
balance occurred in the low intensity group (20% 1RM) which suggested that velocity of
training may be more closely associated with balance since the lowest intensity group had
the highest movement velocity [77]. Caserotti and colleagues also used a power training
protocol (75-80% 1RM) with two groups of older women aged to 60- and 80-years-ofage. After 12 weeks of training, 2 days per week, both age groups demonstrated
significant improvements in maximal isometric strength, isometric explosive force
characteristics and muscle power. Even at 80 years-of-age, a substantial positive
response to heavy-resistance training eliminated baseline differences between age groups
in explosive force characteristics and maximum voluntary contraction indices [78]. This
was the first study to investigate the effects of explosive, heavy-resistance training on 80year-old subjects and the results were very promising. Further investigation into optimal
training protocols is warranted, but evidence suggests explosive, heavy-resistance
training at 75-80% 1RM provides the greatest benefit in older individuals. Power
training has the potential to restore the power required to perform ADL and, ultimately,
reduce the risk of falls.
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2.1c Types of Contraction
The nature of muscle contraction influences the amount of force that is produced,
the velocity of the contraction, the range of motion that is supported, and the
susceptibility of muscle to damage. Classically, three types of contractions have been
described: concentric, isometric and eccentric. Although these three terms have been
used extensively in the literature and text books, Faulkner states that the terminology is
incorrect (by over-simplification) and leads to misinterpretations [79]. All muscle
contractions involve metabolic activation of the muscle and development of force, but not
all contractions cause shortening of the muscle as stated in Taber’s medical dictionary
[79, 80]. Therefore, for the purposes of this paper and to adhere to the recommendations
of Faulkner, the terms shortening and lengthening of muscle will replace the descriptions
of concentric and eccentric contraction, respectively. The term isometric will continue to
be used [79].
Shortening contraction describes the activation of muscle which causes the ends
of a muscle to be brought closer together. For example, a shortening contraction of the
rectus femoris muscle will rotate the tibial tuberosity closer to the anterior superior iliac
spine and extend the knee joint while flexing the hip joint. Isometric contraction refers to
activation of the muscle and generation of force without any change in length of the
contractile tissue. If the quadriceps muscles are contracting against resistance and the net
torque about the knee joint is zero, the length of the muscle will not change and the
contraction is isometric. Lastly, a lengthening contraction involves the activation of a
muscle and generation of force as the two ends of the muscle move further apart. For
instance, when landing from a jump the quadriceps muscle contracts to decelerate the
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center of gravity of the body and control the velocity of knee flexion. As the quadriceps
muscle contracts, the knee flexes under load or torque and the tibial tuberosity rotates
away from the anterior inferior iliac spine of the pelvis; this causes the quadriceps muscle
to lengthen. Nearly all muscle strains and ruptures are a result of lengthening
contractions that occur at a high rate of acceleration (positive or negative). The
hamstrings muscle group has the highest incidence of strain and rupture in the human
body [49]. The majority of hamstrings muscle strains occur during high-velocity
movements such as kicking a soccer ball. During the force producing phase of the soccer
kick the hip is being flexed and the knee extended at a tremendous angular velocity.
After ball contact (i.e. critical instant), the hamstrings muscle group contracts with a
significant amount of force to decelerate hip flexion and especially knee extension. As
the muscles contract, the angular velocity of the lower leg causes the hamstrings to
lengthen until knee extension is eventually terminated. Highly-skilled athletes are able to
prevent co-contraction of the hamstrings muscle group until after critical instant which
means the hamstrings muscle group is not recruited until the lower leg is rotating at an
extremely high velocity. Thus, the risk of muscle strain or tear of the semitendinosus,
semimembranosus, and biceps femoris muscles is increased. A similar mechanism of
injury occurs in the gastrocnemius muscle during running or sprinting when the forefoot
contacts the ground during foot strike. A lengthening contraction of the gastrocnemius
muscle occurs to decelerate dorsiflexion of the ankle since the centre of mass of the body
travels over the foot and forces the ankle into dorsiflexion.
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2.1d Fiber Types
The dynamic, functional diversity of skeletal muscle is due, in part, to the various
fiber type patterns in muscles of the body, including both homogeneous and
heterogeneous fiber type distributions. Fiber type classification using many different
methods has been discussed over the years, yet only a few methods have been generally
accepted [81, 82]. The most established research method is to group fiber types
according to myosin heavy chain (MHC) isoform content [81]. This method has only
been accepted since the development of our knowledge of immune-based detection
methods (since 1987), even though isoforms were well described prior to that time, from
biochemical studies. For example, early immunostaining studies were corroborated by
enzyme histochemistry [83]. MHC isoforms determine the velocity of contraction by
influencing the rate at which cross bridges are formed and released [43, 84, 85].
Regardless of the methodology selected, it has been discovered that whole muscle
contains either homogenous or heterogeneous fiber types. Staron and Pette have shown
that there are at least four different MHC isoforms in adult mammalian muscle which
include: slow type I (MHC Iβ), fast type IIA (MHCIIa), fast type IID (MHCIId), and fast
type IIB (MHCIIb) [82]. It is important to note that fast type IID in humans does not
contain MHCIId and should therefore be referred to as fast type IIX [43, 86]. In addition
to these four homogenous types of fibers, Pette and Staron list several combinations of
isoform co-expression that have been identified. These include type I/IIA or IC
(MHCIβ>MHCIIa); type IIA/I or IIC (MHCIIa>MHCIβ); type IIAD
(MHCIIa>MHCIId); type IIDA (MHCIId>MHCIIa); TypeIIDB (MHCIId>MHCIIb) and
type IIBD (MHCIIb>MHCIId).
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Several studies have found a strong correlation between MHC-based fiber type
and contraction velocity. From slowest to fastest, these are: Type IA, Type IIA, Type IID
and Type IIB [81]. The contractile velocity of a type of fiber is also strongly associated
with the ratio of adenosine triphosphatase activity (ATPase), an enzyme that dissociates
the phosphate bond in ATP, and with isometric tension generating capacity. ATPase
activity is the greatest and fastest in Type IIB fibers and progressively declines in activity
and kinetics in the same order of fiber type as in contraction velocity [81, 87]. This is
consistent with the finding that the rate of ATP breakdown determines the velocity at
which actin can slide past the cross-bridges formed by myosin heads [88].
As with the interaction of several other mammalian systems, the muscular system
is closely associated with the nervous system. A number of studies have demonstrated
the influence of the nervous system on the phenotype of muscle fibers. For example,
both denervation and cross-reinnervation have the ability to change the original
contractile phenotype [89-91]. When the innervation of a muscle was compromised,
slow-twitch fibers become faster and fast-twitch fibers become slower. This relates to the
concentration of MHCIa and MHCIIb which decreases in relation to the increase in
concentration of MHCIIa and MHCIId myosins [92, 93]. Muscle phenotype can be
altered by changing the innervation of a muscle from fast to slow or by applying an
impulse pattern different from that of the native nerve. In either case, the change in
innervation induces a systematic and sequential transformation of phenotype [94]. The
nervous system is only one of many other systemic factors that can influence muscle
phenotype; others include mechanical loading and unloading; hormones; disease and
aging. It is important to recognize that these other systemic factors not only affect
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skeletal muscle tissue independently, but also interact with one another to influence
muscle phenotype.
Mechanical loading and unloading, as well as the type of training (resistance vs.
endurance), has been shown to cause muscle fiber type transformation. Adams and
colleagues demonstrated a decrease in type IIB (X) fibers and an increase in Type IIA
fibers with 19 weeks of resistance training [95]. This data was in agreement with a study
that investigated the effects of a 3-month sprint training program on fiber-type
transformation in the human vastus lateralis muscle [96]. However, opposite findings
were demonstrated in male elite soccer players exposed to a 3-month resistance training
program in which the percentage of type IIA fibers decreased with strength training [97].
Although the effects of resistance training to transform fiber type proportions has
demonstrated conflicting results, fiber type transformation associated with endurance
training is much more consistent. Endurance training causes a decrease in the percentage
of type IIB(X) fibers and a subsequent increase in either type IIA or type I fibers in both
humans and rodents [98-102]. Therefore, evidence suggests that type IIB(X) fibers are
driven toward a type IIA phenotype with endurance training and to a lesser extent, with
resistance training. Muscle fiber phenotype is plastic and can be altered by training, but
is also susceptible to transformation with detraining or unloading.
A study by Rusko (1992) demonstrated a decrease in the percentage of type I
muscle fibers in retired skiers after the skiers had decreased the volume and intensity of
training [103]. Similarly, the percentage of type I fibers significantly declined in
endurance-trained athletes after a period of limb immobilization following knee surgery
[104]. However, the percentage of type II fibers decreased in the atrophied vastus
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medialis muscle of patients with end-stage knee osteoarthritis which may be a reflection
of pain-induced limb immobilization. Evidence suggests fiber-type transformation does
occur in human muscle with detraining, denervation, limb immobilization and space
flight, but it is important not to generalize these findings since the direction of fiber-type
transformation is dependent on several factors including: activity level, training status,
age of the subject, muscle of interest and model of unloading.
Previous research has documented an age-related decrease in the size and number
of motoneurons in cervical nerve roots and the lumbosacral cord [105, 106]. More
important than the absolute number of motoneurons is the change in function of these
nerves with age. Fortunately, up until the age of 60 years, the number of functional
motor units remains relatively the same but a drastic decrease (up to 50%) occurs in the
next decade and beyond [107]. To compensate for a decreased number of functional
motor neurons, some motor neurons will develop additional axons to innervate
denervated muscle fibers. When a motor neuron sprouts to innervate denervated fibers,
those fibers adopt the contractile properties of the new nerve. This process leads to fiber
type “grouping”, and with age favors the adaptation and grouping of type II fibers to type
I fibers. The theory of fiber type grouping with age is supported by the increase in the
size of action potentials in older subjects. Larger action potentials suggest the diameter
of the functioning motoneuron axons has also enlarged. The loss of motoneurons with
age appears to parallel similar patterns in other neurons. In 1972, Johnson and Erner
demonstrated a significant loss of neurons in the brains of very old mice [108].
Regardless of the location of motoneuron loss with age, the negative impact of this loss
on the functional capacity of skeletal muscle is further exacerbated by the slowing of
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nerve pulses within nerves of older subjects. Nerve impulses of older adults are
transmitted more slowly than in young individuals due to segmental demyelination,
remyelination, decreased internodal length and loss of the motoneurons with the largest
diameter [108].
Although the mechanism of age-related motoneuron loss is not fully understood,
ciliary neurotrophic factor (CNTF) appears to play an important role in maintaining
motoneuron function. In rats, age-related strength decrements are associated with
decreased CNTF expression but resolved with the administration of CNTF [109].
Franssen and colleagues reviewed numerous studies that had investigated changes
in structure and function associated with age-related muscle atrophy (See section 2.5e), as
well as several other pathologies. Almost unanimously, data indicate type II fibers
atrophy to a greater extent than type I fibers with increasing age [110]. Nine out of
twelve studies (75%) that analyzed biopsies from the vastus lateralis muscle of humans
showed atrophy in type II fibers whereas only 3 investigators indicated a reduction in the
size of Type I fibers. In all three of these studies, atrophy of type I fibers was less than
type II fibers. It is also interesting to note that very few of the studies (33%) that
investigated the gastrocnemius and biceps brachii muscles demonstrated atrophy of either
fiber type. However, the changes in fiber type distribution associated with aging are
much less convincing. Some studies demonstrate an increase in the percentage of type I
fibers and a decrease in the proportion of type II fibers. Other investigators did not
demonstrate any difference in distribution between type I and type II fibers in age-related
atrophy [110]. It is important to note that different muscles are affected to a greater
extent with aging. For example, lower limb or weight-bearing muscles in older humans
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demonstrate a greater decrease in muscle CSA and strength than upper limb muscles.
This may account, to some extent, for conflicting evidence regarding alterations in fiber
type distribution associated with sarcopenia. In addition to the effects of age-associated
motoneuron changes on muscle, hormones significantly influence the structure, function,
and phenotype of voluntary contractile tissue.
Several hormones have been implicated in shaping the growth, function and
characteristics of skeletal muscle including, but not limited to, testosterone, insulin,
human growth hormone, and mechano growth hormone. Testosterone has received
significant attention over the last several years because of its muscle building and
strengthening effects, especially in the illegal synthetic form. Despite all the research on
testosterone, the mechanism by which testosterone stimulates muscle growth is not fully
understood. Evidence supports the theory that this anabolic hormone promotes protein
synthesis in muscle [111], since increased protein synthesis has been demonstrated in
both young hypogonadal men [112] and older men after treatment with testosterone [113,
114].
Testosterone increases protein synthesis and muscle size in both type I and type II muscle
fibers. Increased muscle size is due to an increase in the diameter of individual fibers
(hypertrophy) and not in the number of fibers (hyperplasia). In 2002, Sinha-Hikim and
colleagues studied human males from which biopsies of the vastus lateralis muscle were
obtained. Results demonstrated that fiber cross-sectional area increased incrementally
according to the dose of testosterone supplementation [115]. Increased fiber crosssectional area was associated with a greater number of myonuclei and not an increase in
the absolute number of type I and type II fibers. These data suggest hypertrophy was a
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result of satellite cell activation and the fusion of satellite cells to existing myofibers.
The same study showed there was no change in the proportion of type I and type II fibers
after testosterone supplementation; this observation supports the hypothesis that
testosterone has a growth-stimulating effect on both types of muscle fibers [111].
However, testosterone levels decrease with age and depending on the magnitude of the
decrease, the quantity of this anabolic hormone may not be sufficient to support muscle
growth.
Although there was previously a controversy as to whether testosterone levels
decreased with age, there is now significant evidence from longitudinal and crosssectional studies to conclude that testosterone does decrease with aging, regardless of
confounding factors such as exercise levels, illnesses, diet, etc [116]. The Massachusetts
Male Aging Study reported testosterone deficiency in at least 4% of men 40- to 70-yearsold. Insufficient androgen hormone levels were also associated with elevated luteinizing
hormone levels which have been correlated with testicular dysfunction. Testosterone
levels in males are not only lower in older men but decline progressively beginning in the
third decade of life. Research indicates 40-90% of men beyond 80 years-of-age have
serum testosterone levels below normal values for young males [111]. Perry and
colleagues demonstrated that below normal anabolic hormone levels resulted in
decreased muscle mass and quadriceps strength in African-American males between 70
and 102 years-of-age [117].
2.1e Fiber type transformation with loading and unloading
The plasticity of skeletal muscle and its ability to respond to the functional
demands imposed on it has been well documented [118]. Muscle tissue not only

31

hypertrophies and atrophies in response to loading and unloading, respectively, but has
also demonstrated transformation of fiber type proportions depending on the muscle and
the functional demands placed on it. Sugiura and colleagues reported a 36% decrease in
soleus muscle mass of young Wistar rats. Subsequent reloading of the hindlimb for 10
days, after a period of unloading for 10 days, resulted in a return of muscle mass to preunloading values [119]. Reloading also resulted in a decrease of type IId/x MHC
isoforms, which is consistent with previous findings that unloading of the soleus muscle
results in a shift in phenotype from type I to type II fibers [120-123]. Decreased muscle
volume (32%) and percentage of type I fibers (19%) were demonstrated in humans after
84 days of bed rest; this was accompanied by an increase in MHC IIa/IIx and the total
number of hybrid muscle fibers (expressing two MHC isoforms together) [124]. An
increased percentage of hybrid fibers provide strong evidence of fiber transformation.
Conversely, the group of subjects exposed to bed rest plus exercise did not show a
transformation of fiber type proportions despite decrements in strength and muscle
volume. These data suggest that the threshold for preventing fiber type transformation is
less than the intensity and volume of exercise required to counteract the deficits in
strength and volume documented in predominately slow-twitch muscles. On the other
hand, biopsies of the vastus lateralis muscle from the same experiment revealed that
exercise maintained muscle size and strength but did not ameliorate fiber type
transformation to a more hybrid phenotype [59]. A transformation in fiber type was also
evident in the vastus lateralis of human subjects exposed to only 11 days of space flight
since the decrease in the percentage of type I fibers was 2-8% compared to pre-flight
[125].
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Reloading hindlimb muscles in Wistar rats after 14 days of hindlimb unloading
reversed fiber type transformation. Initially, a decrease in the percentage of type I fibers
(~22%) and an increase in type II fibers (~21%) were evident in the soleus muscle after 2
weeks of unloading. Interestingly, the percentage of type I fibers increased to control
levels after only 1 week of reloading whereas it took an additional 2 weeks of reloading
for the percentage of type II fibers to return to pre-unloading levels [126]. Therefore,
restoration of fiber type back to the original proportion of type I and type II fibers can
occur after reloading, but evidence suggests that the percentage of type I fibers is restored
at a greater rate than type II fibers. It is also important to note that this immunostaining
study did not specifically investigate hybrid fibers and previous studies suggest that the
proportion of hybrid fibers would have also fluctuated in response to loading conditions.
It is most likely that the shift in percentage of type I- and type II-fibers was a
transformation to a hybrid fiber expressing both phenotypes rather than a shift from one
homogenous fiber type to the other.
Skeletal muscle responses to loading and unloading in humans and rodents
include alterations in muscle size, mass and volume; decreases or increases in muscle
strength, function and fiber cross sectional area; as well as, fiber type transformation.
The magnitude of change in fiber type is a reflection of: the type of unloading (space
flight versus hind limb unloading), the size, function and location of the muscle (soleus
versus vastus lateralis); and the original fiber type distribution of the muscle. Evidence
suggests that exercise protocols designed to restore the structure, function and fiber type
distribution must meet a specific threshold before change occurs, and that this threshold
is muscle- and fiber type-specific.
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2.1f Muscle Damage and Necrosis
Muscle damage can originate from either internal or external events. Internal
causes of myofibril damage result in strain or tearing of the muscle belly or
myotendinous junction following a forceful stretch or lengthening contraction. More
specifically, damage to muscle fibers caused by unaccustomed lengthening contractions
is known as delayed onset muscle soreness (DOMS) and is characterized by pain that
peaks at 24- to 48-hours after exercise [43, 81, 108]. External causes of muscle damage
include mechanical trauma from lacerations and high- or low-velocity blows, as well as,
thermal trauma from excessive heat or cold. External traumatic events can cause muscle
necrosis (or cell death) if the blood and/or nerve supply is compromised during the
injury. Several diseases are also characterized by muscle necrosis which include, but are
not limited to, alcoholism, polymyositis, dermatomyositis and muscular dystrophy [43].
Medical procedures such as the injection of a vasoconstricting anaesthetic (i.e.
bupivacaine) [127] or sustained application of a tourniquet have also been shown to
initiate necrosis in skeletal muscle [128].
Several models of muscle damage have been utilized to analyze the sequence of
events which take place during muscle repair. Murine models of muscle damage include,
but are not limited to, crush injury [129, 130]; denervation and devascularization [131];
toxin injection [132]; barium chloride injection [133]; lengthening contractions in situ
[134], in vitro [135], and in vivo [136]. Damaged muscle is characterized by disruption
of cytoskeleton proteins, sarcomeres and/or the plasmalemma [137]. Depending on the
mechanism and severity of injury, damage can involve sarcomeres in parallel- and/or
series-arrangement. Damage can be segmental (i.e. a few sarcomeres) or disrupt the
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whole fiber. If all sarcomeres in a fiber are damaged the fiber becomes necrotic [138].
Carlson and Faulkner stated that regardless of the mode of injury, the mechanism of
degeneration and regeneration appears to follow a similar mechanism [139]. However,
each model shows distinct, subtle differences in the stages of degeneration and repair
related especially to immune responses, timing, extent of damage, and proportion of
repair versus scar formation. Recently, Parise and colleagues suggested that the type of
cells recruited for muscle repair (satellite cells vs. CD45+:Sca-1+ cells) is dependent upon
the model of muscle damage [140]. For instance, muscle damage via cardiotoxin
injection completely obliterates the satellite cell population of the damaged muscle;
therefore, CD45+:Sca-1+ cells are recruited for repair since satellite cells are absent.
Conversely, exercise-induced muscle damage in muscle that had a viable satellite cell
population utilized satellite cells for the repair process and not CD45+:Sca-1+ cells.
These results suggest that muscle satellite cells are the preferred population of cells for
muscle repair unless there is a requirement to use an alternate population of cells due to
the absence of satellite cells.
2.1g Muscle Tissue Repair
One of the fascinating characteristics of skeletal muscle is the ability to
regenerate, regardless of the mechanism of degeneration. Regeneration of striated
muscle has been a topic of interest for many years [141]. Muscle cells are multinucleated
with the nuclei positioned at the periphery of the muscle fiber. However, myonuclei
(inside fibers) are post-mitotic and do not have the ability to divide and contribute to
muscle regeneration. Therefore, muscle satellite cells are pivotal for repair and
regeneration.
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Satellite cells are sensitive to signals emanating from exercise and trauma which
initiate proliferation, self-renewal and differentiation into myoblasts [142]. Similar to
embryological myogenesis, myoblasts fuse with one another and begin to form new
myotubes (nascent fibers). Myotubes synthesize proteins necessary for the construction
of contractile components of muscle cells. The cells then begin to enlarge and mature,
and take on the appearance of a muscle fiber [139].
Friden and Lieber characterized muscle damage as a process including disruption
of the sarcolemma, fiber swelling, damage to the sarcotubular system, distortion of
contractile proteins, damage to the cytoskeleton and abnormalities in the extracellular
matrix [137]. Immediately following damage, fluid and then neutrophils enter the cell
and recruit macrophages. These in turn produce free radicals and cytokines (Interleukin1, Interleukin-6, and tumor necrosis factor) [143]. In cardiotoxin (snake venom) induced
injury of the adult murine gastrocnemius muscle, proliferating satellite cells and
inflammatory cells are evident within 2 days of injury. Only 3 days later, characteristic
central-nucleated, regenerated fibers appear and contribute to striated muscle repair that
is nearly complete ten days post-injury [144, 145]. Although the role of macrophages in
the repair process is not completely understood, dissolution of damaged proteins is
mandatory for successful regeneration [139]. As young myotubes begin to hypertrophy,
their ends extend towards the damaged segments of the fiber [130], connect, fuse, and
unite to form a regenerated muscle cell that is continuous with the remnant part of the
fiber left after injury [43]. MacIntosh and colleagues state that the repair process is much
more effective if the original endomysium around fibers is still intact. Disruption of the
endomysium results in migration of satellite cells outside the old muscle cell location
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which form new muscle cells in the suburb of the original fiber. Myogenic precursor
cells (satellite cells) have the ability to repair damaged muscle fibers or to form new
muscle fibers, depending on the extent of insult to the striated muscle.
Despite the ability of striated muscle to regenerate after internal or external
damage, repetitive repair of muscle cells results in structural deformation and functional
deficits. Repaired fibers appear as branched or split fibers and are more susceptible to
subsequent damage due to concentrations of stress at the forked segment of the striated
cell. Branched fibers have been observed in mdx muscle that has been denervated or
devascularized [146], exposed to lengthening contractions [147], isolated from aged mice
26- to 84-weeks-of-age [148], or after injury in a muscle with low nitric oxide
concentration [28]. Interestingly, branched or split fibers are not specific to mdx muscle
and have been observed in normal muscle exposed to repeated trauma via crush injury,
lengthening contractions and bupivacaine hydrochloride injection [149]. Of these three
processes, Tamaki and Akatsuka demonstrated that bupivacaine hydrochloride injection
resulted in the greatest increase in the number of branched fibers whereas lengthening
contractions produced the least [149]. In addition to the morphological alterations with
repeated trauma or disease, branched fibers are more susceptible to damage [150], and
demonstrate a force deficit that is positively correlated with the prevalence of branched
fibers [147].
2.1h Mechanisms of muscle hypertrophy
Muscle hypertrophy is defined as an increase in muscle mass, cross-sectional area
(CSA) and quantity of protein within the muscle cell [151]. An increase in the CSA of an
entire muscle is a result of individual fiber expansion and increased fiber CSA. Striated
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contractile tissue is sensitive to the stresses placed upon it and may correspondingly
hypertrophy, atrophy and maintain size by regulating protein synthesis and degradation.
If protein synthesis and degradation are equal, the size of the muscle is maintained.
However, if protein synthesis is greater than degradation, or vice versa, the muscle
hypertrophies or atrophies, respectively. Individual muscle fibers contain hundreds of
myonuclei, each of which is responsible for governing a certain volume of cytoplasm
within the cell. The cytoplasmic volume of governance is known as the myonuclear
domain. The myonuclear domain is the ratio of myonuclei/cytoplasm, a ratio that
remains relatively constant despite the dynamic regulation of muscle size in adults [152154]. However, during growth the myonuclear domain can lengthen [155]. As
mentioned previously, voluntary contractile tissue is post–mitotic and the myonuclei
located in the sub-sarcolemmal region of the muscle fiber do not have the ability to
divide. In order to maintain the myonuclear domain ratio during fiber hypertrophy,
activation of satellite cells is required to ensure that new nuclei are contributed to the
native number of nuclei.
Activation of satellite cells via hypertrophic stimuli occurs in fast- and slowtwitch muscles of rodents, humans and birds [151]. Several researchers have
demonstrated satellite cell activation in response to hypertrophic stimuli and it has been
suggested that the muscle fiber has to reach a certain size before satellite cells are
recruited [115, 156, 157]. Conversely, many investigators refute the suggestion that
satellite cell activation is absolutely required for muscle hypertrophy to occur [158-162].
Bodine stated “while the role of satellite cells in muscle regeneration is well established
and accepted, the role of satellite cells in hypertrophy of adult skeletal muscle is less clear
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and widely debated…” [158]. To date, it has not been determined if satellite cell
activation is mandatory for skeletal muscle hypertrophy and several issues need to be
addressed before a definitive answer can be given. O’Connor and colleagues. listed the
following issues: “the type of growth stimulus (i.e. hormonal vs. mechanical), the
magnitude of the growth response, the age of the animal, potentially whether the animal
is still in a more active growth phase, the species studied, and the elapsed time from a
stimulus to sampling. [163].
One growth factor, in particular, responds to mechanical stimulus and plays an
integral role in muscle growth. Mechano growth factor (MGF) is a muscle-specific
splice-variant of insulin-like growth factor (IGF-I). In addition to naming the growth
factor, Goldspink demonstrated that MGF increased satellite cell proliferation in response
to mechanical stress, such as contraction-induced injury, in young and middle aged mice.
Evidence also suggested that adequate circulating levels of insulin-like growth factor are
required to support increased expression of MGF in response to a mechanical stimulus
[164]. The effects of MGF on satellite cell proliferation in response to exercise highlight
the complexity of the mechanisms necessary for muscle hypertrophy and the interplay of
the various systems of the body. Therefore, several models of hypertrophy have been
developed to study specific aspects of skeletal muscle growth and have been used in
humans, rodents and birds. Hypertrophic stimuli used to activate satellite cells are
synergistic ablation [165-167], testosterone [115], clenbuterol [168, 169], stretch
overload [19, 152, 170], and exercise [169]. Several other models and mechanisms of
muscle hypertrophy exist including growth factors, IGFs, anabolic steroids, hormones
and the immune system [153].
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2.1i Atrophy and models of muscle atrophy
Atrophy ‘stems’ from the Latin word atrophia which means “a wasting away” and
is a descriptive generalization of what happens to skeletal muscle when atrophy occurs.
Opposite to muscle hypertrophy, at least in the context of the measures traditionally used
to quantify muscle loss or growth (i.e. CSA, muscle mass), atrophy is a loss of muscle
mass and muscle fiber CSA [153]. Muscle atrophy is correlated with decreased function
and can severely affect quality of life since loss of strength and power is more extensive
in the weight-bearing limbs of humans. Adequate leg strength is required for several
activities of daily living including walking, stair climbing and rising from a chair.
Although muscle atrophy has been defined in simplistic terms and studied extensively,
the mechanisms responsible for the loss of muscle tissue are poorly understood. In
addition, the various models used to investigate muscle atrophy may have dissimilar
characteristics and mechanisms of soft tissue demise. Several structural and functional
changes in muscle are consequences of muscle atrophy, but effective treatments to restore
muscle mass and quality are not relevant to every model of atrophy or every application
to improve human performance.
On a macroscopic level, atrophy of contractile tissue is associated with a decrease
in muscle mass and volume [171, 172], a decrease in muscle fiber CSA [173-176], an
increase in interstitial fluid volume [177], and an accumulation of connective tissue
[178]. A reduction in the number of muscle fibers is reported as possible [179] although
most research does not support this latter finding [180-182]. Atrophy is muscle specific
and affects each individual muscle to a varying degree depending upon the location,
action, function, environment, fiber type proportion, innervation and/or pathology of the
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muscle, and systemic influences. For example, in an immobilization model, atrophy
affects type I fibers more severely than type II fibers [183] and has been associated with a
shift in fiber type from type I- to type II-fibers [179, 184]. Conversely, detraining in
power athletes is associated with a significant decline in the CSA of type II fibers [185].
Atrophy related to muscle unloading is usually greater in slow extensor muscles
compared to fast extensors, but generally is more extensive in the most dominant fiber
type of the specific muscle under investigation [186]. Therefore, the model of atrophy
and the muscle(s) under study must be taken into consideration before conclusions can be
drawn with regards to atrophy-induced changes in muscle size and fiber type
transformation.
Microscopically, apart from changes in fiber type distribution and fiber CSA,
several differences have been noted in atrophied muscle compared to normal muscle
tissue including decreased capillary density, loss of sarcomeres , endothelial degradation,
decrease in the number of mitochondria, and loss of myonuclei [153, 174, 178]. Until
recently, it was generally accepted that muscle atrophy is associated with increased cell
death (i.e. apoptosis) [187-190]. However, a recent study by Brusgaard and Gunderson
used in-vivo time lapse microscopy and did not detect apoptotic loss of myonuclei, but
rather death of both stromal and satellite cells[190]. Stromal cell nuclei were defined as
being located outside the laminin ring. Based on these recent findings, it is possible that
the death of stromal and satellite cells, as indicated by DNA fragmentation, was mistaken
for apoptosis of myonuclei. Brusgaard and Gunderson suggest atrophy is due to an
imbalance between protein synthesis and degradation rather than a process of
programmed cell death[190]. This theory has been supported by previous research that

41

implicated reduced protein synthesis [153, 191], or increased protein degradation [188,
192] as a cause of decreased muscle mass. Regardless of whether morphological changes
are identified macroscopically or microscopically, muscle atrophy results in decreased
function.
Various models of atrophy have been used in animals to replicate muscle wasting
in humans caused by aging, space flight, limb immobilization, denervation, injury,
obesity, detraining, lack of hormone production, neuromuscular conditions and disease
(i.e. HIV, alcoholism, cachexia, etc.). Another less practical, yet effective model of
atrophy is hindlimb suspension [193, 194] in which rats are anesthetized and suspended
from the side of the cage by both forelimbs and one hindlimb [195]. A few problems
with the hindlimb suspension model are as follows: the animal being anesthetized,
possible nerve damage to the suspended leg as recently demonstrated in a human hip
arthroscopy study [196], and the fact that this model does not replicate any ethical human
situation. In fact, some animal ethics boards may not approve this model of muscle
atrophy. Therefore, caution must be taken when extrapolating such data to human
conditions of muscle wasting. It is also important to realize that aging is only one
condition of muscle atrophy and that the mechanisms responsible for age-related atrophy
cannot be applied to every model of muscle wasting. However, it is clear that to reverse
muscle atrophy or to minimize the progression of muscle wasting, the mechanisms
responsible for the negative changes in muscle, both structurally and functionally, must
be explored.
Loss of muscle mass is often due to a combination of factors described previously
in addition to the intimate involvement of the nervous, skeletal, digestive, urinary,
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endocrine, cardiovascular, respiratory, and immune systems. When studying the
mechanisms, progression and treatment of muscle atrophy, it is not possible to investigate
the implications of every system on this condition but it is imperative to understand the
environment in which muscle exists has a significant impact on the events of muscle
wasting and/or treatment.
2.2 Satellite cells
Stem cells have been the ‘nucleus’ of much research and controversy in the 21st
century and the recent discovery in 2007 that pluripotent cells can be produced from
human adult fibroblasts may prompt stem cell ethics to be revisited [197, 198]. Political
and moral issues aside, stem cell therapies have been the focus of many investigators and
funding agencies in all sub-disciplines of medicine. Of importance is the type of stem
cell being investigated for potential as a treatment intervention, since not all stem cells
are surrounded by controversy. Stem cells are characterized as totipotent, pluripotent,
multipotent, or unipotent, depending on the differentiation potential of the cell [199].
Totipotent cells are capable of producing any type of cell whereas pluripotent stem cells
have the capability of producing nearly, but not all types of cells. Finally, multipotent
cells can only divide into a more restricted set of cell types similar to the cell of origin
[199]. Unipotent cells can only divide into one cell type. Two criteria must be met in
order for a cell to be classified as a stem cell: the cell must be capable of producing a
large number of daughter cells, identical to itself, with stem cell character (self-renewal)
[200] and can divide into precursors of mature cells that differentiate into structurally and
functionally distinct cells [201]. According to these criteria, muscle satellite cells are
stem cells. In addition, muscle satellite cells have demonstrated the capacity to
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alternatively proliferate into non-myogenic mesenchymal cells and are considered
multipotent [202]. Therefore, these multipotent stem cells require warrant further
discussion here [203].
2.2a Location
Muscle stem cells were first discovered by Mauro in 1961, via electron
microscopy, and were named ‘satellite cell’ based on the peripheral location of the cell
between the sarcolemma and external lamina of the skeletal muscle fiber [2]. The near
abutment of the satellite cell to the sarcolemma of the muscle fiber provides an optimal
location for the myogenic stem cell to respond to mechanical and/or chemical stimuli
elicited by the muscle fiber. In normal adult muscle, satellite cells are metabolically and
mitotically quiescent on the periphery of the muscle fiber. However, exposed to the
appropriate stimuli, satellite cells become activated and enter the cell cycle to contribute
to the growth, repair and regeneration of skeletal muscle fibers [5]. Satellite cells are not
equally distributed around the longitudinal axis of a fiber since the concentration of cells
is greater around myonuclei, motoneurons, and capillaries [204]. De novo muscle
formation has also been identified in the interstitial space of post-natal muscle fibers;
however, satellite cells, as described here, do not contribute to this process [205].
Interstitial muscle fiber formation originates from myo-endothelial progenitor cells
located outside the external lamina of the muscle fiber. To date, the relationship between
satellite cells and myo-endothelial cells has not been determined [203]. Additional cell
types have been implicated in the processes of muscle growth, maintenance and repair,
but have not demonstrated a significant and/or consistent contribution to these processes

44

compared to muscle satellite cells. Therefore, for the purposes of this paper, muscle
satellite cells will refer to those cells originally described by Mauro.
2.2b Satellite cell activation
Skeletal muscle satellite cell activation is pivotal for normal muscle growth and
the repair of muscle damaged by injury or disease [5]. The term activation refers to entry
of satellite cells into the cell cycle and mobilization from a quiescent state [28, 206].
Quiescent satellite cells are spindle-shaped, with the nucleus occupying a vast majority of
the volume of the cell. Inactivated cells have very little cytoplasm, few organelles, and
are void of myofilaments [206, 207]. Upon activation, the size of the nuclei and
organelles increase, heterochromatin disperses and the volume of the satellite cell
expands causing a change in size and shape of the cell [167, 206, 207]. Several markers
have been utilized to quantify satellite cell activation including incorporation of tritiated
thymidine or BrdU into new DNA [206, 208]; expression of proliferating cell nuclear
antigen (PCNA) [209]; co-localization of c-met with hepatocyte growth factor (HGF)
[23, 206]; and the expression of immediate early genes, c-fos and c-jun, within 3- to 6hours after injury [210]. Our lab has demonstrated that nitric oxide (NO) not only
activates satellite cells, but is also responsible for the maintenance of the quiescent state
of these cells [5, 6]. A previous investigation by Tatsumi and colleagues demonstrated a
rapid co-localization of HGF to c-met receptors (located on satellite cells) immediately
following injury in vivo [23]. HGF is produced by both muscle and non-muscle tissues,
and is stored in the extracellular matrix (ECM) around muscle fibers. There is strong
evidence to suggest that the release of HGF from the ECM is dependent on NO.
Recently, an intermediate step between nitric oxide release and mobilization of HGF was
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identified both in culture and in vivo. Yamada and colleagues demonstrated that NO
synthesis activates matrix metalloproteinase-2 (MMP-2) and the activated form of MMP2 liberates HGF from the extracellular matrix [7, 21]. These results corroborate previous
evidence that nitric oxide (NO) regulates the normal activation of satellite cells. A
consistent pulsatile release of NO maintains satellite cell quiescence whereas a bolus
release of NO, caused by stretching of individual muscle fibers, activates satellite cells
from quiescence and initiates the downstream events necessary for myotube formation
[20]. Original work by Bischoff identified that an extract of crushed muscle could
activate satellite cells [211]. Crushed muscle extract was later identified by Tatsumi and
colleagues to contain HGF and bFGF (basic fibroblast growth factor), although bFGF
does not activate satellite cells from quiescence [23]. In addition to NO, HGF is the only
growth factor that has demonstrated the ability to activate satellite cells in culture and in
vivo [7].
2.2c Proliferation
Following activation of myogenic precursor cells by mechanical and chemical
stimuli, satellite cells enter the proliferation stage [212, 213]. Two muscle specific
regulatory genes, MyoD and myogenin, are expressed as early as 6 hrs after the onset of a
stimulus and remain highly expressed up to 42 hours later [214]. Muscle differentiation
can occur within 8 hrs, based on expression of myogenin, but most precursor cells do not
divide until just prior to 24 hours after application of a stimulus [215, 216]. MyoD and
myogenin are muscle specific proteins translated from the myogenic regulatory gene
family (MRF) that regulates muscle differentiation. Although MRFs act in sequence
there is significant overlap in the peaks of their individual expression during proliferation
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and differentiation. Satellite cell derived myoblasts can express both MyoD and
myogenin from cell division until formation of a myofiber, although co-expression is
greatest during differentiation and fusion. As mentioned earlier, in order to be classified
as a stem cell, a cell must be capable of self-renewal by dividing into two identical
daughter cells. However, if all cells divided and differentiated the satellite cell pool size
would become depleted after repeated bouts of injury, trauma, exercise, and/or stretch.
Moss and Leblond proposed that satellite cells replenish the satellite cell population by
stochastic or asymmetrical cell division that results in one daughter cell committed to
differentiation while the other either continues to proliferate or returns to a quiescent state
[217]. Several recent studies have demonstrated asymmetrical division of SCs and the
avoidance of cell differentiation by proliferation or a return to quiescence [22, 218-224].
The capacity for self-renewal of satellite cells grants skeletal muscle tissue the ability to
continuously regenerate after the presentation of repeated stimuli known to activate
satellite cells. During muscle maintenance, growth or repair, satellite cell proliferation
can be intensified with the addition of growth factors such as insulin-like growth factor 1
(IGF-1) [152, 225], mechano growth factor (MGF) [164], and fibroblast growth factor
(FGF) [8, 226].
2.2d Differentiation.
As discussed previously, after the initial proliferative phase, daughter cells can
proceed to differentiation or delay the process by continuing to proliferate or return to
quiescence. Myoblast differentiation has been characterized by the expression of
myogenin and MRF4 in both cell- and single-fiber-cultures [227-229]. However,
myogenin is also expressed on the proliferation side of the proliferation-differentiation
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phase in vivo and should not be used solely as a marker of differentiation [230]. Cells
that differentiate were previously activated and withdrew from the GO phase of the cell
cycle and entered the G1 phase to become myoblasts [208]. Myoblasts then either fuse to
existing damaged fibers to elicit repair, become post-mitotic myocytes, or fuse to one
another to form new myofibers. A primary fiber must be present for both events to occur
[231]. Lagord and colleagues. demonstrated that satellite cells from various rat muscles
(fast- vs. slow-twitch) have dissimilar or differential proliferation and activation patterns
[232]. Satellite cells from the soleus muscle (slow-twitch) exhibited higher rates of
satellite cell proliferation but less efficient myotube fusion compared to the EDL muscle
(fast-twitch). The asynchronous or heterogeneous population of satellite cells considered,
with respect to proliferation and differentiation, may be influenced by muscle function
since the EDL muscle is an anterior, fast-twitch muscle of the lower leg whereas the
slow-twitch soleus muscle is on the distal, posterior aspect of the lower leg. Similar to
bone, muscle adapts and remodels to the loads placed upon it. This theoretical version of
“Wolff’s law” may be evident in the satellite cells of specific muscles and would explain
why some satellite cells are more or less sensitive to external stimuli than others. MyoD
and myogenin expression indicate that differentiation of muscle precursor cells is in
progress and the muscle is regenerating or hypertrophying [214, 233-235]. MyoD,
myogenin and another MRF, Myf5, are critical for myotube formation following the
differentiation of muscle precursor cells and the assembly of myotubes [228, 236], as are
other proteins such as N-CAM which are not specific to muscle. Similar to MyoD, Myf5
is expressed during satellite cell proliferation and overlaps with the period of myogenin
expression during differentiation and muscle fusion [237, 238]. Grounds and McGeachie
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discovered that satellite cell division in vivo peaks at 72 hours post-injury and declines to
control levels 6 days after the original insult [212]. Due to the excessive overlap of
MRFs from activation until myotube formation, and the expression of these genes over an
extended period of time (6–72 hrs), it is likely that proliferation and differentiation occur
simultaneously within a regenerating muscle [129]. Only examination of muscle on a
cell by cell basis or fiber by fiber basis, using particular markers, can separate or identify
the individual patterns of expression that govern the detailed pattern of differentiation.
2.2e Markers
The extensive amount of research committed to skeletal muscle satellite cells is
no more evident than in the search for specific satellite cell markers. A wealth of
research articles and reviews has been published on the subject and the list of satellite cell
markers continues to expand. Satellite cell markers have been reviewed by several
authors in the last couple of years, yet very few articles provide a comprehensive list of
all the cell surface markers and transcription factors that can be used to identify satellite
cells [4-6, 239-242]. The large quantity of satellite cell markers available for research
and its interpretation is further complicated by evidence that indicates specific markers
are expressed or repressed depending on the state of the satellite cell at the particular
time, condition and model of the study. In addition, gene expression often extends
beyond discrete stages of the cell cycle and is co-expressed with other genes at various
stages of activation, proliferation, differentiation and self-renewal. Satellite cell markers
can be divided into two categories, cell surface markers and transcription factors.
Stages of the cell cycle are typically segregated into quiescence (G0), activation (G0 →
G1) and proliferation (G1 → S → M). Due to the large number of markers and the three
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stages of cycling, many different combinations of markers are used within the literature,
which makes comparison of results difficult.
Cell surface markers that are expressed through all 3 cell cycles include: Pax7, cmet, Caveolin-1, CD34, CXCR4/SDF-1b, Integrin α7 and β1, M-cadherin, NCAM,
Syndecans 3 and 4, and VCAM-1/VLA-4d. Transcription factors present during
quiescence, activation and proliferation are: Foxk1, HoxC10, Myf5, MyoD, as well as the
growth and differentiation factor, myostatin, from the family of transforming growth
factors beta (TGF-β). Of these markers, the most commonly used are CD34, M-cadherin,
Pax7, syndecan-3, syndecan-4 and c-met [240]. Pax7 may be the most universal marker
since it is expressed in nearly all satellite cells and the antibody works well in the
majority of laboratories [4, 238, 240, 242, 243]. However, Pax7 is downregulated during
differentiation and thus, should be used in combination with other transcription factors,
such as MyoD and Myf5 that are expressed in satellite cells during proliferation and
differentiation.
C-met (also called mesenchymal epithelial transition factor) is a proto-oncogene
protein on the cell surface of satellite cells and is a receptor for hepatocyte growth factor
(HGF). When MMP-2 liberates HGF from its tethering in the ECM, HGF binds to the cmet receptor which activates satellite cells to enter the proliferative stage. C-met is
expressed in both quiescent and activated satellite cells within the basement membrane
and in the extracellular space [16, 23, 27, 236]. Expression of c-met is expressed in
single cell myotubes and myocytes but is downregulated when they fuse into myotubes or
fibers [9]. Wozniak stated that the inconsistent results associated with tracking c-met
expression in skeletal muscle tissue are due to the breadth of protocols to which it has
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been applied including: single-fiber cultures, dispersed-cell cultures, muscle sections,
enzymatic digestion, migration assays, muscle injury and exercise, to name a few.
Moreover, these protocols have included rodents with varying genetic backgrounds
including wild type, transgenic and diseased strains [30].
Although several satellite cell markers have been discovered in the mouse model,
very few have been identified in human muscle. Fortunately, some of the more
elaborately used transcription factors (i.e. Pax7, Myf5, and MyoD) and cell surface
markers (i.e. c-met, M-cadherin) have transferred well into research with muscle from
human subjects.
Muscle maintenance, growth, repair and regeneration are multi-step, well
orchestrated processes characterized by the expression/repression and binding/unbinding
of transcription factors and cell surface markers, respectively. Prior to the selection of
satellite cell markers for a study protocol, several factors must be considered to ensure
the research is reliable and valid. These factors consist of, but are not limited to, animal
model; isolation technique; experimental design, assay procedure, and ultimately, the
hypothesis. For example, if the objective of the research is to determine the total number
of satellite cells present on a single muscle fiber from an mdx mouse, the satellite cell
marker can be less specific as opposed to a study designed to investigate the activation
state of muscle satellite cells in humans. These markers are interesting from a historical
perspective as only 30 years ago satellite cells were “presumptive” satellite cells. These
cells were only stained for high RNA content activated in regenerating muscle due to the
lack of knowledge about gene expression and undeveloped tools such as immunostaining.
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The first quiescent satellite cell stained with antibodies was reported by Cornelison and
Wold in 1997 [236].
2.2f Activation Stimuli
In 2005, Wozniak stated that satellite cells can be activated by injury, exercise,
loading of skeletal segments of the body, stretch and denervation [6]. In addition to
mechanical stimuli, chemical stimuli such as nitric oxide and hepatocyte growth factor
(also in crushed muscle extract) have been implicated as powerful triggers for satellite
cell activation. Satellite cells, therefore, can be activated by chemical and/or mechanical
stimuli. However, chemical stimuli can activate muscle precursor cells without the
presence of a mechanical stimulus, but satellite cell activation that results from
mechanical stimulation is dependent on an intermediary step that involves chemical
messengers.
Mechanical activation of satellite cells has been investigated extensively with
several models of injury, stretch, mechanical overloading, exercise and denervation being
used. Muscle injury protocols include muscle crush injury [28], neotoxin or cardiotoxin
venom injection [140, 244]; and cryodamage [245]. Investigation of activation via
stretch includes the use of satellite cell-derived muscle precursor cells [16, 18, 21],
isolated single fibers [31], whole-muscle cultures (Anderson, unpublished), and in vivo
studies [195]. Stretch protocols include passive stretch [31], and stretch during electrical
stimulation which is designed to replicate lengthening (eccentric) contractions [246].
Overloading skeletal segments of the body to induce satellite cell activation can be
achieved by chronic stretch [247], hindlimb- or tail-suspension [17, 40], elimination of
agonist musculature [248, 249], or tenotomy [250, 251]. Several exercise protocols have
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been introduced to induce satellite cell activation in rodents and humans. Rodent models
consist of voluntary wheel running [252], level treadmill running [253], uphill treadmill
running [254], and downhill treadmill running [140]. Investigation of satellite cell
activation in humans has incorporated short- and long-term resistance training [12, 255,
256], acute (single) bouts of eccentric exercise [11], voluntary eccentric contractions,
involuntary eccentric contractions with electrical stimulation, voluntary concentric
contractions [11, 257], and endurance exercise [258, 259]. Denervation models
proposed to increase satellite cell activation include excision [260-262], or crush of the
sciatic nerve [146, 263, 264].
Protocols that have been designed to invoke mechanical activation of satellite
cells in both rodents and humans have had varying degrees of success. Although all
models purport to activate satellite cells, the mechanism of activation may differ. For
instance, pathways of satellite cell recruitment for hypertrophy and repair of muscle
following mechanical overload or crush injury, respectively, may follow a different
process than non-physiological models of muscle damage (i.e. cardiotoxin- and neotoxininjection) since venom injections completely obliterate muscle fibers and reduce satellite
cell populations [140, 265].
Regardless of the mechanical stresses inflicted on voluntary contractile tissue,
chemical stimuli (or messengers) act as transducers that respond to mechanical stimuli
and in turn, activate satellite cells. If a mechanical stimulus is not significant enough to
cause a chemical messenger to be released, satellite cells will not be activated. However,
chemical signals can activate satellite cells without a mechanical stimulus. To date, the
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only two chemical signals proven to activate satellite cells are nitric oxide and hepatocyte
growth factor.
Mechanical stimuli, such as shear forces, stretch, exercise, loading and injury
cause a bolus release of nitric oxide [28, 31, 80, 246, 253, 266-269]. Nitric oxide release,
downstream from mechanical stimulation, has been confirmed in several models
including satellite cell derived myoblast cultures, single fiber preparations, and in vivo,
later followed by corroborative studies [28, 31]. Release of nitric oxide by skeletal
muscle fibers, in response to crush injury or by mechanically stretched muscle satellite
cells, was postulated to be the first chemical signal involved in the activation of satellite
cells [16, 27]. Several investigators have demonstrated that immediately following
stretch and release of nitric oxide, HGF is liberated from its attachment in the ECM [16,
18]. HGF then binds to its receptor, c-met, which is a proto-oncogene found on the
surface of quiescent and activated satellite cells [8, 23, 236]. In addition, this sequence of
events has also been demonstrated in vivo with the use of the hindlimb suspension model
in rats [15, 17]. Very recently, Yamada and colleagues proposed an intermediary step
between the release of nitric oxide and HGF. There is strong evidence to suggest that
nitric oxide-activated MMP-2 liberates HGF from its tethering in the ECM which enables
or allows the subsequent binding of this scatter factor to c-met [7, 21].
To date, HGF is the only growth factor with a demonstrable, integral role in the
activation of satellite cells from quiescence in culture and in vivo [7-10, 80]. Despite the
evidence that HGF has a positive effect on the activation and proliferation of satellite
cells [8, 42], administration of HGF in culture inhibits myoblast differentiation by
suppressing muscle specific protein expression [10]. Preventing or delaying the
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differentiation of satellite cell-derived daughter cells amplifies the number of cells that
can proliferate and enhances the ability of satellite cells to hypertrophy or repair muscle
fibers.
2.2g Activation Pathways
A few pathways have been confirmed for satellite cell activation whereas
alternative potential pathways have been proposed based on evidence from other tissues
(See Section 2.2b).
The most well-studied and confirmed activation pathway for skeletal muscle
satellite cells is through the binding of HGF to c-met [236, 270]. HGF is released from
the extracellular matrix in response to a bolus release of nitric oxide from muscle fibers
as a result of mechanical strain [16, 28]. The relationship between nitric oxide and HGF
release was confirmed by experiments that blocked muscle-specific nitric oxide synthase
(NOS-Iμ) function with Nω-nitro-L-Arginine methyl ester (L-NAME), a nonspecific NOS
inhibitor. When the production of nitric oxide was reduced with L-NAME treatment,
satellite cell activation and the binding of HGF to c-met was prevented [28]. Our lab
demonstrated a significant increase in satellite cell activation in whole muscle cultures of
C57BL/6 EDL muscles from 8-month-old mice when a mechanical stimulus (passive
stretch) was combined with isosorbide dinitrate (ISDN), an exogenous source of nitric
oxide (Leiter and Anderson, unpublished data). Until recently, the mechanism by which
nitric oxide stimulated the release of HGF from the extracellular matrix was unknown.
Yamada and colleagues have implicated MMP-2 as a possible bridge between nitric
oxide and HGF release [7]. Results of immunocytochemistry experiments of satellite
cells in culture indicated less than a 1% difference between the percentage of cells
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staining positive for Pax7 and MMP-2 (97.3 ± 1.12% and 98.0 ± 0.71%), respectively.
Therefore, MMP-2 is definitely present in nearly every single satellite cell identified by
Pax7 gene expression. Satellite cells were then cultured and stretched which resulted in a
conversion of MMP-2 to its activated form. However, when L-NAME was added to the
culture, MMP-2 was not converted to its active form. This NO-dependent conversion in
response to stretch was confirmed by treating cells with an NO donor (NOC-7), which
amplified the expression of MMP-2 and caused a release of HGF from its tethering in the
extracellular matrix [15]. Several studies have demonstrated that the binding of liberated
HGF to its c-met receptor on satellite cells results in satellite cell activation [16-18, 21].
Therefore, to date, the sequence of events for mechanical activation of satellite cells is as
follows: mechanical passive stretch results in nitric oxide release, nitric oxide release
converts MMP-2 to its activated form, the activated form of MMP-2 causes the release of
HGF from its association to the extracellular matrix, HGF binds to its c-met receptor on
the surface of the satellite cell. Binding of HGF triggers the rapid autophosporylation of
c-met which initiates the transcription of genes specific for hypertrophy and proliferation
of cells [271] by stimulating the mitogen-activated protein kinase (MAPK) and
phosphatidyl inositol-3 kinase pathways [272]. Although HGF activates satellite cells, it
is also inhibits myoblast differentiation by suppressing muscle specific protein expression
[10]. Of the four MAPK families identified, the p38 MAPKs appear to be the most likely
candidate to activate satellite cells in response to the binding of HGF to c-met. Jones and
colleagues have demonstrated that p38χ/β becomes activated (pp38χ/β) and is localized to
the nucleus of satellite cells prior to differentiation and MyoD induction. If p38χ/β is
inhibited during the G1-phase, not G0-phase, of the cell cycle, proliferation and
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differentiation of satellite cells does not occur. Interestingly, p38χ/β appears to be
involved in the activation of satellite cells as pp38χ/β inhibition prevents the activation of
satellite cells via external stimuli [273].
The sequence of events from the application of chemical and/or mechanical
stimulus to satellite cell differentiation is a sensitive and complex process. To further
complicate matters, NOS-I-/- knockout mice and mdx mice demonstrate muscle repair
even in the absence of NOS-I, which suggests satellite cell activation has occurred [28].
Although activation of satellite cells is delayed in these mouse strains, the fact that
satellite cells are activated at all, strongly suggests an alternative pathway as discussed by
Wozniak and Anderson [6].
Once satellite cells are activated and enter the G1-phase of the cell cycle, signals
are required to govern the progression from G1-to S-phase of the cycle. Notch signaling
is an extremely important mediator of progenitor cell progression in skeletal muscle and
ensures an efficient transition from G1- to S- phase [274, 275]. In young regenerating
murine muscle, the Notch ligand Delta is expressed in both satellite cells and at the
myofiber membrane near the region of muscle injury. However, when old muscle was
damaged via freeze injury there was no upregulation of Delta in satellite cells and
myofibers [274]. Consequently, the regeneration capacity of old muscle was decreased
compared to young muscle, but was restored when forced expression of Notch was
achieved [274]
2.2h Changes with aging
Skeletal muscle tissue, which is post-mitotic in adult mammals and humans, has
the amazing ability to completely regenerate following injury. However, as age increases
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the regenerative capacity of muscle declines. To date, it is not universally accepted that
the number of satellite cells decreases with age. As discussed previously, the structural
characteristics and functional requirements of different muscles within the same
individual influence the type and extent of change associated with the aging process. For
example, two studies performed on aged mice demonstrated a greater decline in the
number of satellite cells associated with the extensor digitorum longus muscle as
compared to the soleus muscle [22, 204]. On the other hand, in both studies, the number
of satellite cells from the tibialis anterior muscle either increased with age, or showed
very little or no difference; corroborating evidence from rat experiments [207]. There is
also no evidence of an age-related decrease in satellite cell number of the rat levator ani
muscle. These results suggest that the satellite cell number associated with muscles that
maintain the same function and intensity of action throughout a lifetime (i.e. postural
control, support of pelvic viscera), is preserved. However, growth and atrophy of the
levator ani muscle is sensitive to gonadal hormone levels and must be considered when
satellite cells are studied in this tissue [276]. Conversely, fast-twitch muscles in which
the functional demand fluctuates to a greater extent than slow-twitch muscles throughout
the life of an individual or species demonstrate a more pronounced and rapid decrease in
satellite cell number with age [22, 204, 277]. This was confirmed by data from very old
mice (senile) since EDL muscles demonstrated a major decline in satellite cell number by
12 months-of-age whereas the soleus muscle did not demonstrate a significant decline in
satellite cell pool size until 28-33 months-of-age [22]. Unfortunately the study by Shefer
and colleagues was from isolated fiber studies versus electron microscopy and satellite
cells were activated during isolation. This study also did not include functional data
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which would have identified the association between activity level and the rate of loss in
the satellite cell pool size of slow-and fast-twitch muscles. The lack of agreement
between studies is partly due to the very large variation in techniques and markers used to
identify satellite cells, as well as the discrepancy in muscles selected for study among the
different reports. For example, Shefer and colleagues supplemented basal growth
medium with fibroblast growth factor 2 (FGF2) to determine the proliferation potential of
satellite cells on fibers from the flexor digitorum brevis muscle of senile (28 to 30
months-of-age) mice [22]. Increased proliferation of satellite cells from aged muscle
fibers in this report suggested that satellite cells were activated during the isolation
procedure as only nitric oxide and hepatocyte growth factor are chemical signals proven
to activate muscle precursor cells. In addition, the implications of a decreased satellite
cell pool size are a subject of controversy. Brack and Rando suggested that even if the
number of satellite cells decreases with age, the change in the quantity of precursor
muscle cells would not be significant enough to deter muscle regeneration [203].
Conversely, Shefer and colleagues stated the decreased ability of a muscle fiber to
activate satellite cells and the decline in the number of muscle precursor cells may
contribute to the deficiency in muscle maintenance and repair with age [22]. Therefore,
decline in satellite cell pool size and the effects of this change (if evident) warrant further
investigation.
Our study is designed to address deficiencies in previous studies by investigating
the effects of age on satellite cell activation in whole muscle cultures as well as in vivo.
Proliferation of satellite cells in aged muscle is irrelevant if the preceding step of satellite
cell activation cannot be achieved.
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Collins and colleagues reported a significant decrease in the number of satellite
cells per fiber in mice aged up to 30 months-of-age (2.4 ± 0.6%) compared to 1 – 2month-old mice (4.6 ± 0.3%) [277]. In addition, almost 10% of aged muscle fibers did
not have any Pax7+ cells within the satellite cell position whereas every young muscle
fiber had at least one satellite cell associated with it. Despite the decline in the absolute
number of satellite cells, after 96 hours in culture, the maximum number of satellite cells
surrounding fibers from old mice did not differ from young cultured fibers. The
significant difference in the mean number of satellite cells reflected the absence of
precursor cells on some fibers rather than a deficiency in the proliferative capacity of
aged cells. These data are consistent with the finding from Shefer and colleagues that
there was no difference in progeny clone size between young, adult, old and senile age
groups, but the frequency of myofibers with no associated satellite cells was greater in
the old and senile groups [22]. Further evidence to support the regenerative capacity of
aged muscle was reported in an experiment by the same group in which aged single fibers
from EDL muscle were transplanted into irradiated TA muscles from mdx nude mice.
Even though the aged muscle fibers had fewer satellite cells per fiber, the extent and
quality of muscle restoration was similar to results using young fibers [218]. These
findings suggest that in addition to the possible decrease in satellite cell number and the
delayed proliferative capacity of aged satellite cells, external cues from the environment
play an integral role in satellite cell activation, proliferation and differentiation. This was
demonstrated by earlier cross-transplantation studies, as discussed below.
Numerous studies demonstrate a 24-hour lag in the activation of satellite cells
from aged muscle compared to young muscle [22-24], but this delayed response is likely
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a result of the environment rather than intrinsic dysfunction of satellite cells. Shefer and
colleagues demonstrated that FDB myofibers, from aged mice up to 33 months-of-age, in
culture with fibroblast growth factor 2 (FGF2) proliferated and differentiated at the same
magnitude and rate as young myofibers [22]. Environmental influences are also evident
in heterochronic transplantation studies in rodents in which old muscles or myofibers are
transplanted into a young host. When exposed to a youthful environment, transplanted
tissue from an old host regenerated to a greater extent than if left in the old environment.
Often the results could not be discerned from regeneration resulting from young fibers
[80, 277, 278]. Further evidence to support the positive effects of a young environment
on aged satellite cells are reflected in heterochronic parabiosis experiments, where the
circulatory systems of one younger and one older mouse are united to form a single blood
supply to a pair of mice connected side by side. Satellite cells resident in old mice are
able to activate, proliferate and regenerate in a similar manner to young muscle, whereas
young muscle precursor cells exposed to an aged environment demonstrate a decline in
function [278]. Similarly, enhanced Wnt signaling, which leads to a fibrotic fate in aged
satellite cells, is evident in young muscle, but decreased in aged muscle after an
anastomosis of the parabiotic pair (between the young and old circulatory systems).
Therefore, strong evidence exists to implicate changing environmental conditions as a
major factor in the decline of satellite cell function with age. This refers to the
environment of the muscle tissue including connective tissue, innervation, blood supply,
and cellular and a-cellular components of the body that affect muscle.
Extensive changes take place with age in both the macro- (body systems) and
micro- (niche) environment in which satellite cells exist. Age-associated changes in the
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endocrine system include a decrease in mechno growth factor (MGF), the muscle-specific
splice variant of insulin-like growth factor 1 (IGF-1) that is involved in the activation of
satellite cells, in response to a mechanical stimulus [164]. In addition, circulating growth
hormone levels in older humans are only one-third to that of young adults but a
combination of growth hormone (GH) supplementation and exercise have increased MGF
levels [164, 279]. Testosterone is a major growth-promoting stimulus in muscle of males
and there is significant evidence to confirm its positive effect on protein synthesis,
although the mechanisms responsible for increased protein synthesis are not fully
understood [111]. In 2002, an experiment involving human males, demonstrated that
fiber cross-sectional area increased incrementally with the dose of testosterone
supplementation and hypertrophy was evident in both type-I and type-II muscle fibers
[115]. Unfortunately, evidence from longitudinal and cross-sectional studies confirm a
decrease in testosterone with age, regardless of exercise levels, illnesses, diet, etc. [111,
280]. Below-normal anabolic hormone levels lead to decreased fat-free (FFM) and
strength [117]. Morphological investigation of aged muscle demonstrated an increase in
fibrotic tissue surrounding muscle fibers [281]. This was a result of a positive correlation
between age, Wnt signaling, and conversion of myogenic precursor cells to fibrotic cells
[203]. An increase in the deposition of fibrotic cells surrounding muscle fibers may
negatively influence the satellite cell niche and affect the communication between cells
and motility of factors necessary for satellite cell activation [203].
The muscle satellite cell is central to the processes of muscle maintenance,
hypertrophy and regeneration. This myogenic precursor cell is also at the mercy of the
macro- and micro-environment in which it is housed. Several changes in both
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environments have been proposed to occur in addition to inherent differences in satellite
cells from young and old animals. Taken together, it is apparent that sarcopenia is a
multifactoral process and in order to treat or prevent this condition, an extensive
knowledge and understanding of all internal and external influences on the muscle
satellite cell are required. Fortunately, specific stimulating factors, such as nitric oxide,
provide strong potential for solving a piece of this very complex puzzle.
2.3 Nitric Oxide
Nitric Oxide (NO) is a colourless, poisonous gas and a diatomic free radical with
one unpaired electron [282]. Despite its classification as a poisonous gas and an
atmospheric pollutant, nitric oxide is produced by almost every organism and is present
in exhaled breath of humans and other animals [80, 283-289]. Nitric oxide has numerous
functions in many systems and tissues of the body including, but not limited to,
regulation of vascular tone, mediation of thrombosis, pro-inflammatory role in response
to pain stimulus, immune response, maintenance of gastrointestinal mucosa function,
neuroendocrine and autoimmune homeostasis, and most relevant to the purposes of this
paper, cellular proliferation [282, 289-294]. As a mediator and regulator of physiological
homeostasis, the sensitivity of tissues and cells to nitric oxide is extremely high. For
example, under physiological conditions, nitric oxide protects the bronchi of the lungs
whereas excessive levels of nitric oxide induce inflammation and have been implicated in
diseases such as asthma and chronic obstructive pulmonary disorder (COPD) [289].
Similar inflammatory effects resulting in disease have been identified from studies
involving muscles of animal colitis models that suggest non-physiological levels of nitric
oxide may play a role in the human condition of inflammatory bowel disease [292].
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Although the mechanisms by which nitric oxide regulates several functions in the body
are not yet fully understood, it is universally accepted that physiological levels of nitric
oxide have a positive effect on tissues and too much or too little of the poisonous gas has
deleterious effects. The problem is that normal or physiological levels of nitric oxide
have not been identified for each tissue, which makes treatment with NO donors and
inhibitors difficult.
2.3a Nitric Oxide Synthase
Nitric oxide synthases (NOSs) were first identified in 1989 and because its
isoforms are found extensively throughout mammalian tissues, the amount of research on
the topic is overwhelming. The nitric oxide synthase enzyme functions to convert LArginine (LA) to citrulline, nitric oxide (NO), and S-nitrothiols and peroxynitrite [32,
33]. Three different isoforms of NOS have been recognized and are very different in
both structure and their impact on function. The three isoforms are neuronal NOS (also
known as nNOS, Type I, NOS-I, NOS-1), inducible NOS (or iNOS, NOS-II, NOS-2) and
endothelial NOS (synonymously Type III, NOS-III, NOS-3) [33]. Neuronal NOS is
generally found in nerve tissue, endothelial NOS is prominent in vasculature whereas as
inducible NOS is less specific and is prominent in a vast selection of cells following an
immunological response [33, 34]. Although several authors have speculated that NOSIII; and NOS-I and II; from satellite cells and mdx fibers, respectively, may play a role in
maintaining satellite cell quiescence, nitric oxide synthase-µ, a splice variant of NOS-I,
is the main source of NO in skeletal muscle and will be the focus here [17, 266, 295,
296]. Previous reports in rats indicate NOS-Iµ is present in all skeletal muscles of
mammals but is more highly expressed in muscle comprised primarily of type-II-

64

compared to type-I-fibers. However, a recent study on human muscles indicated there is
no difference in NOS-Iµ protein expression between types I-, IIa- and IIx-fibers [297].
The age-related decrease in type II fiber CSA is greater than type I fibers, therefore, it is
possible the greater expression of NOS-Iµ in type-II fibers, and its subsequent decrease in
aged muscle, contributes to the more extensive decline of type II muscle fiber CSA.
Neuronal nitric oxide synthase-µ (NOS-Iµ) is specifically found in skeletal muscle with
only trivial levels identified in the heart of rodents [34]. In skeletal muscle, NOS-Iµ is
associated with the sarcolemmal dystrophin-associated glycoprotein complex and
functions as a regulator of muscle contractility since the formation of nitric oxide is
consistent with depolarization of the muscle fiber during contraction [34]. Abnormal
expression or dislocation of NOSIµ, evident in humans with Duchenne Muscular
Dystrophy or in mdx mice, results in perturbed production of NO. Research has indicated
that deficient levels of NO in skeletal muscle impairs structure, function and the ability to
successfully regenerate [295, 298, 299]. In 2000, Anderson reported that repair of
skeletal muscle tissue is initiated by a bolus release of NO to activate satellite cells and
begin the regeneration process [28]. The intrinsic need for NO by muscle tissue to begin
the repair process was recently confirmed in a study by Chen and colleagues in which the
expression of NOS-Iu, in a sciatic nerve crush model, was demonstrated in both satellite
cells and new myotubes [296]. Additionally, expression of eNOS and iNOS was evident
in satellite cells and new myotubes, and may indicate NO is being produced by alternate
sources to ensure satellite cells are activated [296]. Tatsumi and colleague also
demonstrated increased expression of NOS-Iµ in satellite cells from 9-month-old rats in
response to a stretch stimulus [16]. Despite the fact that all three isoforms of nitric oxide

65

synthases have been identified in skeletal muscle, NOS-Iµ is the main source of nitric
oxide production and alteration in its expression may result in hypo- or hyperactivation of
satellite cells as a consequence of non-physiological levels of NO.
2.3b NOS and stretch
In 2000, Anderson discovered that the activation and quiescence of satellite cells
is regulated by NO [28]. Since the original discovery, Anderson and several other groups
demonstrated that the release of NO is triggered by mechanical stimuli, such as stretch in
cultured myoblasts, single myofibers, whole-muscle cultures, and in vivo [7, 17, 21, 27,
300, 301]. As previously explained, NO production is dependent on the expression of the
nitric oxide synthases, in particular, NOS-Iµ. Therefore, if stretch results in an increase
in NO production, NOS-Iµ is also implicated in the process.
Over 10 years ago, Reiser and colleagues reported that chronic electrical
stimulation of rabbit TA and EDL muscles increased NOS-Iµ expression which supports
evidence from the EDL, soleus and diaphragm muscles of rats [253, 302, 303]. In
addition to electrical stimulation, other models of stretch have increased NOS-Iµ
expression including passive stretch of whole muscle [268], single fibers (20% length
increase) [270], satellite cells (25% stretch) [7, 16, 21]; cyclic loading (6.7% mean
deformation) of cultured myotubes [268, 269]; and passive stretch in vivo using hindlimb
suspension [17]. Regardless of the mechanism used to stretch or electrically stimulate
striated muscle, muscle fibers, myotube or satellite cells, NOS-Iµ expression increases in
response to mechanical stress. Therefore, evidence suggests that the bolus release of NO
that results from mechanical stimuli is due, in part, to a greater rate of NO production
from increased expression of NOS-Iµ. This also discounts the original theory that NOS-
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Iµ was a constitutive enzyme. The role of NOS-Iµ is further confirmed by stretch
experiments of single fibers, from the FDB muscles of C57BL/6 mice, in which
inhibition of NOS with Nω-nitro-L-Arginine methyl esther (L-NAME) significantly
decreased satellite cell activation [31]. Perturbed expression of NOS-Iµ in aged muscle
may decrease nitric oxide production in response to mechanical stimuli and contribute to
decreased satellite cell activation. This could possibly be a factor in delayed satellite cell
activation in aged muscle.
2.3c NOS and exercise
The effects of exercise and NOS-I µ expression have been investigated in both
rodents and humans. Two studies involving rats demonstrated an increase in NOS-Iµ
expression with exercise despite a vast difference in exercise protocols. Balon and Nadir
implemented an intense treadmill program for a total of 8-weeks to induce increased
expression of the muscle specific isoform of NOS-I [253]. After 2 days of treadmill
acclimatization, Roberts and colleagues used an acute bout of exhaustive treadmill
exercise to investigate the effects of exercise on NOS-Iµ expression [304]. Results from
both the long term and acute exercise protocols demonstrated a significant increase of
NOS-Iµ expression in the soleus and gastrocnemius muscles, respectively [253, 304].
Currently, a limited number of studies have investigated the effects of exercise on
NOS-Iµ protein content in healthy human subjects [297, 305, 306]. Comparison between
studies is difficult since the protocols differ extensively, but two out of the three studies
mentioned above report an increase in NOS-Iµ activity with exercise. For instance,
McConell and colleagues demonstrated greater NOS-Iµ protein levels in the vastus
lateralis muscle of elite cyclists and triathletes versus sedentary controls. The study
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reported similar differences after only 10 days of an intense cycling program, but levels
of NOS-Iµ expression did not differ between fiber types before or after the exercise
intervention [297]. In 2004, Rudnick and colleauges studied the effects of 90 days of bed
rest (simulating space flight) on NOS-I protein content in the vastus lateralis and soleus
muscles of healthy male subjects [305]. The participants were separated into a control
and an exercise group; results from the exercise group were in agreement with the
McConell laboratory for the vastus lateralis muscle but no difference in NOS-Iµ protein
content was detected in the soleus muscle [297]. Conversely, 4 weeks of cycling did not
increase NOS-Iµ protein content in the vastus lateralis muscle of healthy subjects or
individuals with type 2 diabetes or prediabetes [306]. Although VO2 peak and insulin
sensitivity improved in both groups, the home exercise cycling program performed at
60% of VO2 peak may not have been a sufficient enough resistance load to stimulate
increases in NOS-Iµ protein content. The absence of change in NOS-Iµ protein content
may indicate the cycling program did not surpass the theoretical threshold for satellite
cell activation. It would have been of great interest to compare satellite cell activation in
both groups, before and after exercise, to determine if the threshold for satellite cell
activation had been exceeded. Although few studies have investigated the effects of
training on NOS-Iµ expression, there is evidence from both humans and animals to
indicate that intense exercise training results in greater levels of NOS-Iµ protein. It
would be important in relation to understanding age-related sarcopenia to determine if
well-designed activity protocols could be used to help prevent or combat age-related
muscle atrophy.
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2.4 Pharmacological Manipulation of Nitric Oxide
As mentioned previously, nitric oxide is a powerful activator of quiescent satellite
cells and initiates the entrance of these precursor cells into the G1 phase of the cell cycle
in response to exercise, stretch, trauma and denervation. Due to its role in the activation
of muscle precursor cells and the potential therapeutic benefits of stimulating muscle
growth and regeneration, the effects of pharmacological enhancement of nitric oxide
availability in normal mice have been the focus of numerous investigations [252, 307310]. Several studies have also inhibited the production of nitric oxide by blocking nitric
oxide synthase activity to determine the significance of nitric oxide in satellite cell
activation [7, 17, 27, 28, 299, 311], vasodilation [312], and mitochondrial respiration
[313]. Although the importance of nitric oxide has been implicated in several processes
of the body, the effects of nitric oxide on satellite cell function will be discussed in
greater detail here.
2.4a Nitric Oxide Donors
Nitric oxide donors, relative to satellite cell activation, can come from either an
endogenous or exogenous source. An endogenous source of nitric oxide indicates that
internal production of nitric oxide must occur in order for the levels of nitric oxide to be
increased. For example, L-Arginine (LA) is a nitric oxide synthase substrate and must be
converted by nitric oxide synthase to produce citrulline and nitric oxide. Therefore, in
order for LA treatments to be effective, NOS-Iµ or another NOS must be present.
Conversely, nitric oxide donors that do not have to be converted to nitric oxide by NOSIµ, such as isosorbide dinitrate (ISDN), are known as exogenous sources of nitric oxide.
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The structural and functional changes in skeletal muscle of mice resulting from
LA administration have been investigated extensively. LA treatments have been used in
single fiber cultures and in vivo experiments which have included C57BL/6, mdx and
NOS-/- mouse strains [27, 252, 295, 314]. Several methods have been adopted to
administer the NOS substrate in vivo including intraperitoneal (IP) injection [28, 314],
osmotic pumps implanted under the skin [314], and oral treatment via drinking water
[252]. The dose and method of administration is not a trivial matter, since results from
single fiber experiments demonstrate a dose-dependent increase in satellite cell activation
[28]. LA dispensed in a high dose through osmotic pumps decreased force deficits in
single fibers to a greater extent than IP injection [314]. Overall, administration of LA has
resulted in both structural and functional improvements since studies have demonstrated
that the NOS substrate increased satellite cell activation [27], increased utrophin and γ
sarcoglycan protein content [314], decreased eccentric contraction induced damage [314],
enhanced neuronal NOS activity [295], improved muscle regeneration following crush
injury [28], decreased exercise-induced muscle damage in pathological muscle tissue and
increased distance travelled by mdx mice on a rodent wheel [252].
In addition to LA, other NO donors (exogenous donors) that do not have to be
converted to nitric oxide by NOS-Iμ have been utilized to study the effects of NO on
muscle. Most recently, Betters and colleagues used diethylenetriamine NONOate
(DETA-NO) to ameliorate the detrimental consequences of glucocorticoid (GC)
treatment by activating satellite cells on single fibers [307]. Additional NO donors which
include S-Nitroso-N-acetylpenicillamine (SNAP) and sodium nitroprusside (SNP) have
increased satellite cell activation [21], liberated HGF [21], and increased mitochondrial
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content in culture [315]. IP injection of ISDN, often used to treat coronary heart disease,
demonstrated increased satellite cell activation in muscle from mdx mice damaged with
myotoxin injection [309].
Regardless of the NO donor, endogenous and exogenous sources of nitric oxide
have provided excellent structural and functional benefits to muscles studied in culture
and in vivo. In muscle where NOS-Iμ expression is perturbed, an exogenous source of
nitric oxide would be the preferred treatment modality, since it does not require NOS-Iμ
activity to supply nitric oxide to the muscle. The challenge that lies ahead is to determine
physiological levels of nitric oxide that would provide therapeutic benefits to muscle
tissue without negatively affecting other tissues and organs. Nitric oxide is involved in
both the activation and quiescence of satellite cells and could potentially be used to
effectively counteract muscle wasting related to age, disease, or disuse.
2.4b Nitric Oxide Synthase Inhibitors
The critical role nitric oxide plays in satellite cell activation and quiescence, as
well as several other essential cellular processes has been further emphasized in studies
investigating the effects of NOS inhibition. Nω-nitro-L-Arginine methyl ester (L-NAME)
has been used to determine the implications of preventing endogenous production of
nitric oxide via the NOS-Iμ enzyme [4, 7, 17, 27, 28, 31, 311, 316, 317]. L-NAME is a
non-isoform-specific inhibitor of NOS and has produced side effects including altered
hemodynamics, contractility of muscle tissue, and expression of genes in tissues other
than muscle [316]. An alternate, and more specific inhibitor of neuronal NOS is 1-(2trifluoromethyl-phenyl)-imidazole (TRIM) and to date, no side-effects have been
reported [318]. However, L-NAME has been used more extensively and has been
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studied in C57BL/6, mdx, and NOS-/- mouse strains, as well as, Sprague-Dawley rats. LNAME has been incorporated into experiments that have involved the use of satellite
cells [7, 317] and single fibers in culture [27, 31], as well as in vivo models including
crush injury [28], hindlimb suspension (passive stretch) [15, 17] and overload
experiments [311, 316]. The main consequences of L-NAME administration are
decreased nitric oxide activity [17, 316, 317], reduced NOS-Iμ, decreased satellite cell
activation [15, 17, 27, 28, 31], reduction of myonuclei addition [28, 311] and inhibition
of the conversion of MMP-2 to it activated form [7]. However, one study that involved
the daily administration of L-NAME via drinking water did not prevent satellite cell
activation and proliferation in an overload model of the plantaris muscle in rats [311].
Despite this conflicting result, there is strong evidence to support the inhibitory role of LNAME as it relates to satellite cell activation via the NOS-Iμ pathway, and the use of LNAME or NOS inhibition is fundamental to examining the role of nitric oxide. L-NAME
treatment has also been used in combination with NO donors and has demonstrated that
the effects of endogenous sources of NO (i.e. LA, sodium nitroprusside) are inhibited by
blocking the NOS-Iµ enzyme [7, 27, 252, 295].
Pharmacological manipulation, either to increase or decrease the availability of
nitric oxide in skeletal muscle, has emphasized the importance of nitric oxide in muscle
maintenance, growth and repair. Administration of nitric oxide is an attractive potential
treatment for several pathological conditions of skeletal muscle including muscular
dystrophies, cachexia and sarcopenia. Further investigations of nitric oxide donors must
be performed in other animals and humans to determine side effects, most effective
method for administration, and physiologically-effective dose.
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2.5 Functional Measures
Several measurements of functional performance in humans allow for assessment
of strength, power, endurance and fatigue relating to activities of daily living or more
sport-specific tasks. Functional measurements in rodents are more difficult since the
animal must be trained or administered stimuli to perform a task, rather than receive
verbal or visual instruction. A plethora of physical functional tests are available for
rodents and include, but are not limited to the following: voluntary wheel running [252,
319] [320]; involuntary level- [321], uphill- [322, 323] and downhill-treadmill running
[324]; swimming [325]; grip strength [319]; balance beam [326]; squats [327]; and rotarod [326]. For the purposes of this paper, voluntary wheel running and grip strength will
be discussed in further detail.
Mice are frequently used as an animal model to investigate the effects of exercise
on various disease- or age-related processes [320]; however, the voluntary exercise model
has been used more frequently in rats than in mice and results between the two are not
always synonymous [65]. In fact, the lack of change in skeletal muscle fiber type with
endurance exercise in mice suggests the contractile tissue of mice is less sensitive and
adaptive than rat muscle [65, 328, 329]. From the other perspective, it suggests that
mouse muscle has greater metabolic plasticity, in response to challenges, than rats. The
mechanisms responsible for enhanced metabolic plasticity in mouse muscle, when
compared to the contractile tissue of rats, have yet to be determined.
Functionally, mice and rats have very similar endurance capacity, in terms of
distance, when exposed to voluntary wheel running or involuntary treadmill exercise
[65]. Both voluntary wheel running and involuntary treadmill exercise are utilized to
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increase the endurance capacity of mice but the characteristic results of each type of
exercise are quite different and comparisons should be made with caution since few
studies compare changes in murine skeletal muscle with treadmill versus voluntary wheel
running [323]. Interestingly, effects of voluntary wheel running are more synonymous
with interval training and treadmill exercise is more closely associated with marathonlike activities in humans [323, 330, 331]. Voluntary wheel running with resistance
caused muscle growth and the extent of muscle hypertrophy may be enhanced by
increasing intensity and volume of training [330]. Several studies have demonstrated the
positive effects of both treadmill exercise and voluntary wheel running on satellite cell
activation in rats and mice, often combining exercise with treatments such as estrogen,
prednisilone, and L-Arginine [224, 252, 324, 332-334]. Although some mouse studies
have investigated the association between nNOS levels in skeletal muscle and exercise,
no such studies have been performed on aged mice [335-337].
2.5a Voluntary wheel running
Although treadmill running is commonly used in exercise protocols for rodents;
due to the considerations of repeatability and control over training volume and intensity,
involuntary treadmill running can produce a physiological stress response. Moraska and
colleagues reported adrenal hypertrophy, thymic involution, decreased serum CBG,
increased levels of lymphocyte nitrite and other physiological changes indicative of stress
after invoked treadmill running [322]. Conversely, voluntary wheel running is a ‘natural’
activity for captive rodents and consists of short spurts of high velocity running [330,
331]. Rodents run at a greater velocity (42 meters/minute vs. 16 meters/minute) and
travel a further distance (8.8 kilometres vs. 1.9 kilometres) when running voluntarily on a
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wheel compared to involuntary treadmill exercise [323]. Long-term voluntary wheel
running protocols in rats have resulted in increased soleus muscle mass up to 27 monthsof-age and an increase in the CSA of the plantaris muscle at 10 months-of-age [338, 339].
A 24-hour voluntary wheel running intervention in mdx mice resulted in extensive fiber
damage in the quadriceps-, gastrocnemius-, tibialis anterior- and diaphragm-muscles
[252]. Voluntary wheel running was also used as a tool to measure functional
performance in a study that demonstrated halofuginone treatment decreased muscle fiber
damage and time to functional recovery following exercise by resolving fibrosis [319].
Several studies in mice have incorporated this more ‘natural’ running method to show
earlier satellite cell activation following muscle transplantation [340], increased quantity
of apoptotic nuclei [333], and elevated NOS-Iμ activity in skeletal muscle [336].
Voluntary wheel exercise has been used as both a functional performance measurement
tool and a training apparatus in rodents. A ‘natural’ activity was one of the training
protocols selected for the current study since the effects of aging and exercise on NOS-Iμ
have not been investigated and it is important to eliminate as many confounding variables
as possible in studying aged animals, more specifically, physiological stress responses.
In addition, exercise on a voluntary wheel apparatus has demonstrated muscle damage
(especially in mdx mice), increased satellite cell activation, and elevated NOS-Iμ activity,
all of which are essential for this research.
2.5b Treadmill Running
The benefit to using treadmill running protocols for rodent training and functional
testing is that the volume and intensity are under the control of the investigator. As
mentioned above, treadmill training does elicit a physiological stress response but this
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can be minimized with gradual increases in the volume and intensity of exercise [322].
An added benefit to treadmill exercise is the ability to change intensity by altering the
angle of incline/decline of the running surface. It has been well established in both
humans and rodents that downhill treadmill running induces extensive muscle fiber
damage [80, 136, 341-343]. Most recently, Enns and Tidus adopted a downhill treadmill
running protocol to induce muscle damage and confirm the positive influence of estrogen
supplementation on the recruitment of satellite cells for muscle repair in ovariectomized
female rats [324]. Similar eccentric downhill treadmill exercise protocols have been used
by other groups to investigate satellite cell activation after acute muscle injury caused by
lengthening contractions in mice and rats [334, 343-345]. To date, only one mouse study
has used a downhill treadmill running protocol and the purpose of the study was to
determine if exercise-induced NOS-Iμ levels in skeletal muscle are associated with
mitochondrial biogenesis; the association of NOS-I and satellite cell activation was not
assessed [335]. Downhill treadmill exercise protocols in rodents have been effective for
inducing muscle damage and provide a useful method to investigate repair of muscle
tissue in vivo, caused by a health enhancing activity such as exercise. Although muscle
damage caused by exercise may not be as extensive as tissue disruption inflicted by
cardiotoxin injection or crush injury, it is the most prominent type of muscle damage.
Therefore, the more information acquired about this process, the greater the opportunity
for resolving muscle wasting by the use of exercise protocols.
2.5c Grip Strength
Grip strength measurements in rodents are a popular and effective functional
assessment tool to determine the significance of nerve lesions, sedative drugs, age,
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steroid administration, halofuginone treatment, NO-donor treatment and neuromuscular
disease on function, and more specifically forelimb muscle force production [3, 252, 319,
346-348]. Several variations of grip strength testing equipment exist which include the
following: mesh grid attached to a balance [349, 350]; lateralized grip strength meter that
allows for simultaneous force assessment of each limb [348]; and a trapeze bar attached
to a strain gauge [3, 252, 319]. Despite the variation in equipment used, the protocol for
testing is generally similar. Rodents are gently grabbed by the tail, as close to the body
as possible, and lowered toward either the mesh grid, ring or trapeze bar. As the animal
grabs the trapeze bar the investigator gently pulls the rodent in the opposite direction until
grip can no longer be maintained; peak force or the greatest amount of weight that was
supported by the rodent is recorded. Grip strength testing is quick, non-invasive, welldocumented in the literature, and can be repeated as often as necessary. However, in
addition to several benefits of grip strength testing, the motivation of the animal can be an
issue and contribute to large variation between repetitions [349, 351]. The magnitude of
force produced and the motivation of the animal are also dependent on how hard and how
quickly the investigator pulls on the tail of the rodent. Therefore, it is recommended that
a single tester perform all the repetitions and be as consistent as possible to minimize
measurement error [349]. Ingram and Reynolds reported that grip strength was a positive
predictor of lifespan at 22 months-of-age; unfortunately, at 27 months-of-age testing was
too inconsistent, possibly confounded by learning variations [351]. Even though
equipment and methods differ slightly, our lab has extensive experience with grip
strength testing using the trapeze bar attachment; thus, it was utilized for this research [3,
252, 319].
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2.6 Changes in Skeletal Muscle with Aging
Taber’s cyclopedic medical dictionary defines aging as “getting older” and states
“there is no precise method for determining the rate or degree of aging” [80]. A recent
article by Haylfick indicated that there is still no universal definition of aging which
results in communication breakdowns and misinterpretation of research performed in the
field of aging [352]. Further confounding the problem of aging in relation to skeletal
muscle are the 12 other systems in the body which include the integumentory system,
skeletal system, central nervous system, peripheral nervous system, autonomic nervous
system, endocrine system, cardiovascular system, lymphatic system, respiratory system,
digestive system, urinary system and reproductive system. The interaction between the
muscular system and the other systems of the body is a bidirectional process in which
each system has an influence on, and provides feedback, to the other. For example,
muscle is the most abundant insulin-sensitive tissue in the body and accounts for up to
50% of body weight. At rest, it is responsible for 20 to 30% of oxygen consumption and
75 to 90% of glucose absorption [353]. The point is that it would be impossible to study
the implication of every system on muscle tissue, but in the same context, the age-related
changes that occur in other tissues of the body must be recognized when investigating
skeletal muscle. A very brief summary of age-related alterations in the nervous,
endocrine, skeletal, cardiovascular, urinary (table only) and immune system are described
below to highlight the intricate and complex interplay between various tissues and
systems of the body (table 2-1).
With age, several changes occur in the endocrine system that ultimately affects
skeletal muscle. These age-related alterations include decreased levels of growth
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hormone (GH) and mechano growth factor (MGF); reduced resting metabolic rate;
increased insulin resistance and hyperglycemia; and decreased levels of testosterone.
Lower levels of MGF and GH lead to a deficiency in the proliferation and fusion of
satellite cells [164]. Increased insulin sensitivity and hyperglycemia disrupt the
equilibrium between protein synthesis and degradation [354, 355] and may account, in
part, for the 40% reduction in myosin heavy chain protein synthesis in aged individuals.
The extensive effects of testosterone in mammalian tissue have been summarized
by Herbst and Bhasin and there is now substantial evidence from longitudinal and crosssectional studies to conclude that testosterone production in males decreases with age
[111, 356]. Although the mechanism by which testosterone stimulates muscle growth is
not fully understood, age-associated decline in this anabolic hormone is associated with
decreased muscle mass and strength [117]. Decreased satellite cell activation and fusion,
and an imbalance in protein synthesis contribute to the lack of exercise-induced skeletal
muscle repair and growth evident in older subjects. Goldspink has demonstrated that the
combination of growth hormone supplementation and exercise resulted in increased MGF
levels and could be one avenue by which treatment could stimulate satellite cell
activation and muscle growth in aged individuals [164]. A review by Bhasin and
colleagues documented the positive effects of testosterone supplementation on young
hypogonadal men including increased fat-free mass (FFM) and increased fiber CSA of
type I- and type II-fibers. However, testosterone supplementation in older men is a
controversial issue since there is extensive public concern, although unproven, that this
treatment could increase the incidence of prostate cancer and cardiovascular disease.
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In 1917 D’arcy Thompson stated “Muscle and bone, for instance, are inseparably
associated and connected, they are molded one with the another; they come into being
together…” and over 80 years later a similar statement was made “Muscle and bone grow
in proportion to one another, presumably because bone is biomechanically linked to
muscle and bones adapt to muscle forces during development” [357]. In fact, it has been
demonstrated that up to 80% of the variance in total bone mineral content can be
explained by lean body mass and that muscle mass is the greatest predictor of bone
mineral content [358]. With the exception of trauma, muscle produces the greatest strain
on bone as it must overcome resistances to produce body movement [359], and thus
contributes to the remodeling of bone [360, 361]. Similarly, muscle contraction
performed to produce movement against the resistance of bone is required to maintain
and increase muscle mass. Walsh demonstrated an increasing association between
osteopenia, osteoporosis and muscle wasting with advancing age [362]. It is also
interesting to note that the incidence of sarcopenia increases by almost 20% between the
ages of 40- and 60-years-old and precedes the increasingly prevalent conditions of
osteopenia and osteoporosis; this illustrates the interplay and feedback between the two
systems and the need to maintain muscle mass and strength.
The influence of the cardiovascular system on muscle growth and development is
extensive. In addition to the delivery of growth-stimulating hormones mentioned above,
the cardiovascular system supplies the gases and nutrients required for muscle growth,
development and function, as well as, removing the waste products of muscle activity
such as hydrogen, potassium and lactate [108]. Blood flow is also a major determinant of
protein turnover, as it regulates amino acid concentrations and influences the metabolism
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and function of muscle. Anabolic hormones are influenced by blood flow as insulin,
GH/IGF-I and protein turnover may be mediated by an increase in peripheral blood flow
and nitric oxide production [363]. Blood flow in contracting muscle is reduced with age
in both humans and animals [364]. Decreased blood flow may be a result of structural
and functional changes that take place within the cardiovascular- and muscle-systems
with age. Russel cites studies that indicate there is a decrease in capillary density and
capillary-to-fiber ratio in aged muscle which is accompanied by a decrease in
mitochondrial volume and oxidative function. Haidet documented similar findings in a
study of beagles which demonstrated a decrease in muscle capillary density and capillaryto-fiber ratio with age [365]. Although change in blood flow distribution compensates, to
some extent, for age-related changes in the cardiovascular system, complete restoration
of blood flow is not restored in skeletal muscle. Deficits in muscle vascularization may
contribute to the morphological changes and functional deficits evident in muscles
affected by sarcopenia.
Within the immune system, cytokines are small nonstructural proteins that
transport inter-cellular chemical signals. Although cytokines are an integral part of
immune responses, recent research suggests these chemical messengers are involved in
cell growth, differentiation, repair and regeneration, as well as, aging [366]. More
specifically, in muscle, cytokines play a role in anabolic and catabolic processes; muscle
contraction; injury and contraction-induced repair; and many muscle disease processes
[367].
Cytokines obviously play a significant role in the inflammatory response
associated with muscle damage, but these chemical messengers can also be produced by
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muscle fibers. Muscle fibers are capable of directing the inflammatory response,
expressing cytokine receptors, adhesion molecules and co-stimulatory molecules [368].
It is important to understand, depending on the chemical messengers and stimuli
involved, that cytokines can act in an endocrine, paracrine or autocrine fashion [367]. In
other words, chemical signals can be transported in the blood to target cells (endocrine),
produced and metabolized locally (paracrine) or transduced by autocrine signaling in
which the chemical messenger acts on the same cell that produced it [1].
Muscle tissue has the ability to produce cytokines internally in response to a
variety of stimuli. Proinflammatory cytokines can stimulate the secretion of interleukin-1
beta (IL-1β), IL-16, IL-8 and transforming growth factor. [367]. Although the role of
individual cytokines in muscle catabolism is controversial, Zoico cites several studies that
demonstrate increased protein degradation with elevated levels of TNF-α [367]. The role
of IL-1β in muscle degradation is not convincing to date. Basically, despite extensive
research in this area, little is known about the individual contribution of various cytokines
to muscle atrophy. It is evident, however, that several cytokines such as tumor necrosis
factor-alpha (TNF-α), IL- β, IL-6, ciliary neutrophic factor (CNTF), interferons and
growth/differentiation factor-8 form an intricate network of signals which ultimately lead
to muscle catabolism.
Age-related sarcopenic changes in striated muscle are due to an imbalance
between protein synthesis and degradation. The majority of research suggests decreased
muscle mass is a result of increased muscle catabolism rather than decreased anabolism.
Several diseases including osteoarthritis (OA), rheumatoid arthritis (RA), congestive
renal failure (CRF) and congestive heart failure (CHF) have been associated with
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inflammation and increased cytokine production. Roth suggested age-related muscle loss
is also associated with increased cytokine levels and decreased growth factors [369].
Therefore, with a decrease in anabolic factors and an associated increase in catabolic
factors, the scale is heavily tipped to increased muscle loss with aging. More
specifically, Roubenoff and colleagues demonstrated a strong association between
increased IL-6 and TNF-α levels and mortality in older adults. Elevated levels of TNF-α
have also been associated with decreased quadriceps strength and increased activation of
skeletal muscle apoptic pathways. In muscle, apoptosis leads to a loss of myonuclei and
death of muscle cells (myofibers) [370, 371]. It is also interesting to note that some of
these structural changes are associated with functional limitation and compromised
quality of life in older adults. The mechanisms by which growth and inflammatory
factors interact are still unknown but may provide further insight into the loss of
homeostasis between anabolism and catabolism in aged skeletal muscle. There are
several studies that look at the association between lean body mass and fat mass. It has
been well documented that decreased muscle mass is associated with aging, but recently
the term ‘sarcopenic obesity’ has been used to describe a coincident increase in fat mass
and a decrease in lean body mass. Interestingly, obesity is also related to inflammation as
adipose tissue releases TNF-[372]α, as well as, IL-6. In both older men and women,
elevated levels of inflammatory cytokines have been associated with an increase in fat
mass and a decrease in fat free mass [373, 374]. This may not be a chicken before the
egg argument as research suggests all the inflammation in sarcopenic obesity is a result of
fat mass, therefore, obesity precedes sarcopenia.
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2.6a Structural Changes
The intent of this section is to collate age-related changes in the structure of
muscle together, and add some evidence from previous sections of the literature review.
Aging is associated with changes in both structure (morphology) and function of muscle
tissue and the relationship between the two is intimate and inseparable. Alterations in the
structure of muscle tissue as a result of aging, injury, disease, etc. ultimately affect the
ability of sarcomeres, individual muscles fibers, bundles of muscle fibers, and the entire
muscle to function to their respective full capacity. Functional deficits include, but are
not limited to, loss of force production, increased fatigue, lack of endurance, altered angle
of peak torque, and decreased contraction velocity. Conversely, functional deficits
feedback to muscle morphology and may result in loss of sarcomeres in series or in
parallel, decreased fiber CSA, loss of motor units, decline in the number of muscle fibers,
fiber type transformation, and change in fiber arrangement (pennation). The sequence in
which changes in muscle structure and function occur is dependent on the mechanism(s)
responsible for the alterations.
Sarcopenia is an age-related loss of muscle cross-sectional area [375, 376] and
although changes in muscle structure are well documented, the mechanisms responsible
for these changes are still under intense investigation. Decreased muscle cross-sectional
area is a secondary process due to motor unit loss and atrophy of individual muscle
fibers. Several studies have reported a significant decrease in muscle fiber crosssectional area in both humans and rodents [295, 375-380]. In addition to a loss of muscle
fiber CSA, the number of muscle fibers in aged muscle is less than in young contractile
tissue [372, 381] such that the vastus lateralis muscle of an 80 year old human has 1/3 the
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number of fibers compared to an individual 50 years younger [376]. The CSA of the
human vastus lateralis muscle is more an indication of the total number of fibers rather
than the atrophy or loss of type II fibers [372, 382] .
Type II fibers are adversely affected by age to a greater extent than type I fibers in
the vastus lateralis [380, 383, 384], tibialis anterior, gastrocnemius and biceps brachii
muscles [385]. Atrophy of individual fibers throughout the muscle is inconsistent due to
the heterogeneity of fiber types. Aged, atrophied muscle is characterized by clusters of
fiber types, rather than a random distribution of fibers evident in young muscle, which
indicates fiber type grouping [372, 386]. Fiber type grouping usually occurs in the
eighth decade of life and is described as the result of a process of partial denervation and
reinnervation of muscle fibers, which may change fiber type proportion. Axonal
branches near a denervated fiber will reinnervate it. [101, 385, 387-390]. This also
results in an increased size of the motor unit or greater number of fibers per motoneuron
[386].
Andersen noted a change in fiber shape with age since muscle fibers from the
vastus lateralis of an aged section of muscle demonstrated a ‘flattened’, ‘crushed’, or
‘banana shaped’ appearance as opposed to the angular cobble stone shape of younger
fibers [386]. Change in muscle fiber shape may be due to the initiation of apoptosis
(programmed cell death). The most prevalent morphological changes in aged muscle
occur in type II fibers and include decreased fiber CSA, loss of muscle fibers and fiber
type grouping [385]. Therefore, intervention strategies intended to combat sarcopenia
should be designed to effectively target type II fibers to maintain or increase muscle
CSA.
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Several researchers have investigated age-related changes in the proportion of
type I and type II muscle fibers but there is still discrepancy between the results of
various studies. While research has demonstrated that there is no change in the
proportion of muscle fiber types with age, others have provided evidence to support a
decrease in the number of type II fibers [153, 385]. Biopsy technique (depth of tissue
sample), age of subject (difference, before and after the age of 76-years-old), muscle
sampled, study design (cross-sectional vs. longitudinal), and the change and/or coexpression of histochemical characteristics contribute to the discrepancy of the results
between studies.
Regardless of the lack of agreement in the age-associated change of muscle fiber
type percentagewithin an individual muscle, there is strong evidence to indicate muscle
atrophy during aging affects type II muscle fibers to a greater extent than type I fibers. In
addition to a decrease in the CSA of individual fibers, a change in shape and distribution
of fibers occurs as aged muscle exhibits some flattened fibers and fiber type grouping.
These structural changes cause fibers to be more susceptible to contraction-induced
injury and ultimately affect muscle function. In turn, these changes make a significant
impact on the ability to perform activities of daily living and function independently.
2.6b Functional Changes
The implications to function of age-related structural changes in skeletal muscle
have yet to be fully realized. One of the most detrimental functional deficits in older
muscle is increased susceptibility to contraction-induced injury since the regenerative
capacity of aged muscle is impaired [204, 263, 380, 391-393]. Type II fibers are at
greater risk of contraction-induced injury than type I fibers which may be a result of their
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more extensive atrophy than type I fibers. There is substantial evidence from both crosssectional-and longitudinal-studies in humans to confirm a loss of strength with age in
muscles that flex and extend the elbow-, knee- and ankle-joints [394-397]. These studies
indicate that after the age of 50-years-old, strength decreases at a rate of about 12–15%
per decade, but in general, strength deficits associated with changes in muscle structure
tend to be underestimated due to differences in study design (longitudinal versus crosssectional) and sampling techniques (diagnostic imaging versus muscle biopsies) [394,
397].
Lynch and colleagues stated that proximal lower limbs demonstrate the greatest
reduction in strength although later reports do not confirm these results [393-395]. It is
important to realize that the percentage of change in strength reported in the literature is
dependent on the velocity at which testing was performed and the type of contraction that
was assessed (concentric versus isometric versus eccentric). Eccentric strength is
maintained to a greater extent with aging than both isometric and concentric strength
[398-401], although the underlying mechanisms for the maintenance of eccentric strength
are not fully understood. It is quite possible that, due to the uncomfortable and unnatural
movement pattern, isokinetic strength testing is not the most accurate and valid measure
of eccentric strength in older adults and may be reflected in the lack of recorded changes
in strength with age. Another confounding variable that could account for a lack of
change in eccentric strength with age is muscle co-contraction. Evidence suggests that
substantial antagonist contraction of the hamstring muscle group occurs during agonist
contraction of the quadriceps muscles and vice versa [402, 403]. Also, co-contraction of
the quadriceps muscle group was velocity dependent and increased at greater velocities
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[402]. If velocity of contraction decreases with age, co-contraction torques would also
decrease which could result in greater recordings of agonist force production, thus,
underestimating deficits in eccentric strength of the older- compared to younger-subjects.
Several studies of aging indicate muscle power is affected to a greater extent than
muscle strength [385, 397, 404, 405]. This again illustrates the importance of
maintaining the size and force production of type II fibers since these fibers are
responsible for muscle power. Muscle power has demonstrated a closer association to
function than strength [73] and decreases at a greater rate with age [73, 404]. Bassey and
colleagues demonstrated the significance of power in performing activities of daily living
such as stair climbing, rising from a chair and walking [406].
In addition to decreased strength and power, aged muscle demonstrates a
decreased rate of contraction, increased time-to-peak tension [407], and a longer rate of
relaxation compared to younger muscle [408]. Narici and colleagues stated “Slowing of
relaxation and type II atrophy may also explain why older people demonstrated more
resistance to isometric fatigue than younger individuals” [407]. Collectively, these
changes in contraction rate and relaxation time demonstrate significant deficits in skeletal
muscle function with age that culminate as a decreased ability to perform activities of
daily living, and an increased rate of injury resulting from decreased response time and
an inability to right oneself when balance is compromised.
As discussed previously, insufficient power in older individuals compromises
function to a greater extent than strength deficits. Fortunately, there is a wealth of
literature that identifies the benefits of power training in aged subjects greater than 64
years-of-age, after training for only 2 to 6 months [73]. Although the study protocols
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vary considerably, the majority of studies demonstrate an increase in power, strength and
CSA after power training [74, 409-417]. More importantly, power training resulted in
decreased disability and an increase in functional measures such as walking speed [411,
413, 418], balance [418]; chair stands [143, 413, 418], and stair climbing [414, 418].
With the appropriate training protocols and possible treatments to maximize the
production of nitric oxide to stimulate satellite cell activation and growth of type II
muscle fibers, the extensive improvements demonstrated with power training alone may
be further enhanced. If that enhancement were possible, it would improve the ability of
older subjects to perform activities of daily living and to live independently with a
reduced risk of falls.
2.6c Neuromuscular system
As mentioned previously, one cause of decreased muscle fiber CSA is motor unit
loss [375, 376]. A motor unit is described as a single nerve fiber and all the muscle fibers
it innervates [1]. Although the number of motor units was originally determined by
counting ventral root fibers [43, 106, 419], this method gives no indication of the number
of functioning motor neurons. Counting the anatomical presence of an axon during the
loss of function will underestimate the decrease of motor units with age and does not
provide insight into the implications of motor unit loss on muscle function. A classic
experiment by Campell and colleagues used electrophysiological studies to investigate
the decline in the number of functioning motor units of the extensor digitorum brevis
(EBD) muscle of healthy human subjects aged 7-months-old to 97-years-old [107]. This
study incorporated a physiological approved model that stimulated a single motor nerve
axon to fatigue and used muscle histology (stained for glycogen) such that fibers depleted
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in glycogen (no stain) were part of the motor unit stimulated in vivo. Up until the age of
60-years-old, the number of motor units varied considerably but there was a significant
drop in number beyond the start of the 7th decade. In addition, research has
demonstrated that seventy-year-old subjects lose as much as 50% of functional motor
units [107]. The denervation and reinnervation process of muscle fibers causes fiber type
grouping and loss of random fiber type distribution within the muscle which may cause
functional deficits in muscle performance. Although the implications of fiber type
changes on strength, power and functional status have yet to be fully characterized, data
suggest the neuropathic process contributes to loss of muscle fibers and muscle atrophy
[378, 420]. Fiber type grouping doesn’t necessarily result in a change in the overall
proportion of type I and type II fibers but deductive reasoning suggests the denervation
and reinnervation process contributes to a decline in the CSA of type II fibers. Booth and
colleagues stated that studies which report motor unit loss and a decrease in the number
of spinal motor nerves are primarily cross-sectional in design, therefore, longitudinal
studies are warranted to accurately quantify changes in the neuromuscular system with
age [381].
There is significant evidence that suggests motor unit loss plays an essential role
in sarcopenia, especially after 60 years-of-age. Structural changes that occur in muscle
with age ultimately affect muscle function and impede ability. However, the feedback
between structure and function, and the order in which these events occur during atrophy
and aging is still under intense investigation. Well-designed longitudinal studies with
reliable techniques investigating several upper and lower muscles of agonistic- and
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antagonistic-function are required to provide further insight into the epidemiology of
sarcopenia.
2.6d Cellular Changes
Genes provide the blueprint for cellular structure and function that are responsible
for the assembly of proteins and biomechanical processes that take place in both satellite
cells and mature muscle fibers. Even though Hayflick provides a convincing argument
that aging is not a purposeful program driven by genes, there is no doubt that age-related
changes in gene expression alter the structure and function of cells, regardless of whether
these alterations are preprogrammed or random, accidental events [352]. The purpose of
this section is not to debate the evidence presented by Haflick, but to identify changes in
gene expression and protein levels that do occur with aging, regardless of the cause.
Neuronal NOS, and more specifically the spliced form NOS-Iμ, which presents
only in skeletal muscle and the myocardium, has been implicated in the processes
regulating contractile force and for the purposes of this research, satellite cell activation.
Satellite cell activation is delayed and decreased with age (see Section 2.2f), therefore
because NOS-Iμ is involved in satellite cell activation, it is hypothesized that NOS-Iμ
protein levels decrease with age. The results from a study by Capanni and colleagues did
not agree with this hypothesis as comparison between neuronal NOS protein levels of the
gracilis muscle from 6-and 24-month-old Wistar Rats demonstrated an increase in
neuronal NOS levels with age [421]. Conversely, Richmonds and colleagues found
decreased levels of NOS activity in the extensor digitorum longus- and soleus-muscle of
24-month-old Fischer 344 rats [422]. Two possible reasons for this discrepancy are the
different muscles being investigated and, more likely, the methods used to assay NOS-Iμ
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protein levels. Capanni and colleagues determined protein levels whereas Richmonds
and colleagues investigated NOS-Iμ activity by analyzing the conversion of 3H arginine
to 3H citrulline. Increased NOS-Iμ levels demonstrated in the study by Capanni and
colleagues may have been a compensatory mechanism to counteract deficient NOS
activity illustrated in the study by Richmonds and colleagues. To date, no murine studies
have investigated the effects of age on the changes in expression or activity of NOS-Iμ in
skeletal muscle. In addition, the potential benefits of NO donor supplementation, stretch,
and exercise to enhance NO production and, subsequently, increase satellite cell
activation to combat muscle atrophy have yet to be realized.
Myogenic regulatory factors (MRFs) which include Myf5, MyoD, MRF4 and
myogenin play a significant role in muscle growth, maintenance and repair, and are
active in response to loading and unloading of limbs in young rodents [423-425].
However, the plantaris and soleus muscles of rats aged up to 39 months-of-age were
reported to have decreased levels of MyoD and myogenin protein and did not respond to
unloading by increasing protein levels as identified in young rats [426]. Contrary to these
results, Edstrom and Ulfhake found an upregulation of all four MRF genes in the
gastrocnemius muscle of 30-month-old Sprague Dawley rats [427]. Similar to neuronal
NOS expression, elevated levels of MRFs with aging may be an intrinsic mechanism that
is unsuccessful in counteracting atrophy of muscle fibers.
Analogous to myogenic regulatory factors, myostatin (GDF-8), a member of the
transforming growth factor-β superfamily, inhibits muscle growth [428]. Knockout mice
and naturally mutated ‘double-muscle’ cattle have increased muscle mass (< 20-30%)
compared to animals with normal expression of myostatin [428, 429]. Therefore, it is
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hypothesized that age-related muscle atrophy may be associated with increased myostatin
expression and a more stringent negative control of muscle growth. An earlier study
investigating the changes in myostatin expression with age in C57BL/6 mice did not
demonstrate a difference in myostatin expression in the gastrocnemius- and plantarismuscles from 11- to 92-weeks-of-age [430]. The only change in myostatin expression
occurred during the reloading phase of gastrocnemius and plantaris muscle from 11week-old mice subjected to hindlimb suspension for 14 days. However, muscles from
animals aged to 11-weeks also demonstrated decreased myostatin expression during
growth which suggests myostatin expression may be more responsive at a younger age
[430]. Data from human studies have revealed that genetic variations of the myostatin
gene, in particular R153, may be associated with greater muscle weakness than the nonmutated form of myostatin [431, 432]. The prevalence of the R135 mutation in the
human population is extremely low and it should not be assumed that decreased
myostatin levels (specifically R135) cause age-induced weakness in the general
population.
To date, there is no convincing evidence to suggest that age-associated alterations
in NOS-Iμ, MRFs and myostatin play a significant role in sarcopenia. That being stated,
similar to motor units, the expression of a gene or presence of protein in aged muscle
does not necessarily reflect effective function or an important functional change. Further
research is needed in this area to determine if gene expression and protein levels can be
altered in aged muscle, with treatments and/or exercise, to restore the structural and
functional characteristics evident in young muscle.
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2.6e Age-related Sarcopenia
Sarcopenia means “flesh loss” in Greek and was originally proposed by
Rosenberg in 1987 to describe the age-associated loss of muscle mass and function [433].
In old age, skeletal muscles atrophy, evidenced as a significant loss of muscle crosssectional area, a process that is a secondary to motor unit loss and atrophy of individual
muscle fibers [375, 376]. The decline in lean body mass is associated with decreased
strength that results in decreased function due to the positive correlation between muscle
mass and strength [248, 385]. Although many researchers have studied sarcopenia since
the first Sarcopenia Workshop held by the National Institute on Aging in 1994, the
mechanisms responsible for the deterioration of voluntary contractile tissue have yet to be
elucidated. The importance of making progress on this question is highlighted by the
change in demographics of our society.
The loss of muscle mass is accompanied by strength deficits and impaired
function [434], resulting in increased disability amongst older individuals . In fact,
Morley and colleagues suggested that clinically significant sarcopenia affects 8.8% of the
older female population and up to 17.5% of older males [435]. The rates of clinically
significant sarcopenia alone have a significant impact on the health care system. Further,
when the subsequent loss of bone mass and demographics of our population are taken
into account, muscle atrophy becomes a serious problem. The proportion of the North
American population over the age of 50-years-old continues to increase along with life
expectancy. Therefore, the number of individuals experiencing sarcopenia continues to
increase, placing a greater strain on health care dollars. The fact that over 50% of our
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workforce could retire in the next 10 years gives a vision of the impact of the current
demographic shift.
In addition, bone mineralization and strength are stimulated by the pull or tension
placed on the bone during muscle contraction. Stronger muscles have the ability to
produce more force and place greater tension on bone, subsequently stimulating bone
calcification. Decreased muscle mass and strength reduce the effects of muscle pull on
bone and allow osteoporosis to develop from misuse.[361].
Forty-percent of muscle mass is lost by 80 years-of-age, with 30 % of the
reduction occurring after the fifth decade of life. Age-related muscle atrophy is
accompanied by a decrease in muscle-force output and limitation of function compared to
young, healthy muscle. Age-related muscle loss has a greater affect on the weightbearing capacity of lower limb muscles, as up to 33% of the decline in CSA of the
quadriceps muscle occurs between the third and eighth decade of life [436].
Currently, the most effective way to treat age-related muscle atrophy is resistance
training. A review by Johnshon hilighted the positive effects of resistance training in
older adults which included an increase in muscle strength, muscle mass, type II fiber
CSA, proportion of type II fibers, and function, as well as, decreased morbidity and
mortality [437]. Tornopolsky and Safdar discussed additional benefits of resistance
training in older adults such as an increased rate of muscle protein synthesis, and
increased fiber CSA of type I and IIx fibers. Resistance training has also improved
functional measures (i.e. muscle strength, gait velocity, stairclimbing power, and
spontaneous physical activity) in older adults up to 98 years-of-age.[438]. The increase
in muscle size with resistance training in an older population may be due, in part, to
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increased satellite cell activation since 3 months of resistance training in older men and
women (70-82 years-of-age) increased the number of satellite cells per fiber in the vastus
lateralis muscle[439]. Although resistance training has been shown to enhance muscle
structure and function in older adults, the mechnisms responsible for these positive
changes are largely unknown. If the mechanisms responsible for the positive benefits of
resistance training can be identified, the potential to combat sarcopenia with strength
training could be enhanced even further. Unfortunately, to date, the prevalence of
sarcopenia continues to rise and negatively affect older adults and society as a whole.
As the average life-expectancy rises in Canada, the financial impact of sarcopenia
on the health care system increases. Age-related muscle atrophy directly affects quality
of life by increasing the risk of osteoarthritis, decreasing physical function and,
concomitantly, increasing the risk of falls. Muscle weakness makes it more difficult for
older adults to quickly correct posture when balance is lost, which results in falls [281].
Older individuals are more likely to be affected by reduced bone mass, in fact, the
prevalence of osteoporosis in Canadian women aged 50 year of greater is almost 16%
[440]. Osteoporosis currently affects approximately 1 in 4 women and 1 in 8 men in
Canada and is a significant health care problem since about 20% of women and 40% of
men die within of year of sustaining a fracture of the hip [440]. Muscle is also used an
emergency protein store during times of stress, such as major surgery, and atrophy
therefore reduces survival rates of affected individuals from other health and
rehabilitation conditions [281].
There is a wealth of evidence to confirm that age-associated structural and
functional changes in muscle have a significant impact on the older population, as well
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as, the community as a whole, in terms of health, economy and prosperity. Aging
research has increased exponentially over the last decade, yet there are still several
important questions that need to be answered if effective treatments are to be realized.
Sarcopenia is a multifactoral process that involves the interaction of several complex
systems within the body and comorbidities in aged humans and animals further
complicate this condition. Fortunately, positive results have been associated with
exercise, drug treatments and nutritional supplementation, but further progress in research
is necessary to find ways to restore function in the older population. More than likely, a
combination of exercise, drug treatments and nutritional supplementation will be required
to fully elucidate the effects of aging on skeletal muscle tissue and eliminate disability
resulting from sarcopenia.
2.7. Significance
Over the last decade, age-related muscle atrophy has received a lot of attention
and has been the focus of many research studies. Sarcopenia is characterized by loss of
whole muscle mass, decreased fiber CSA, motor unit loss, reduced strength, and an
impaired ability to perform activities of daily living. Despite what is known about the
structural changes in muscle and the functional deficits that occur with aging, the
mechanisms responsible for alterations in aged contractile tissue are still not fully
understood.
Muscle satellite cells are the main source of myonuclei during muscle
maintenance, hypertrophy and regeneration. Adult muscle tissue is post-mitotic,
therefore, without satellite cells, maintenance, growth and repair of muscle would not be
possible. Satellite cells from aged muscle demonstrate decreased functional capacity and
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a delayed response to activation stimuli. Although growth factors have been used to
increase the proliferation of satellite cells from aged muscle, the initial activation of
muscle precursor cells is a prerequisite for the multiplication of satellite cells.
To date, only nitric oxide and hepatocyte growth factor have been proven to
activate satellite cells and initiate the exit of these precursor cells from GO to G1 of the
cell cycle. Nitric oxide concentration in muscle increases in response to stretch, exercise,
denervation and trauma. Stretch and exercise are the only two mechanical stimuli that
would receive ethics approval to be used on human subjects. Hence, although several
models of denervation and trauma have been used to study satellite cell activation in
young-and old-animals, stretch and exercise are the most realistic and promising
intervention to increase nitric oxide production in humans with sarcopenia. However, it
is not known if stretch and exercise can increase nitric oxide concentration to
physiological levels required to stimulate satellite cell activation in aged muscle. For this
reason, endogenous and exogenous sources of nitric oxide will be investigated to
determine if inadequate levels of nitric oxide exist in aged muscle and if so, which source
of nitric oxide is most therapeutic.
Re-investigating the progression of the structural and functional changes that
occur in muscle with age may provide clues to the mechanisms responsible for these agerelated alterations in skeletal muscle. Circumstantial evidence exists to implicate muscle
satellite cells in the process of muscle wasting, but further research is required to
determine if satellite cell pool size or declined regenerative capacity of satellite cells is
responsible for atrophy. The work presented in this thesis was designed to determine if
age-related changes in the structure and function of muscle are related to a decreased
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satellite cell pool size and/or the inability of satellite cells to activate to the same extent as
in young muscle. Both mechanical and chemical stimuli were incorporated in these
studies to investigate the effects of nitric oxide on satellite cell activation in aged muscle.
Results of this research will determine the role of nitric oxide in age-related muscle
atrophy and possibly provide evidence to develop mechanical stimulation protocols and
drug therapies that have the potential to combat sarcopenia by increasing satellite cell
activation.
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2.8. Tables and Figures
Figure 2-1. Vector resolution for muscle fiber pennation
The force applied to the tendon of a multi-pennate muscle was determined using the
principles of vector geometry. Tension applied to the tendon during contraction of a
muscle fiber was divided into these two components: vertical tension and horizontal
tension. Vertical tension can also be described as the effective force since the force
acting along the tendon is pulling on the bones in an attempt to cause motion. The
greater the angle of pennation the less vertical tension applied to the tendon. Muscle
fibers oriented at 45º to the tendon result in equal magnitudes of horizontal and vertical
tension when fibers contract.

Fh
Ft
Ff

Fv

α

Ff

Ft (tension in the tendon) = ?
Ff (tension in the fiber) = 100 N
Fh (horizontal tension on tendon) = ?
Fv (vertical force on tendon) = ?
α (angle of pennation) = 45°

α

Fh = (Ff)(sinα)
Fh = 70.7 N
Fv = (Ff)(cosα)
Fv = 70.7 N

100

Table 2-1. The effects of systemic changes with age on muscle growth.
Aging causes alterations in every system of the body and these changes ultimately impact
the structure and function of skeletal muscle. Age-related changes in the nervous system
(NS), endocrine system (ES), skeletal system (SS), cardiovascular system (CS), urinary
system (US) and the immune system (IS) are identified and summarized, along with the
impact of these changes on skeletal muscle.

System

Changes with age

Effect on muscle

NS

↓ motoneuron size, ↓ # motoneurons,
↓ functional motoneurons, fiber type
grouping

↓ fiber CSA, ↓ strength, ↓ muscle mass, ↓
power, ↓ balance, ↓ heterogenity of fiber
types

ES

↓ MGF, ↓ GH, resting metabolic rate,
↑ insulin resistance, ↑ hyperglycemia, ↓
testosterone

↓ proliferation of SCs, ↓ fusion of SCs,
↓ protein synthesis

SS

↓ bone density, ↑ rates of osteoporosis

↓ resistance → atrophy/weakness

CS

↓ blood flow, ↓ capillary density, ↓
capillary-to-fiber ratio, ↓ capillary #

↓ mitochondrial volume, ↓ muscle function, ↓
amino acid transport

US

↑ angiotensin II associated with adipose
tissue, hypertension

↓ protein synthesis, ↓ mitochondial volume, ↓
muscle function, ↓ amino acid transport

IS

↑ cytokine levels, ↑ inflammation due to
age-related diseases, obesity

↓ muscle mass, ↓ strength, ↑ activation of
apoptotic pathways
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CHAPTER 3. HYPOTHESIS AND AIMS
3.1. Hypothesis
The overall hypothesis of this thesis is that the age-related structural and
functional changes in skeletal muscle of normal mice can partly be attributed to
decreased satellite cell pool size and perturbed activation due to deficits in NO signals. It
is also hypothesized that increasing NO production through stretch, exercise and drug
treatments will restore the structure and function of aged muscle by enhancing satellite
cell activation.
3.2 Specific Aims:
Determine the effects of stretch and drug treatments on satellite cell activation and gene
expression in normal aged muscle (Chapter 4).

Determine the progression of morphological changes in skeletal muscle of normal mice
that occur with age (Chapter 5).

Establish the age-related functional changes that take place in muscle of normal mice up
to 18 months-of-age (Chapter 5).

Determine the alterations in satellite cell pool size and satellite cell activation that occur
with age in normal muscle (Chapter 5).
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Characterize the gene expression profile of normal muscle from young, adult and
senescent mice (Chapter 5).

Characterize the effects of exercise on muscle structure, function, satellite cell activation
and gene expression in normal mice aged to 18 months (Chapter 6).

Determine if there is an age- and muscle-specific response to exercise in terms of satellite
cell activation and gene expression. (Chapter 6)

The experiments described here include whole-muscle cultures and in vivo models of
exercise. Stretch and drug treatments were applied to whole-muscle cultures to increase
NO production whereas exercise was used to enhance the production of NO in vivo.
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CHAPTER 4. THE EFFECTS OF AGE AND DRUG TREATMENTS ON
SATELLITE CELL ACTIVATION IN CULTURED EDL MUSCLES OF
NORMAL FEMALE MICE
4.1 Introduction
Skeletal muscle satellite cell activation is essential for normal muscle growth, as
well as for the repair of muscle damaged by injury or disease [5]. In normal adult
muscle, satellite cells are quiescent and become activated in response to exercise, trauma,
denervation, stretch and exercise. However, satellite cells from older muscle demonstrate
a delayed response to activation stimuli, up to 24 hours [22-24], and are not able to repair
or regenerate muscle to the same extent as satellite cells from younger animals [218, 278,
441]. The implications of these deficiencies on the aged population are extensive. In
both animals and humans, aging is associated with a significant decrease in muscle fiber
cross sectional area [295, 375-380]. In addition to a loss of muscle fiber CSA, the
number of muscle fibers in aged muscle is less than in young contractile tissue [372],
such that the vastus lateralis muscle of an 80 year old human has 1/3 the number of fibers
compared to an individual 50 years younger [376]. The implications to function of agerelated structural changes in skeletal muscle have yet to be fully realized. One of the
most detrimental functional deficits in older muscle is increased susceptibility to
contraction-induced injury since the regenerative capacity of aged muscle is impaired
[204, 263, 380, 391-393].
Activation of satellite cells has been demonstrated extensively according to
studies of proliferation which use incorporation of BrdU or [3H]–thymidine incorporation
into DNA [8, 16, 18, 23, 27, 28, 31, 211, 270]. Our lab has previously demonstrated that
passive mechanical stretch of isolated single muscle fibers in culture from the flexor
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digitorum brevis (FDB) muscle of 5- to 8-week-old normal mice increased satellite cell
activation [31]. That study also indicated that satellite cell activation is dependant on
nitric oxide, since inhibition of nitric oxide production with the NOS inhibitor, L-NAME,
prevented mechanically-induced satellite cell activation in vitro. However, the effects of
stretch and NO manipulation on satellite cell activation in muscle from aged mice have
yet to be investigated. Stretch studies in rats have demonstrated that EDL and soleus
muscle from aged rats do not respond to mechanical stimuli to the same extent as muscle
from young animals. Alterations in mitogen-activation protein kinase (MAPK)
phosphorylation suggest that mechanical stimulation of aged muscle is disrupted [36].
One possible explanation for a deficient response to mechanical stimuli may be
disruption of the dystrophin-glycoprotein complex (DGC) and subsequent displacement
of neuronal nitric oxide synthase (NOS-I).
The DGC is responsible for securing the muscle fiber to the basal lamina;
transmitting tension from the fiber to the muscle tendon and ultimately bone; sensing
mechanical forces placed on the sarcolemma; and suspending the muscle-specific isoform
of neuronal nitric oxide (NOS-I) between the sarcolemma and basal lamina [38]. Rice
and colleagues demonstrated that the DGC in EDL muscles of 36-month-old rats were
disrupted compared to the DGC in the same muscle from 6-month-old mice. Dystrophin
was either completely absent or discontinuous along the sarcolemma in aged mice
whereas a uniform distribution of dystrophin was evident in younger muscle [39]. In
young mice, a suspension-induced muscle atrophy model demonstrated that NOS-I is
displaced into the cytoplasm of muscle fibers rather than being anchored in the DGC
between the sarcolemma and basement membrane[40]. NOS-I responds to mechanical
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stimuli by releasing a bolus of nitric oxide that activates satellite cells, as previously
described. It is possible that the disruption of the DGC in aged muscle is associated with
the dislocation of NOS-I into the cytoplasm of the muscle fiber since NOS-I is anchored
to the sarcolemma via α1-syntrophin. The implications of these proposed changes are
two-fold. First, disruption of the DGC would lead to increased susceptibility to
contraction-induced injury, similar to dystrophic muscle. Secondly, displaced NOS-I into
the cytoplasm would prevent or limit NO availability for satellite cells when a
mechanical-stimulus triggers a bolus release of NO which would lead to decreased
satellite cell activation. In fact, Suzuki and colleagues have suggested that the release of
NO within the cytoplasm triggers atrophic signaling in young muscle [40]. Therefore,
the purpose of this set of experiments was to determine if passive stretch activates
satellite cells from aged muscle in culture. In addition, to determine if NO manipulation
can enhance in vitro satellite cell activation in EDL muscles from 8- and 18-month-old
mice.
4.2 Methods
4.2a Experimental animals
Normal female C57BL/6 mice aged to 6 weeks, 6-, 8-, 10- and 18-months-of-age
were used to study the effects of stretch and age on satellite cell activation in wholemuscle cultures of extensor digitorum longus (EDL) muscles. Muscles from mice aged
to 8- and 18-months-of-age were selected for tests of drug treatments, in addition to
stretch, to investigate the influence of age, nitric oxide (NO) supplementation, NOS
inhibition or both on muscle precursor cell activation. These age groups were chosen for
further investigation since an increase in satellite cell activation with stretch was not
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demonstrated beyond 6 months-of-age. Additionally, muscles from mice aged to 6months-of-age required a greater magnitude of stretch (10%- vs. 20%-increase in length)
to increase satellite cell activation compared to unstretched control muscles from 6-weelold mice (Leiter and Anderson, unpublished). To successfully treat muscle atrophy
caused by impaired satellite cell activation, it is important to attempt to rescue stretchinduced satellite cell activation nearest the age when mechanically-stimulated activation
ceases to occur. Therefore, 8-month-old mice were considered to be in the initial stages
of satellite cell latency with respect to stretch-induced stimulation of muscle precursor
cells. Six week, 6-, 8- and 10-month-old mice were bred and housed in the Central
Animal Care Facility at the University of Manitoba Bannatyne Campus. Mice aged to 18
months-of-age were bred at The Jackson Laboratory (Bar Harbor, Maine, USA),
transported to the University of Manitoba at 8 months-of-age and housed for an
additional 10 months until the animals were 18-months-old. Ethics approval was
obtained prior to commencement of any research activities and the study protocol
adhered to the guidelines set forth by the Canadian Council on Animal Care.
4.2b Muscle isolation and pinning
Mice were anaesthetized with PRAErrane isoflourane USP (Baxter Corporation,
Mississauga, ON) and then immediately sacrificed by cervical dislocation. The extensor
digitorum longus (EDL) muscles were isolated (figure 4-1) with precise dissection to
avoid muscle damage and activation of satellite cells. EDL muscles were then placed in
proliferative medium (PM) (PM; 1X Dulbecco’s modified eagle medium (DMEM) with
10% fetal bovine serum, 2% chick embryo extract, 1% antibiotic/antimytotic and 0.1%
gentamycin) for ½- to 1-hour. The connective tissue of EDL muscles was removed under
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a dissecting microscope (50X magnification) and muscles were placed in an individual
well of a FlexCellTM plate (FlexCell International Corporation, Hillsborough, North
Carolina). Each well contained 2 ml of basal growth medium (BGM), which uses serum
replacement instead of high concentrations of fetal bovine serum to limit satellite cell
activation under control conditions in culture (BGM; 1X DMEM with 2% controlled
replacement serum-2 (Sigma Aldrich, St. Louis, MO) diluted in 18% 5X DMEM, 1%
fetal bovine serum, 1% antibiotic/antimycotic and 0.1% gentamycin), as previously
reported for muscle-fiber cultures [270]. Under moderate magnification (200X), muscle
tendons were secured with insect pins to ensure muscles were at resting length (figure 42). Muscles were randomly assigned to either the unstretched (US) group or stretched (S)
group. Additional muscles from the 8- and 18-month-old age groups were randomly
assigned to the stretch plus drug treatment groups. Muscles from the US group were
pinned in FlexCellTM plates with a rigid bottom, whereas muscles from the S groups
(including S plus drug treatment) were placed in FlexCellTM plates with a silastic flexible
base that allowed the EDL muscles to be stretched when a vacuum was applied [270].
4.2c Drug treatments
As mentioned previously, muscles were randomly assigned to the US group, S
group, or S plus drug treatment groups. The stretch plus drug treatment groups included:
stretch plus L-Arginine (LA), stretch plus isosorbide dinitrate (ISDN), stretch plus Nωnitro-L-Arginine methyl ester (LN), stretch plus LA and LN (LALN), or stretch plus
ISDN and LN (ISDNLN). All drug treatments were administered to basal growth
medium, pipetted onto muscles after pinning in the wells, and before stretch was applied.
It should be noted that in the 18 month–old-group, LN was re-administered after 24 hours
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in culture since LN dissociates after 24 hours. Muscles placed in the LA group were
treated with L-Arginine (LA, Sigma Chemical Co., 105 μg/ml). The S + LN group was
administered the non-specific NOS inhibitor, Nω-nitro-L-Arginine methyl ester (LNAME, Sigma Chemical Co., 0.5 μg/ml). Whole-muscle cultures assigned to the ISDN
group had isosorbide dinitrate (Sigma Chemical Co., 0.046 μg/ml) added to the basal
growth medium (BGM). Two groups of muscles received a combination of the above
treatments which included the following: LA (105 μg/ml) and LN (0.5 μg/ml); and ISDN
(0.046 μg/ml) and LN (0.5 μg/ml). Following the administration of treatments, plates
were placed in an incubator set to 37ºC and 5% CO2.
4.2d Stretching of EDL muscles
After EDL muscles were isolated and pinned in FlexCellTM wells, plates were
secured in the vacuum mat of the FlexCellTM system. Muscles that were assigned to the
US group were also loaded into the FlexCellTM system, but since the plate had a rigid
bottom, no mechanical stresses were applied to the muscle. The EDL muscles were
subjected to mechanical stretching at 4 cycles/minute (8 seconds on, 7 seconds off), for a
total of 30 minutes, or 120 cycles. Preliminary results indicated that activation was a
function of %length change or %stretch, with a 20% stretch inducing greater satellite cell
activation than a 10% stretch (97% vs. 0% increase) in 6-month-old mice (figure 4-3).
Although a 10% stretch was sufficient lengthening to increase activation in individual
fibers isolated from 6-week-old mice, whole-muscle cultures from 6-month-old mice
required twice the length increase to activate satellite cells. A vacuum of 50 kPa was
cyclically applied to the system, and increased the length of the muscle by approximately

109

20%. This %lengthening is within the physiological range of muscle stretch in vivo
[442].
Following stretch, whole-muscle cultures were immediately treated with 4 µl of
[3H]-thymidine (4 μCi) to label DNA synthesis, and placed in an incubator set at 37° C
and 5% CO2, for 22- or 44-hours. Following 22 hours of incubation for 8-month- old
mice or 44 hours of incubation for 18-month-old mice, the tendons of EDL muscles were
removed, washed in 1X cold PBS and weighed.
4.2e Tissue homogenization and DNA assay
EDLs were immediately placed on ice, minced with a razor blade and
homogenized. Minced tissue was placed in a 12 ml polystyrene conical tube (Falcon,
Lincoln Park, New Jersey), 1 ml of DNA extraction solution was added and then tissue
was homogenized on ice. Homogenate was placed in a water bath (37°C) for 10 minutes.
Samples were removed from the tissue bath, shaken and placed in a 1 ml eppendorf®
tube (Eppendorf, Westbury, New York). Homogenate was neutralized with 600 µl of
acetic acid and centrifuged at 4°C for 30 minutes at 2500 revolutions per minute (RPM).
Samples were removed from the centrifuge and placed on ice. The supernatant was
extracted and placed in a new eppendorf® tube. Three hundred microlitres of the
supernatant was placed in 5 ml of Scinti-SafeTM scintillation fluid (Fisher Scientific,
Ottawa, ON) for scintillation counting. To quantify DNA, 5 µl of the supernatant was
placed in a 96 well plate to which 200 µl of Hoechst dye (Sigma Aldrich, St. Louis, MO,
1 µg/ml) was added. Samples and 12 incremental standards (5 ng/ul–119 ng/µl of calf
thymus DNA) were exposed for 1 second in a VICTOR® microplate reader
(PerkinElmer, Waltham, MA) to determine concentration of DNA. Following these
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processes, dissociations per minute (DPM) were normalized to µg of DNA in the same
sample. DPM/µg DNA was used as a measure of satellite cell activation, as previously
reported [5].
4.2e. Statistical analysis
Statistical significance (p<.05) was determined by performing an analysis of
variance (ANOVA). Data were entered into NCSS 2004 and PASS Trial (Number
Cruncher Statistical Systems, Kaysville, Utah). Least Significant Difference (LSD) tests
were used for pair-wise comparisons to identify differences between groups. Data are
expressed as mean and standard error (SEM) values.
4.3 Results
4.3a Effects of age on satellite cell activation
Analysis of the US EDL muscles in each age group indicated that satellite cell
activation was greater at 8 months-of-age than for any other age group. There was no
difference in satellite cell activation between muscles from the 6 week-, 6- , 10- or 18month-old age groups (figure 4-4).
4.3b Stretch-activation of satellite cells
EDL muscles from 6-week- and 6-month-old mice were the only age groups to
demonstrate an increase in satellite cell activation with passive stretch (10%- and 20%length increase, respectively). Muscles from mice 6 weeks-of-age showed a 134% (±
0.31%) increase in satellite cell activation whereas satellite cell activation increased 97%
(± 0.32%) in EDL muscles from 6-month-old mice. In contrast, EDL muscles from 8- (-
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11% ± 0.01%), 10- (-38% ± 0.07%) and 18- (-7% ± 0.009%) month-old-mice
demonstrated a trend towards a decrease in satellite cell activation with age (figure 4-5).
4.3c Drug Treatments
All drug treatments were combined with mechanical stretch to determine if a
mechanical stimulus and nitric oxide manipulation could rejuvenate satellite cell
activation in the EDL muscles of 8-and 18-month-old mice. Although 8-month-old mice
did not respond to mechanical stretch alone, mechanical stretch combined with an
exogenous source of nitric oxide (ISDN) resulted in an increase in satellite cell activation
(p<.01). In fact, the only two treatment groups to demonstrate an increase in satellite cell
activation in 8-month-old mice were the groups treated with ISDN (ISDN group) or with
ISDN and LN (ISDNLN group) (table 4-1a). ISDN is an external source of nitric oxide
and does not have to be converted to NO by the enzyme nitric oxide synthase as does LA.
Therefore, when ISDN was combined with LN (NO inhibitor), which blocks the NOS-I
enzyme, satellite cell activation was not attenuated compared to the ISDN group. Figure
4-6 illustrates the effects of treating whole-muscle cultures with LN; satellite cell
activation did not decrease after LN treatment but when LN was combined with LA,
satellite cell activation decreased significantly, to levels below activation in the control
US group (p<.01).
Although the combination of stretch plus ISDN rejuvenated satellite cell
activation in 8-month-old mice, stretch and drug treatments did not have a significant
effect on muscle precursor cell activation in 18-month-old mice. These data suggest that
NOS-I and the availability of nitric oxide in aged muscle is even more perturbed than in
younger, 8-month-old mice. Administration of LA to cultured muscles of younger mice
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demonstrated a trend toward increased satellite cell activation. This suggests that the
NOS-I enzyme is still functional, and able to convert LA to nitric oxide and activate
satellite cells. However, in aged muscle, manipulation of NOS-I with LA or LN did not
have any measurable effect on satellite cell activation as measured by DNA synthesis
(table 4-1b).
4.4 Discussion
Activation of satellite cells via mechanical stretch was previously demonstrated
using both single-fiber cultures and whole-muscle cultures [31, 301]. However, the
effects of age on stretch-induced satellite cell activation of EDL whole-muscle cultures in
normal female mice have yet to be investigated. Age-related muscle atrophy in both
humans and rodents has been well established [295, 375-380], but the changes in
mechanically-induced activation of muscle precursor cells is unknown. To our
knowledge, this is the first report to investigate the differences in satellite cell activation
via mechanical stretch in whole-muscle cultures from mice aged from 6 weeks- to 18
months-of-age. This study is also unique in the fact that EDL muscles from 8- and 18month-old mice were subjected to stretch and drug treatments to determine the role of
nitric oxide in satellite cell activation during the aging process.
The effect of age on satellite cell activation was investigated using normal female
mice aged to 6 weeks-, 6-, 8-, 10- and 18-months-of-age. In the absence of stretch,
results indicated that satellite cell activation in the EDL muscles from normal mice
peaked at 8 months-of-age and then showed a continuous decrease up to 18 months-ofage. Satellite cell activation in whole-muscle cultures from 8-month-old mice was
greater than all other age groups. However, when stretch was introduced, satellite cell
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activation in the same age group did not increase in response to the mechanical stimulus.
Muscle from mice aged to 6 weeks- and 6 months-of-age demonstrated a significant
increase in satellite cell activation when subjected to 30 minutes of cyclical stretch.
These data are in agreement with previous studies of stretch activation in cell- [16, 18]
and single-fiber cultures [27], and in vivo [17], however, muscle from 6-month-old mice
required twice the length increase as 6-week-old mice to increase satellite cell activation.
Conversely, it is important to note that the passive-stretch stimulus did not
increase satellite cell activation in muscle from older mice (8-, 10- and 18-months-ofage). This finding is consistent with a study by Mylabathula and colleagues in which
load-induced alterations in the EDL muscle of aged rats were perturbed compared to
those from younger rats [36]. Interestingly, similar alterations in response to mechanical
stimuli are evident in muscular dystrophies and knockout mice lacking the NOS-I protein
[31, 35, 376]. Rice and colleagues also demonstrated that the dystrophin-glycoprotein
complex is disrupted in aged EDL- and soleus-muscles of rats, which may account not
only for age-related dysfunction in muscle but also the diminished ability of the satellite
cells to respond to a mechanical stimulus at an older age in the present experiments.
In skeletal muscle, the nitric oxide that signals to activate, or maintain the
quiescent state of satellite cells is very largely produced by NOS-I which is anchored to
the sarcolemma via the DGC. Due to its position in muscle, NOS-I is a mechanical
transducer and responds to mechanical stimuli such as shear forces, stretch, exercise,
loading and trauma, by increasing expression and producing a bolus release of nitric
oxide that activates satellite cells [28, 31, 253, 266-269, 304]. Alterations in NOS-I,
evident in NOS-/- mice and muscular dystrophies prevent the activation of satellite cells
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after a half-hour of cyclical passive stretch because the disrupted DGC and lack of NOS-I
activity cannot produce the bolus release of nitric oxide. In the current study, aged
muscle demonstrated a similar diminished or absent response to mechanical stimulation.
Alternatively, if NOS-I is dislocated to the cytoplasm of the fiber, as demonstrated in a
tail suspension model of young wild type mice [40], the availability of nitric oxide to
satellite cells may be inadequate to surpass the threshold of NO concentration required to
activate satellite cells. As stated by Rice and colleagues, an age-related disruption of
DGC may contribute to the attenuated response of muscle from aged animals to passive
stretch [39]. Drug treatments that supplement or inhibit nitric oxide were incorporated
into this research to determine if NOS-I expression and/or activity are altered with age
and if so, whether there is a significant potential for NO supplementation to activate
satellite cells and stimulate muscle growth in older people.
Beyond 6 months-of-age, passive stretch of EDL muscles from normal mice did
not elicit an increase in satellite cell activation. However, when LA was added to the
whole-muscle culture medium of 8-month-old mice, satellite cell activation tended to
rise, although not to significant levels, compared to the control group. Increasing sample
size or testing the response to various doses of LA may have produced a statistically
significant change. LA treatments have been used in single fiber cultures and in vivo
experiments, including those on C57BL/6, mdx and NOS-/- mouse strains [27, 252, 295,
314]. Administration of LA resulted in both structural and functional improvements in
studies that demonstrated that the NOS substrate increased satellite cell activation,
increased utrophin and γ-sarcoglycan protein content, decreased eccentric contractioninduced damage, enhanced neuronal NOS activity, improved muscle regeneration
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following crush injury, decreased exercise-induced muscle damage in pathological
muscle tissue and increased distance traveled by mdx mice on a rodent wheel [27, 252,
295, 314]. However, Betters and colleagues showed that administration of LA to
centrifuged single muscle fibers (isolated from the gastrocnemius muscle) from young,
adult and old mice did not increase the number of BrdU+ nuclei per fiber [29]. Our data
confirm a deficient response in satellite cell activation to LA administration in muscle
from both adult and old mice.
To our knowledge, this is the first time LA or ISDN have been combined with
stretch to stimulate activation of satellite cells in cultured muscles from 8- and 18month-old mice. Although LA did not increase mechanically-induced stretch activation
in muscles from 8-month-old mice, administration of an exogenous source of NO (ISDN)
did increase satellite cell activation significantly. These results suggest NOS-I
expression, and possibly the DGC complex, may be altered in muscle as early as 8
months-of-age. ISDN does not have to be converted to NO by NOS-I activity, suggesting
that satellite cell activation can be increased to greater levels with ISDN than LA
treatment since the latter would require NOS activity to produce NO. In addition, when
ISDN was combined with the NOS inhibitor LN, increased satellite cell activation still
occurred. These data suggest, at 8 months-of-age, that satellite cells maintain the
sensitivity to nitric oxide as an activating stimulus, since exogenous NO supplementation
increased activation when combined with a mechanical stimulus.
Contrary to results from 8-month-old muscle, stretch and a variety of drugtreatment cocktails did not affect satellite cell activation in 18-month-old mice. It is
possible that the DGC complex and NOS-I gene expression are more extensively altered
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as age progresses which is an agreement with previous findings [39]. Disruption of the
DGC complex, NOS-I expression and/or activity, as well as the activation of NOS-I by
calcium calmodulin may require a greater dose of LA, compared to the dose used in the
current study, in order to stimulate increased satellite cell activation. Also, with
increasing age, the sensitivity of satellite cells to chemical stimuli may change, or the
production of HGF by muscle fibers and sequestration of HGF in the extracellular matrix
around fibers in aged muscle may be altered, and could also contribute, in part, to the
absence of satellite cell activation observed after ISDN supplementation in cultures of
muscle from older mice.
Regardless of the NO donor, endogenous and exogenous sources of nitric oxide
have provided excellent structural and functional benefits to muscles studied in culture
and in vivo. In muscle where NOS-I expression is perturbed (in mdx mouse muscular
dystrophy), an exogenous source of nitric oxide would be the preferred treatment
modality, since it does not require NOS-I activity to supply nitric oxide to the muscle.
The challenge that lies ahead is to determine physiological levels of nitric oxide that
would provide therapeutic benefits to muscle tissue without negatively affecting other
tissues and organs. Since nitric oxide is involved in both the activation and quiescence of
satellite cells, it has the potential to be effective in counteracting muscle wasting related
to age, disease, or disuse.
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4.5 Tables and Figures
Figure 4-1. Isolation of the extensor digitorum longus muscle
Precise dissection of the EDL muscle, here lifted gently away from the muscle bed in the
hindlimb of a normal mouse. Careful removal of the EDL muscle is required to prevent
stretch or damage of the muscle belly and the muscle fibers within it, which would result
in activation of satellite cells [6].
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Figure 4-2. Pinning of EDL muscle in FlexCell PlateTM in preparation for stretch
experiments
Following isolation, EDL muscles were placed in PM and connective tissue was carefully
removed under a dissecting microscope (50X magnification). Muscles were then placed
in separate wells of a FlexCellTM plate and submerged in 2 ml of BGM. Under greater
magnification (200X), tendons were carefully separated and then secured to the dish with
insect pins. The proximal tendon of the EDL muscle was pinned to the rigid periphery of
the well, while 3 insect pins were used to pin the distal tendons of the muscle toward the
centre of the well. Muscles were pinned at resting length which was determined by
observing length of muscle fibers at 200X magnification.
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Figure 4-3. Effects of stretch magnitude on satellite cell activation in 6-month-old
female mice

% change in satellite cell
activation with stretch

Percentage change in satellite cell activation of EDL muscles from normal, female 6month-old mice with 10% and 20% stretch. Satellite cell activation was determined by
scintillation counts standardized to µg of DNA. A 10% stretch, or lengthening of muscle,
did not produce increased satellite cell activation whereas a 20% stretch increased
satellite cell activation by 97% (p<.05). Sample size: n=7, except for n=6 in the 6month-old US group. Values are expressed as means and SEM.
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Figure 4-4. Effects of age on satellite cell activation in normal female mice
These data show the difference in satellite cell activation from the US EDL muscles of
mice aged to 6 (n=13) weeks, 6- (n=6), 8- (n=11), 10- (n=7) and 18- (n=9) months-ofage. Muscles from 8-month-old-mice demonstrated greater satellite cell activation than
all other age groups (*, p<.01). Activation of satellite cells was determined by measuring
incorporation of tritiated thymidine into new DNA via scintillation counting. Satellite
cell activation is expressed as dissociations per minute per microgram of DNA (DPM/μg
DNA). Values are expressed as means and SEM.
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Figure 4-5. The effect of age on stretch-induced activation of satellite cells in
cultured muscles

% change with stretch

This graph shows the percent change in stretch-induced satellite cell activation in
cultured EDL muscles isolated from normal female mice aged to 6 weeks (n= \14), or 6(n=7), 8-(n=12), 10-(n=6) and 18-(n=11) months-of-age. EDL muscles from 6- weekand 6-month-old mice demonstrated a significant stretch-induced increase in satellite cell
activation with a 10%- and 20%-length increase, respectively (*, p<.01). Muscles from
mice aged to 8-, 10- and 18-months-of-age did not respond to the mechanical stretch
stimulus. Values are expressed as means and SEM.
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Figure 4-6. The effects of stretch and drug treatments on satellite cell activation in
cultured EDL muscles prepared from 8-month-old mice
This graph demonstrates that stretch alone did not increase satellite cell activation.
However, there was significantly greater satellite cell activation when stretch was
combined with an exogenous source of NO (ISDN) or a combination of ISDN and the
NO inhibitor (ISDNLN). A decrease in satellite cell activation was evident when S, LA
and LN were combined (LALN). * indicates a significant difference from the
unstretched (US) control group (p<.01). Values are expressed as means and SEM,
sample size is indicated below treatment group on graph.
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Table 4-1. The effects on satellite cell activation (DPM/ug DNA) of stretch and
various drug treatments in cultured muscles from normal 8- and 18-month-old mice
(a) The effects of a mechanical stimulus and nitric oxide supplementation, inhibition, or
combined treatments on satellite cell activation were investigated in whole-muscle
cultures. Muscles treated with stretch and ISDN (ISDN), as well as, stretch, ISDN and
LN (ISDNLN) had greater satellite cell activation than the unstretched control group.
The combination of stretch, LA and LN (LALN) decreased satellite cell activation below
the levels in muscles from the unstretched (US) control group (*, p <.01). Values are
expressed as the mean and SEM of DPM/ug DNA. The number of muscles in each group
is indicated by n.
(b) Muscle cultures from EDL muscles of 18-month-old mice subjected (or not) to
stretch, or to stretch combined with nitric oxide supplementation, inhibition, or combined
drug treatment. In contrast to results in muscles isolated from younger mice, satellite
cells in muscle from 18-month-old mice did not demonstrate any change in satellite cell
activation with stretch, or after stretch was combined with various drug treatments (same
treatments as in table 4-1a). Values are expressed as the mean and SEM of DPM/ug
DNA in each treatment group. Sample size of each group is indicated by n.
(a)

mean
SEM
n

US
786.86
93.19
11

S
697.86
60.04
12

8-month-old mice
LA
ISDN
931.6
1174.52*
62.77
74.84
12
6

LN
666.00
133.02
9

LALN
330.83*
50.07
5

ISDNLN
1039.70*
78.14
6

US
187.48
34.3
9

S
173.25
13.32
11

18-month-old mice
LA
ISDN
LN
127.90
105.51
129.93
14.24
10.31
11.49
6
5
5

LALN
181.23
50.14
5

ISDNLN
189.76
78.47
5

(b)

mean
SEM
n
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CHAPTER 5. AGE-RELATED CHANGES IN STRUCTURE, FUNCTION, GENE
EXPRESSION AND SATELLITE CELL ACTIVATION
5.1 Introduction
Sarcopenia is characterized by a loss of muscle CSA which is a secondary disease
process to motor unit loss and ‘wasting’ of individual muscle fibers [375, 376]. Muscle
mass is intimately associated with strength and since muscle strength and muscle mass
decrease proportionately, the ability to function and perform activities of daily living
decreases with age [248, 385]. Muscle satellite cells are the only cells capable of
dividing and contributing to hypertrophy in postnatal muscle [217]. Adequate satellite
cell pool size, normal sensitivity to activation stimuli and an unimpaired ability to add to
the myonuclear number of a fiber is an essential cascade of events required to combat
age-related muscle loss. Unfortunately, several studies report a decrease in satellite cell
pool size with age in both rodents [22, 218, 277] and humans [443-445] although the
results are not universal [22, 204, 207, 446, 447]. One possible reason for the lack of
agreement between studies is the muscle being investigated. In 2006, Shefer and
colleagues. reported a decline in the number of satellite cells associated with the EDL
muscle of 12-month-old mice but decreased satellite cell pool size was not evident in the
soleus muscle until 28-30 months-of-age [22]. A major difference between the two
muscles is fiber type since the EDL muscle consists of mainly type II fibers (91 ± 13%)
whereas the soleus muscle has a larger percentage of type I fibers (44 ± 4%) [65]. On
average, type II muscle fibers have a larger CSA than type I fibers and consequently, are
more affected by muscle atrophy [110].
In addition to a lack of agreement on changes in satellite cell pool size with age,
muscle satellite cells from aged muscle demonstrate a long latent period between an
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activating stimulus and activation, up to 24 hours [22-24]. This delayed activation of
satellite cells from aged contractile tissue may account for the decreased capacity of
satellite cells to repair or regenerate muscle to the same extent as in young animals [218,
278, 441]. We have also demonstrated that whole-muscle (EDL) cultures from mice
aged to 6-months-of-age require twice the %length increase via passive stretch to
increase satellite cell activation compared to 6-week-old mice (refer to section 4.2a).
Taken together, the results of previous studies motivated us to investigate the structural
and functional changes that occur in skeletal muscle with age to determine if these
changes are related to protein content, and satellite cell activation and/or satellite cell
pool size.
5.2 Methods
5.2a Animals
All study activities were approved by the Protocol Management and Review
Committee at the University of Manitoba and were in accordance with the guidelines set
forth by the Canadian Council on Animal Care. Four age groups of normal C57/BL6
female mice (3-, 8-, 12-, and 18-month-old) were used in the study and were bred and
housed at the University of Manitoba’s Central Animal Care Services with the exception
of a population of mice imported from The Jackson Laboratory (Bar Harbor, Maine,
USA) at 8 months-of-age. The Jackson Laboratory mice were not used in any study
related activities for at least four months to ensure acclimatization to the new
environment had occurred. Mice had access to water and food ad libitum and were
exposed to an alternating 12-hour light/dark cycle.
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5.2b Body Mass
Mice were weighed before the initiation of grip strength testing since values were
used to normalize the quantity of muscle force production to body mass (g). Each group
consisted of 6 animals and mice were weighed immediately before grip strength testing.
5.2c Grip Strength
The force produced by the forelimb muscles of mice aged to 3-, 8-, 12-, and 18months-of-age was recorded with a calibrated [448] Chatillon strain gauge (Chatillon,
DFM-2.0kg, Greensboro, North Carolina). Animals were firmly grasped by the tail, as
close to the body as possible, removed from the cage and held in a vertical orientation
over the trapeze bar of the strain gauge until the mouse proceeded to grasp the bar with
both forelimbs. When a bilateral grip of the bar was obtained, the mouse was lowered to
a horizontal orientation to ensure the forelimbs and the body of the mouse was parallel to
the trapeze bar of the force measurement device (figure 5-1). Each mouse performed 3
sets of 5 repetitions within one minute, rested for 6 minutes and then executed 3 more
repetitions until a total of 15 repetitions were completed. Between each set, mice were
returned to the cage and allowed to drink and eat ad libitum. Total test time was
approximately one hour. Absolute mean grip strength was obtained by taking the mean
value of repetitions 1-3 from sets 1– \5. Absolute maximum grip strength was
determined by extracting the highest force recorded in repetitions 1–3 from sets 1–5.
Absolute mean and maximum grip strength values were adjusted for body mass to obtain
relative mean- and relative maximum-grip strength.
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5.2d Muscle Isolation
Mice were anaesthetized with PRAErrane Isoflourane USP (Baxter Corporation,
Mississauga, ON) and then immediately sacrificed by cervical dislocation. The extensor
digitorum longus (EDL) muscles were isolated with precise dissection and placed in
proliferation medium (PM; 1X DMEM with 10% fetal bovine serum, 2% chick embryo
extract, 1% antibiotic/antimytotic and 0.1% gentamycin). The connective tissue of EDL
muscles was removed under a dissection microscope (5X magnification) and placed in
individual wells of FlexCellTM plates containing 2 ml basal growth medium (BGM; 1X
DMEM with 2% controlled replacement serum-2 diluted in 18% 5X DMEM, 1% fetal
bovine serum, 1% antibiotic/antimycotic and 0.1% gentamycin). Under greater
magnification (20X), muscle tendons were secured with insect pins to ensure muscles
were at resting length. Each well was treated with 4 μl of tritiated thymidine and placed
in an incubator, set at 37° C, for 22- (3- and 8-month-old mice) or 44- (12-and 18-monthold mice) hours. Following 22 hours of incubation for 3- and 8-month-old mice and 44
hours for mice aged to 12- and 18-months-of-age, the tendons of EDL muscles were
removed. Then, the muscle was washed in 1X cold PBS and weighed. EDLs were
placed immediately on ice, minced with a razor blade and homogenized. Following
DNA extraction (refer to Section 4.1e), 300 μl of the homogenate were placed in 5 ml of
scintillation fluid for scintillation counting and 5 ul were added to 200 ul of Hoeschst dye
for quantification of DNA (refer to Section 4.1e). Following these processes,
dissociations per minute (DPM) were adjusted per ug of DNA. DPM/ug DNA was used
as a measure of satellite cell activation.
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5.2e Muscle Fiber CSA
Instantly proceeding EDL isolation, GAST muscles were removed from the
hindlimb of each mouse. GAST muscles were sectioned transversely and placed in a
cryomold (Tissue-Tek®, Sakura Finetek, Torrance, California) containing OCT
compound (Shandon CryomatrixTM), submerged in isopentane (≤ -50° C), and placed in a
-20° C freezer. Muscles were sectioned with a cryotome at a thickness of 8 um. Muscle
sections were stained with Harris Hemotoxylin (Fisher, Hampton, New Hampshire) and
Eosin. Slides were viewed with an Olympus BH2 fluorescence microscope (Olympus
America Inc., Parkway, PA) and images were captured with a Sony 3 chip colour CCD
camera (Sony, USA). Images were imported into NIH ImageJ software and the CSA of
each muscle fiber was calculated. A minimum of 150 fibers from each animal and at least
1200 fibers from each age group were analyzed.
5.1f In Situ Hybridization
In situ hybridization for Pax7, myogenin and MyoD RNA was performed to
identify all satellite cells/fiber since at least one of Pax7, myogenin and MyoD will be
expressed during quiescence, activation and proliferation. Muscle sections of GAST
muscle were cleaned in 1X PBS and incubated for 3 hours and then fixed for 15 minutes
in 4% paraformeldahyde. GAST muscle sections were again cleaned in 1X PBS and
incubated under cover slips with hybridization buffer for 1 hour at 42°C. Cover slips
were removed and sections were rinsed in 1X PBS. The hybridization cocktail was
prepared which included hybridization buffer (1:200 ng/ml), myogenin AS (Santa Cruz
Biotechnology, Santa Cruz, CA; 300 ng/ml), MyoD AS (Santa Cruz Biotechnology,
Santa Cruz, CA; 300ng/ml), and Pax7 AS (Santa Cruz Biotechnology, Santa Cruz, CA;
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300 ng/ml). The hybridization cocktail was warmed for 15 minutes at 65°C; sections
were covered uniformly with the cocktail; cover slips were carefully placed on each slide
and sealed with rubber cement (Elmer’s, Toronto, ON); and then slides were hybridized
overnight in a humid chamber at 42° C. The following day, rubber cement was removed
and slides were prepared for analysis.
The number of satellite cells expressing at least one of Pax7, myogenin or MyoD
RNA was determined by viewing slides at 200X magnification under oil immersion.
Only positive cells lying between the sarcolemma and basement membrane of the muscle
fiber were included, interstitial satellite cells staining positive for Pax7, MyoD or
myogenin were excluded. Values were expressed as the number of positive satellite cells
per field and only fields filled entirely by muscle fibers were included.
5.2 g Westerns Blotting Experiments for NOS-I, myostatin, and Myf5
Protein was isolated from the section of GAST muscles that was not used for
sectioning. Western blot analysis, as per standard immunodetection protocols, was
performed to determine the expression of Myf5, NOS-I, and myostatin. Individual
muscles were homogenized in lysis buffer, incubated on ice for 60 minutes and then
centrifuged for 5 minutes at 10 000 rpm. To determine protein concentration, 1 μl of
each sample was dyed with Bradford Reagent (Sigma Aldrich, St. Louis, MO) and
analyzed with an Ultraspec 2100 pro UV/Visible Spectrophotometer (Biochrom Ltd,
Cambridge, England). Following isolation of protein, samples (20 ug of protein) were
loaded on a 12% acrylamide gel and transferred to a polyvinylidene fluoride (PVDF)
membrane (Osmonics, Minnetonka, Minnesota).
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Membranes were stained with Ponceau (to ensure successful transfer of gel),
blocked with buffer containing 5% skim milk powder (Nestle Carnation, USA) for 60
minutes, and incubated overnight with NOS-I antibody (Abcam, Cambridge, MA; 1:200)
at 4°C. The following day, membranes were washed and then blocked in buffer with
ECLTM Anti-rabbit Ig, Horseradish Peroxidase linked F primary antibody fragment from
donkey (GE Healthcare, Little Chalfoot Buckinghampshire, UK; 1:2000) for one hour,
washed again, and shaken in 2 ml of ECL Western Blotting Luminescence Reagent
(Santa Cruz Biotechnolody, Santa Cruz, CA) for 1 min. PVDF membranes were exposed
for various lengths of time depending on intensity of signal. Following NOS-I detection,
membranes were stripped by being submerged in a stripping solution (70 °C) for 20
minutes. Membranes were washed in 1X PBS (3 X 10 min) and the same process as
described above was executed with Myf5 antibody (1:200). Upon completion of Myf5
detection, membranes were stripped and prepared for detection of myostatin (1:200). The
film was analyzed with a densitometer (accumulated densities), optical densities were
calculated and background was subtracted. It should be noted that protein expression in
GAST muscle from 18-month-old mice was scanned in a PC and then analyzed with NIH
ImageJ software. The apparent changes in sensitivity of the anti-Myf5 antibody to
detecting Myf5 (before and after lab relocation), explains the missing data point for Myf5
in the table for 18-month-old mice. Since protein expression in GAST muscle from 8month-old mice was analyzed with both techniques, a calibration factor was used to
standardize the protein expression from muscle of 18-month-old mice (6 samples for both
NOS-I and myostatin). The standardization of data from one lab with data from another
lab was done in as rigorous a manner as possible, considering that samples were aging
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and that another set of 18-month-old animals could not be aged for that dataset. The
original design of the experiment was to collect all the data on one set of animals, and
that would not have been possible if there was a requirement for another set of animals.
The calibration factor was calculated by using the mean optical density of protein
expression of 8-month-old muscle (determined by densitometer) and dividing it by the
optical density of protein expression from a different sample of muscle from 8-month-old
mice (determined by NIH ImageJ software). Protein expression from the GAST muscle
of 18-month-old mice (determined by NIH ImageJ software) was then multiplied by the
calibration factor specific to each protein being analyzed. Considerations of the aging
samples versus the need to age another whole set of animals interfered with completely
consistent data collection.
5.2h Data Analysis
An analysis of variance (ANOVA) was incorporated to investigate the differences
in body mass, muscle mass, muscle fiber CSA, expression of NOS-I, Myf5, and
myostatin protein expression, absolute mean and maximum grip strength, relative mean
and maximum grip strength, and the total number of satellite cells between age groups.
In addition, a Chi squared analysis was performed to detect differences in the distribution
of satellite cells per field between mice aged to 3-, 8-, 12- and 18-months-of-age. Fisher’s
least significant differences (LSD) post hoc tests were used to identify statistical
difference between groups with a significance level of p<.05.
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5.3 Results
5.3a Body Mass
The body mass of mice was greater at 8- and 12- months-of-age compared to
animals 3 months-of-age (table 5-1). Mice aged to 18 months-of-age demonstrated
similar values as 3- and 12-month-old mice but weighed less than 8-month-old mice
(p<.05).
5.3b Muscle Mass
The mass of EDL muscles was greatest at in adulthood at 8- and 12-months-ofage such that the mass of muscles from 12 month-old-mice was greater than the muscle
mass of animals aged to 3- and 18-months (table 5-1). EDL muscles from 18-month-old
mice weighed significantly less than 8- and 12- month-old animals and atrophied below
the mass of muscle from mice aged to 3 months-of-age (figure 5-2).
5.3c Grip Strength
Absolute mean grip strength was the average of 3 sets of 5 repetitions per mouse
and 6 mice were in each age group. Therefore, absolute mean strength reflected the
average of 90 repetitions for the 3-, 8-, 12-, and 18-month-old age groups. In general,
absolute mean grip strength decreased with age. Three-month-old mice had significantly
greater absolute mean grip strength than all other ages and 18-month-old mice had less
than all other age groups, although there was no significant difference between 12- and
18-month-old mice (table 5-1). The absolute mean grip strength of mice aged to12
months-of-age was greater than 18-month-old mice but lower than 3- and 8-month-old
mice.
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The absolute maximum grip strength of 18-month-old mice was lower than 3-, 8and 12-month-old mice. Three-month-old mice had greater absolute maximum grip
strength than 12- and 18-month-old animals (table 5-1). Increasing age is associated with
a decrease in absolute maximum strength and is most evident at 12- and 18-months-ofage (figure 5-3).
Relative mean grip strength was determined by standardizing mean absolute grip
strength to body mass which is more related to function than absolute grip strength. The
oldest mice had less relative grip strength than mice aged to 3- and 8-months-of-age but
not statistically different from 12-month-old mice. Mice aged to 3 months-of-age had the
greatest grip strength but there was no difference in relative mean grip strength between
8- and 12-month-old mice (table 5-1).
Relative maximum grip strength of 18-month-old mice was less than 3- but not 8-,
and 12-month-old age groups. Relative maximum grip strength of 3-month-old mice was
greater than all other age groups (table 5-1). Decreased body mass in 18-month-old mice
may be an adaptation to maintain relative muscle strength since 18-month-old mice did
not differ in relative maximum force production compared to mice aged to 8- and 12months-of-age.
5.3d Muscle Fiber CSA
Eighteen-month-old mice demonstrated decreased muscle fiber CSA compared to
mice aged to 3-, 8- and 12-months-of-age. Muscle fiber CSA peaked at 8 months-of-age
and demonstrated a stepwise decrease in mice aged to 12- and 18-months-of-age (table 51, figure 5-4). Age-related atrophy of individual fibers is evident by one year and
continues to decrease up to 18 months-of -age.
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5.3e Number and distribution of Satellite Cells
Tissue sections from the GAST muscle of 18-month-old mice demonstrated a
significantly fewer mean number of satellite cells per field than animals 3-, 8- and 12months-of-age. Interestingly, the number of satellite cells per field was greatest at 12
months-of-age but was greatly reduced by 18 months-of-age. The number of satellite
cells in the GAST muscle of 18-month-old mice was less than all other age groups.
A Chi squared analysis of satellite cell distribution demonstrated that 18-monthold mice (38.9 %) had significantly more (p<.01) fields without any cells positively
stained for Pax7, MyoD and myogenin than 3- (17.8 %), 8- (9.9 %), and 12-month-old
mice (4.2 %). This data suggests that muscle fibers from aged mice have fewer satellite
cells per fiber compared to younger mice (figure 5-5). Fewer satellite cells per fiber
indicate that satellite cell pool size does decrease with age in the GAST muscle.
5.3f Satellite Cell Activation
Satellite cell activation in the EDL muscles of 18-month-old mice was
significantly less than 3-, 8- and 12-month-old mice. This is in agreement with whole
muscle culture studies of EDL muscles (refer to Chapter 4) in which satellite cell
activation in muscle from 18-month-old mice was significantly less than satellite cell
activation in younger, 8-month-old mice but no difference between aged- and youngermice. Mice aged to 8 months-of-age demonstrated greater satellite cell activation than all
other age groups. However, at 12 months-of-age, satellite cell activation was less than 8month-old mice. Satellite cell activation was decreased even further at 18 months-of-age;
less than all other age groups (table 5-1, figure 5-6).
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5.3g NOS-I, myostatin, and Myf5 Protein Content
There was no statistically significant difference in NOS-I expression between any
of the age groups (figure 5-7). NOS-I protein content was greatest in muscle from 8- to
12-month-old-mice and lowest in mice aged to 3- and 18-months-of age (table 5-1).
There was an upregulation of myostatin in muscle from 18-month-old mice
compared to protein levels of myostatin in muscle from mice aged to 8- and 12-monthsof-age. There was no difference in the protein content of muscle in 3- and 18-month-old
mice (figure 5-7, table 5-1).
Myf5 protein content in GAST muscle from 12-month-old mice was greater
(p<0.01) than Myf5 levels in muscle from 8- but not 3-month-old mice (figure 5-7, table
5-1).
5.4 Discussion
Results demonstrated significant fiber atrophy and sarcopenia at 18-months-of
age in normal female mice. These changes in muscle structure were accompanied by a
significant reduction in satellite cell number and activation, as well as, reduced grip
strength. Muscle from the GAST muscle of 18-month-old mice also showed an increase
in myostatin, a gene that inhibits muscle growth. Taken together, the results of this set of
experiments suggests that age-related changes in muscle structure and function are, to
some extent, a result of a deficient contribution of muscle satellite cells to the processes
of muscle maintenance and growth. In addition, basal levels of satellite cell activation
may be inhibited by increased expression of myostatin with age.
In order to increase our understanding of the mechanisms responsible for
sarcopenia, structural and functional measurements of skeletal muscle were combined
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with investigations of gene expression (protein levels). NOS-I, Myf5 and myostatin were
selected for analysis since the expression of all three genes is intimately linked with
satellite cell activation and muscle growth. Increased NOS-I activity is associated with
an increased production of NO which is a chemical that stimulates satellite cell
activation. Myf5 is a myogenic regulatory factor with a key role in regulating the
differentiation of satellite cells. Myostatin is a growth factor that inhibits the growth of
muscle tissue. Changes in expression (protein levels) of these genes with age may be a
limiting factor in muscle growth and contribute to the decline in muscle size and strength
evident in older animals.
Results from the current study demonstrated that the EDL muscle mass of 18month-old mice was less than all other age groups including mice aged to 12-months-ofage. Muscle mass peaked at 12 months-of-age but had decreased below all other age
groups six months later. At 18 months-of-age, both the mass of EDL muscles and the
CSA of GAST muscles were less than 3-, 8-, and 12-month-old age groups. The GAST
and EDL muscles of wild type mice contain over 90% of type II fibers [65] and are
affected by age to a greater extent than type I fibers [385]. In agreement with the results
from Ludatschen and colleagues (1983), the GAST muscles of 18-month-old female
C57BL/6 mice in this study demonstrated decreased muscle fiber CSA compared to
younger animals [449]. Muscle fiber CSA was greatest at 8 months-of-age but was
negatively correlated with age at 12- and 18-months-of-age. Ludatschen and colleagues
(1983) reported that there was not much difference between the diameter of muscle fibers
from 19- and 27-month-old mice, which combined with the results of this study, suggest
age-related muscle atrophy begins as early as 1 year after birth [449]. It is also important
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to note that body mass steadily decreased after 8 months-of-age and may be a
compensatory aging mechanism to account for loss of force production in aging
contractile tissue. All age groups were fed ad libitum and housed in equal sized cages,
therefore, external influences did not cause the changes in body mass between age
groups. The morphological changes in lower limb muscles were accompanied by
decreased function in the forelimb muscles which suggests that age-related atrophy
affects all weight bearing limbs. After 3 months-of-age, there is a negative association
between absolute mean and maximum forelimb grip strength up to 18 months-of-age. By
18 months-of-age, maximum absolute grip strength decreased by over 30%. However,
when maximum grip strength was adjusted for body mass (relative maximum grip
strength) old mice did not show a difference in grip strength compared to younger, 8- and
12-month-old animals. Relative grip strength is more functionally relevant since force
production, expressed in relation to body mass, indicates the ability of the animal to
manipulate and lift body mass if necessary. These results suggest that C57/BL6 mice
have undergone several age-related changes in muscle structure and function including
decreased muscle mass, decreased fiber CSA and decreased absolute maximum grip
strength. Although it has not been determined if structural changes are the cause or effect
of functional deficits, the variables are closely linked and feedback on one another to play
a major role in the progression of sarcopenia.
Although the mechanisms responsible for the progression of age related muscle
wasting have yet to be realized, one fact is for certain, satellite cells from the host or
donor must be activated by chemical or mechanical stimuli to initiate muscle growth and
combat atrophy. The purpose of the current study was to not only investigate the
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progression of structural and functional changes that occur with age but also to determine
how satellite cell pool size and function (activation) are affected during the aging process.
Triple in situ hybridization for Pax7, MyoD, and myogenin RNA indicated that the
number of satellite cells in aged muscle declined by 18 month-of-age. In fact, almost
40% of the microscopic fields from 18-month-old mice did not contain any satellite cells
associated with muscle fibers, in comparison to only 4.2% of the fields from 12-monthold mice. This does not mean there were no satellite cells on fibers in those fields, only
that this sampling approach has demonstrated a decrease in the overall frequency of
satellite cells in muscle from aged mice. Compounding the problem are the results that
indicate satellite cell activation in 18-month-old mice is less than all the other age groups
and that activation decreases significantly after 8 month-of-age. Therefore, aged muscle
not only has fewer satellite cells, the satellite cells that are associated with muscle fibers
demonstrate decreased activation patterns which may limit the ability of satellite cells to
combat sarcopenia by becoming activated and contributing to muscle growth.
In addition to the changes in satellite cell number and activation with age, Myf5
and myostatin gene expression also differed between some of the age groups. Myostatin
was upregulated in the GAST muscle from 18-month-old mice which suggests the
inhibition of muscle growth is greater in older animals 13, 440-442. This may account for
decreased satellite cell activation and muscle fiber CSA in muscle from older mice
compared to the contractile tissue from younger animals. Increased Myf5 protein content
in muscle from 12-month-old animals suggests there are a greater number of activated
satellite cells that have not entered S-phase compared to muscle from 8-month-old mice
since Myf5 expression decreases during the S phase of the cell cycle [450]. This may
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indicate that muscle from 12-month-old mice are in a ‘compensatory state’ in an attempt
to combat age-related muscle atrophy by increasing the contribution of satellite cells to
existing muscle fibers. Although this was not reflected in levels of satellite cell
activation, satellite cell distribution profiles indicated that there was an increase in the
percentage of microscopic fields that contained a higher number of satellite cells in
muscle from 12-month-old mice compared to younger mice. This was further
confirmation that satellite cells are being recruited in an attempt to prevent, or minimize,
muscle atrophy.
Although there were no differences in NOS-I expression between any of the age
groups, western analysis is not sensitive to enzyme activity. Therefore, the production of
NO by NOS-I may differ between age groups and contribute to decreased levels of
satellite cell activation in muscle from older mice. In addition, muscle atrophy in
younger mice, via tail-suspension models of muscle disuse, is associated with a
dislocation of NOS-I into the cytoplasm of muscle fibers [40]. This not only increases
atrophic signaling in muscle fibers, but also may decrease the availability of NO to
satellite cells which would decrease satellite cell activation. In this case, NOS-I protein
content or activity may not change but the results of NO production may be contradictory
to what takes place in muscle when NOS-I is not dislocated from the DGC. Future
studies are required to determine if NOS-I activity changes with age or if NOS-I is in fact
dislocated from the DGC into the cytoplasm of the muscle fiber.
Loss of muscle mass, fiber CSA and strength are changes in muscle that occur
with age and have been well documented. However, the underlying mechanisms
responsible for the progression of sarcopenia and the resultant wasting of muscle have yet
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to be realized. A major reason as to why the mechanism responsible for age-related
muscle atrophy has not been discovered is the interaction of the 12 other systems of the
body with muscle tissue. Muscle is the most abundant insulin sensitive tissue in the body
and accounts for up to 50% of body weight. At rest, it is responsible for 20-30% of
oxygen consumption and 75–90% of glucose absorption [353]. Therefore, it is likely that
muscle atrophy is a multifactoral process that requires further investigation in several
disciplines to effectively and efficiently reverse the age-related negative changes in
muscle.
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5.5 Tables and Figures
Figure 5-1. Set-up for forelimb grip strength testing
Grip strength testing was performed with a Chatillon strain gauge (Chatillon, DFM2.0kg, Greensboro, North Carolina). Mice were gently pulled by the tail when body and
forelimbs were parallel to force transducer. Each mouse performed 5 sets of 3 repetitions
for a total of 15 repetitions. Each set was performed within 1 minute with a minimum of
6 minutes between sets to eliminate fatigue as a variable.
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Figure 5-2. The muscle mass of EDL muscle from mice aged to 3-, 8-, 12- and 18months-of-age

mg

All tendons were removed prior to weighing of the contractile tissue. Eighteen-monthold mice had significantly less muscle mass than 8- and 12-month-old mice and
decreased to levels below mice aged to 3 months-of-age, although not significantly.
Significantly different from mice aged to *3-, + 8-, # 12- and ~ 18-months-of-age (p<. 01).
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Figure 5-3. The effects of age on absolute maximum grip strength measurements
Absolute maximum grip strength of mice aged to 3-, 8-, 12- and 18-months-of-age was
determined by extracting the highest recorded force value for repetitions 1-3 in sets 1-5.
Eighteen-month-old mice recorded the lowest absolute maximum grip strength of all age
groups. Significantly different from mice aged to *3-, +8-, #12- and ~18-months-of-age
(p<.05).
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Figure 5-4. Muscle fiber CSA from the Gastrocnemius muscle of 3-, 8-, 12- and 18month-old C57/BL6 mice
Muscle sections were cut with a cryotome at thickness of 8 um. The GAST muscles were
isolated from 6 mice of each age group and a minimum of 1200 fibers (at least 150 from
each mouse) were selected for analysis. Muscle CSA was determined with NIH ImageJ
software and results indicate that muscle fibers from 18-month-old mice have
significantly less CSA than mice from all other age groups. Muscle fiber CSA peaked at
8 months-of-age and then significantly declined in mice aged to 12- and 18-months-ofage. Significantly different from *3 months, + 8 months, # 12 months and ~ 18 months
(p<0.05).

3000

#~

~

+~

*+#

um2

2000
1000
0
3

8

12

age in months

145

18

Figure 5-5. The effects of age on satellite distribution
Percentage of satellite cells per age group from the GAST muscles of 3-, 8-, 12- and 18month-old mice. Positive cells stained for at least one of Pax7, MyoD, or myogenin
RNA; only cells located in the satellite cell position were included, cells positioned in the
interstitial space were excluded. A Chi squared analysis (p<.01) indicated that 18-monthold mice had the greatest number of fields without any associated satellite cells which
suggests the satellite cell pool size of 18-month-old mice is less than all the other age
groups.
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Figure 5-6. Age-related changes in satellite cell activation
Satellite cell activation was recorded in units of DPM/ug DNA and was determined by
treating whole EDL muscles in culture with [3]H-thymidine and harvesting muscles either
22- (3- and 8-month-old mice) or 44- (12- and 18-month-old) hours later. A DNA
Hoechst assay was performed to determine ug of DNA in the sample used for scintillation
counts. Similar to muscle mass and fiber CSA, 18-month-old mice demonstrated less SC
activation than any other age group. Significantly different from mice aged to *3-, +8-, #
12- and ~18-months-of-age (p<0.05).
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Figure 5-7. Myostatin, NOS-I and Myf5 protein content in GAST muscle from 3-,
8-, 12- and 18-month-old normal female mice
Twelve-month-old mice demonstrated increased Myf5 protein content in the GAST
muscle compared to levels of Myf5 detected in muscle from 8- but not 3-month-old mice.
Muscle from 18-month-old mice demonstrated increased myostatin protein content
compared to muscle from 8- and 12-month-old mice. Significantly different from mice
aged to *3-, + 8-, # 12- and ~ 18-months-of-age (p<.05).
Note: Myf5 protein content could not be obtained from the muscle of 18-month-old mice
due to technical difficulties.
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Table 5-1. Change in body mass, muscle mass, fiber CSA, grip strength, gene
expression and satellite cell activation with age
Mean (SEM), and significance values for body mass, muscle mass, fiber CSA, absolute
mean grip strength (Abs mean GS), absolute maximum grip strength (Abs max GS),
relative mean grip strength (Rel mean GS), relative maximum grip strength (Rel max
GS), NOS-I protein levels, Myf5 protein levels, myostatin protein levels,
Pax7/myoD/myogenin positively stained cells, and satellite cell activation (SC activation)
from 3-, 8-, 12-, and 18-month-old female C57/BL6 mice. Significantly different from
mice aged to *3-, + 8-, # 12- and ~ 18-months-of-age.
Note: Myf5 protein content could not be obtained from the muscle of 18-month-old mice
due to technical difficulties.

Body mass (g)

3 mo
25.6 + #
(1.04)

8 mo
34.57 *~
(0.98)

12 mo
32.22*
(3.13)

18 mo
28.47+
(1.05)

p
<.01

Muscle mass (mg) EDL

9.43 +#~
(0.36)

11.93 *~
(0.89)

13.93*~
(1.03)

8.07+#
(0.70)

<.01

Abs mean GS (g x 10)

1123.33 +#~
(60.7)

1106.57 *~
(25.6)

907.89*
(39.36)

779.07 *+
(17.17)

<.01

Abs max GS (g x 10)

1493.33 #~
(69.12)

1351.67 ~
(58.96)

1296.67 #~
(33.53)

1036.67 *+#
(59.93)

<.01

Rel mean GS
(g x 10/BM)

43.83 +#~
(1.08)

32.07 *~
(0.68)

29.15 *
(2.28)

27.72 *+
(0.71)

<.01

Rel max GS
(g x 10/BM)

58.60 +#~
(2.95)

39.10 ~
(1.26)

42.36 *
(4.57)

36.83 *
(1.93)

<.01

Fiber CSA (um2) GAST

2284.64 ~
(101.18)

2541.72 #~
(91.79)

2098.26 +~
(80.18)

1685.96 *+#
(144.31)

<.01

Pax7/Myf5/myogenin
(+ cells/field) - GAST

2.87 #
(0.14)

3.18
(0.14)

4.37 *~
(0.14)

1.11 #
(0.08)

<.01

SC activation
(DPM/μg DNA) EDL

443.50 +~
(51.51)

848.61 *#~
(40.77)

471.52 +~
(31.06)

310.67 *+#
(48.56)

<.01

NOS-I (OD/ug
protein) - GAST

0.002
(0.0008)

0.0037
(0.0007)

0.0039
(0.00032)

0.0025
(0.0003)

Myostatin (OD/ug
protein) - GAST

0.0021
(0.0003)

0.0015
(0.0001)

0.0015
(0.0001)

0.0024
(0.003)

<.05

Myf5 (OD/ug protein)
- GAST

0.005
(0.001)

0.0037
(0.0006)

.008+
(0.001)

unavailable

<.01
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CHAPTER 6. MUSCLE-SPECIFIC CHANGES IN SATELLITE CELL
ACTIVATION AND GENE EXPRESSION AFTER VOLUNTARY WHEEL
RUNNING IN NORMAL ADULT MICE
6.1 Introduction
Although the age-related changes in muscle structure and function are well
documented, the mechanisms responsible for these changes are not fully understood.
Muscle satellite cells are the main contributor for muscle maintenance, growth and repair
[5]. However, the ability of satellite cells from aged muscle to contribute to these
processes is impaired [274, 441]. Satellite cells in muscle from young mice typically
become activated within 10 minutes of a stimulus; however, aged muscle precursor cells
demonstrate a 24 hour lag between a stimulus and activation [22, 23, 222]. The response
of aged muscle to mechanical stimuli is also perturbed since older contractile tissue
requires a greater magnitude of stretch and %length increase to activate satellite cells
than muscle from younger mice (Leiter and Anderson, unpublished). Nitric oxide,
produced mainly by NOS-I in muscle, is an important chemical messenger that activates
satellite cells in response to stretch, exercise, denervation and trauma [4]. In aged
muscle, NOS-I may be dislocated into the cytoplasm of the muscle fibers due to a
disrupted dystrophin-glycoprotein complex (DGC) [39]. Thus, since impaired NO
signaling and deficient satellite cell activation in aged muscle may play a role in ageassociated muscle atrophy, it needs to be investigated further.
The DGC, which links the contractile component of the muscle fiber to the
basement membrane, functions to sense mechanical forces impressed upon the
sarcolemma [38, 39]. A disrupted DGC in aged muscle would not only contribute to the
increased susceptibility of older muscle to contraction-induced injury but also help to
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explain deficient response to the mechanical stresses placed upon it. Muscle atrophy
following 14 days of tail suspension in young mice was associated with displacement of
NOS-I into the cytoplasm of the muscle fiber. Since a bolus release of nitric oxide (NO)
activates satellite cells [28, 31, 253, 266-269, 304], dislocation of NOS-I into the
cytoplasm may not change the expression of NOS-I in muscle fibers but rather alter the
concentration of NO available to satellite cells following diffusion from the sarcoplasm.
Since pulsatile releases of NO maintain satellite cell quiescence, decreased NO
availability to muscle precursor cells might tend to keep cells in a quiescent state rather
than causing activation [20].
In addition to the inherent changes in skeletal muscle with age, the environment in
which the satellite cells are housed also has a significant affect on muscle satellite cell
function. Old muscle regenerates to nearly the same extent as young muscle following
transplantation into a young host [277, 278]. The positive influence of a young
environment on muscle repair, or conversely, the negative affect of an aged environment
on young muscle has also been confirmed in heterochronic parabiosis experiments.
These experiments confirmed that the regeneration capacity of aged muscle was
increased when the blood supply of old mice was shared with the circulatory system of
young animals and vice versa [278]. The vast range of systemic changes that occur in
animals and humans with aging make it difficult to determine which environmental
alterations within the body limit muscle maintenance, growth and repair. That being
stated, the systemic benefits of exercise are also numerous; one purpose of this research
was to determine if voluntary wheel running was capable of restoring a more youthful
environment in muscle which would be conducive to successful muscle maintenance,
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growth and repair [451, 452]. This study was undertaken to determine the effects of
exercise on satellite cell activation, and NOS and MRF gene expression between muscle
over time in young and older mice. We hypothesize that improved muscle satellite cell
activation in aged muscle may be partially a result of the changes toward a more youthful
environment in which muscle satellite cells habitate.
6.2 Materials
6.2a Animals and Exercise
All mice were housed at University of Manitoba Central Animal Care Services
according to the guidelines set forth by the Canadian Council on animal care. Ethics
approval was obtained prior to commencement of any study activities. The majority of
mice involved in the study were bred and raised at the University of Manitoba but several
of the aged mice were transported to Central Animal Care Services as retired breeders at
8 months-of-age from The Jackson Laboratory (Bar Harbor, Maine, USA). Animals
from The Jackson Laboratory were housed at the University of Manitoba prior to any
involvement in the study to allow for acclimatization to the new environment.
A total of 24 normal female C57/BL6 mice were involved in the study; 12 mice in each
of the 8- and 18-month-old age groups. Within each age group, animals were randomly
assigned to either the no exercise (NEX) or exercise (EX) group (n=6 in each group).
Each mouse was housed individually in a see-through plastic rat cage. This isolation was
physical although mice were in visual contact with others in the colony. Each cage
contained a running wheel (locked or not), water bottle, shavings and normal diet of food
so mice could eat and drink ad libitum.
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6.2b Training Schedule
Animals randomized to the exercise group had access to a steel rodent wheel 24
hours/day for a total of three weeks. Body mass and grip strength measurements were
taken prior to the exercise intervention (baseline) and at the end of each week (week 1, 2,
and 3). Running wheel activity was recorded at baseline and throughout each week of the
protocol. Data for the remainder of variables which included DNA synthesis, muscle
fiber cross-sectional area, and protein expression were obtained at the completion of the
three-week exercise protocol when mice were sacrificed.
6.2c Voluntary Exercise
Each mouse had access to a steel rodent wheel (12.7 cm in diameter) for the entire
course of the study; however, the wheels in the cages of the NEX group were locked
from rotating and could be used as a climbing structure only. The wheels were covered
with a mesh between the horizontal bars to provide a continuous running surface for the
rodent. Two small magnets (1 cm2) were secured to horizontal bars located at opposite
ends of an imaginary line bisecting the circular wheel. The magnets were used to trigger
a counting device (OmronTM Type H7EC-BLM) via magnetic switches (GuardTM)
secured to the bars of the cage above the rodent wheel, approximately 2 cm above the
path of the magnets. Each magnet triggered the counter once per revolution so that a
total of 2 counts indicated one complete revolution of the wheel. Two magnets were used
to capture as much data as possible over the recording period as “wheel activity” by a
mouse does not necessarily result in one full revolution of the wheel. Data were recorded
5 times per week for 3 weeks. A total of 15 measurements per animal were taken during
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the course of the study. The mean and maximum distance traveled over a 24-hour period
was calculated for each week of exercise.
6.2d Grip Strength
Forelimb grip strength measurements were taken with a calibrated [448], strain
gauge (Chatillon, DFM-2.0kg, Greensboro, North Carolina) by prompting the mouse to
grip the trapeze bar with the forelimbs, and pulling the mouse by the tail (as proximal to
the body as possible) parallel to the orientation of the strain gauge and trapeze bar. Grip
strength measurements were obtained immediately prior to the initiation of the voluntary
exercise program and at the end of each week thereafter for a total of 4 testing periods.
Each mouse was required to pull on the bar 3 times over the course of a minute and then
placed back into the cage to rest while the other mice in the group performed a set. A
total of 3 sets of 5 repetitions were executed during each testing period with a minimum
6-minute rest period between each set. A total of 15 measurements were obtained for
each testing period. Four variables were extracted from the measurements which
included the following: (1) absolute mean grip strength was determined by taking the
average measurement for all repetitions in sets 1-5, (2) relative mean grip strength was
calculated by dividing absolute mean grip strength by the weight of the mouse (grams),
(3) absolute maximum grip strength was the maximum peak tension recorded on the
strain gauge over the 5 sets of 3 repetitions, and (4) relative maximum grip strength was
calculated by dividing the absolute maximum grip strength by the mass of the mouse
(grams).
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6.2e Tissue Collection
Two hours prior to sacrifice, mice were weighed and then received an
intraperitoneal injection of [3H]-thymidine (2uCi/g body mass). Following completion of
the training protocol mice were euthanized to obtain measures of muscle mass, muscle
cross-sectional area, rates of DNA synthesis, and gene expression. Mice were removed
from the cage, weighed and then placed into a container containing PRAErrane
Isoflourane USP (Baxter Corporation, Mississauga, ON). Following administration of
anaesthetic, a cervical dislocation was performed. The extensor digitorum longus(EDL), gastrocnemius- (GAST), tibialis anterior- (TA), and quadriceps- (QUAD)
muscles were isolated and carefully dissected. Each EDL muscle was sectioned
transversely into two equal halves; one half was placed into a tube and stored at -20°C for
analysis of DNA synthesis while the other half was placed into an eppendorf® tube
(Eppendorf, Westbury, New York), snap frozen in liquid nitrogen and stored at -80°C for
Western analysis. GAST muscles were grossly sectioned with a razor blade and oriented
in a cryomold (Tissue-Tek®, Sakura Finetek, Torrance, California) filled with OCT
compound (Shandon CryomatrixTM) submerged in isopentane (≤ -50° C), and placed in
a -20° C freezer for later sectioning with a cryotome. TA- and QUAD-muscles were cut
into halves and stored at -80° C to allow for assays of DNA synthesis and protein levels.
6.2f Muscle Cross Sectional Area
GAST muscles were sectioned in series at a thickness of 8 µm onto silinated
slides. To determine the CSA of individual muscle fibers sections were stained with
hematoxylin and eosin. Digital images were obtained at 200X magnification and the
CSA of at least 50 fibers per section and 4 sections per muscle were captured with
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ImageJ software. Individual fibers were numbered prior to the measurement of CSA
which allowed the investigator to identify the CSA of each fiber retrospectively. Each of
the four groups (2 age groups, 2 treatment groups) consisted of muscle samples from 6
mice; at least 1200 fibers per group were analyzed to determine the mean CSA.
6.2g Satellite Cell Activation
DNA synthesis, a quantification of [3H]-thymidine incorporation into DNA, was
used to determine satellite cell activation as reported previously [5, 252]. As described
earlier, EDL, GAST, TA, and QUAD muscles were isolated from both hind limbs of each
mouse immediately after sacrifice. A sample of each muscle was placed in a tube and
stored at -20°C for analysis of DNA synthesis. Muscles were minced with a razor blade
and homogenized in 1 ml of DNA extraction solution and warmed in a tissue bath for 10
minutes at 37.5°C. Samples were immediately placed on ice and a 600 μl aliquot of the
sample was placed in a new tube containing 300 μl of acetic acid. Tubes were
centrifuged at 2500 rpm for 30 min at a temperature of 4°C. The supernatant was
removed and pippetted into a new tube. At this point, a 300 μl aliquot of each sample
was added to 5 ml of Ready SafeTM scintillation fluid (Beckman, Fuller, CA), racked in a
scintillation counter (LS-6500, Beckman-Coulter Inc.) and counted for 15 minutes.
Results (DPM) were adjusted per ug DNA which was determined by adding 200 μl of
Hoechst Assay Solution to 5 μl of each sample and analyzing the 96 well plate in a
VICTOR2 (PerkinElmer, Waltham, Massachusetts) micro-plate reader [453]. DNA
content of each well was calculated by determining the linear slope of 12 standards
ranging in concentration from 5 ng/μl to 166.67 ng/μl.
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6.2h Western Blot analysis for NOS-I, MyoD and myostatin
Protein was isolated from samples of the EDL-, GAST-, TA- and QUADmuscles. Western blot analysis, as per standard immunodetection protocols, was
performed with primary antibodies to determine the expression of MyoD (Santa Cruz
Biotechnology, Santa Cruz, CA), NOS-I (Abcam, Cambridge, MA) and myostatin (Santa
Cruz Biotechnology, Santa Cruz, CA). Individual muscles were homogenized in lysis
buffer, incubated on ice for 60 minutes and then centrifuged for 5 minutes at 10,000 rpm.
To determine protein concentration, 1 μl of each sample was dyed with Bradford Reagent
(Sigma-Aldrich Co., Oakville, Ontario) and analyzed with a spectrophotometer against a
standard dilution curve (R2>0.99). Following isolation of protein, samples were loaded
on a 12% reducing gel and transferred to a PVDF membrane. Membranes were stained
with Ponceau (to ensure successful transfer of gel), blocked with buffer for 60 minutes,
and incubated overnight with MyoD antibody (1:500) at 4°C. Expression of MyoD
indicates commitment of satellite cell progeny to development or repair of myofibers
[454]. The following day, membranes were washed and then blocked in buffer with Antirabbit Ig, Horseradish Peroxidase linked F primary antibody fragment from donkey (GE
Healthcare, Little Chalfoot Buckinghampshire, UK; 1:2000), incubated for one hour,
washed again, and agitated in a 50 ml FalconTM conical tube (BD Biosciences, San Jose,
CA) containing 2 ml of ECLTM Western Blotting Luminescence Reagent (Santa Cruz
Biotechnolody, Santa Cruz, CA) for 1 min. PVDF membranes (Osmonics, Minnetonka,
MN) were exposed for times depending on intensity of chemiluminescence signal. The
optical density (OD) of each band was determined by scanning the developed
photographic film into a PC and then analyzing areal density with NIH ImageJ software.
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The optical density of each band was standardized with the same sized window (for each
band on a gel) against the OD of GAPDH (determined by stripping and reprobing with
anti-GAPDH) to account for loading errors.
6.2i Data Analysis
An analysis of variance (ANOVA) was incorporated to investigate the differences
between age and treatment groups for muscle mass, rates of DNA synthesis, muscle CSA
and gene expression. A repeated measures ANOVA was performed on the remaining
variables because data was collected at multiple time-points for body mass, grip strength,
and mean distance traveled on the wheel. Least Significant Difference (LSD) post-hoc
tests were used and the significance level was p<.05.
6.3 Results
6.3a Body Mass
The body mass of 18-month-old mice was less than 8-month-old mice throughout
the study regardless of the exercise intervention (table 6-1). One week of exercise in 8month-old mice resulted in a decrease in body mass that continued throughout the
exercise program. There was no change in body mass of the 8-month-old NEX group at
any time-point. The 18 month-old exercise group demonstrated decreased body mass
after two weeks of voluntary wheel running but this difference also appeared in the NEX
group 1 week later. Weight loss in both the NEX and EX groups of 18-month-old mice
suggested changes in body mass were due to aging and not to voluntary activity on the
wheel.
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6.3b Voluntary Exercise
Prior to analyzing the data it was noted that the 8-month-old group had two
subgroups (3 mice each) that showed significantly different activity profiles. Based on
this difference it was decided to break the 8-month-old group into low- and high-activity
subgroups for data analysis. Therefore, the young age group had low- and high-activity
level groups whereas the 18-month-old group did not. Baseline testing revealed that
there was no difference in distance traveled between any of the age groups. During the
second week of exercise, 8-month-old mice high activity group ran further than both the
8-month-old low activity group and the 18-month-old group. However, the activity level
of the old EX mice continued to increase in a linear fashion (r = 0.9988) to the extent that
there was no difference in distance traveled compared to the 8-month-old high activity at
the end of the 3-week voluntary wheel running program. Both the 8-month-old high
activity mice and the 18-month old mice ran further than the 8-month-old low activity
group during week 3 of the exercise intervention (figure 6-1).
6.3c Grip Strength
There was an age-associated decrease in absolute maximum grip strength, the old
mice exhibited less force production than younger mice throughout the study, regardless
of exercise (table 6-2). Absolute maximum grip strength tended to decrease in 18-monthold mice throughout the study but the change only became significant at the end of week
3. There was no difference in forelimb grip strength between the NEX and EX groups of
old mice.
Contrary to the older group, young mice demonstrated significant decreases in
force production at weeks 1, 2 and 3 compared to baseline measurement at the start of the
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experiment but again, no differences were evident between the NEX and EX groups
(table 6-2).
When maximum absolute grip strength was adjusted to body mass, the age-related
decreases in strength were eliminated (figure 6-2). Mice aged to 18 months-of-age had
the same maximum relative grip strength per gram of body weight as the 8-month-old
mice. Voluntary wheel running did not result in a change in relative maximum grip
strength in either the 8- or 18 month-old mice.
6.3d Muscle Fiber Cross Sectional Area
A significant age-associated decrease in muscle fiber CSA was evident in the
GAST muscles of 18-month-old mice (1503.88 ± 127.87 μm2) compared to 8-month-old
mice (2091.40 ± 159.87 μm2, figure 6-3). Three weeks of voluntary wheel running did
not affect muscle fiber CSA of the GAST muscle in either the 8- (2247.87 ± 295.78 μm2)
or 18-month-old (1406.83 ± 120.45) μm2 age group.
6.3e Satellite Cell Activation
Satellite cell activation was measured in vivo in proximal- (QUAD), distal- (TA,
EDL, and GAST), anterior- (QUAD, TA, EDL) and posterior- (GAST) muscles of the
hindlimb. Old mice (18-month-old) had a lower level of satellite cell activation in the
EDL-, TA- and QUAD-muscles compared to young mice, although there was no
difference in activation in GAST muscle between the two age groups (table 6-3).
Interestingly, the QUAD muscle of 8-month-old mice was the only muscle that
demonstrated a significant increase (p<.01) in satellite cell activation with exercise
(1058.28 ± 53.33 DPM/μg DNA) compared to the non-exercise (625.65 ± 125.36
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DPM/μg DNA) group (figure 6-4). Conversely, voluntary wheel running resulted in a
strong trend toward decreased SC activation in the QUAD muscle of 18-month-old mice
(449.73 ± 38.82 DPM/μg DNA) compared to the control group (669.33 ± 148.79
DPM/μg DNA).
6.3f NOS-I
NOS-I protein content was investigated in the EDL-, TA-, QUAD- and GASTmuscles from the NEX and EX groups of mice aged to 8- and 18 months-of-age. With
exercise, NOS-I expression increased in the QUAD muscle of 8-month-old mice,
consistent with the exercise-induced increase in satellite cell activation in the same
muscle- and age-group (figure 6-5, table 6-4). Conversely, exercise did not change NOSI protein content in the QUAD muscle of 18-month-old mice.
There was no difference in NOS-I expression between the NEX and EX groups,
respectively, in the EDL-, TA- and GAST- muscles of 8-month-old mice (table 6-4).
Similarly, exercise did not have an affect on NOS-I expression in the EDL-, TA- or
GAST-muscles of 18-month-old mice.
6.3g MyoD
There was no difference in MyoD protein content between the NEX and EX
groups, respectively in the QUAD and GAST- muscles of 8-month-old normal female
mice (table 6-4). Similarly, there was no difference in MyoD protein content with
exercise in the QUAD-, and GAST- muscles of 18-month-old mice. MyoD protein
content for the TA muscle of 8-month-old mice and the EDL muscle from either age
group could not be obtained due to technical difficulties.
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6.3h Myostatin
Voluntary wheel running decreased myostatin expression in the QUAD muscle of
8-month-old mice compared to the NEX group (table 6-4). By contrast, the level of
myostatin protein expression in the GAST muscles was increased in the same age group.
Exercise did not change the level of myostatin protein expression in the TA muscles of
younger mice or in the GAST-, TA- or QUAD-muscles of 18-month-old mice.
Myostatin protein content from the EDL muscle of either age group could not be obtained
due to technical difficulties during processing.
6.4 Discussion
This is the first study to investigate the effects of age and voluntary exercise on
the structure, function, satellite cell activation, and gene expression of skeletal muscle
from normal mice. It is also the first to study to investigate the effects of exercise on
satellite cell activation in vivo in mice greater than 2-months-of-age. A subpurpose of
the current investigation was to determine if the effects of age and exercise on satellite
cell activation and gene expression differ between the proximal-, distal-, anterior- and
posterior-skeletal muscles of the mouse hind limb. Voluntary exercise increased satellite
cell activation and NOS-I expression, as well as decreased myostatin expression in the
QUAD muscle of adult mice. Several experimental models have been used to stimulate
myogenic stem cells from quiescence, including crush injury, denervation, stretch, hind
limb suspension, neotoxin or cardiotoxin injection, and exercise [5, 7, 15, 27, 140, 244,
270], but few studies analyzed more than one- or two-muscles. Muscle stems cells are
responsible for the maintenance, repair, and growth of skeletal muscle so the therapeutic
benefits of maximizing activation, proliferation, differentiation and successful
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regeneration are enormous given the severity of muscular disease (such as Duchenne
Muscular Dystrophy) and the vast number of people disabled by muscle atrophy (from
aging, disuse, spaceflight, limb immobilization and cachexia)[5]. The research presented
here was therefore focused on age-related muscle atrophy from a therapeutic standpoint.
While maintaining satellite cell activation through exercise would be an optimal
treatment intervention to muscle structure and function, mechanically-induced satellite
cell activation is known to decrease with age [307]. Previous work in our lab
demonstrated that an altered NO pathway, decreased satellite cell activation, and negative
responses to NO supplementation and passive stretch (in terms of SC activation) are
evident from experiments on whole-muscle cultures from aged mice (Leiter and
Anderson, unpublished). However, satellite cells from aged muscle are known to activate
in response to hepatocyte growth factor supplementation [307]. These results suggest
that the NO pathway in aged muscle is disturbed since NO signaling is required for HGF
release and may be a prime target to combat sarcopenia [16, 27, 28, 270]
There was a negative effect of age on body mass regardless of exercise. These
findings are in agreement with a study be Betters and colleagues (2008) that
demonstrated a significant reduction in body mass between adult and senescent C57/BL6
mice [307]. Although caloric intake was not recorded, each group of animals had full
access to food and water ad libitum. Reduced body mass in a controlled environment
may be an adaptive response by aged animals to compensate for decreased strength since
there was no difference in relative grip strength between age groups when values were
adjusted for body mass. Reductions in the muscle mass to body mass ratio confirm the
adaptive decrease in body mass with age (Leiter and Anderson, unpublished, [307]).
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Functionally, this appears to be an important adaptation as other findings from the same
experiment suggest that older animals are able to perform strength-dependent activities to
the same extent as younger animals.
The environment of satellite cells plays a significant role in their ability to be
activated from the G0-phase of the cell cycle and contribute to muscle maintenance,
growth and repair [277, 278]. With age, environmental influences negatively impact the
ability of satellite cells to function. Fortunately, exercise results in several significant
systemic changes that have been observed to restore some of the characteristics of a
youthful environment [38, 452], although the impact of exercise or training on satellite
cell activation in muscle from aged mice has not been investigated to date. The current
study has demonstrated that 3 weeks of voluntary wheel running was sufficient to restore
the exercise capacity of 18-month-old mice to levels evident in younger, 8-month-oldmice. However, despite significant improvements in running performance (i.e. distance)
of aged mice, voluntary wheel running did not “rejuvenate” satellite cell activation in the
EDL-, GAST-, TA- and QUAD-muscles of 18-month-old mice to levels evident in 8month-old mice. These findings suggest that voluntary wheel running alone may not
have a sufficiently positive impact on the systemic environment to stimulate satellite cell
activation in muscle from aged animals. Alternatively, it is possible that the mechanical
stimulus of voluntary wheel running was not sufficient to surpass a putative threshold for
activation. This seems likely since our previous experiments on stretching whole-muscle
cultures from old mice required double the length change to induce activation compared
to muscles from younger mice (see section 4.1d). Similarly, a mechanically-induced
increase in satellite cell activation was not demonstrated in single-fiber experiments from
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22-month-old mice in which single fibers from the GAST muscle were centrifuged to
induce activation [307]. Since voluntary wheel running may not contribute to muscle
growth to the same extent as resistance training, it is possible that a greater mechanical
stimulus, such as resistance training, or prolonged eccentric activity may be required to
increase muscle satellite cell activation in older mice.
The only muscle to demonstrate increased satellite cell activation with exercise in
vivo was the QUAD muscle from 8-month-old mice. The EDL-, TA- and GASTmuscles did not show increased satellite cell activation in response to voluntary wheel
running in either age group. The results for satellite cell activation in the EDL muscle are
in agreement with whole-muscle culture studies in which satellite cell activation in
muscle from 18-month-old mice was significantly lower than satellite cell activation in
muscle from younger, 8-month-old mice. In addition, the TA-muscles from the nonexercised group of 18-month-old mice had a significantly lower level of muscle precursor
cell activation than 8-month-old mice. Therefore, it seems clear that satellite cell
activation, with or without mechanical stimulation, changes with age and is musclespecific. As a consequence, characteristics of one muscle group should not be applied to
other muscles without caution. Structurally, the QUAD muscle was the largest of all the
muscles that were investigated. For the most part, it acts eccentrically to control knee
extension during running. Since large eccentric loads are imposed on the QUAD muscle
during exercise, increased satellite cell activation in 8-month-old mice may be a result of
a greater magnitude of mechanical stimulation and the nature of that stimulation. The
lack of an increase in satellite cell activation in the QUAD muscle of 18-month-old mice
suggests that older muscle lacks the ability to respond to a mechanical stimulus or
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requires an even more intense stimulus to activate satellite cells. The unique architecture
includes a significant sized sesamoid bone at the knee that also may mediate some of the
muscle-specific responsiveness by the QUAD muscle to exercise. Another explanation
may be the motor-planning strategy for voluntary exercise changes with age resulting in
less mechanical strain in the QUAD muscle versus other muscles. Decreased satellite
cell activation may be one reason why aged muscle does not hypertrophy to the same
extent as young muscle when exposed to physical activity.
Age-related muscle loss in humans primarily affects the muscles surrounding
weight-bearing limbs yet the extent to which satellite cell activation is implicated in this
process is unknown. In addition, the question arises as to whether satellite cell activation
is affected by muscle size, location, and primary action of the muscle and fiber type. The
results of the current study indicate that satellite cell activation by mechanical activity is
affected differently in various muscles, and that these changes are more evident as age
increases. At 8 months-of-age, exercised animals demonstrated a significant increase
(+40%) in satellite cell activation of the QUAD muscle with exercise but the opposite
trend (- 33%) was evident in mice aged to 18 months-of-age. Older mice also displayed
low SC activation in EDL- and TA-muscles after exercise (compared to non-exercised
mice) but the GAST muscle did not show this effect. The deficient activation of satellite
cells with exercise in vivo is consistent with results from single-fiber experiments in
which centrifugation of fibers failed to mechanically stimulate muscle precursor cells
[307]. However a thorough survey of muscle according to limb segment, proximally to
distally, and by compartment (flexion vs. extension) and fiber type (superficial fast vs.
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deep slow) is required to address these questions as findings would impact strategies to
prevent or treat age-related atrophy.
Muscle fiber CSA from the GAST muscle of 18-month-old mice was less than 8month-old mice; this is consistent with several studies investigating the age-related
changes in muscle structure [295, 375-380]. Voluntary wheel running did not increase
fiber CSA in either age group. By comparison an increase in fiber CSA in the rat
plantaris muscle was demonstrated after 10-weeks of voluntary exercise [338]. This
study only involved 3-weeks of voluntary wheel running and exercise was initiated at 8or 18-months-of-age in our study compared to 5 weeks-of-age in the rat study. Thus, to
increase muscle fiber CSA, a longer exercise intervention may be required and/or
exercise should begin at a younger age. The longer exercise period would potentially
demonstrate significant or further muscle-specific responses to exercise. However,
changes in activation (producing more myonuclei) would likely be confounded even
further with training responses and hypertrophy than in the 3-week study presented here.
The extent of age-related muscle atrophy is largely dependent on activity levels over a
lifetime such that chronic exercise decreases muscle wasting with age [455].
The dependence of satellite cell activation on nitric oxide and NOS-I expression
was once again confirmed in this study. QUAD muscles from 8-month-old mice were
the only muscle to demonstrate increased satellite cell activation with exercise and were
also the only group to show an increase in NOS-I expression. There was no difference in
satellite cell activation or NOS-I expression with exercise in the TA-, EDL- and GASTmuscles from either age group. Therefore, it seems increased satellite cell activation and
increased NOS-I expression are tandem observations in mouse muscle following
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exercise, consistent with Betters and colleagues. [307]. The lack of an increase in NOS-I
with exercise may partly explain the deficient satellite cell activation in the aged muscles.
In addition, the current study provides further evidence that satellite cell activation and
NOS-I expression is muscle- and load-specific. For instance, only the QUAD muscle
from 8-month-old mice was sensitive to the stimulus of exercise whereas the TA-, EDL-,
and GAST-muscles were not which is in agreement with data from the plantaris muscle
of aged rats [307].
In addition to increased satellite cell activation and NOS-I expression in the
QUAD muscles of 8-month-old-mice, myostatin expression in the exercised group was
significantly reduced compared to control mice. Myostatin expression is negatively
correlated with muscle growth [13, 428, 456, 457]. Therefore, increased NOS-I
expression, increased satellite cell activation and decreased myostatin expression indicate
that the QUAD muscles of 8-month-old mice have responded to exercise by initiating
growth. Conversely, exercise did not change myostatin expression in the TA-, EDL- or
GAST-muscles of either age group. Resistance loading in humans has resulted in
decreased myostatin expression in both young and old subjects with the exception of
older females [13]. It is interesting to note that all mice in this study were female;
therefore, muscle atrophy may be age-dependent, muscle-, and gender-specific.
Age-related changes in muscle structure and function have been relatively well
addressed in the literature yet the mechanisms responsible for these changes have yet to
be elucidated. Our research has demonstrated that a decrease in body mass with age may
be an adaptive response that accommodates atrophic changes in muscle structure and
function. This would have significant implications for the increase in obesity in our
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population. Central to the processes of maintenance, growth and repair of voluntary
contractile tissue is the muscle satellite cell. To contribute to these processes, precursor
cells must be activated, proliferate and differentiate and fuse into mature muscle fibers.
Our results suggest that satellite cell activation is age-dependent and muscle- specific.
Deficits in satellite cell activation with age are more than likely a result of changes in the
NO pathway including either a decrease in the availability of NO, a reduction in the
expression of NOS-I, and/or a dislocation of NOS-I into the cytoplasm of muscle fibers.
Future studies should investigate the effects of exercise and NO supplementation on
satellite cell activation in vivo since increased levels of NO may overcome the threshold
required to activate satellite cells in muscle of older mice. In addition, mechanical
stresses placed on muscle in those experiments should incorporate eccentric exercise or
resistance training since the lack of mechanically-induced satellite cell activation may be
due to insufficient stimulation during voluntary wheel running. Stimulating satellite cells
with exercise and NO supplementation, and finding the threshold for activation has the
potential to provide information that would help maintain and/or restore age-related
deficits in muscle structure and function.
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6.5 Tables and Figures
Table 6-1. The effects of a 3-week voluntary wheel running program on the body
mass of mice aged to 8- and 18-months
Body mass (g) was recorded at baseline, prior to the initiation of voluntary wheel
running, and at the end of each week of exercise (weeks 1, 2, 3). Values are means and
(SEM), n=6 mice per group at each time-point. A significant difference from baseline
within the same age group is represented by *; a statistical difference between age groups
is indicated by # (p<.05).

baseline

Week 1

Week 2

Week 3

8-month-old mice
non-exercise
exercise

34.92
(1.10)
34.57
(0.99)

32.96
(0.92)
31.40*
(0.92)

33.35
(1.17)
31.55*
(0.83)

33.4
(1.40)
31.61*
(0.67)

18-month-old mice
non-exercise
exercise

27.83#
(0.61)
28.47#
(1.04)

26.82#
(0.56)
26.67#
(0.98)
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27.38#
(0.63)
26.05*#
(0.59)

26.37*#
(0.52)
26.33*#
(0.66)

Table 6-2. Absolute maximum forelimb grip strength in the non-exercise- and
exercise-groups of 8- and 18-month-old normal female mice
Eighteen-month-old mice demonstrated decreased grip strength compared to 8-month-old
mice throughout the study when ages groups were not separate into NEX and EX groups.
Compared to baseline, strength deficits in both the NEX- and EX-groups were evident in
8-month-old mice during weeks 1, 2 and 3. The three-week voluntary wheel running
program did not have an affect on grip strength in either the 8- or 18-month-old age
groups. Six mice were randomized to each age group and treatment. Values (g x 10) are
expressed as mean and (SEM) (#, significant difference from 8-month-old mice, *
significant difference from baseline within same age group; p<.01).

Baseline

Week 1

Week 2

Week 3

8-month-old mice
non-exercise
exercise

1338.33
(71.06)
1351.67
(58.96)

1190.00*
(43.44)
1125.00*
(55.48)

953.33*
(92.10)
1081.67*
(42.14)

1115.00*
(71.50)
1060.00*
(41.31)

18-month-old mice#
non-exercise
exercise

1008.33
(27.86)
1060.33
(67.6)

963.33
(32.02)
873.33
(33.43)
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946.67
(59.06)
816.00
(50.36)

773.70
(102.4)
843.33
(31.16)

Table 6-3. Effects of age on satellite cell activation in the EDL-, TA-, QUAD- and
GAST-muscles
SC activation was determined by measuring DNA synthesis per ug of DNA (DPM/ug
DNA). Aged animals (mean ± (SEM)) demonstrated decreased satellite cell activation
compared to adult mice in EDL-, TA- and QUAD-muscles (*, p<.05). There was no
difference in satellite cell activation in the GAST muscle between 8- and 18-month-old
mice.

Muscle
EDL
TA
QUAD
GAST

8-month-old
39.80
(3.25)
165.65
(21.98)
841.96
(92.08)
317.13
(26.78)
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18-month-old
24.74*
(4.84)
52.22*
(13.12)
559.93*
(80.44)
275.64
(25.89)

Table 6-4. NOS-I, MyoD and myostatin protein content in the TA, GAST, QUAD
and EDL muscles of 8- and 18-month-old mice.
Western blot analysis was performed to determine the relative intensity (OD/GAPDH) of
NOS-I (a), MyoD (b) and myostatin (c) protein content in the TA, GAST, QUAD and
EDL muscles of 8- and 18-month-old mice subjected to 3 weeks of voluntary wheel
running or not. *indicates significantly different from control value of the same muscle
and same age group (p<.05).
(a)

Muscle
TA
GAST
QUAD
EDL

8-month-old
NEX
EX
1.19
1.20
(0.26)
(0.26)
1.23
1.01
(0.31)
(0.27)
1.38
2.75*
(0.25)
(0.78)
0.82
0.94
(0.11)
(0.04)

18-month-old
NEX
EX
2.31
2.29
(0.27)
(0.17)
1.74
2.14
(0.43)
(0.37)
1.52
1.30
(0.59)
(0.37)
0.92
0.76
(0.13)
(0.06)

8-month-old

(b)

Muscle
TA

NEX

EX

GAST

0.63
0.06
0.73
0.05

0.52
0.05
0.81
0.10

18-month-old
NEX
EX
1.27
2.13*
0.15
0.40
0.97
0.73
0.13
0.11
0.92
0.72
0.15
0.09

EX
1.97
0.56
1.18*
0.11
0.57*
0.10

18-month-old
NEX
EX
1.67
1.19
0.62
0.27
0.57
0.49
0.08
0.07
1.70
1.70
0.23
0.14

QUAD

(c)
8-month-old
Muscle
TA
GAST
QUAD

NEX
1.97
0.48
0.74
0.06
1.26
0.15
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Figure 6-1. Difference in distance traveled between 18-month-old mice and the low
and high activity subgroups in the 8-month-old age category
Distance traveled over the course of a 24-hour period (relative to body mass) was
recorded in meters, 5 times per week (mean ± (SEM)). The 8-month-old high activity
group ran further (total distance per 24 hours) than the 8-month-old low activity group
and the 18-month-old group during week 2 of the exercise program (*, significantly
different from the 8-month-old low activity group; #, significantly different from the 18month-old age group; p<.01). However, the 18-month-old age group demonstrated a
linear increase (R2 = 0.9977) in distance run over the course of the study such that no
difference was evident between the 18-month-old group and 8-month-old high activity
group in week 3 of the exercise intervention. By contrast, both the 8-month-old high
activity group and the 18-month-old mice ran further than the 8-month-old low activity
group during week 3 of the voluntary wheel running protocol.
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Figure 6-2. Absolute and relative forelimb grip strength values for all 18-month-old
mice expressed as a percentage of values demonstrated in 8-month-old mice
Absolute maximum grip strength of 18-month-old mice was less than 8-month-old mice
throughout the study. Conversely, when absolute grip strength was standardized to body
mass (relative maximum grip strength), no differences were detected between the two age
groups since maximum grip strength per gram of body mass for 18-month-old mice was
just below, or slightly above 100% of the grip strength values achieved by 8-month-old
mice. No differences were detected between the exercise- and non-exercise-groups in
either of the age groups. (*, significantly different from 8-month-old mice; p<.01).
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Figure 6-3. Hematoxylin and Eosin staining of GAST muscle isolated from (a) 8and (b) 18-month-old mice
Fiber CSA analysis was performed using NIH ImageJ software. Muscle fibers from 18month-old had less CSA than fibers from younger mice. Exercise did not have a
significant impact on muscle fiber CSA in either 8- or 18-month-old mice.
(a)

(b)
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Figure 6-4. Changes in satellite cell activation with voluntary exercise in the EDL-,
TA-, QUAD- and GAST-muscles of normal female 8-month-old mice
Voluntary wheel running increased satellite cell activation (mean ± (SEM)) in the QUAD
muscle but did not have an affect on muscle precursor activation in the EDL-, TA- and
GAST-muscles. Satellite cell activation was determined by scintillation counts
standardized to μg of DNA and is expressed as DPM/ug of DNA. (*, p<.05).
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Figure 6-5. NOS-I protein content in the quadriceps muscle of the non-exercise and
exercise groups in 8- and 18-month-old mice
NOS-I protein expression (mean ± (SEM)) increased with exercise, compared to the nonexercise group, in the quadriceps muscle of 8-month-old mice but had no affect in older,
18-month-old animals (*, p<.05).
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CHAPTER 7. DISCUSSION

The purpose of this thesis was to increase our understanding of the mechanisms
responsible for age-related muscle atrophy and although future studies are required that
will ultimately lead to full determination, this is a contribution to solving the disabling
condition of sarcopenia. The structural and functional changes that occur in muscle with
aging were re-investigated, within the context of recent literature and our work on muscle
cultures so pointed questions related to the regulation of satellite cell activation in aged
muscle could be answered, to establish a timeline for the progression of atrophy and
determine the age at which satellite cells are less responsive to chemical and mechanical
stimulation.
This research was divided into three distinct sets of experiments and the results of
each section will be discussed separately. After summarizing the three components of
this work in isolation, the strengths and limitations of this research will be identified and
discussed. Then, the results of each section will be integrated with one another and
elaborated upon in reference and comparison to relevant literature. Finally, future
directions for this research will be discussed.
7.1 Mechanical and chemical activation of satellite cells is perturbed in skeletal
muscle from normal aged mice.
The experiments presented in Chapter 4 of this thesis were designed and executed
to determine the effects of stretch, and stretch plus NO treatment on satellite cell
activation and gene expression in whole muscle (EDL) cultures from young and old mice.
The first major discovery from these experiments was that muscle from 6-month-old
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mice required twice the mechanical stimulus (20%- vs. 10%-length increase) of muscle
from 3-month-old mice to increase satellite cell activation compared to the unstretched
group of the same age. Therefore, evidence suggests that mechanical activation of
satellite cells (required for muscle maintenance, growth and repair) is perturbed as early
as 6 months-of-age in normal mice which is an important time point to consider if agerelated muscle loss is to be prevented. Further, by 8 months-of-age, this magnitude of
stretch did not increase satellite cell activation even after applying a 20% length increase
to EDL muscles in culture. Muscle from mice aged to 10- and 18-months-of-age did not
respond to stretch by increasing satellite cell activation. Hence, in muscle isolated from
mice 6 months-of-age or older mechanical stimulus alone, at least at the magnitude
applied in these experiments, was not sufficient enough to surpass the threshold required
to increase satellite cell activation. Mechanical stimulation produces a bolus release of
the chemical messenger NO that subsequently activates satellite cells. It is possible that a
greater stretch magnitude; applying electrical stimulation to the muscle to produce a
lengthening contraction, which induces greater muscle damage; or administering NO
would have increased satellite cell activation in muscle from older mice.
In addition to stretch, NO treatments were administered immediately prior to
applying the mechanical stimulus to determine if chemical stimulation, combined with
mechanical stimulation, was sufficient to increase satellite cell activation. Two sources
of NO supplementation were utilized in an attempt to provoke muscle precursor cells to
be activated and leave the quiescent state. An endogenous source of NO (LA), which
requires the enzyme NOS-I to produce NO, and an exogenous source of NO (ISDN) were
applied to muscles in culture from 8- and 18-month-old mice. Increased satellite cell
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activation occurred with ISDN treatment but only in muscle from younger mice (8month-old). NOS-I may be perturbed as early as 8 months-of-age since LA
supplementation was unable to increase satellite cell activation with age. This was
further confirmed by combining LA and ISDN treatments with the NOS-I inhibitor, LN.
When LN was added in conjunction with ISDN, satellite cell activation still increased
beyond control levels and verified that ISDN does not require NOS-I to produce NO.
However, when LA was combined with LN, satellite cell activation decreased compared
to basal levels of satellite cell activation which suggests that NOS-I not only converts LA
to NO, but also plays an important role in maintaining baseline levels of satellite cell
activation. Together, these experiments confirm that changes in NO and NOS-I activity
contribute to the disruption of satellite cell activation in 8-month-old mice compared to
that in younger mice.
Contrary to the effects of NO supplementation in younger mice, exogenous and
endogenous sources of nitric oxide, combined with mechanical stretch, did not increase
satellite cell activation in muscle from 18-month-old mice. These results suggest that NO
production and NOS-I activity is also perturbed in older mice since LA treatment did not
increase satellite cell activation. In addition, ISDN supplementation did not stimulate
greater levels of satellite cell activation in 18-month-old mice. Therefore, satellite cells
from older muscle may be less sensitive to NO with age and may require a greater
concentration of NO to surpass the threshold for satellite cell activation.
This series of experiments demonstrated that prevention of muscle atrophy must
be initiated in adult muscle (8-month-old), prior to the commencement of muscle loss,
and that combined treatments of stretch and NO supplementation may be the most
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beneficial. There was a negative effect of age on satellite cell activation but a positive
association between increasing age and the magnitude of mechanical stimulation that
needed to be applied to traverse the threshold for satellite cell activation.
7.2 Changes in the structure and function of normal skeletal muscle with age
The results of the experiments in Chapter 4 motivated us to re-visit the age-related
changes in the structure and function of normal muscle to determine if these changes are
synchronous with perturbed satellite cell activation via mechanical (stretch) and chemical
(NO) stimulation. As discussed previously, mechanical stimulation of muscle satellite
cells was reduced by 6 months-of-age and severely disrupted by 8-months-of-age such
that increased satellite cell activation was not apparent at this age despite increased
mechanical loads. Mechanical stretch and chemical stimulation with exogenous sources
of NO (ISDN) were sufficient to increase satellite cell activation in younger muscle but
failed to produce the same effects in older mice. Therefore, the purpose of this set of
experiments was to determine the age at which the structure and function of normal
muscle begins to decline.
Although this research investigated skeletal muscle, it is important to understand,
or at the very least realize, that muscle is affected by the other systems that make up an
organism as a whole. Body mass is not only a robust measure of overall health, but also
an important variable in the assessment of muscle function, both morphologically and
physiologically. In particular, muscle strength in isolation is of minimal importance if it
is not related to function and the efficiency at which an organism can manipulate itself.
Thus, body mass must be considered when determining the influence of muscle strength
on performance of various activities. Therefore, for the purposes of this research, body
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mass was assessed prior to the investigation of age-related changes in the structure and
function of skeletal muscle.
In normal female C57/BL6 mice, body mass peaked at 8 months-of-age but was
significantly decreased in 18-month-old mice. It is important to note that all age groups
were given food and water ad libitum; nevertheless, older mice weighed less than mice
10 months younger. The significance of this finding is most relevant to the results of
forelimb grip strength measurements. Although 18-month-old mice demonstrated
decreased maximum grip strength compared to 8-month-old rodents, the difference was
ameliorated when adjusted for body mass. In other words, because older mice weighed
less, the animals were able to produce as much force per gram of body mass compared to
younger, heavier mice. Older mice have the functional strength to manipulate their body
weight to the same extent as adult mice; thus, compensatory weight loss counteracts
decreased absolute grip strength in 18-month-old mice and maintains function.
Consistent with the results of body mass, the muscle mass of 18-month-old mice
was less than younger mice. Reduced muscle mass and decreased fiber CSA in the
GAST muscle of 18-month-old mice confirmed that reduced muscle mass is positively
correlated with fiber CSA. The link between muscle structure and function was further
established in aged muscle since decreased muscle mass and fiber CSA was associated
with reduced absolute maximum grip strength (not adjusted for body mass). Our results
confirmed that aging is related to decreased body mass, muscle mass and strength but to
this point, the implications of altered satellite cell pool size or disrupted activation
characteristics on age-related muscle degeneration have yet to be determined.
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In addition to a decrease in body mass, muscle mass, muscle fiber CSA and
muscle strength; the number of satellite cells was reduced in muscle from 18-month-old
mice. Mice aged to 18 months-of-age had the greatest number of fibers without any
associated satellite cells. In addition, aged muscle demonstrated the least mean number
of satellite cells. The reduced number of satellite cells in EDL muscle from 18-monthold mice may have contributed to decreased satellite cell activation compared to muscle
from 3-, 8-, and 18-month-old mice. Therefore, the results of this series of experiments
demonstrate an association between a declining number of satellite cells, and decreased
muscle mass, fiber CSA, and strength.
The intricate link between muscle structure and function, and the importance of
muscle satellite cells in maintaining the youthful characteristics of contractile tissue has
been well established here. These experiments have provided circumstantial evidence
that reduced satellite cell pool size and decreased satellite cell activation are associated
with decreased muscle mass and fiber CSA in aged muscle. Consequently, reduced
muscle mass and decreased fiber CSA seem to play a role in decreased grip strength.
Therefore, in order to combat age-related deficits in muscle structure and function,
replenishment of the satellite cell pool size and rejuvenated satellite cell activation are
essential.
7.3 Exercise-induced satellite cell activation, NOS-I expression, and myostatin
regulation are muscle-dependent and age-specific
In vivo rodent experiments investigating the effects of exercise on satellite cell
activation and gene expression usually analyze one or two muscles of the lower limb.
Evidence suggests mechanically-induced satellite cell activation decreases with age but
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caution is advised when extrapolating these results to all muscles of the body. Based on
location, architecture, function, type of contraction and fiber type, the strain imposed on
specific muscles during various activities may vary extensively. The purpose of this
section of the thesis was not only to study the effects of voluntary wheel running and age
on satellite cell activation and gene expression, but also to determine if various muscles
of the lower limb were affected differently. This knowledge will be useful in considering
how best to design exercise protocols to treat muscle atrophy. The type of activity and
age of the animal or subject must also be considered for protocol development.
As mentioned in the previous section, body mass must be taken into account when
assessing muscle function either by grip strength or in this case, voluntary wheel running.
Eighteen-month-old mice weighed less than younger 8-month-old mice throughout the
study protocol, regardless of exercise or not. Lighter, older mice would have required
less muscle force to produce the actions of voluntary wheel running which may have
contributed to an increase in the distance traveled over the course of the exercise
intervention.
Similar to the results presented in Chapter 5, older mice demonstrated decreased
absolute maximum grip strength compared to younger mice. Unexpectedly, the absolute
grip strength of young mice decreased throughout the study but there was no difference
between the non-exercise and exercise groups. When maximum grip strength was
adjusted for body mass (relative maximum grip strength), the differences in force
production between 8- and 18-month-old mice were ameliorated. Therefore, a
compensatory decrease in body mass with age maintained maximum grip strength in
older mice when compared to the younger age group. This again demonstrated that a
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compensatory decrease in body mass assists animals to maintain function despite a
decrease in muscle size and absolute muscle strength.
Prior to analyzing the voluntary wheel running data it was realized that the
younger group could be split into two separate categories based on activity level.
Conveniently enough, the 8-month-old group was split in half and 3 mice were placed in
the high-activity group while the remaining 3 were allocated to the low-activity group.
The older, 18-month-old group did not differ in activity level and all 6 mice were
analyzed as one group. Although the young, high activity group ran further than the
older age group during the second week of exercise, the older mice continued to increase
the distance traveled over the course of the exercise intervention such that no difference
was evident between two groups at the end of the exercise trial. These results
demonstrate that older mice are capable of restoring exercise capacity to the level of
younger mice after only 3-weeks of exercise. Again, decreased body mass may have
contributed to the improvement of endurance capacity in the older mice over the course
of the voluntary wheel running protocol.
Muscle fiber CSA from the GAST muscle of 18-month-old mice was decreased
compared to values obtained from 8-month-old mice. Although exercise did not have a
significant effect on fiber CSA, results demonstrated a trend toward increased and
decreased CSA in young and old mice, respectively. These data suggest that younger
muscle hypertrophies in response to exercise whereas older muscle tends to decrease in
size. The trend towards increased fiber CSA in 8-month-old mice shows that younger
muscle still has the ability, although reduced, to increase muscle size with exercise.
Although the QUAD muscle was not selected for fiber CSA measurements, it is expected
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that an exercise-induced increase in fiber CSA would be evident since satellite cell
activation increased with voluntary wheel running. Similar to stretch experiments,
mechanical stimulation of satellite cells was not sufficient enough to increase satellite cell
activation. However, supplementing exercise with an NO donor may have increased
muscle precursor cell activation to significant levels which would have been in agreement
with the results from stretch and ISDN treatment in whole muscle cultures of 8-monthold mice. Voluntary wheel running showed a trend towards decreased fiber CSA in 18month-old mice which may be a result of the diminished hypertrophic response of older
muscle to mechanical activation. Contrary to younger mice, stretch and ISDN treatment
decreased satellite cell activation in older mice which suggests that the NO pathway and
sensitivity of satellite cells to NO may be impaired in older muscle. In order for exercise
and NO treatment to be advantageous, the correct level of NO must be determined to
increase satellite cell activation and thus, muscle growth, in old mice.
As mentioned previously, this is the first study to compare the effects of age and
exercise on satellite cell activation in various muscles from the hind limb of normal mice.
Results demonstrated very distinct differences among muscles and age groups with
respect to satellite cell activation. Interestingly, the QUAD muscle of 8-month-old mice
was the only muscle that showed increased satellite cell activation in response to
voluntary wheel running. QUAD muscles from the older group had opposing results
since satellite cell activation decreased with exercise. Previous research in our lab
indicated that mechanical stimulation of muscle causes a bolus release of nitric oxide that
in turn activates satellite cells via the release of HGF from the extracellular matrix. The
liberated HGF then binds to its receptor c-met. An upregulation of NOS-I and associated
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increase in satellite cell activation with exercise in the QUAD muscle from 8-month-old
mice supported this finding. Results from the QUAD muscle of older mice suggest NO
release, as a result of voluntary wheel running, had an opposite effect on satellite cells
and, thus, decreased activation. Decreased muscle precursor cell activation in response to
a bolus release of NO is similar to results demonstrated in mdx mice. Therefore, a
disrupted DGC and/or displaced NOS-I may account for the difference in response of
satellite cells to mechanical stimulation between young and old mice. If the DGC and
NOS-I are disrupted, sufficient levels of NO may not be available to satellite cells or
satellite cell response to NO in aged muscle may be perturbed. Regardless of the reason
for this difference, it is evident that the correct volume and intensity of exercise, as well
as the level of NO must be investigated further to determine which combination would
have the greatest therapeutic benefit to treat age-related muscle atrophy.
It has been established that NO production is an intermediary step between
mechanical stimulation and satellite cell activation in normal young muscle. Therefore,
to activate satellite cells, NO availability must increase in response to exercise. NO is
produced endogenously by the enzyme NOS-I since it converts LA to L-citrulline and
NO. Deductively, in normal muscle, expression of NOS-I would increase to produce
more NO in response to mechanical stimulation of muscle. If this occurs in normal
muscle, satellite cells respond to the chemical messenger (NO) by becoming activated.
Hence, increased NOS-I expression would transpire into increased satellite cell
activation. This was supported by our study since increased NOS-I expression was
evident in the QUAD muscles from the exercise group of 8-month-old mice; the same
group that demonstrated increased satellite cell activation. Increased NOS-I expression
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was not apparent in any of the other muscles, regardless of exercise, in either the 8- or
18-month-old age groups. Similar and complimentary to satellite cell activation,
expression of NOS-I was age-dependent and muscle-specific. Exercise programs
developed to prevent or combat sarcopenia must take into account the different responses
of satellite cells and NOS-I expression in various muscles of the lower limb. In order to
maximize the benefits of exercise training, mechanical loads that stimulate NOS-I
expression and satellite cell activation must be determined for specific muscles and age
groups.
Further confirming the role satellite cell activation and NO in the process of
muscle growth was the complimentary downregulation of myostatin in the QUAD
muscle from the 8-month-old exercise group. Myostatin is a member of the transforming
growth factor-β superfamily and is negatively correlated with muscle growth. If
myostatin increases, muscle growth is inhibited. Conversely, decreased expression of
myostatin, as was evident in the QUAD muscle of the young exercise group, is associated
with increased muscle growth. Therefore, the results from Chapter 6 demonstrated that
an increase in NOS-I was associated with increased satellite cell activation and decreased
levels of the muscle inhibitory factor, myostatin. Muscle was processed for Western blot
analysis 24-or 48-hours after completion of the exercise protocol in 8- and 18-month-old
mice, respectively. Muscle fiber CSA measurements were performed on the GAST
muscle and did not demonstrate muscle growth. However, evidence suggests that if the
QUAD muscle was selected for muscle fiber CSA measurements, muscle hypertrophy
would have been apparent in the younger exercise group. Results from this section of the
thesis confirm that NO treatment and exercise have the potential to stimulate satellite cell
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activation and increase muscle growth. The challenge that lies ahead is to determine the
mechanical load and NO concentration that would promote muscle growth in aged
muscle.
7.4 Limitations and strengths
7.4a Limitations
One limitation of the studies presented in this thesis is the use of [3]H-thymidine
as a measure of satellite cell activation. Incorporation of 3H-thymidine into new DNA
occurs as cells enter the G1 phase of the cell cycle from quiescence (GO). In normal
young muscle, activation of satellite cells occurs within 10 minutes of an activating
stimulus, therefore, when muscle is isolated 22 hrs (44 hours later in muscle aged to 12
months or beyond) later, assays for DNA synthesis may not accurately reflect what
occurred 22 hours earlier since all activated satellite cells do not necessarily proliferate.
In addition, this measure of satellite cell activation assumes all cells activate and
proliferate at the same time because only incorporation of radioactivity into new cells at
the time of muscle harvest is being captured. Satellite cells that proliferated earlier, or
later, than the time of assay would have missed the “window of opportunity” to be
included in DNA scintillation counts. Further, 3H-thymidine incorporation into new
DNA is not specific to muscle satellite cells and would mark other proliferating cells,
such as fibroblasts. However, this measurement of muscle precursor cell activation has
been used extensively in our lab, allows for the processing of a large number of muscles,
provides results quickly (within 24 hrs), and can produce consistent results if connective
tissue and tendons are removed from muscle samples prior to homogenization (decreases
the number of fibroblasts included in the muscle homogenate).
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Another limitation to this research is the indirect measurement of NO production
through western blot analysis for NOS-I. Increased NOS-I expression may be consistent
with the increased endogenous production of NO but this may not necessarily be the case.
NO production could increase or decrease without a change in NOS-I if the rate at which
the enzyme produces NO was altered. In addition, the availability of LA would certainly
affect the production rate of NO within a muscle. Since NO has an extremely short halflife (4-15 seconds), measuring quantities of NO within muscle is extremely challenging
and time-consuming. Taken into account that Chapter 6 of this thesis investigated the
effects of age and exercise on muscle in vivo, measuring NOS-I expression, rather than
NO production, was the most useful data since it allowed for comparison with whole
muscle culture experiments. Stretch experiments combined with NO treatments of whole
muscle cultures also provided indirect information on the availability of NO and the
function of NOS-I in 8- and 18-month old mice. Collectively, these experiments
confirmed that NO is a key activator of satellite cells and that NO production in aged
muscle is disturbed since satellite cell activation could not be increased with exercise,
mechanical stretch or a combination of stretch and NO supplementation.
A longitudinal study design would have strengthened the results of this study as
opposed to a cross-sectional design. If mice were followed from 6 weeks-of-age until 18months-of-age, the progression of age-related muscle atrophy, and the mechanisms
responsible for the changes in muscle structure and function could have been investigated
with greater certainly since the variability between age groups would have been
eliminated. However, longitudinal studies also have limitations and regardless the
reproducibility of techniques, the variability of the results increases when techniques are
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performed several months apart. In addition, several of the variables obtained within
each of the studies could not have been obtained without sacrificing the mice to obtain
muscle tissue. Although a longitudinal study design would have been beneficial for
studying grip strength, endurance activity and body mass measurements, all other
variables were obtained from muscle tissue post-mortem, thus a cross-sectional design
was necessary and justified.
Due to a substantial increase in aging research over the last decade, acquiring
aged animals for the purposes of research is extremely difficult and costly. Fortunately,
for the purposes of our studies, we were able to obtain retired female C57/BL6 mice from
Central Animal Care Services (University of Manitoba) and The Jackson Laboratory (Bar
Harbor, Maine). All mice included in this thesis were female which makes it difficult,
and unadvisable, to apply these results to male mice. However, the endocrinological
period when estrus cycling ceases, taken as equivalent to menopause in humans, is
associated with accelerated loss of muscle structure and function and occurs between the
ages of 18- and 20-months in mice. This allowed us to assess age-related muscle atrophy
at a younger age, when fewer co-morbidities are present, and at a time interval when
muscle wasting has been shown to accelerate. Both of these factors increase the
possibility of identifying mechanisms that are responsible for sarcopenia since changes in
skeletal muscle are taking place rapidly and the influence of other systemic pathologies
on contractile tissue are at a minimum.
7.4b Strengths
The major strength of this study was that the analysis of the effects of aging and
mechanical stimulation on skeletal muscle was investigated in both whole muscle culture
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and in vivo. Extending the research from a stretch model of isolated muscle to an in vivo
model of voluntary wheel running significantly expanded the potential for application of
this research from the bench to exercise training and rehabilitation programs. Contrary to
previous studies, stretch and exercise are realistic, ethical, and safe models to not only
investigate satellite cell activation, but also to disseminate knowledge form theses studies
into real world settings of sarcopenia.
An additional strength of this study was the combination of variables, which
included muscle structure, function, satellite cell activation and gene expression. To date,
the argument still exists regarding muscle structure and function. Does muscle structure
change in response to decreased magnitude and frequency of mechanical loads or do
alterations in muscle structure precede force deficits? Recently, the effect of the
environment on satellite cell activation in muscle has received a lot of attention yet the
models of muscle transplantation and heterochronic parabiosis are not reasonable
treatments for individual suffering from sarcopenia, although the results of these studies
have provided significant insight environmental influences on satellite cell activation.
Chapter 6 of this work incorporated exercise into the study protocol to determine if more
realistic, lifestyle activities could influence the satellite cell environment in a positive
manner and rescue the characteristics of young muscle that are impaired with age. The
combination of muscle structure, function, satellite cell activation and gene expression
provided insight into the mechanisms responsible for age-related atrophy and possible
treatment options to prevent or reverse muscle wasting in older animals.
This was the first study to investigate the effects of age and exercise on several
hindlimb muscles of 8- and 18-month-old rodents. The quantity and quality of data
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collected from muscles with a different location, function, and fiber type expanded our
knowledge in this area of research and revealed that the effects of exercise are agedependent and muscle-specific. Results from previous studies have been generalized
beyond the muscles being studied which introduced the risk of accepting hypothesis that
were not universal and aborting treatments, such as exercise and NO supplementation,
that were realistic, ethical and safe in animal models.
Together the strengths of this research vastly outweigh the weaknesses and have
provided information that is interesting and applicable in whole muscle cultures, as well
as, in vivo. The intent of this research was to make a connection between single fiber
models, whole muscle cultures and in vivo experiments so that the gap between basic
sciences research and clinical research could be narrowed. Our lab believes that the
broad scope of these studies have assisted us in achieving the goal we set forth at the
commencement of this project.
7.5 Conclusion
As age increases, muscle satellite cells require greater mechanical and chemical
stimulation to become activated in order to contribute to muscle maintenance, growth and
repair. Satellite cell activation, which is required to induce muscle hypertrophy, is both
age-dependent and muscle-specific. Age-related deficits in mechanically-induced
satellite cell activation lead to decrements in muscle structure and function that ultimately
lead to sarcopenia. Voluntary exercise, stretch and NO treatments alone were not able to
rescue muscle precursor cells from an age-induced quiescent state, but have the potential
to prevent and treat muscle atrophy when used in combination.
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Sarcopenia is an age-related loss of muscle mass and function characterized by a
reduction in fiber CSA and loss of motor units [218, 375, 433]. With aging, muscle
atrophy is accompanied by deficits in strength that lead to decreased function and
increased disability [321, 435]. In the next 10 years over 50% of the workforce will retire
and since up to 30% of muscle loss occurs after the fifth decade of life, sarcopenia will
have an enormous impact on the health of Canadians and the economy of our country
[436]. The goal of the research presented here was to identify the mechanisms
responsible age-related muscle loss and propose therapies to prevent or treat this
universally disabling condition.
With age muscles atrophy, but it has not been universally accepted that the
number of satellite cells decrease with age. Previous studies indicate that the age-related
change in the population of satellite cells is age-dependent and muscle-specific [22, 204,
207, 277]. In situ hybridization for Pax7, MyoD and myogenin indicated that the GAST
muscle had a decreased satellite cell pool size compared to younger mice. Similar results
were demonstrated previously in the EDL muscle of old animals [22, 204]. In humans,
the results are also inconclusive as some studies demonstrate a decrease in satellite cell
pool size [446, 458] whereas other investigators have shown an increase satellite cell
number [443]. Therefore, in order to accurately assess the effects of age on satellite cell
number, more muscles from the same animal need to be investigated. If the age-related
change in satellite cell number is in fact muscle-specific, it would be important to
determine which muscles are affected more intently. This would not only provide further
information on the mechanisms of sarcopenia but also the most effective treatments for
individual muscles or muscle groups.
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In normal adult muscle, satellite cells are metabolically and mitotically quiescent,
but upon activation, are the main contributor to muscle maintenance, growth and repair
[5]. Satellite cells become activated in response to stretch, exercise, trauma and
denervation but, as age increases, muscle precursor cell activation becomes delayed
and/or perturbed [22, 23, 218, 222, 278, 441]. This was confirmed by our study in whole
muscle cultures since satellite cell activation in the EDL muscle from normal female
mice was greatest at 8 months-of-age but significantly decreased at, and beyond, 10
months-of-age. Although Betters and colleagues (2008) reported that satellite cell
activation was not decreased in isolated single fibers from the GAST muscle of 10
month-old mice, a significant decrease was evident in single fibers from 22-month-old
mice. This difference may be due to an inconsistency in the muscles that were
investigated (EDL vs. GAST), as well as, the type of culture being studied (single-fiber
vs. whole-muscle). In addition, in vivo experiments demonstrated perturbed satellite cell
activation in the EDL-, QUAD- and TA-muscles from 18-month-old mice compared to 8month-old animals. Although an aged systemic environment negatively affects satellite
cell activation [278], consistency in results between whole muscle culture and in vivo
experiments indicate that the inherent muscle environment, even in isolation, contributes
to deficient satellite cell activation. However, despite decreased basal levels of satellite
cell activation in several muscles, the effects of exercise and stretch on activation in aged
animals has yet to be realized.
For the research presented here, stretch of whole-muscle in culture and exercise in
vivo were selected as models of mechanical stimulation to activate satellite cells. Agerelated deficits in satellite cell activation have been demonstrated using models of muscle
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trauma [218, 261], however, the mechanisms of muscle repair may differ in response to
severe trauma as apposed to stretch or exercise. In severe, non-physiological models of
muscle damage (cardiotoxin injection) a side population of cells (CD45+;SCA1+) rather
than satellite cells are recruited for repair [140]. However, the same group demonstrated
that in young muscle, the primary responder to muscle damage caused by exercise is
muscle satellite cells. The recruitment of different cell types may be a result of the
obliteration of the satellite cell population with cardiotoxin injection or this may indicate
that the severity of muscle damage may determine which cells are recruited for repair.
Further, with mechanical stimulation, a threshold may have to be surpassed to recruit
satellite cells. Our data support this theory since previous experiments in our lab
demonstrated that muscle from 6-month-old mice required twice the length increase via
stretch to activate satellite cells to the same extent as muscle from 3-month-old mice.
Unfortunately, increasing the magnitude of stretch did not increase satellite cell activation
in whole-muscle (EDL) culture from either 8- or 18-month-old mice. This data suggest
that mechanical activation of satellite cells is perturbed as early as 8 months-of-age and
that older muscle requires greater mechanical stimulation to induce activation. Betters
and collegues (2008) demonstrated increased satellite cell activation in single fibers from
10-month-old mice but the stimulus used (centrifugation) to mechanically-activate
satellite cells was more aggressive than a passive stretch. Alternatively, exercise-induced
muscle damage compared to severe muscle damage has been shown to recruit a different
type of cell (satellite cells vs. CD45+ Sca-1+) for regeneration in young mouse muscle
[140]. Inflicting severe muscle damage to combat age-related muscle atrophy is neither
realistic nor ethical; hence, effective therapies that activate satellite cells through stretch
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and/or exercise must be developed. In addition to mechanical stimuli, chemicallyinduced satellite cell activation may be another potential therapy to treat sarcopenia.
To date, the only two chemical stimuli proven to activate satellite cells are nitric
oxide and hepatocyte growth factor [5, 6, 23]. Our lab, and later corroborative studies by
others, has demonstrated that a bolus release of nitric oxide, in response to the application
of a mechanical stimulus, activates satellite cells in: myoblast cultures, single fiber
preparations, and in vivo [28, 31]. The role of nitric oxide in satellite cell activation was
confirmed in the current studies using stretch and NO treatments in whole-muscle
cultures from 8- and 18-month-old mice. In 8-month-old mice, stretch alone did not
increase satellite cell activation but, when stretch was combined with an exogenous
source (ISDN) of nitric oxide, activation increased beyond control levels. When ISDN
was combined with LN, a non-specific inhibitor of NOS, satellite cell activation still
increased and confirmed the positive benefit of NO supplementation on muscle precursor
activation. LA (an endogenous source of NO), on the other hand, did not increase
satellite cell activation compared to unstretched muscles in the 8-month-old age group.
These results are in agreement with a study by Betters et al. (2008) in which
administration of DETA-NO increased BrdU+ cells in 10-month-old mice but LA did not
have an effect. The significance of these findings is two-fold. Firstly, the role of nitric
oxide is confirmed with the administration of ISDN and the corresponding increase in
satellite cell activation. When ISDN was combined with LN, activation still increased
which corroborates that ISDN is independent of NOS activity. Secondly, and consistent
with previous research[29], NOS activity is perturbed since LA, which requires NOS-I to
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produce NO, did not result in an elevation of satellite cell activation compared to nontreated muscle.
Contrary to the effect of DETA-NO treatment in old mice [29], satellite cell
activation was not increased or decreased with the addition of endogenous and exogenous
sources of NO, or NOS inhibitors, in our 18-month-old mice. However, when ISDN was
added to cultures and the muscle was stretched, a strong trend toward decreased satellite
cell activation was evident. This suggested that the sensitivity to satellite cells in aged
muscle differs from muscle in adult mice since ISDN treatment increased satellite cell
activation occurred after ISDN supplementation in 8-month-old mice. We propose a
hypothetical curve for satellite cell activation and NO concentration in aged mice (figure
7-1). The solid line represents the hypothetical curve for young muscle whereas the
dashed line is an illustration of the hypothetical curve for aged muscle. As NO
concentration increases in young muscle with stretch or NO supplementation, satellite
cell activation increases. Conversely, when NO concentration decreases in young
muscle, with LN treatment, satellite cell activation decreases. The hypothetical curve for
aged muscle is shifted downward with less curvature. Satellite cell quiescence in muscle
from older mice is maintained at a lower concentration of NO and as NO concentration
increases, satellite cell activation actually decreases. On the contrary, when LN is added
to muscle in culture, there is either no change or a slight increase in satellite cell
activation since NO concentration is already decreased compared to normal young
muscle.
This was the first study that demonstrated a muscle-specific, hypertrophic
response (increased satellite cell activation) to mechanical stimulation via exercise in
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normal adult mice. The QUAD muscle from 8-month-old mice was the only muscle that
demonstrated an increase in satellite cell activation with 3-weeks of voluntary wheel
running. There was no evidence of increased muscle precursor activation in the EDL-,
TA-, and GAS- muscle of adult mice following exercise. Human studies also show
muscle-specific responses in satellite cell activation to various levels or types of activity.
Muscle biopsies taken from the trapezius-, biceps brachii-, masseter-, tibialis anteriorand vastus lateralis-muscle all demonstrated age-dependent and muscle-specific levels of
satellite cell activation which can be attributed, in part, to various types and intensities of
muscle activity [169, 439, 443, 444, 446]. Previous work in our lab did not demonstrate
an exercise-induced, muscle-specific response in satellite cell activation between QUAD, TA-, GAST- and diaphragm-muscles from the untreated group of 4-week-old mdx mice
[252]. However, it is important to note that muscle from the mdx mouse model, a
homologue to Duchenne Muscular Dystrophy in humans, is characterized by satellite cell
hyperactivation, even without exercise. Therefore, direct comparison of results in young
mdx mice to the effects of exercise on satellite cell activation in older muscle from
normal mice is not feasible. Balon and Nadler (1997) reported an increase in NOS-I
expression in the soleus muscle of rats after level treadmill running but the age of the
rodents was not stated and only the soleus muscle was selected for analysis. Central
nucleation, a morphological marker of muscle repair, has also demonstrated musclespecificity. Muscle from normal mice (between 2-and 3-months-of-age), exposed to 4weeks of uphill treadmill running, had a greater percentage of fibers with central nuclei
compared to the control group. Increased central nucleation was evident in the plantaris-,
tibialis anterior-, and extensor digitorum longus-muscle, but not the soleus muscle [253].
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Although this study demonstrated a difference in central nucleation between muscles, the
muscles were isolated from 2-3-month old mice compared to 8-month-old mice. We
have demonstrated in our whole-muscle culture studies that mechanically-induced
satellite cell activation via stretch was altered between 3- and 6-months-of-age since the
latter age group required twice the mechanical stretch to increase satellite cell activation.
Parise and colleagues (2008) subjected 8-10-week-old mice to 3 days of downhill
treadmill running, which resulted in a peak of satellite cell activation in the TA muscle at
48-hours post-exercise. Satellite cell activation in other muscles was not investigated;
therefore, the muscle specificity of satellite cell activation could not be determined.
Together, these studies suggest several factors may contribute to the muscle-specific
response in satellite cell activation to mechanical stimuli including: age of the animal,
strain of the animal (C57/BL6 vs. mdx), type of exercise (treadmill-l versus voluntary
wheel-running) and intensity of exercise (level- vs. uphill- vs. downhill-running). Similar
statements were reported by Kadi and colleagues (2004), “the fact that satellite cells were
investigated in different muscles is probably a major reason for the difference between
studies” and “the four muscles are used differently, have different fiber type composition
and are also affected differently by increasing age”. Further studies are warranted to
determine the extent to which these variables contribute to satellite cell activation in
various muscles. It is important to consider the role of each muscle during specific
activities based on the anatomical location, angle pennation, fiber-type, size, force
requirements, and type of contraction of the muscle during various phases of the activity.
The effects of age and exercise on satellite cell activation in normal adult- and
old-female mice have yet to be realized. As mentioned previously, exercise induced
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satellite cell activation was not only muscle-specific but also age-dependent. Threeweeks of voluntary wheel running did not have an affect on satellite cell activation in the
EDL-, QUAD-, TA- or GAST-muscle from 18-month-old mice. These results are in
agreement with our whole-muscle culture studies in which passive stretch was not an
adequate stimulus to activate satellite cells from the EDL muscle of 18-month-old-mice.
Similar findings have been reported in single fiber experiments from old (22-month-old)
muscle in which fibers were centrifuged to activate satellite cells [307]. Therefore,
mechanical stimulation in single-fiber, whole-muscle culture, and in vivo-studies has
been insufficient to activate satellite cells from old muscle (18-22 month-old).
Mechanical stimuli have included passive stretch of whole muscle, voluntary wheel
running and centrifugation of muscle fibers. The effects of mechanical stimulation on
satellite cell activation decrease with age to the extent that various protocols of
mechanical stress have been unable to activate muscle precursor cells beyond control
levels. A more traumatic form of mechanical stimulation (contraction-induced injury)
demonstrated an increase in satellite cell activation from old muscle, but this was also
associated with an increase in pro-apoptotic markers. However, this study did not show a
decrease in satellite cell activation with age, using only MyoD as a satellite cell marker,
and muscle was not retrieved for analysis until 10 days post-injury [459]. It has been
well documented, in young muscle, that mechanical stimuli such as shear forces, stretch,
exercise, loading and injury cause a bolus release of nitric oxide [28, 31, 80, 246, 253,
266-269]. However, evidence suggests this mechanism of satellite cell activation is
perturbed in aged muscle. Hence, it was important to determine if deficient levels of
nitric oxide were responsible for the lack of response to hypertrophic stimuli.
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Although stretch of whole muscle in culture and treatment with an exogenous
NO donor (ISDN) increased satellite cell activation in 8-month-old mice, this cocktail of
mechanical and chemical stimuli did not increase muscle precursor activation in 18month-old mice. Results from the 8-month-old group are in agreement with a study by
Betters and colleagues (2008) which demonstrated an increase in emanating satellite cells
on single-fibers subjected to centrifugation and NO treatments (LA or DETA-NO).
However, increased satellite activation (BrdU+ cells) was demonstrated in all age groups
(young, adult and old) with either treatment (LA or DETA-NO) which is inconsistent
with the results from our lab. We did not demonstrate an elevation in satellite cell
activation in response to stretch plus LA treatment in 8-month-old mice. In addition,
stretch combined with LA or ISDN did not have an affect on satellite cell activation in
old, 18-month-old muscle. A few variables may account for the discrepancy between
studies. Firstly, we used tritiated thymidine incorporation (scintillation counts/ug DNA)
into satellite cells as a marker for activation as opposed to BrdU+ nuclei per fiber.
Secondly, the concentrations of LA and the source of exogenous NO differed between
studies. Thirdly, our studies used a whole-muscle culture model versus single fibers in
culture and the muscle of study also differed, EDL versus GAST. Finally, the method of
mechanical stimulation differed between studies. We used passive mechanical stretch
(length increase of 20%) to activate satellite cells whereas Betters et al. (2008)
centrifuged single fibers to induce muscle precursor cell activation. Although neither
method of mechanical stimulation in isolation was able to induce satellite cell activation
in aged muscle, it is quite possible that the amount of NO produced and released during

203

these activities differed. This could account for the difference in response to NO
supplementation between the two studies.
As mentioned previously, mechanical stimulation of muscle causes a bolus
release of nitric oxide, which, in normal young muscle, activates satellite cells.
Therefore, we also investigated NOS-I expression in EDL, QUAD, TA and GAST
muscle of adult and old mice subjected to 3-weeks of voluntary wheel running.
Interestingly, the only group to demonstrate an increase NOS-I expression with exercise
was the QUAD muscle from 8-month-old mice. This is the same muscle and age group
that demonstrated an increase in satellite cell activation with exercise. The role of NO
and satellite cell activation was further confirmed in whole muscle culture experiments in
which exogenous sources of NO and stretch increased satellite cell activation, regardless
of NOS inhibition, in muscle from adult mice. Therefore, we have extended the
association between NO and satellite cell activation to whole muscle culture stretch
experiments and in vivo exercise protocols that involved normal mice up to 8 months-ofage. Increased satellite cell activation in response to mechanical stimuli (centrifugation)
and exogenous NO treatment has also recently been demonstrated in old (22 months-ofage) mice [307]. Taken together, these findings suggest that mechanical stimulation
alone may not be enough to activate satellite cells beyond control levels in older mice,
but could be very effective in stimulating muscle growth when combined with NO
supplementation.
Further corroborating the role of NO and satellite cell activation with respect to
the growth of muscle were the investigations of the effects of age and exercise on
myostatin expression. Only the QUAD muscle from 8-month-old mice demonstrated a
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downregulation of myostatin in response to exercise. This was the same group that had
increased NOS-I expression and satellite cell activation after 3-weeks of voluntary wheel
running. The use of a myostatin antagonist (Mstn-ant1) increased satellite cell activation
and muscle regeneration following neotoxin injury to the TA muscle of aged animals
[457]. Since myostatin acts to inhibit the progression of muscle precursor cells from the
G0-to S-phase of the cell cycle, blocking the effects of myostatin should increase satellite
cell activation [456]. Aged myostatin null mice have a greater number of satellite cells
and an increased capacity for muscle regeneration compared to wild type mice [460].
Therefore, the downregulation of myostatin, upregulation of NOS-I and increased
satellite cell activation in the 8-month-old exercise group indicate that voluntary wheel
running surpassed the threshold for mechanically-induced satellite cell activation in the
QUAD muscle of adult mice. Myostatin antagonists provide an additional potential
therapeutic intervention since inhibiting myostatin in aged muscle has increased satellite
cell activation and muscle regeneration. Consequently, because sarcopenia is a
multifactoral process, potential therapies may combine various methods of activating
satellite cells including mechanical stimuli (stretch and exercise), chemical stimuli (NO)
and stimulation and/or inhibition of growth factors (HGF and myostatin, respectively).
Age-related changes in muscle structure, satellite cell pool size and satellite cell
activation did not correspond to decreased muscle function. Forelimb grip strength
indicated that the maximum grip strength of 18-month-old mice was less than 8-monthold animals; however, when absolute strength values were adjusted for body mass
(relative grip strength) the difference in force production between the age groups was
ameliorated. The body mass of old mice was less than adult mice and may have been an
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adaptive response to aging to minimize the effects of muscle atrophy and associated
strength deficits. Relative maximum grip strength is most relevant to function since this
measure indicates the ability of an animal to manipulate body mass. For example, the
ability to leg press 120 kilograms is insufficient if a person weighs 150 kilograms and
wants to rise from a chair. Unfortunately, contrary to aging mice in this study, obesity
rates in our population continue to rise which will ultimately confound the effects of
strength loss due to aging.
At the initiation of the 3-week exercise protocol, old mice could not run as far as
the high-activity adult mice, which was not unexpected. However, at the completion of
the exercise protocol, there was no difference between the two groups and 18-month-old
mice ran the same distance as the high-activity 8-month-old group. The older mice
demonstrated a linear increase (R2 = 0.9977) in exercise capacity over the course of the
study, which was quite surprising considering the age of the animals and the fact that the
high-activity 8-month-old group plateaued after week 2. These results suggest that
senescent mice still have the ability to significantly improve exercise performance after
only 1 month of a voluntary exercise intervention. Considering the vast array of health
benefits associated with exercise, it is possible that long-term voluntary wheel running in
aged mice could maintain or reverse muscle atrophy by positively altering the satellite
cell environment.
Muscle atrophy is a significant pathology in our society whether it is a result of
aging, injury, surgery, immobilization, cancer, disuse, space flight, or osteoarthritis, etc.
This thesis has demonstrated that, in mice, the mechanisms that underlie muscle atrophy
occur prior to changes in the structure and function of contractile tissue. Greater
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magnitudes of mechanical stimulation and supplementation with chemical stimuli (NO)
can rescue muscle satellite cells from quiescence in adult mice. However, stretch,
exercise and NO supplementation used in this study were not able to rejuvenate satellite
cell activation in muscle from old mice. However, the current research confirmed the
role of NO and NOS-I activity in age-related muscle atrophy. Exercise, stretch and/or
NO supplementation are a potential treatment for sarcopenia if therapeutic levels of each
can be determined. Utilizing exercise and NO administration to treat muscle-wasting
conditions would not only be realistic and inexpensive; it would also provide the
individual with the many benefits of exercise to overall health.
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7.6 Future Directions
The major finding of this thesis was that mechanically-induced satellite cell
activation in normal female mice is age-dependent and muscle-specific. Older muscle
requires a greater mechanical load than younger muscle to induce muscle precursor cell
activation. We discovered that muscle from 6-month-old mice required twice the length
increase as muscle from 3-month-old mice to increase satellite cell activation. However,
this stimulus was not significant enough to increase satellite cell activation in muscle
from older mice. Hence, future studies should investigate the threshold for mechanicallyinduced satellite cell activation in aged muscle. In addition to increasing the length
change of a resting muscle in the whole muscle culture model (passive stretch),
lengthening contractions (eccentric contractions) should also be performed to determine
if greater contraction-induced injury stimulates satellite cell activation above control
levels. A threshold should not only be established for each age group, but also each
muscle being tested and the type of contraction or stretch being performed to induce
muscle-hypertrophy. The oldest mice in our study were 18-months-of-age but future
research should investigate mice 20- to 28-months-of-age.
We demonstrated that a combination of stretch and NO supplementation rescued
satellite cells from a mechanically-resistant dormant state in muscle from 8-month-old
mice. It is important to note that only NO supplementation with an exogenous source of
NO (ISDN) had the capacity to increase satellite cell activation, which suggests NOS-I
activity is impaired in old muscle. In spite of this, a cocktail of mechanical and chemical
stimulation did not increase satellite cell activation from the EDL muscle of old mice.
Whole-muscle culture experiments designed to determine a dose response for both
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endogenous and exogenous sources of NO would not only establish a threshold for
satellite cell activation but would also quantify the change in NOS-I activity with age. As
mentioned previously, mice beyond 18 months-of-age should also be included in future
studies to further assess the rate of progression of sarcopenia and establish age-specific
NO supplementation protocols to combat muscle wasting.
Since NO supplementation with LA in whole muscle cultures of adult and old
mice did not provide sufficient enough chemical stimulation to increase satellite cell
activation, it is important to determine if dislocation of NOS-I from the DGC is
responsible for this deficiency. If this is the case, and NOS-I has been relocated to the
cytoplasm, atrophic signaling pathways may also be activated when a bolus release of
NO occurs in response to mechanical stimulation [40]. Impending studies should
determine if NOS-I is displaced from the DGC and dislocated into the cytoplasm of the
muscle fiber, and more importantly, find out if NOS-I can be relocated to the DGC with
mechanical and/or chemical stimulation. To remain consistent with the systematic
approach to this thesis, establishing the age at which dislocation/relocation of NOS-I
occur would provide insight into potential prevention and treatment options for muscle
wasting diseases.
Voluntary wheel running in mice is similar to interval sprint training in humans
yet this model of exercise only induced increased satellite cell activation in the QUAD
muscle of adult mice. The EDL, TA and GAST muscles from adult mice did not respond
to exercise in manner, nor did all four muscles from old mice. Additional data
demonstrated that increased satellite cell activation in the QUAD muscle of adult mice
was associated with increased NOS-I expression and downregulation of myostatin;
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consistent with muscle hypertrophy. Subsequent research should be designed to
determine why NOS-I expression was different between muscles of the same age group.
In other words, was NOS-I relocated into the cytoplasm of muscle fibers that did not
respond to exercise? It would also be important to establish if higher-intensity running
programs (i.e. uphill and downhill treadmill running) increased hypertrophy-inducing
changes in all muscles, not just the QUAD muscle.
In this thesis we combined passive stretch of muscle in culture with NO
supplementation but did not combine in vivo exercise with NO treatments. Previous
work in our lab has coalesced exercise and LA treatment in mdx mice and demonstrated
improved functional performance with the treatment cocktail [252]. Future studies
should investigate the effects of voluntary wheel running and NO supplementation
(endogenous and exogenous) on inducing muscle hypertrophy in muscle from adult- and
old-mice. Evidence from our whole-muscle culture studies suggest that exogenous NO
supplementation and mechanical stimulation in vivo would increase satellite cell
activation in muscle from adult mice. An in vivo model would provide further insight
into the role of the aged satellite cell environment with respect to the mechanisms of agerelated muscle atrophy. In addition, exercise and NO supplementation experiments in
animals could be applied to humans since several products on the market today already
contain LA, although side effects have not yet been established.
We have established that muscle response to mechanical stimuli in normal
animals is muscle-dependent and age-specific. Similar results have been demonstrated in
humans [169, 439], but further research is warranted because, to date, satellite cell
activation agonist and antagonist muscle groups from the same individual have not been
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selected for analysis. It is important to study the effects of in vivo exercise protocols on
satellite cell activation and gene expression in agonist and antagonist musculature to
determine if an inherent imbalance in these variables is correlated with differences in
strength between opposing muscles of a joint (i.e. hamstring to quadriceps strength ratio).
The mechanism of muscle atrophy in humans should be investigated to determine if the
DGC and NOS-I are disrupted and dislocated, respectively, in aged muscle. This would
provide insight into the role of NO and NOS-I activity in sarcopenia and increase the
potential for therapeutic administration of NO and exercise to combat age-related muscle
wasting. In addition, once baseline values are established for several joints and various
age groups, the same protocol can be applied to numerous muscle and joint diseases that
affect the structure and function of the human body (i.e. osteoarthritis, rotator cuff tears,
etc.).
The future directions for this research are numerous since further insight into the
mechanisms responsible for muscle atrophy is needed to develop effective prevention or
treatment programs for sarcopenia. In addition, the application of such knowledge would
extend well beyond sarcopenia and into other conditions and diseases that cause muscle
loss including cancer, congestive heart failure, renal disease, osteoarthritis, AIDS, etc.
We believe the findings of this thesis have moved aging research one step closer to
finding treatment and/or cure for sarcopenia.
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Figure 7-1. Satellite cell response to NO concentration in normal young- and oldmuscle.
The solid line represents the hypothetical curve for young muscle whereas the dashed line
is an illustration of the hypothetical curve for aged muscle. A darker circle indicates a
greater concentration of NO. The gray circle represents NO concentration when satellite
cells are in a quiescent state since a pulsatile release of NO maintains satellite cell
quiescence in normal adult muscle. As NO concentration increases (black circle) in
young muscle with stretch or NO supplementation, satellite cell activation increases.
Conversely, when NO concentration decreases in young muscle (white circle) with LN
treatment, satellite cell activation decreases. The hypothetical curve for aged muscle is
shifted downward with less curvature. Satellite cell quiescence in muscle from older
mice is maintained at a lower concentration of NO (gray circle) and as NO concentration
increases, satellite cell activation actually decreases. On the contrary, when LN is added
to muscle in culture, there is either no change or a slight increase in satellite cell
activation since NO concentration is already decreased compared to normal young
muscle.

Normal young muscle

SC activation

Activated muscle

Normal aged muscle

NO concentration

212

CHAPTER 8. REFERENCES
1.

Junqueira, L.C. and J. Carneiro, Basic Histology. Eleventh ed. Basic Histology,
ed. J. Malley, H. Lebowitz, and P. Boyle. 2005, New York: McGraw-Hill. 502.

2.

Mauro, A., Satellite cell of skeletal muscle fibers. J Biophys Biochem Cytol,
1961. 9: p. 493-5.

3.

Anderson, J.E., M. Weber, and C. Vargas, Deflazacort increases laminin
expression and myogenic repair, and induces early persistent functional gain in
mdx mouse muscular dystrophy. Cell Transplant, 2000. 9(4): p. 551-64.

4.

Anderson, J.E., The satellite cell as a companion in skeletal muscle plasticity:
currency, conveyance, clue, connector and colander. J Exp Biol, 2006. 209(Pt
12): p. 2276-92.

5.

Anderson, J.E. and A.C. Wozniak, Satellite cell activation on fibers: modeling
events in vivo--an invited review. Can J Physiol Pharmacol, 2004. 82(5): p. 30010.

6.

Wozniak, A.C. and J.E. Anderson, Single-fiber isolation and maintenance of
satellite cell quiescence. Biochem Cell Biol, 2005. 83(5): p. 674-6.

7.

Yamada, M., Y. Sankoda, R. Tatsumi, W. Mizunoya, Y. Ikeuchi, K. Sunagawa, et
al., Matrix metalloproteinase-2 mediates stretch-induced activation of skeletal
muscle satellite cells in a nitric oxide-dependent manner. Int J Biochem Cell Biol,
2008. 40(10): p. 2183-91.

8.

Allen, R.E., S.M. Sheehan, R.G. Taylor, T.L. Kendall, and G.M. Rice, Hepatocyte
growth factor activates quiescent skeletal muscle satellite cells in vitro. J Cell
Physiol, 1995. 165(2): p. 307-12.

213

9.

Anderson, J.E., Murray L. Barr Award Lecture. Studies of the dynamics of
skeletal muscle regeneration: the mouse came back! Biochem Cell Biol, 1998.
76(1): p. 13-26.

10.

Gal-Levi, R., Y. Leshem, S. Aoki, T. Nakamura, and O. Halevy, Hepatocyte
growth factor plays a dual role in regulating skeletal muscle satellite cell
proliferation and differentiation. Biochim Biophys Acta, 1998. 1402(1): p. 39-51.

11.

Crameri, R.M., H. Langberg, P. Magnusson, C.H. Jensen, H.D. Schroder, J.L.
Olesen, et al., Changes in satellite cells in human skeletal muscle after a single
bout of high intensity exercise. J Physiol, 2004. 558(Pt 1): p. 333-40.

12.

Kadi, F., N. Charifi, C. Denis, J. Lexell, J.L. Andersen, P. Schjerling, et al., The
behaviour of satellite cells in response to exercise: what have we learned from
human studies? Pflugers Arch, 2005. 451(2): p. 319-27.

13.

Kim, J.S., J.M. Cross, and M.M. Bamman, Impact of resistance loading on
myostatin expression and cell cycle regulation in young and older men and
women. Am J Physiol Endocrinol Metab, 2005. 288(6): p. E1110-9.

14.

Petrella, J.K., J.S. Kim, D.L. Mayhew, J.M. Cross, and M.M. Bamman, Potent
myofiber hypertrophy during resistance training in humans is associated with
satellite cell-mediated myonuclear addition: a cluster analysis. J Appl Physiol,
2008. 104(6): p. 1736-42.

15.

Sakata, T., R. Tatsumi, M. Yamada, S. Shiratsuchi, S. Okamoto, W. Mizunoya, et
al., Preliminary experiments on mechanical stretch-induced activation of skeletal
muscle satellite cells in vivo. Animal Science Journal, 2006. 77(5): p. 518-525.

214

16.

Tatsumi, R., A. Hattori, Y. Ikeuchi, J.E. Anderson, and R.E. Allen, Release of
hepatocyte growth factor from mechanically stretched skeletal muscle satellite
cells and role of pH and nitric oxide. Mol Biol Cell, 2002. 13(8): p. 2909-18.

17.

Tatsumi, R., X. Liu, A. Pulido, M. Morales, T. Sakata, S. Dial, et al., Satellite cell
activation in stretched skeletal muscle and the role of nitric oxide and hepatocyte
growth factor. Am J Physiol Cell Physiol, 2006. 290(6): p. C1487-94.

18.

Tatsumi, R., S.M. Sheehan, H. Iwasaki, A. Hattori, and R.E. Allen, Mechanical
stretch induces activation of skeletal muscle satellite cells in vitro. Exp Cell Res,
2001. 267(1): p. 107-14.

19.

Winchester, P.K., M.E. Davis, S.E. Alway, and W.J. Gonyea, Satellite cell
activation in the stretch-enlarged anterior latissimus dorsi muscle of the adult
quail. Am J Physiol, 1991. 260(2 Pt 1): p. C206-12.

20.

Wozniak, A.C. and J.E. Anderson, The dynamics of the nitric oxide releasetransient from stretched muscle cells. Int J Biochem Cell Biol, 2008.

21.

Yamada, M., R. Tatsumi, T. Kikuiri, S. Okamoto, S. Nonoshita, W. Mizunoya, et
al., Matrix metalloproteinases are involved in mechanical stretch-induced
activation of skeletal muscle satellite cells. Muscle Nerve, 2006. 34(3): p. 313-9.

22.

Shefer, G., D.P. Van de Mark, J.B. Richardson, and Z. Yablonka-Reuveni,
Satellite-cell pool size does matter: defining the myogenic potency of aging
skeletal muscle. Dev Biol, 2006. 294(1): p. 50-66.

23.

Tatsumi, R., J.E. Anderson, C.J. Nevoret, O. Halevy, and R.E. Allen, HGF/SF is
present in normal adult skeletal muscle and is capable of activating satellite cells.
Dev Biol, 1998. 194(1): p. 114-28.

215

24.

Yablonka-Reuveni, Z., R. Seger, and A.J. Rivera, Fibroblast growth factor
promotes recruitment of skeletal muscle satellite cells in young and old rats. J
Histochem Cytochem, 1999. 47(1): p. 23-42.

25.

Blough, E.R. and J.K. Linderman, Lack of skeletal muscle hypertrophy in very
aged male Fischer 344 x Brown Norway rats. J Appl Physiol, 2000. 88(4): p.
1265-70.

26.

Degens, H. and S.E. Alway, Skeletal muscle function and hypertrophy are
diminished in old age. Muscle Nerve, 2003. 27(3): p. 339-47.

27.

Anderson, J. and O. Pilipowicz, Activation of muscle satellite cells in single-fiber
cultures. Nitric Oxide, 2002. 7(1): p. 36-41.

28.

Anderson, J.E., A role for nitric oxide in muscle repair: nitric oxide-mediated
activation of muscle satellite cells. Mol Biol Cell, 2000. 11(5): p. 1859-74.

29.

Betters, J.L., V.A. Lira, Q.A. Soltow, J.A. Drenning, and D.S. Criswell,
Supplemental nitric oxide augments satellite cell activity on cultured myofibers
from aged mice. Exp Gerontol, 2008. 43(12): p. 1094-101.

30.

Wozniak, A.C., Differential Regulation of Satellite Cell Activation and
Quiescence by Nitric Oxide (NO) in Normal and Dystrophic Muscle, in Human
Anatomy and Cell Science. 2006, University of Manitoba: Winnipeg. p. 286.

31.

Wozniak, A.C. and J.E. Anderson, Nitric oxide-dependence of satellite stem cell
activation and quiescence on normal skeletal muscle fibers. Dev Dyn, 2007.
236(1): p. 240-50.

32.

Stamler, J.S. and G. Meissner, Physiology of nitric oxide in skeletal muscle.
Physiol Rev, 2001. 81(1): p. 209-237.

216

33.

Alderton, W.K., C.E. Cooper, and R.G. Knowles, Nitric oxide synthases:
structure, function and inhibition. Biochem J, 2001. 357(Pt 3): p. 593-615.

34.

Silvagno, F., H. Xia, and D.S. Bredt, Neuronal nitric-oxide synthase-mu, an
alternatively spliced isoform expressed in differentiated skeletal muscle. J Biol
Chem, 1996. 271(19): p. 11204-8.

35.

Blake, D.J., A. Weir, S.E. Newey, and K.E. Davies, Function and genetics of
dystrophin and dystrophin-related proteins in muscle. Physiol Rev, 2002. 82(2):
p. 291-329.

36.

Mylabathula, D.B., K.M. Rice, Z. Wang, S. Uddemarri, R.S. Kinnard, and E.R.
Blough, Age-associated changes in MAPK activation in fast- and slow-twitch
skeletal muscle of the F344/NNiaHSD X Brown Norway/BiNia rat model. Exp
Gerontol, 2006. 41(2): p. 205-14.

37.

Petrof, B.J., J.B. Shrager, H.H. Stedman, A.M. Kelly, and H.L. Sweeney,
Dystrophin protects the sarcolemma from stresses developed during muscle
contraction. Proc Natl Acad Sci U S A, 1993. 90(8): p. 3710-4.

38.

Oak, S., A., Y. Zhou, W., and H. Jarrett, W., Skeletal muscle signalling pathway
through the dystrophin golycoprotein complex and Rac1. J Biol Chem, 2003. 278:
p. 39287-39295.

39.

Rice, K.M., D.L. Preston, D. Neff, M. Norton, and E.R. Blough, Age-related
dystrophin-glycoprotein complex structure and function in the rat extensor
digitorum longus and soleus muscle. J Gerontol A Biol Sci Med Sci, 2006.
61(11): p. 1119-29.

217

40.

Suzuki, N., N. Motohashi, A. Uezumi, S. Fukada, T. Yoshimura, Y. Itoyama, et
al., NO production results in suspension-induced muscle atrophy through
dislocation of neuronal NOS. The Journal of Clinical Investigation, 2007. 117: p.
2468-2476.

41.

Lancaster, J.R., Jr., A tutorial on the diffusibility and reactivity of free nitric oxide.
Nitric Oxide, 1997. 1(1): p. 18-30.

42.

Anastasi, S., S. Giordano, O. Sthandier, G. Gambarotta, R. Maione, P. Comoglio,
et al., A natural hepatocyte growth factor/scatter factor autocrine loop in
myoblast cells and the effect of the constitutive Met kinase activation on myogenic
differentiation. J Cell Biol, 1997. 137(5): p. 1057-68.

43.

MacIntosh, B.R., P.F. Gardiner, and A.J. McComas, Skeletal Muscle: Form and
Function. Second ed. 2006, Champaign, IL: Human Kinetics. 423.

44.

Sanes, J.R., The basement membrane/basal lamina of skeletal muscle. J Biol
Chem, 2003. 278(15): p. 12601-4.

45.

Gopinath, S.D. and T.A. Rando, Stem Cell Review Series: Aging of the skeletal
muscle stem cell niche. Aging Cell, 2008.

46.

Pardo, J.V., J.D. Siliciano, and S.W. Craig, A vinculin-containing cortical lattice
in skeletal muscle: transverse lattice elements ("costameres") mark sites of
attachment between myofibrils and sarcolemma. Proc Natl Acad Sci U S A, 1983.
80(4): p. 1008-12.

47.

Fluck, M., A. Ziemiecki, R. Billeter, and M. Muntener, Fibre-type specific
concentration of focal adhesion kinase at the sarcolemma: influence of fibre
innervation and regeneration. J Exp Biol, 2002. 205(Pt 16): p. 2337-48.

218

48.

Seeley, R.R., S. T.D., and P. Tate, Anatomy and Physiology. Fifth ed. Anatomy
and Physiology, ed. K. Tibbetts. 2000, Boston: Colin H. Wheatley. 1106.

49.

Hall, S.J., Basic Biomechanics. Fourth Edition ed. 2003, New York, NY:
McGraw-Hill Companies, Inc. 537.

50.

Tskhovrebova, L. and J. Trinick, Titin: properties and family relationships. Nat
Rev Mol Cell Biol, 2003. 4(9): p. 679-89.

51.

MacCallum, J.B., On the histogenesis of the striated muscle fibre, and the growth
of the human sartorius muscle. Bulletin of Johns Hopkins Hospital, 1898. 9: p.
208-215.

52.

Feinstein, B., B. Lindegard, E. Nyman, and G. Wohlfart, Morphologic studies of
motor units in normal human muscles. Acta Anat (Basel), 1955. 23(2): p. 127-42.

53.

Malisoux, L., M. Francaux, H. Nielens, and D. Theisen, Stretch-shortening cycle
exercises: an effective training paradigm to enhance power output of human
single muscle fibers. J Appl Physiol, 2006. 100(3): p. 771-9.

54.

Malisoux, L., C. Jamart, K. Delplace, H. Nielens, M. Francaux, and D. Theisen,
Effect of long-term muscle paralysis on human single fiber mechanics. J Appl
Physiol, 2007. 102(1): p. 340-9.

55.

Widrick, J.J., J.E. Stelzer, T.C. Shoepe, and D.P. Garner, Functional properties of
human muscle fibers after short-term resistance exercise training. Am J Physiol
Regul Integr Comp Physiol, 2002. 283(2): p. R408-16.

56.

Malisoux, L., M. Francaux, and D. Theisen, What do single-fiber studies tell us
about exercise training? Med Sci Sports Exerc, 2007. 39(7): p. 1051-60.

219

57.

Trappe, S., M. Godard, P. Gallagher, C. Carroll, G. Rowden, and D. Porter,
Resistance training improves single muscle fiber contractile function in older
women. Am J Physiol Cell Physiol, 2001. 281(2): p. C398-406.

58.

Trappe, S., M. Harber, A. Creer, P. Gallagher, D. Slivka, K. Minchev, et al.,
Single muscle fiber adaptations with marathon training. J Appl Physiol, 2006.
101(3): p. 721-7.

59.

Trappe, S., T. Trappe, P. Gallagher, M. Harber, B. Alkner, and P. Tesch, Human
single muscle fibre function with 84 day bed-rest and resistance exercise. J
Physiol, 2004. 557(Pt 2): p. 501-13.

60.

Trappe, S., D. Williamson, M. Godard, D. Porter, G. Rowden, and D. Costill,
Effect of resistance training on single muscle fiber contractile function in older
men. J Appl Physiol, 2000. 89(1): p. 143-52.

61.

Widrick, J.J., S.W. Trappe, C.A. Blaser, D.L. Costill, and R.H. Fitts, Isometric
force and maximal shortening velocity of single muscle fibers from elite master
runners. Am J Physiol, 1996. 271(2 Pt 1): p. C666-75.

62.

D'Antona, G., F. Lanfranconi, M.A. Pellegrino, L. Brocca, R. Adami, R. Rossi, et
al., Skeletal muscle hypertrophy and structure and function of skeletal muscle
fibres in male body builders. J Physiol, 2006. 570(Pt 3): p. 611-27.

63.

Gans, C., Fiber architecture and muscle function. Exerc Sport Sci Rev, 1982. 10:
p. 160-207.

64.

Johnson, M.A., J. Polgar, D. Weightman, and D. Appleton, Data on the
distribution of fibre types in thirty-six human muscles. An autopsy study. J Neurol
Sci, 1973. 18(1): p. 111-29.

220

65.

Allen, D.L., B.C. Harrison, A. Maass, M.L. Bell, W.C. Byrnes, and L.A.
Leinwand, Cardiac and skeletal muscle adaptations to voluntary wheel running in
the mouse. J Appl Physiol, 2001. 90(5): p. 1900-8.

66.

Proske, U., N.S. Weerakkody, P. Percival, D.L. Morgan, J.E. Gregory, and B.J.
Canny, Force-matching errors after eccentric exercise attributed to muscle
soreness. Clin Exp Pharmacol Physiol, 2003. 30(8): p. 576-9.

67.

Bean, J., S. Herman, D.K. Kiely, D. Callahan, K. Mizer, W.R. Frontera, et al.,
Weighted stair climbing in mobility-limited older people: a pilot study. J Am
Geriatr Soc, 2002. 50(4): p. 663-70.

68.

Bean, J.F., D.K. Kiely, S. Herman, S.G. Leveille, K. Mizer, W.R. Frontera, et al.,
The relationship between leg power and physical performance in mobility-limited
older people. J Am Geriatr Soc, 2002. 50(3): p. 461-7.

69.

Hazell, T., K. Kenno, and J. Jakobi, Functional benefit of power training for older
adults. J Aging Phys Act, 2007. 15(3): p. 349-59.

70.

Hunter, G.R., J.P. McCarthy, and M.M. Bamman, Effects of resistance training
on older adults. Sports Med, 2004. 34(5): p. 329-48.

71.

Bassey, E.J., Measurement of muscle strength and power. Muscle Nerve Suppl,
1997. 5: p. S44-6.

72.

Evans, W.J., Exercise strategies should be designed to increase muscle power. J
Gerontol A Biol Sci Med Sci, 2000. 55(6): p. M309-10.

73.

Porter, M.M., Power training for older adults. Appl Physiol Nutr Metab, 2006.
31(2): p. 87-94.

221

74.

de Vos, N.J., N.A. Singh, D.A. Ross, T.M. Stavrinos, R. Orr, and M.A. Fiatarone
Singh, Optimal load for increasing muscle power during explosive resistance
training in older adults. J Gerontol A Biol Sci Med Sci, 2005. 60(5): p. 638-47.

75.

Kraemer, W.J., K. Adams, E. Cafarelli, G.A. Dudley, C. Dooly, M.S.
Feigenbaum, et al., American College of Sports Medicine position stand.
Progression models in resistance training for healthy adults. Med Sci Sports
Exerc, 2002. 34(2): p. 364-80.

76.

Bean, J.F., S. Herman, D.K. Kiely, I.C. Frey, S.G. Leveille, R.A. Fielding, et al.,
Increased Velocity Exercise Specific to Task (InVEST) training: a pilot study
exploring effects on leg power, balance, and mobility in community-dwelling
older women. J Am Geriatr Soc, 2004. 52(5): p. 799-804.

77.

Orr, R., N.J. de Vos, N.A. Singh, D.A. Ross, T.M. Stavrinos, and M.A. FiataroneSingh, Power training improves balance in healthy older adults. J Gerontol A
Biol Sci Med Sci, 2006. 61(1): p. 78-85.

78.

Caserotti, P., P. Aagaard, J. Buttrup Larsen, and L. Puggaard, Explosive heavyresistance training in old and very old adults: changes in rapid muscle force,
strength and power. Scand J Med Sci Sports, 2008.

79.

Faulkner, J.A., Terminology for contractions of muscles during shortening, while
isometric, and during lengthening. J Appl Physiol, 2003. 95(2): p. 455-9.

80.

Taber's Cyclopedic Medical Dictionary. Nineteenth ed. Taber's Cyclopedic
Medical Dictionary, ed. D. Venes. 2001, Philadelphia: F.A. Davis. 2770.

81.

Pette, D. and R.S. Staron, Myosin isoforms, muscle fiber types, and transitions.
Microsc Res Tech, 2000. 50(6): p. 500-9.

222

82.

Pette, D. and R.S. Staron, Cellular and molecular diversities of mammalian
skeletal muscle fibers. Rev Physiol Biochem Pharmacol, 1990. 116: p. 1-76.

83.

Anderson, J.E., B.H. Bressler, and W.K. Ovalle, Functional regeneration in the
hindlimb skeletal muscle of the mdx mouse. J Muscle Res Cell Motil, 1988. 9(6):
p. 499-515.

84.

Reiser, P.J., R.L. Moss, G.G. Giulian, and M.L. Greaser, Shortening velocity and
myosin heavy chains of developing rabbit muscle fibers. J Biol Chem, 1985.
260(27): p. 14403-5.

85.

Bottinelli, R., S. Schiaffino, and C. Reggiani, Force-velocity relations and myosin
heavy chain isoform compositions of skinned fibres from rat skeletal muscle. J
Physiol, 1991. 437: p. 655-72.

86.

Smerdu, V., I. Karsch-Mizrachi, M. Campione, L. Leinwand, and S. Schiaffino,
Type IIx myosin heavy chain transcripts are expressed in type IIb fibers of human
skeletal muscle. Am J Physiol, 1994. 267(6 Pt 1): p. C1723-8.

87.

Bottinelli, R., M. Canepari, C. Reggiani, and G.J. Stienen, Myofibrillar ATPase
activity during isometric contraction and isomyosin composition in rat single
skinned muscle fibres. J Physiol, 1994. 481 ( Pt 3): p. 663-75.

88.

Seow, C.Y. and L.E. Ford, Exchange of ATP for ADP on high-force cross-bridges
of skinned rabbit muscle fibers. Biophys J, 1997. 72(6): p. 2719-35.

89.

d'Albis, A., F. Goubel, R. Couteaux, C. Janmot, and J.C. Mira, The effect of
denervation on myosin isoform synthesis in rabbit slow-type and fast-type muscles
during terminal differentiation. Denervation induces differentiation into slow-type
muscles. Eur J Biochem, 1994. 223(1): p. 249-58.

223

90.

Carraro, U., D. Morale, I. Mussini, S. Lucke, M. Cantini, R. Betto, et al., Chronic
denervation of rat hemidiaphragm: maintenance of fiber heterogeneity with
associated increasing uniformity of myosin isoforms. J Cell Biol, 1985. 100(1): p.
161-74.

91.

Gutmann, E., V. Hanzlikova, and Z. Lojda, Effect of androgens on histochemical
fibre type. Differentiation in the temporal muscle of the guinea pig. Histochemie,
1970. 24(4): p. 287-91.

92.

Huey, K.A. and S.C. Bodine, Changes in myosin mRNA and protein expression in
denervated rat soleus and tibialis anterior. Eur J Biochem, 1998. 256(1): p. 4550.

93.

Jakubiec-Puka, A., I. Ciechomska, J. Morga, and A. Matusiak, Contents of myosin
heavy chains in denervated slow and fast rat leg muscles. Comp Biochem Physiol
B Biochem Mol Biol, 1999. 122(3): p. 355-62.

94.

Pette, D. and R.S. Staron, Mammalian skeletal muscle fiber type transitions. Int
Rev Cytol, 1997. 170: p. 143-223.

95.

Adams, G.R., B.M. Hather, K.M. Baldwin, and G.A. Dudley, Skeletal muscle
myosin heavy chain composition and resistance training. J Appl Physiol, 1993.
74(2): p. 911-5.

96.

Andersen, J.L., H. Klitgaard, and B. Saltin, Myosin heavy chain isoforms in single
fibres from m. vastus lateralis of sprinters: influence of training. Acta Physiol
Scand, 1994. 151(2): p. 135-42.

224

97.

Andersen, J.L., H. Klitgaard, J. Bangsbo, and B. Saltin, Myosin heavy chain
isoforms in single fibres from m. vastus lateralis of soccer players: effects of
strength-training. Acta Physiol Scand, 1994. 150(1): p. 21-6.

98.

Rockl, K.S., M.F. Hirshman, J. Brandauer, N. Fujii, L.A. Witters, and L.J.
Goodyear, Skeletal muscle adaptation to exercise training: AMP-activated
protein kinase mediates muscle fiber type shift. Diabetes, 2007. 56(8): p. 2062-9.

99.

Gondret, F., S. Combes, L. Lefaucheur, and B. Lebret, Effects of exercise during
growth and alternative rearing systems on muscle fibers and collagen properties.
Reprod Nutr Dev, 2005. 45(1): p. 69-86.

100.

Wang, Y.X., C.L. Zhang, R.T. Yu, H.K. Cho, M.C. Nelson, C.R. BayugaOcampo, et al., Regulation of muscle fiber type and running endurance by
PPARdelta. PLoS Biol, 2004. 2(10): p. e294.

101.

Klitgaard, H., M. Zhou, and E.A. Richter, Myosin heavy chain composition of
single fibres from m. biceps brachii of male body builders. Acta Physiol Scand,
1990. 140(2): p. 175-80.

102.

Neary, J.P., T.P. Martin, and H.A. Quinney, Effects of taper on endurance cycling
capacity and single muscle fiber properties. Med Sci Sports Exerc, 2003. 35(11):
p. 1875-81.

103.

Rusko, H.K., Development of aerobic power in relation to age and training in
cross-country skiers. Med Sci Sports Exerc, 1992. 24(9): p. 1040-7.

104.

Haggmark, T., E. Eriksson, and E. Jansson, Muscle fiber type changes in human
skeletal muscle after injuries and immobilization. Orthopedics, 1986. 9(2): p. 1815.

225

105.

Mittal, K.R. and F.H. Logmani, Age-related reduction in 8th cervical ventral
nerve root myelinated fiber diameters and numbers in man. J Gerontol, 1987.
42(1): p. 8-10.

106.

Tomlinson, B.E. and D. Irving, The numbers of limb motor neurons in the human
lumbosacral cord throughout life. J Neurol Sci, 1977. 34(2): p. 213-9.

107.

Campbell, M.J., A.J. McComas, and F. Petito, Physiological changes in ageing
muscles. J Neurol Neurosurg Psychiatry, 1973. 36(2): p. 174-82.

108.

McComas, A.J., Skeletal Muscle: Form and Function. First ed. 1996, Champaign,
IL: Human Kinetics. 401.

109.

Guillet, C., P. Auguste, W. Mayo, P. Kreher, and H. Gascan, Ciliary neurotrophic
factor is a regulator of muscular strength in aging. J Neurosci, 1999. 19(4): p.
1257-62.

110.

Franssen, F.M., E.F. Wouters, and A.M. Schols, The contribution of starvation,
deconditioning and ageing to the observed alterations in peripheral skeletal
muscle in chronic organ diseases. Clin Nutr, 2002. 21(1): p. 1-14.

111.

Bhasin, S., Testosterone supplementation for aging-associated sarcopenia. J
Gerontol A Biol Sci Med Sci, 2003. 58(11): p. 1002-8.

112.

Brodsky, I.G., P. Balagopal, and K.S. Nair, Effects of testosterone replacement on
muscle mass and muscle protein synthesis in hypogonadal men--a clinical
research center study. J Clin Endocrinol Metab, 1996. 81(10): p. 3469-75.

113.

Ferrando, A.A., M. Sheffield-Moore, C.W. Yeckel, C. Gilkison, J. Jiang, A.
Achacosa, et al., Testosterone administration to older men improves muscle

226

function: molecular and physiological mechanisms. Am J Physiol Endocrinol
Metab, 2002. 282(3): p. E601-7.
114.

Urban, R.J., Y.H. Bodenburg, C. Gilkison, J. Foxworth, A.R. Coggan, R.R.
Wolfe, et al., Testosterone administration to elderly men increases skeletal
muscle strength and protein synthesis. Am J Physiol, 1995. 269(5 Pt 1): p. E8206.

115.

Sinha-Hikim, I., J. Artaza, L. Woodhouse, N. Gonzalez-Cadavid, A.B. Singh,
M.I. Lee, et al., Testosterone-induced increase in muscle size in healthy young
men is associated with muscle fiber hypertrophy. Am J Physiol Endocrinol Metab,
2002. 283(1): p. E154-64.

116.

Bhasin, S. and K. Herbst, Testosterone and atherosclerosis progression in men.
Diabetes Care, 2003. 26(6): p. 1929-31.

117.

Perry, H.M., 3rd, D.K. Miller, P. Patrick, and J.E. Morley, Testosterone and leptin
in older African-American men: relationship to age, strength, function, and
season. Metabolism, 2000. 49(8): p. 1085-91.

118.

Booth, F.W., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1105.

119.

Sugiura, T., N. Abe, M. Nagano, K. Goto, K. Sakuma, H. Naito, et al., Changes in
PKB/Akt and calcineurin signaling during recovery in atrophied soleus muscle
induced by unloading. Am J Physiol Regul Integr Comp Physiol, 2005. 288(5): p.
R1273-8.

227

120.

Caiozzo, V.J., M.J. Baker, R.E. Herrick, M. Tao, and K.M. Baldwin, Effect of
spaceflight on skeletal muscle: mechanical properties and myosin isoform content
of a slow muscle. J Appl Physiol, 1994. 76(4): p. 1764-73.

121.

Ohira, Y., B. Jiang, R.R. Roy, V. Oganov, E. Ilyina-Kakueva, J.F. Marini, et al.,
Rat soleus muscle fiber responses to 14 days of spaceflight and hindlimb
suspension. J Appl Physiol, 1992. 73(2 Suppl): p. 51S-57S.

122.

Ohira, Y., T. Yoshinaga, M. Ohara, I. Nonaka, T. Yoshioka, K. Yamashita-Goto,
et al., Myonuclear domain and myosin phenotype in human soleus after bed rest
with or without loading. J Appl Physiol, 1999. 87(5): p. 1776-85.

123.

Widrick, J.J., S.T. Knuth, K.M. Norenberg, J.G. Romatowski, J.L. Bain, D.A.
Riley, et al., Effect of a 17 day spaceflight on contractile properties of human
soleus muscle fibres. J Physiol, 1999. 516 ( Pt 3): p. 915-30.

124.

Gallagher, P., S. Trappe, M. Harber, A. Creer, S. Mazzetti, T. Trappe, et al.,
Effects of 84-days of bedrest and resistance training on single muscle fibre
myosin heavy chain distribution in human vastus lateralis and soleus muscles.
Acta Physiol Scand, 2005. 185(1): p. 61-9.

125.

Edgerton, V.R., M.Y. Zhou, Y. Ohira, H. Klitgaard, B. Jiang, G. Bell, et al.,
Human fiber size and enzymatic properties after 5 and 11 days of spaceflight. J
Appl Physiol, 1995. 78(5): p. 1733-9.

126.

Desaphy, J.F., S. Pierno, A. Liantonio, A. De Luca, M.P. Didonna, A. Frigeri, et
al., Recovery of the soleus muscle after short- and long-term disuse induced by
hindlimb unloading: effects on the electrical properties and myosin heavy chain
profile. Neurobiol Dis, 2005. 18(2): p. 356-65.

228

127.

Zink, W. and B.M. Graf, Local anesthetic myotoxicity. Reg Anesth Pain Med,
2004. 29(4): p. 333-40.

128.

Refaai, M.A., R.W. Wright, C.A. Parvin, A.M. Gronowski, M.G. Scott, and C.S.
Eby, Ischemia-modified albumin increases after skeletal muscle ischemia during
arthroscopic knee surgery. Clin Chim Acta, 2006. 366(1-2): p. 264-8.

129.

Grounds, M.D. and J.K. McGeachie, Skeletal muscle regeneration after crush
injury in dystrophic mdx mice: an autoradiographic study. Muscle Nerve, 1992.
15(5): p. 580-6.

130.

Anderson, J.E., L.M. McIntosh, and R. Poettcker, Deflazacort but not prednisone
improves both muscle repair and fiber growth in diaphragm and limb muscle in
vivo in the mdx dystrophic mouse. Muscle Nerve, 1996. 19(12): p. 1576-85.

131.

Anderson, J.E., L. Kao, B.H. Bressler, and E. Gruenstein, Analysis of dystrophin
in fast- and slow-twitch skeletal muscles from mdx and dy2J mice at different
ages. Muscle Nerve, 1990. 13(1): p. 6-11.

132.

Markert, C., G.F. Petroski, C.K. Childers, K.S. McDonald, and M.K. Childers,
Stretch-induced force deficits in murine extensor digitorum longus muscles after
cardiotoxin injection. Muscle Nerve, 2006. 34(4): p. 485-8.

133.

Cornelison, D.D., S.A. Wilcox-Adelman, P.F. Goetinck, H. Rauvala, A.C.
Rapraeger, and B.B. Olwin, Essential and separable roles for Syndecan-3 and
Syndecan-4 in skeletal muscle development and regeneration. Genes Dev, 2004.
18(18): p. 2231-6.

134.

Sonobe, T., T. Inagaki, D.C. Poole, and Y. Kano, Intracellular calcium
accumulation following eccentric contractions in rat skeletal muscle in vivo: role

229

of stretch-activated channels. Am J Physiol Regul Integr Comp Physiol, 2008.
294(4): p. R1329-37.
135.

Head, S.I., A.J. Bakker, and G. Liangas, EDL and soleus muscles of the
C57BL6J/dy2j laminin-alpha 2-deficient dystrophic mouse are not vulnerable to
eccentric contractions. Exp Physiol, 2004. 89(5): p. 531-9.

136.

Davis, J.M., E.A. Murphy, M.D. Carmichael, M.R. Zielinski, C.M. Groschwitz,
A.S. Brown, et al., Curcumin effects on inflammation and performance recovery
following eccentric exercise-induced muscle damage. Am J Physiol Regul Integr
Comp Physiol, 2007. 292(6): p. R2168-73.

137.

Friden, J. and R.L. Lieber, Eccentric exercise-induced injuries to contractile and
cytoskeletal muscle fibre components. Acta Physiol Scand, 2001. 171(3): p. 3216.

138.

Faulkner, J.A., S.V. Brooks, and J.A. Opiteck, Injury to skeletal muscle fibers
during contractions: conditions of occurrence and prevention. Phys Ther, 1993.
73(12): p. 911-21.

139.

Carlson, B.M. and J.A. Faulkner, The regeneration of skeletal muscle fibers
following injury: a review. Med Sci Sports Exerc, 1983. 15(3): p. 187-98.

140.

Parise, G., I.W. McKinnell, and M.A. Rudnicki, Muscle satellite cell and atypical
myogenic progenitor response following exercise. Muscle Nerve, 2008. 37(5): p.
611-9.

141.

Mauro, A., S.A. Shafiq, and A.T. Milhorat, Regeneration of striated muscle, and
myogenesis. Amsterdam: Ekcerpta Medica, 1970.

230

142.

Charge, S.B. and M.A. Rudnicki, Cellular and molecular regulation of muscle
regeneration. Physiol Rev, 2004. 84(1): p. 209-38.

143.

Clarkson, P.M. and S.P. Sayers, Etiology of exercise-induced muscle damage.
Can J Appl Physiol, 1999. 24(3): p. 234-48.

144.

Garry, D.J., A. Meeson, J. Elterman, Y. Zhao, P. Yang, R. Bassel-Duby, et al.,
Myogenic stem cell function is impaired in mice lacking the forkhead/winged
helix protein MNF. Proc Natl Acad Sci U S A, 2000. 97(10): p. 5416-21.

145.

Garry, D.J., Q. Yang, R. Bassel-Duby, and R.S. Williams, Persistent expression
of MNF identifies myogenic stem cells in postnatal muscles. Dev Biol, 1997.
188(2): p. 280-94.

146.

Anderson, J.E., Dystrophic changes in mdx muscle regenerating from denervation
and devascularization. Muscle Nerve, 1991. 14(3): p. 268-79.

147.

Chan, S., S.I. Head, and J.W. Morley, Branched fibers in dystrophic mdx muscle
are associated with a loss of force following lengthening contractions. Am J
Physiol Cell Physiol, 2007. 293(3): p. C985-92.

148.

Head, S.I., D.A. Williams, and D.G. Stephenson, Abnormalities in structure and
function of limb skeletal muscle fibres of dystrophic mdx mice. Proc Biol Sci,
1992. 248(1322): p. 163-9.

149.

Tamaki, T. and A. Akatsuka, Appearance of complex branched fibers following
repetitive muscle trauma in normal rat skeletal muscle. Anat Rec, 1994. 240(2):
p. 217-24.

231

150.

Head, S.I., D.G. Stephenson, and D.A. Williams, Properties of enzymatically
isolated skeletal fibres from mice with muscular dystrophy. J Physiol, 1990. 422:
p. 351-67.

151.

O'Connor, R.S. and G.K. Pavlath, Point:Counterpoint: Satellite cell addition is/is
not obligatory for skeletal muscle hypertrophy. J Appl Physiol, 2007. 103(3): p.
1099-100.

152.

Barton-Davis, E.R., D.I. Shoturma, and H.L. Sweeney, Contribution of satellite
cells to IGF-I induced hypertrophy of skeletal muscle. Acta Physiol Scand, 1999.
167(4): p. 301-5.

153.

Boonyarom, O. and K. Inui, Atrophy and hypertrophy of skeletal muscles:
structural and functional aspects. Acta Physiol (Oxf), 2006. 188(2): p. 77-89.

154.

McCall, G.E., D.L. Allen, J.K. Linderman, R.E. Grindeland, R.R. Roy, V.R.
Mukku, et al., Maintenance of myonuclear domain size in rat soleus after
overload and growth hormone/IGF-I treatment. J Appl Physiol, 1998. 84(4): p.
1407-12.

155.

Kong, J. and J.E. Anderson, Dynamic restoration of dystrophin to dystrophindeficient myotubes. Muscle Nerve, 2001. 24(1): p. 77-88.

156.

Kadi, F., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1105.

157.

Seale, P. and M.A. Rudnicki, A new look at the origin, function, and "stem-cell"
status of muscle satellite cells. Dev Biol, 2000. 218(2): p. 115-24.

232

158.

Bodine, S.C., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1105-6.

159.

Hikida, R.S., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1104-5.

160.

Lowe, D.A., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1106.

161.

Mantilla, C.B. and G.C. Sieck, In response to Point:Counterpoint: "Satellite cell
addition is/is not obligatory for skeletal muscle hypertrophy". J Appl Physiol,
2007. 103(3): p. 1104.

162.

Rehfeldt, C., In response to Point:Counterpoint: "Satellite cell addition is/is not
obligatory for skeletal muscle hypertrophy". J Appl Physiol, 2007. 103(3): p.
1104.

163.

O'Connor, R.S., G.K. Pavlath, J.J. McCarthy, and K.A. Esser, Last Word on
Point:Counterpoint: Satellite cell addition is/is not obligatory for skeletal muscle
hypertrophy. J Appl Physiol, 2007. 103(3): p. 1107.

164.

Goldspink, G., Mechanical signals, IGF-I gene splicing, and muscle adaptation.
Physiology (Bethesda), 2005. 20: p. 232-8.

165.

Brotchie, D., I. Davies, G. Ireland, and M. Mahon, Dual-channel laser scanning
microscopy for the identification and quantification of proliferating skeletal

233

muscle satellite cells following synergist ablation. J Anat, 1995. 186 ( Pt 1): p. 97102.
166.

Schiaffino, S., S.P. Bormioli, and M. Aloisi, Cell proliferation in rat skeletal
muscle during early stages of compensatory hypertrophy. Virchows Arch B Cell
Pathol, 1972. 11(3): p. 268-73.

167.

Snow, M.H., Satellite cell response in rat soleus muscle undergoing hypertrophy
due to surgical ablation of synergists. Anat Rec, 1990. 227(4): p. 437-46.

168.

Spurlock, D.M., T.G. McDaneld, and L.M. McIntyre, Changes in skeletal muscle
gene expression following clenbuterol administration. BMC Genomics, 2006. 7:
p. 320.

169.

Kadi, F. and L.E. Thornell, Concomitant increases in myonuclear and satellite
cell content in female trapezius muscle following strength training. Histochem
Cell Biol, 2000. 113(2): p. 99-103.

170.

Lowe, D.A. and S.E. Alway, Stretch-induced myogenin, MyoD, and MRF4
expression and acute hypertrophy in quail slow-tonic muscle are not dependent
upon satellite cell proliferation. Cell Tissue Res, 1999. 296(3): p. 531-9.

171.

Akima, H., Y. Kawakami, K. Kubo, C. Sekiguchi, H. Ohshima, A. Miyamoto, et
al., Effect of short-duration spaceflight on thigh and leg muscle volume. Med Sci
Sports Exerc, 2000. 32(10): p. 1743-7.

172.

LeBlanc, A., C. Lin, L. Shackelford, V. Sinitsyn, H. Evans, O. Belichenko, et al.,
Muscle volume, MRI relaxation times (T2), and body composition after
spaceflight. J Appl Physiol, 2000. 89(6): p. 2158-64.

234

173.

Widrick, J.J. and R.H. Fitts, Peak force and maximal shortening velocity of soleus
fibers after non-weight-bearing and resistance exercise. J Appl Physiol, 1997.
82(1): p. 189-95.

174.

Mujika, I. and S. Padilla, Muscular characteristics of detraining in humans. Med
Sci Sports Exerc, 2001. 33(8): p. 1297-303.

175.

Widrick, J.J., J.G. Romatowski, K.M. Norenberg, S.T. Knuth, J.L. Bain, D.A.
Riley, et al., Functional properties of slow and fast gastrocnemius muscle fibers
after a 17-day spaceflight. J Appl Physiol, 2001. 90(6): p. 2203-11.

176.

Hudson, N.J. and C.E. Franklin, Maintaining muscle mass during extended
disuse: aestivating frogs as a model species. J Exp Biol, 2002. 205(Pt 15): p.
2297-303.

177.

Henriksen, E.J., M.E. Tischler, C.R. Woodman, K.A. Munoz, C.S. Stump, and
C.R. Kirby, Elevated interstitial fluid volume in soleus muscles unweighted by
spaceflight or suspension. J Appl Physiol, 1993. 75(4): p. 1650-3.

178.

Oki, S., J. Desaki, Y. Matsuda, H. Okumura, and T. Shibata, Capillaries with
fenestrae in the rat soleus muscle after experimental limb immobilization. J
Electron Microsc (Tokyo), 1995. 44(5): p. 307-10.

179.

Booth, F.W., Effect of limb immobilization on skeletal muscle. J Appl Physiol,
1982. 52(5): p. 1113-8.

180.

Gollnick, P.D., B.F. Timson, R.L. Moore, and M. Riedy, Muscular enlargement
and number of fibers in skeletal muscles of rats. J Appl Physiol, 1981. 50(5): p.
936-43.

235

181.

Timson, B.F., B.K. Bowlin, G.A. Dudenhoeffer, and J.B. George, Fiber number,
area, and composition of mouse soleus muscle following enlargement. J Appl
Physiol, 1985. 58(2): p. 619-24.

182.

Antonio, J. and W.J. Gonyea, Skeletal muscle fiber hyperplasia. Med Sci Sports
Exerc, 1993. 25(12): p. 1333-45.

183.

Tischler, M.E., E.J. Henriksen, K.A. Munoz, C.S. Stump, C.R. Woodman, and
C.R. Kirby, Spaceflight on STS-48 and earth-based unweighting produce similar
effects on skeletal muscle of young rats. J Appl Physiol, 1993. 74(5): p. 2161-5.

184.

Desplanches, D., M.H. Mayet, E.I. Ilyina-Kakueva, B. Sempore, and R. Flandrois,
Skeletal muscle adaptation in rats flown on Cosmos 1667. J Appl Physiol, 1990.
68(1): p. 48-52.

185.

Hortobagyi, T., J.A. Houmard, J.R. Stevenson, D.D. Fraser, R.A. Johns, and R.G.
Israel, The effects of detraining on power athletes. Med Sci Sports Exerc, 1993.
25(8): p. 929-35.

186.

Ohira, Y., T. Yoshinaga, T. Nomura, F. Kawano, A. Ishihara, I. Nonaka, et al.,
Gravitational unloading effects on muscle fiber size, phenotype and myonuclear
number. Adv Space Res, 2002. 30(4): p. 777-81.

187.

Vandenburgh, H.H., S. Hatfaludy, P. Karlisch, and J. Shansky, Skeletal muscle
growth is stimulated by intermittent stretch-relaxation in tissue culture. Am J
Physiol, 1989. 256(3 Pt 1): p. C674-82.

188.

Vandenburgh, H.H., S. Hatfaludy, I. Sohar, and J. Shansky, Stretch-induced
prostaglandins and protein turnover in cultured skeletal muscle. Am J Physiol,
1990. 259(2 Pt 1): p. C232-40.

236

189.

Smith, H.K., L. Maxwell, J.A. Martyn, and J.J. Bass, Nuclear DNA fragmentation
and morphological alterations in adult rabbit skeletal muscle after short-term
immobilization. Cell Tissue Res, 2000. 302(2): p. 235-41.

190.

Bruusgaard, J.C. and K. Gundersen, In vivo time-lapse microscopy reveals no loss
of murine myonuclei during weeks of muscle atrophy. J Clin Invest, 2008. 118(4):
p. 1450-7.

191.

Thomason, D.B. and F.W. Booth, Atrophy of the soleus muscle by hindlimb
unweighting. J Appl Physiol, 1990. 68(1): p. 1-12.

192.

Stein, T.P. and M.D. Schluter, Human skeletal muscle protein breakdown during
spaceflight. Am J Physiol, 1997. 272(4 Pt 1): p. E688-95.

193.

Eash, J., A. Olsen, G. Breur, D. Gerrard, and K. Hannon, FGFR1 inhibits skeletal
muscle atrophy associated with hindlimb suspension. BMC Musculoskelet
Disord, 2007. 8: p. 32.

194.

Hofer, T., E. Marzetti, J. Xu, A.Y. Seo, S. Gulec, M.D. Knutson, et al., Increased
iron content and RNA oxidative damage in skeletal muscle with aging and disuse
atrophy. Exp Gerontol, 2008. 43(6): p. 563-70.

195.

Tatsumi, R., M. Yamada, Y. Katsuki, S. Okamoto, J. Ishizaki, W. Mizunoya, et
al., Low-pH preparation of skeletal muscle satellite cells can be used to study
activation in vitro. Int J Biochem Cell Biol, 2006. 38(10): p. 1678-85.

196.

Wotherspoon, S.D.M., K.R. Willits, and T.J. Doherty. The Relationship of
Traction Forces, Traction Time and Nerve Conduction Abnormalities During Hip
Arthroscopy. in Canadian Orthopaedic Association. 2008. Quebec City.

237

197.

Holm, S., Time to reconsider stem cell ethics--the importance of induced
pluripotent cells. J Med Ethics, 2008. 34(2): p. 63-4.

198.

Takahashi, K., K. Okita, M. Nakagawa, and S. Yamanaka, Induction of
pluripotent stem cells from fibroblast cultures. Nat Protoc, 2007. 2(12): p. 3081-9.

199.

Tarnowski, M. and A.L. Sieron, Adult stem cells and their ability to differentiate.
Med Sci Monit, 2006. 12(8): p. RA154-63.

200.

Weissman, I.L., Stem cells: units of development, units of regeneration, and units
in evolution. Cell, 2000. 100(1): p. 157-68.

201.

Slack, J.M., Stem cells in epithelial tissues. Science, 2000. 287(5457): p. 1431-3.

202.

Shefer, G., M. Wleklinski-Lee, and Z. Yablonka-Reuveni, Skeletal muscle
satellite cells can spontaneously enter an alternative mesenchymal pathway. J
Cell Sci, 2004. 117(Pt 22): p. 5393-404.

203.

Brack, A.S. and T.A. Rando, Intrinsic changes and extrinsic influences of
myogenic stem cell function during aging. Stem Cell Rev, 2007. 3(3): p. 226-37.

204.

Gibson, M.C. and E. Schultz, Age-related differences in absolute numbers of
skeletal muscle satellite cells. Muscle Nerve, 1983. 6(8): p. 574-80.

205.

Tamaki, T., A. Akatsuka, K. Ando, Y. Nakamura, H. Matsuzawa, T. Hotta, et al.,
Identification of myogenic-endothelial progenitor cells in the interstitial spaces of
skeletal muscle. J Cell Biol, 2002. 157(4): p. 571-7.

206.

Schultz, E. and K.M. McCormick, Skeletal muscle satellite cells. Rev Physiol
Biochem Pharmacol, 1994. 123: p. 213-57.

207.

Snow, M.H., The effects of aging on satellite cells in skeletal muscles of mice and
rats. Cell Tissue Res, 1977. 185(3): p. 399-408.

238

208.

Bischoff, R. and H. Holtzer, Mitosis and the processes of differentiation of
myogenic cells in vitro. J Cell Biol, 1969. 41(1): p. 188-200.

209.

Johnson, S.E. and R.E. Allen, Proliferating cell nuclear antigen (PCNA) is
expressed in activated rat skeletal muscle satellite cells. J Cell Physiol, 1993.
154(1): p. 39-43.

210.

Kami, K., K. Noguchi, and E. Senba, Localization of myogenin, c-fos, c-jun, and
muscle-specific gene mRNAs in regenerating rat skeletal muscle. Cell Tissue Res,
1995. 280(1): p. 11-9.

211.

Bischoff, R., A satellite cell mitogen from crushed adult muscle. Dev Biol, 1986.
115(1): p. 140-7.

212.

Grounds, M.D. and J.K. McGeachie, Myogenic cells of regenerating adult
chicken muscle can fuse into myotubes after a single cell division in vivo. Exp
Cell Res, 1989. 180(2): p. 429-39.

213.

Schultz, E. and D.L. Jaryszak, Effects of skeletal muscle regeneration on the
proliferation potential of satellite cells. Mech Ageing Dev, 1985. 30(1): p. 63-72.

214.

Grounds, M.D., K.L. Garrett, M.C. Lai, W.E. Wright, and M.W. Beilharz,
Identification of skeletal muscle precursor cells in vivo by use of MyoD1 and
myogenin probes. Cell Tissue Res, 1992. 267(1): p. 99-104.

215.

Schultz, E., Satellite cell proliferative compartments in growing skeletal muscles.
Dev Biol, 1996. 175(1): p. 84-94.

216.

Rantanen, J., T. Hurme, R. Lukka, J. Heino, and H. Kalimo, Satellite cell
proliferation and the expression of myogenin and desmin in regenerating skeletal

239

muscle: evidence for two different populations of satellite cells. Lab Invest, 1995.
72(3): p. 341-7.
217.

Moss, F.P. and C.P. Leblond, Satellite cells as the source of nuclei in muscles of
growing rats. Anat Rec, 1971. 170(4): p. 421-35.

218.

Collins, C.A. and T.A. Partridge, Self-renewal of the adult skeletal muscle
satellite cell. Cell Cycle, 2005. 4(10): p. 1338-41.

219.

Olguin, H.C. and B.B. Olwin, Pax-7 up-regulation inhibits myogenesis and cell
cycle progression in satellite cells: a potential mechanism for self-renewal. Dev
Biol, 2004. 275(2): p. 375-88.

220.

Zammit, P.S., J.P. Golding, Y. Nagata, V. Hudon, T.A. Partridge, and J.R.
Beauchamp, Muscle satellite cells adopt divergent fates: a mechanism for selfrenewal? J Cell Biol, 2004. 166(3): p. 347-57.

221.

Sabourin, L.A., A. Girgis-Gabardo, P. Seale, A. Asakura, and M.A. Rudnicki,
Reduced differentiation potential of primary MyoD-/- myogenic cells derived from
adult skeletal muscle. J Cell Biol, 1999. 144(4): p. 631-43.

222.

Yablonka-Reuveni, Z., M.A. Rudnicki, A.J. Rivera, M. Primig, J.E. Anderson,
and P. Natanson, The transition from proliferation to differentiation is delayed in
satellite cells from mice lacking MyoD. Dev Biol, 1999. 210(2): p. 440-55.

223.

Kuang, S., K. Kuroda, F. Le Grand, and M.A. Rudnicki, Asymmetric self-renewal
and commitment of satellite stem cells in muscle. Cell, 2007. 129(5): p. 999-1010.

224.

LaBarge, M.A. and H.M. Blau, Biological progression from adult bone marrow
to mononucleate muscle stem cell to multinucleate muscle fiber in response to
injury. Cell, 2002. 111(4): p. 589-601.

240

225.

Musaro, A., K. McCullagh, A. Paul, L. Houghton, G. Dobrowolny, M. Molinaro,
et al., Localized Igf-1 transgene expression sustains hypertrophy and
regeneration in senescent skeletal muscle. Nat Genet, 2001. 27(2): p. 195-200.

226.

Yablonka-Reuveni, Z. and J.E. Anderson, Satellite cells from dystrophic (mdx)
mice display accelerated differentiation in primary cultures and in isolated
myofibers. Dev Dyn, 2006. 235(1): p. 203-12.

227.

Weintraub, H., The MyoD family and myogenesis: redundancy, networks, and
thresholds. Cell, 1993. 75(7): p. 1241-4.

228.

Yablonka-Reuveni, Z. and A.J. Rivera, Temporal expression of regulatory and
structural muscle proteins during myogenesis of satellite cells on isolated adult
rat fibers. Dev Biol, 1994. 164(2): p. 588-603.

229.

Sabourin, L.A. and M.A. Rudnicki, The molecular regulation of myogenesis. Clin
Genet, 2000. 57(1): p. 16-25.

230.

McIntosh, L.M., K.L. Garrett, L. Megeney, M.A. Rudnicki, and J.E. Anderson,
Regeneration and myogenic cell proliferation correlate with taurine levels in
dystrophin- and MyoD-deficient muscles. Anat Rec, 1998. 252(2): p. 311-24.

231.

Cossu, G. and S. Biressi, Satellite cells, myoblasts and other occasional myogenic
progenitors: possible origin, phenotypic features and role in muscle regeneration.
Semin Cell Dev Biol, 2005. 16(4-5): p. 623-31.

232.

Lagord, C., L. Soulet, S. Bonavaud, Y. Bassaglia, C. Rey, G. Barlovatz-Meimon,
et al., Differential myogenicity of satellite cells isolated from extensor digitorum
longus (EDL) and soleus rat muscles revealed in vitro. Cell Tissue Res, 1998.
291(3): p. 455-68.

241

233.

Hopwood, N.D., A. Pluck, and J.B. Gurdon, MyoD expression in the forming
somites is an early response to mesoderm induction in Xenopus embryos. Embo J,
1989. 8(11): p. 3409-17.

234.

Sassoon, D., G. Lyons, W.E. Wright, V. Lin, A. Lassar, H. Weintraub, et al.,
Expression of two myogenic regulatory factors myogenin and MyoD1 during
mouse embryogenesis. Nature, 1989. 341(6240): p. 303-7.

235.

Scales, J.B., E.N. Olson, and M. Perry, Two distinct Xenopus genes with
homology to MyoD1 are expressed before somite formation in early
embryogenesis. Mol Cell Biol, 1990. 10(4): p. 1516-24.

236.

Cornelison, D.D. and B.J. Wold, Single-cell analysis of regulatory gene
expression in quiescent and activated mouse skeletal muscle satellite cells. Dev
Biol, 1997. 191(2): p. 270-83.

237.

Beauchamp, J.R., L. Heslop, D.S. Yu, S. Tajbakhsh, R.G. Kelly, A. Wernig, et al.,
Expression of CD34 and Myf5 defines the majority of quiescent adult skeletal
muscle satellite cells. J Cell Biol, 2000. 151(6): p. 1221-34.

238.

Zammit, P.S., T.A. Partridge, and Z. Yablonka-Reuveni, The skeletal muscle
satellite cell: the stem cell that came in from the cold. J Histochem Cytochem,
2006. 54(11): p. 1177-91.

239.

Shi, X. and D.J. Garry, Muscle stem cells in development, regeneration, and
disease. Genes Dev, 2006. 20(13): p. 1692-708.

240.

Dhawan, J. and T.A. Rando, Stem cells in postnatal myogenesis: molecular
mechanisms of satellite cell quiescence, activation and replenishment. Trends
Cell Biol, 2005. 15(12): p. 666-73.

242

241.

Kuang, S. and M.A. Rudnicki, The emerging biology of satellite cells and their
therapeutic potential. Trends Mol Med, 2008. 14(2): p. 82-91.

242.

Le Grand, F. and M.A. Rudnicki, Skeletal muscle satellite cells and adult
myogenesis. Curr Opin Cell Biol, 2007. 19(6): p. 628-33.

243.

Montarras, D., J. Morgan, C. Collins, F. Relaix, S. Zaffran, A. Cumano, et al.,
Direct isolation of satellite cells for skeletal muscle regeneration. Science, 2005.
309(5743): p. 2064-7.

244.

Morgan, J.E., J.G. Gross, C.N. Pagel, J.R. Beauchamp, A. Fassati, A.J. Thrasher,
et al., Myogenic cell proliferation and generation of a reversible tumorigenic
phenotype are triggered by preirradiation of the recipient site. J Cell Biol, 2002.
157(4): p. 693-702.

245.

Rouger, K., M. Brault, N. Daval, I. Leroux, L. Guigand, J. Lesoeur, et al., Muscle
satellite cell heterogeneity: in vitro and in vivo evidences for populations that fuse
differently. Cell Tissue Res, 2004. 317(3): p. 319-26.

246.

Balon, T.W. and J.L. Nadler, Nitric oxide release is present from incubated
skeletal muscle preparations. J Appl Physiol, 1994. 77(6): p. 2519-21.

247.

Rosenblatt, J.D. and D.J. Parry, Adaptation of rat extensor digitorum longus
muscle to gamma irradiation and overload. Pflugers Arch, 1993. 423(3-4): p.
255-64.

248.

Hyatt, J.P., G.E. McCall, E.M. Kander, H. Zhong, R.R. Roy, and K.A. Huey,
PAX3/7 expression coincides with MyoD during chronic skeletal muscle overload.
Muscle Nerve, 2008. 38(1): p. 861-6.

243

249.

Baldwin, K.M., V. Valdez, R.E. Herrick, A.M. MacIntosh, and R.R. Roy,
Biochemical properties of overloaded fast-twitch skeletal muscle. J Appl Physiol,
1982. 52(2): p. 467-72.

250.

Rosenblatt, J.D. and D.J. Parry, Gamma irradiation prevents compensatory
hypertrophy of overloaded mouse extensor digitorum longus muscle. J Appl
Physiol, 1992. 73(6): p. 2538-43.

251.

Hanzlikova, V., E.V. Mackova, and P. Hnik, Satellite cells of the rat soleus
muscle in the process of compensatory hypertrophy combined with denervation.
Cell Tissue Res, 1975. 160(3): p. 411-21.

252.

Archer, J.D., C.C. Vargas, and J.E. Anderson, Persistent and improved functional
gain in mdx dystrophic mice after treatment with L-arginine and deflazacort.
Faseb J, 2006. 20(6): p. 738-40.

253.

Balon, T.W. and J.L. Nadler, Evidence that nitric oxide increases glucose
transport in skeletal muscle. J Appl Physiol, 1997. 82(1): p. 359-63.

254.

Thabet, M., T. Miki, S. Seino, and J.M. Renaud, Treadmill running causes
significant fiber damage in skeletal muscle of KATP channel-deficient mice.
Physiol Genomics, 2005. 22(2): p. 204-12.

255.

Kadi, F., A. Eriksson, S. Holmner, G.S. Butler-Browne, and L.E. Thornell,
Cellular adaptation of the trapezius muscle in strength-trained athletes.
Histochem Cell Biol, 1999. 111(3): p. 189-95.

256.

Kadi, F. and L.E. Thornell, Training affects myosin heavy chain phenotype in the
trapezius muscle of women. Histochem Cell Biol, 1999. 112(1): p. 73-8.

244

257.

Crameri, R.M., P. Aagaard, K. Qvortrup, H. Langberg, J. Olesen, and M. Kjaer,
Myofibre damage in human skeletal muscle: effects of electrical stimulation
versus voluntary contraction. J Physiol, 2007. 583(Pt 1): p. 365-80.

258.

Mackey, A.L., M. Kjaer, S. Dandanell, K.H. Mikkelsen, L. Holm, S. Dossing, et
al., The influence of anti-inflammatory medication on exercise-induced myogenic
precursor cell responses in humans. J Appl Physiol, 2007. 103(2): p. 425-31.

259.

Collins, M., V. Renault, L.A. Grobler, A. St Clair Gibson, M.I. Lambert, E.
Wayne Derman, et al., Athletes with exercise-associated fatigue have abnormally
short muscle DNA telomeres. Med Sci Sports Exerc, 2003. 35(9): p. 1524-8.

260.

Rodrigues Ade, C., S. Geuna, S.P. Rodrigues, M.D. Silva, and F.F. Aragon,
Satellite cells and myonuclei in neonatally denervated rat muscle. Ital J Anat
Embryol, 2002. 107(1): p. 51-6.

261.

Borisov, A.B., E.I. Dedkov, and B.M. Carlson, Differentiation of activated
satellite cells in denervated muscle following single fusions in situ and in cell
culture. Histochem Cell Biol, 2005. 124(1): p. 13-23.

262.

Zammit, P.S., J.J. Carvajal, J.P. Golding, J.E. Morgan, D. Summerbell, J.
Zolnerciks, et al., Myf5 expression in satellite cells and spindles in adult muscle is
controlled by separate genetic elements. Dev Biol, 2004. 273(2): p. 454-65.

263.

Agthong, S., A. Kaewsema, N. Tanomsridejchai, and V. Chentanez, Activation of
MAPK ERK in peripheral nerve after injury. BMC Neurosci, 2006. 7: p. 45.

264.

Rabinovsky, E.D., E. Gelir, S. Gelir, H. Lui, M. Kattash, F.J. DeMayo, et al.,
Targeted expression of IGF-1 transgene to skeletal muscle accelerates muscle
and motor neuron regeneration. Faseb J, 2003. 17(1): p. 53-5.

245

265.

Polesskaya, A., P. Seale, and M.A. Rudnicki, Wnt signaling induces the myogenic
specification of resident CD45+ adult stem cells during muscle regeneration.
Cell, 2003. 113(7): p. 841-52.

266.

Fujii, Y., Y. Guo, and S.N. Hussain, Regulation of nitric oxide production in
response to skeletal muscle activation. J Appl Physiol, 1998. 85(6): p. 2330-6.

267.

Tidball, J.G., Inflammatory processes in muscle injury and repair. Am J Physiol
Regul Integr Comp Physiol, 2005. 288(2): p. R345-53.

268.

Tidball, J.G., E. Lavergne, K.S. Lau, M.J. Spencer, J.T. Stull, and M. Wehling,
Mechanical loading regulates NOS expression and activity in developing and
adult skeletal muscle. Am J Physiol, 1998. 275(1 Pt 1): p. C260-6.

269.

Tidball, J.G., M.J. Spencer, M. Wehling, and E. Lavergne, Nitric-oxide synthase
is a mechanical signal transducer that modulates talin and vinculin expression. J
Biol Chem, 1999. 274(46): p. 33155-60.

270.

Wozniak, A.C., O. Pilipowicz, Z. Yablonka-Reuveni, S. Greenway, S. Craven, E.
Scott, et al., C-Met expression and mechanical activation of satellite cells on
cultured muscle fibers. J Histochem Cytochem, 2003. 51(11): p. 1437-45.

271.

Vermeulen, K., Z.N. Berneman, and D.R. Van Bockstaele, Cell cycle and
apoptosis. Cell Prolif, 2003. 36(3): p. 165-75.

272.

Furge, K.A., Y.W. Zhang, and G.F. Vande Woude, Met receptor tyrosine kinase:
enhanced signaling through adapter proteins. Oncogene, 2000. 19(49): p. 5582-9.

273.

Jones, N.C., K.J. Tyner, L. Nibarger, H.M. Stanley, D.D. Cornelison, Y.V.
Fedorov, et al., The p38alpha/beta MAPK functions as a molecular switch to
activate the quiescent satellite cell. J Cell Biol, 2005. 169(1): p. 105-16.

246

274.

Conboy, I.M., M.J. Conboy, G.M. Smythe, and T.A. Rando, Notch-mediated
restoration of regenerative potential to aged muscle. Science, 2003. 302(5650): p.
1575-7.

275.

Sarmento, L.M., H. Huang, A. Limon, W. Gordon, J. Fernandes, M.J. Tavares, et
al., Notch1 modulates timing of G1-S progression by inducing SKP2 transcription
and p27 Kip1 degradation. J Exp Med, 2005. 202(1): p. 157-68.

276.

Alvarado, M., E. Cuevas, M. Lara-Garcia, M. Camacho, P. Carrillo, R. Hudson, et
al., Effect of gonadal hormones on the cross-sectional area of pubococcygeus
muscle fibers in male rat. Anat Rec (Hoboken), 2008. 291(5): p. 586-92.

277.

Collins, C.A., P.S. Zammit, A.P. Ruiz, J.E. Morgan, and T.A. Partridge, A
population of myogenic stem cells that survives skeletal muscle aging. Stem Cells,
2007. 25(4): p. 885-94.

278.

Carlson, B.M. and J.A. Faulkner, Muscle transplantation between young and old
rats: age of host determines recovery. Am J Physiol, 1989. 256(6 Pt 1): p. C12626.

279.

Hameed, M., K.H. Lange, J.L. Andersen, P. Schjerling, M. Kjaer, S.D. Harridge,
et al., The effect of recombinant human growth hormone and resistance training
on IGF-I mRNA expression in the muscles of elderly men. J Physiol, 2004. 555(Pt
1): p. 231-40.

280.

Snyder, P.J., Effects of age on testicular function and consequences of
testosterone treatment. J Clin Endocrinol Metab, 2001. 86(6): p. 2369-72.

247

281.

Goldspink, G., Age-related muscle loss and progressive dysfunction in
mechanosensitive growth factor signaling. Ann N Y Acad Sci, 2004. 1019: p.
294-8.

282.

Ng, E.S. and P. Kubes, The physiology of S-nitrosothiols: carrier molecules for
nitric oxide. Can J Physiol Pharmacol, 2003. 81(8): p. 759-64.

283.

Bian, K., M.F. Doursout, and F. Murad, Vascular system: role of nitric oxide in
cardiovascular diseases. J Clin Hypertens (Greenwich), 2008. 10(4): p. 304-10.

284.

Hebelstrup, K.H. and E.O. Jensen, Expression of NO scavenging hemoglobin is
involved in the timing of bolting in Arabidopsis thaliana. Planta, 2008. 227(4): p.
917-27.

285.

Ignarro, L.J. and K.S. Wood, Activation of purified soluble guanylate cyclase by
arachidonic acid requires absence of enzyme-bound heme. Biochim Biophys
Acta, 1987. 928(2): p. 160-70.

286.

Matouk, C.C. and P.A. Marsden, Epigenetic regulation of vascular endothelial
gene expression. Circ Res, 2008. 102(8): p. 873-87.

287.

Moncada, S. and A. Higgs, The L-arginine-nitric oxide pathway. N Engl J Med,
1993. 329(27): p. 2002-12.

288.

Palmer, R.M., A.G. Ferrige, and S. Moncada, Nitric oxide release accounts for
the biological activity of endothelium-derived relaxing factor. Nature, 1987.
327(6122): p. 524-6.

289.

Redington, A.E., Modulation of nitric oxide pathways: therapeutic potential in
asthma and chronic obstructive pulmonary disease. Eur J Pharmacol, 2006.
533(1-3): p. 263-76.

248

290.

Chimenti, R., G. Martino, S. Mazzulla, and S. Sesti, Effect of nitric oxide release
from NOR-3 on urea synthesis, viability and oxygen consumption of rat
hepatocyte cultures. Physiol Res, 2007. 56(4): p. 427-32.

291.

Gladwin, M.T., Role of the red blood cell in nitric oxide homeostasis and hypoxic
vasodilation. Adv Exp Med Biol, 2006. 588: p. 189-205.

292.

Kolios, G., V. Valatas, and S.G. Ward, Nitric oxide in inflammatory bowel
disease: a universal messenger in an unsolved puzzle. Immunology, 2004. 113(4):
p. 427-37.

293.

Salamon, E., T. Esch, and G.B. Stefano, Pain and relaxation (review). Int J Mol
Med, 2006. 18(3): p. 465-70.

294.

Monteiro, H.P., E.F. Silva, and A. Stern, Nitric oxide: a potential inducer of
adhesion-related apoptosis--anoikis. Nitric Oxide, 2004. 10(1): p. 1-10.

295.

Anderson, J.E. and C. Vargas, Correlated NOS-Imu and myf5 expression by
satellite cells in mdx mouse muscle regeneration during NOS manipulation and
deflazacort treatment. Neuromuscul Disord, 2003. 13(5): p. 388-96.

296.

Chen, M., C. Cheng, M. Yan, S. Niu, S. Gao, S. Shi, et al., Involvement of
CAPON and nitric oxide synthases in rat muscle regeneration after peripheral
nerve injury. J Mol Neurosci, 2008. 34(1): p. 89-100.

297.

McConell, G.K., S.J. Bradley, T.J. Stephens, B.J. Canny, B.A. Kingwell, and R.S.
Lee-Young, Skeletal muscle nNOS mu protein content is increased by exercise
training in humans. Am J Physiol Regul Integr Comp Physiol, 2007. 293(2): p.
R821-8.

249

298.

Christova, T., Z. Grozdanovic, and R. Gossrau, Nitric oxide synthase (NOS) I
during postnatal development in rat and mouse skeletal muscle. Acta Histochem,
1997. 99(3): p. 311-24.

299.

Wehling, M., M.J. Spencer, and J.G. Tidball, A nitric oxide synthase transgene
ameliorates muscular dystrophy in mdx mice. J Cell Biol, 2001. 155(1): p. 12331.

300.

Tatsumi, R. and R.E. Allen, Active hepatocyte growth factor is present in skeletal
muscle extracellular matrix. Muscle Nerve, 2004. 30(5): p. 654-8.

301.

Wolff, A.V., A.K. Niday, K.A. Voelker, J.A. Call, N.P. Evans, K.P. Granata, et
al., Passive mechanical properties of maturing extensor digitorum longus are not
affected by lack of dystrophin. Muscle Nerve, 2006. 34(3): p. 304-12.

302.

Kobzik, L., M.B. Reid, D.S. Bredt, and J.S. Stamler, Nitric oxide in skeletal
muscle. Nature, 1994. 372(6506): p. 546-8.

303.

Reiser, P.J., W.O. Kline, and P.L. Vaghy, Induction of neuronal type nitric oxide
synthase in skeletal muscle by chronic electrical stimulation in vivo. J Appl
Physiol, 1997. 82(4): p. 1250-5.

304.

Roberts, C.K., R.J. Barnard, A. Jasman, and T.W. Balon, Acute exercise increases
nitric oxide synthase activity in skeletal muscle. Am J Physiol, 1999. 277(2 Pt 1):
p. E390-4.

305.

Rudnick, J., B. Puttmann, P.A. Tesch, B. Alkner, B.G. Schoser, M. Salanova, et
al., Differential expression of nitric oxide synthases (NOS 1-3) in human skeletal
muscle following exercise countermeasure during 12 weeks of bed rest. Faseb J,
2004. 18(11): p. 1228-30.

250

306.

Bradley, S.J., B.A. Kingwell, B.J. Canny, and G.K. McConell, Skeletal muscle
neuronal nitric oxide synthase micro protein is reduced in people with impaired
glucose homeostasis and is not normalized by exercise training. Metabolism,
2007. 56(10): p. 1405-11.

307.

Betters, J.L., J.H. Long, K.S. Howe, R.W. Braith, Q.A. Soltow, V.A. Lira, et al.,
Nitric oxide reverses prednisolone-induced inactivation of muscle satellite cells.
Muscle Nerve, 2008. 37(2): p. 203-9.

308.

Lau, K.S., R.W. Grange, E. Isotani, I.H. Sarelius, K.E. Kamm, P.L. Huang, et al.,
nNOS and eNOS modulate cGMP formation and vascular response in contracting
fast-twitch skeletal muscle. Physiol Genomics, 2000. 2(1): p. 21-7.

309.

Marques, M.J., M.A. Luz, E. Minatel, and H.S. Neto, Muscle regeneration in
dystrophic mdx mice is enhanced by isosorbide dinitrate. Neurosci Lett, 2005.
382(3): p. 342-5.

310.

Tam, G.S., G.S. Marks, J.F. Brien, and K. Nakatsu, Sex- and species-related
differences in the biotransformation of isosorbide dinitrate by various tissues of
the rabbit and rat. Can J Physiol Pharmacol, 1987. 65(7): p. 1478-83.

311.

Gordon, S.E., C.M. Westerkamp, K.J. Savage, R.C. Hickner, S.C. George, C.A.
Fick, et al., Basal, but not overload-induced, myonuclear addition is attenuated by
NG-nitro-L-arginine methyl ester (L-NAME) administration. Can J Physiol
Pharmacol, 2007. 85(6): p. 646-51.

312.

Spier, S.A., M.D. Delp, C.J. Meininger, A.J. Donato, M.W. Ramsey, and J.M.
Muller-Delp, Effects of ageing and exercise training on endothelium-dependent

251

vasodilatation and structure of rat skeletal muscle arterioles. J Physiol, 2004.
556(Pt 3): p. 947-58.
313.

Grassi, B., M.C. Hogan, K.M. Kelley, R.A. Howlett, and L.B. Gladden, Effects of
nitric oxide synthase inhibition by L-NAME on oxygen uptake kinetics in isolated
canine muscle in situ. J Physiol, 2005. 568(Pt 3): p. 1021-33.

314.

Barton, E.R., L. Morris, M. Kawana, L.T. Bish, and T. Toursel, Systemic
administration of L-arginine benefits mdx skeletal muscle function. Muscle Nerve,
2005. 32(6): p. 751-60.

315.

Tengan, C.H., B.H. Kiyomoto, R.O. Godinho, J. Gamba, A.C. Neves, B. Schmidt,
et al., The role of nitric oxide in muscle fibers with oxidative phosphorylation
defects. Biochem Biophys Res Commun, 2007. 359(3): p. 771-7.

316.

Sellman, J.E., K.C. DeRuisseau, J.L. Betters, V.A. Lira, Q.A. Soltow, J.T. Selsby,
et al., In vivo inhibition of nitric oxide synthase impairs upregulation of
contractile protein mRNA in overloaded plantaris muscle. J Appl Physiol, 2006.
100(1): p. 258-65.

317.

Serena, E., M. Flaibani, S. Carnio, L. Boldrin, L. Vitiello, P. De Coppi, et al.,
Electrophysiologic stimulation improves myogenic potential of muscle precursor
cells grown in a 3D collagen scaffold. Neurol Res, 2008. 30(2): p. 207-14.

318.

Koh, T.J. and J.G. Tidball, Nitric oxide synthase inhibitors reduce sarcomere
addition in rat skeletal muscle. J Physiol, 1999. 519 Pt 1: p. 189-96.

319.

Huebner, K.D., D.S. Jassal, O. Halevy, M. Pines, and J.E. Anderson, Functional
resolution of fibrosis in mdx mouse dystrophic heart and skeletal muscle by
halofuginone. Am J Physiol Heart Circ Physiol, 2008. 294(4): p. H1550-61.

252

320.

Davidson, S.R., M. Burnett, and L. Hoffman-Goetz, Training effects in mice after
long-term voluntary exercise. Med Sci Sports Exerc, 2006. 38(2): p. 250-5.

321.

Navarro, A., C. Gomez, J.M. Lopez-Cepero, and A. Boveris, Beneficial effects of
moderate exercise on mice aging: survival, behavior, oxidative stress, and
mitochondrial electron transfer. Am J Physiol Regul Integr Comp Physiol, 2004.
286(3): p. R505-11.

322.

Moraska, A., T. Deak, R.L. Spencer, D. Roth, and M. Fleshner, Treadmill running
produces both positive and negative physiological adaptations in SpragueDawley rats. Am J Physiol Regul Integr Comp Physiol, 2000. 279(4): p. R1321-9.

323.

Jeneson, J.A., M.W. de Snoo, N.A. Verlinden, B.J. Joosten, A. Doornenbal, A.
Schot, et al., Treadmill but not wheel running improves fatigue resistance of
isolated extensor digitorum longus muscle in mice. Acta Physiol (Oxf), 2007.
190(2): p. 151-61.

324.

Enns, D.L., S. Iqbal, and P.M. Tiidus, Oestrogen receptors mediate oestrogeninduced increases in post-exercise rat skeletal muscle satellite cells. Acta Physiol
(Oxf), 2008.

325.

Casimiro-Lopes, G., S.B. Alves, V.P. Salerno, M.C. Passos, P.C. Lisboa, and E.G.
Moura, Maximum acute exercise tolerance in hyperthyroid and hypothyroid rats
subjected to forced swimming. Horm Metab Res, 2008. 40(4): p. 276-80.

326.

Ingram, D.K., E.D. London, M.A. Reynolds, S.B. Waller, and C.L. Goodrick,
Differential effects of age on motor performance in two mouse strains. Neurobiol
Aging, 1981. 2(3): p. 221-7.

253

327.

Yaspelkis, B.B., 3rd, M.K. Singh, B. Trevino, A.D. Krisan, and D.E. Collins,
Resistance training increases glucose uptake and transport in rat skeletal muscle.
Acta Physiol Scand, 2002. 175(4): p. 315-23.

328.

Wernig, A., A. Irintchev, and P. Weisshaupt, Muscle injury, cross-sectional area
and fibre type distribution in mouse soleus after intermittent wheel-running. J
Physiol, 1990. 428: p. 639-52.

329.

Zhan, W.Z., J.G. Swallow, T. Garland, Jr., D.N. Proctor, P.A. Carter, and G.C.
Sieck, Effects of genetic selection and voluntary activity on the medial
gastrocnemius muscle in house mice. J Appl Physiol, 1999. 87(6): p. 2326-33.

330.

Legerlotz, K., B. Elliott, B. Guillemin, and H.K. Smith, Voluntary resistance
running wheel activity pattern and skeletal muscle growth in rats. Exp Physiol,
2008. 93(6): p. 754-62.

331.

De Bono, J.P., D. Adlam, D.J. Paterson, and K.M. Channon, Novel quantitative
phenotypes of exercise training in mouse models. Am J Physiol Regul Integr
Comp Physiol, 2006. 290(4): p. R926-34.

332.

Jacobs, S.C., J.H. Wokke, P.R. Bar, and A.L. Bootsma, Satellite cell activation
after muscle damage in young and adult rats. Anat Rec, 1995. 242(3): p. 329-36.

333.

Podhorska-Okolow, M., M. Sandri, S. Zampieri, B. Brun, K. Rossini, and U.
Carraro, Apoptosis of myofibres and satellite cells: exercise-induced damage in
skeletal muscle of the mouse. Neuropathol Appl Neurobiol, 1998. 24(6): p. 51831.

334.

Darr, K.C. and E. Schultz, Exercise-induced satellite cell activation in growing
and mature skeletal muscle. J Appl Physiol, 1987. 63(5): p. 1816-21.

254

335.

Wadley, G.D., J. Choate, and G.K. McConell, NOS isoform-specific regulation of
basal but not exercise-induced mitochondrial biogenesis in mouse skeletal
muscle. J Physiol, 2007. 585(Pt 1): p. 253-62.

336.

Vassilakopoulos, T., G. Deckman, M. Kebbewar, G. Rallis, R. Harfouche, and
S.N. Hussain, Regulation of nitric oxide production in limb and ventilatory
muscles during chronic exercise training. Am J Physiol Lung Cell Mol Physiol,
2003. 284(3): p. L452-7.

337.

Danson, E.J., K.S. Mankia, S. Golding, T. Dawson, L. Everatt, S. Cai, et al.,
Impaired regulation of neuronal nitric oxide synthase and heart rate during
exercise in mice lacking one nNOS allele. J Physiol, 2004. 558(Pt 3): p. 963-74.

338.

Kariya, F., H. Yamauchi, K. Kobayashi, M. Narusawa, and Y. Nakahara, Effects
of prolonged voluntary wheel-running on muscle structure and function in rat
skeletal muscle. Eur J Appl Physiol, 2004. 92(1-2): p. 90-7.

339.

Brown, M., T.P. Ross, and J.O. Holloszy, Effects of ageing and exercise on soleus
and extensor digitorum longus muscles of female rats. Mech Ageing Dev, 1992.
63(1): p. 69-77.

340.

Roberts, P. and J.K. McGeachie, The effects of pre- and posttransplantation
exercise on satellite cell activation and the regeneration of skeletal muscle
transplants: a morphometric and autoradiographic study in mice. J Anat, 1992.
180 ( Pt 1): p. 67-74.

341.

Armstrong, R.B., M.H. Laughlin, L. Rome, and C.R. Taylor, Metabolism of rats
running up and down an incline. J Appl Physiol, 1983. 55(2): p. 518-21.

255

342.

Friden, J. and R.L. Lieber, Structural and mechanical basis of exercise-induced
muscle injury. Med Sci Sports Exerc, 1992. 24(5): p. 521-30.

343.

Whitehead, N.P., M. Streamer, L.I. Lusambili, F. Sachs, and D.G. Allen,
Streptomycin reduces stretch-induced membrane permeability in muscles from
mdx mice. Neuromuscul Disord, 2006. 16(12): p. 845-54.

344.

Carmichael, M.D., J.M. Davis, E.A. Murphy, A.S. Brown, J.A. Carson, E.P.
Mayer, et al., Role of brain IL-1beta on fatigue after exercise-induced muscle
damage. Am J Physiol Regul Integr Comp Physiol, 2006. 291(5): p. R1344-8.

345.

Kemi, O.J., J.P. Loennechen, U. Wisloff, and O. Ellingsen, Intensity-controlled
treadmill running in mice: cardiac and skeletal muscle hypertrophy. J Appl
Physiol, 2002. 93(4): p. 1301-9.

346.

Golumbek, P.T., R.M. Keeling, and A.M. Connolly, Strength and corticosteroid
responsiveness of mdx mice is unchanged by RAG2 gene knockout. Neuromuscul
Disord, 2007. 17(5): p. 376-84.

347.

Dunnett, S.B., E.M. Torres, and L.E. Annett, A lateralised grip strength test to
evaluate unilateral nigrostriatal lesions in rats. Neurosci Lett, 1998. 246(1): p. 14.

348.

Galtrey, C.M. and J.W. Fawcett, Characterization of tests of functional recovery
after median and ulnar nerve injury and repair in the rat forelimb. J Peripher
Nerv Syst, 2007. 12(1): p. 11-27.

349.

Tos, P., G. Ronchi, S. Nicolino, C. Audisio, S. Raimondo, M. Fornaro, et al.,
Employment of the mouse median nerve model for the experimental assessment of
peripheral nerve regeneration. J Neurosci Methods, 2008. 169(1): p. 119-27.

256

350.

Bertelli, J.A. and J.C. Mira, The grasping test: a simple behavioral method for
objective quantitative assessment of peripheral nerve regeneration in the rat. J
Neurosci Methods, 1995. 58(1-2): p. 151-5.

351.

Ingram, D.K. and M.A. Reynolds, Assessing the predictive validity of
psychomotor tests as measures of biological age in mice. Exp Aging Res, 1986.
12(3): p. 155-62.

352.

Hayflick, L., Entropy explains aging, genetic determinism explains longevity, and
undefined terminology explains misunderstanding both. PLoS Genet, 2007. 3(12):
p. e220.

353.

Stump, C.S., E.J. Henriksen, Y. Wei, and J.R. Sowers, The metabolic syndrome:
role of skeletal muscle metabolism. Ann Med, 2006. 38(6): p. 389-402.

354.

Balagopal, P., O.E. Rooyackers, D.B. Adey, P.A. Ades, and K.S. Nair, Effects of
aging on in vivo synthesis of skeletal muscle myosin heavy-chain and
sarcoplasmic protein in humans. Am J Physiol, 1997. 273(4 Pt 1): p. E790-800.

355.

Kohrt, W.M. and J.O. Holloszy, Loss of skeletal muscle mass with aging: effect
on glucose tolerance. J Gerontol A Biol Sci Med Sci, 1995. 50 Spec No: p. 68-72.

356.

Herbst, K.L. and S. Bhasin, Testosterone action on skeletal muscle. Curr Opin
Clin Nutr Metab Care, 2004. 7(3): p. 271-7.

357.

Turner, C.H., Muscle-bone interactions, revisited. Bone, 2000. 27(3): p. 339-40.

358.

Ferretti, J.L., R.F. Capozza, G.R. Cointry, S.L. Garcia, H. Plotkin, M.L. Alvarez
Filgueira, et al., Gender-related differences in the relationship between
densitometric values of whole-body bone mineral content and lean body mass in
humans between 2 and 87 years of age. Bone, 1998. 22(6): p. 683-90.

257

359.

Schiessl, H., H.M. Frost, and W.S. Jee, Estrogen and bone-muscle strength and
mass relationships. Bone, 1998. 22(1): p. 1-6.

360.

Nordin, M. and V. Frankel, Basic Biomechanics of the Musculoskeletal System.
Second ed. Basic Biomechanics of the Skeletal System. 1989, Media, PA:
Williams and Wilkins. 323.

361.

Anderson, J.E., D.L. Lentz, and R.B. Johnson, Recovery from disuse osteopenia
coincident to restoration of muscle strength in mdx mice. Bone, 1993. 14(4): p.
625-34.

362.

Walsh, M.C., G.R. Hunter, and M.B. Livingstone, Sarcopenia in premenopausal
and postmenopausal women with osteopenia, osteoporosis and normal bone
mineral density. Osteoporos Int, 2006. 17(1): p. 61-7.

363.

Garibotto, G., A. Barreca, R. Russo, A. Sofia, P. Araghi, A. Cesarone, et al.,
Effects of recombinant human growth hormone on muscle protein turnover in
malnourished hemodialysis patients. J Clin Invest, 1997. 99(1): p. 97-105.

364.

Russell, J.A., C.A. Kindig, B.J. Behnke, D.C. Poole, and T.I. Musch, Effects of
aging on capillary geometry and hemodynamics in rat spinotrapezius muscle. Am
J Physiol Heart Circ Physiol, 2003. 285(1): p. H251-8.

365.

Haidet, G.C. and D. Parsons, Reduced exercise capacity in senescent beagles: an
evaluation of the periphery. Am J Physiol, 1991. 260(1 Pt 2): p. H173-82.

366.

Roubenoff, R., T.B. Harris, L.W. Abad, P.W. Wilson, G.E. Dallal, and C.A.
Dinarello, Monocyte cytokine production in an elderly population: effect of age
and inflammation. J Gerontol A Biol Sci Med Sci, 1998. 53(1): p. M20-6.

258

367.

Zoico, E. and R. Roubenoff, The role of cytokines in regulating protein
metabolism and muscle function. Nutr Rev, 2002. 60(2): p. 39-51.

368.

Nagaraju, K., Immunological capabilities of skeletal muscle cells. Acta Physiol
Scand, 2001. 171(3): p. 215-23.

369.

Roth, S.M., E.J. Metter, S. Ling, and L. Ferrucci, Inflammatory factors in agerelated muscle wasting. Curr Opin Rheumatol, 2006. 18(6): p. 625-30.

370.

Dupont-Versteegden, E.E., Apoptosis in skeletal muscle and its relevance to
atrophy. World J Gastroenterol, 2006. 12(46): p. 7463-6.

371.

Leeuwenburgh, C., Role of apoptosis in sarcopenia. J Gerontol A Biol Sci Med
Sci, 2003. 58(11): p. 999-1001.

372.

Lexell, J., Human aging, muscle mass, and fiber type composition. J Gerontol A
Biol Sci Med Sci, 1995. 50 Spec No: p. 11-6.

373.

Pedersen, M., H. Bruunsgaard, N. Weis, H.W. Hendel, B.U. Andreassen, E.
Eldrup, et al., Circulating levels of TNF-alpha and IL-6-relation to truncal fat
mass and muscle mass in healthy elderly individuals and in patients with type-2
diabetes. Mech Ageing Dev, 2003. 124(4): p. 495-502.

374.

Cesari, M., S.B. Kritchevsky, R.N. Baumgartner, H.H. Atkinson, B.W. Penninx,
L. Lenchik, et al., Sarcopenia, obesity, and inflammation--results from the Trial
of Angiotensin Converting Enzyme Inhibition and Novel Cardiovascular Risk
Factors study. Am J Clin Nutr, 2005. 82(2): p. 428-34.

375.

Kamel, H.K., Sarcopenia and aging. Nutr Rev, 2003. 61(5 Pt 1): p. 157-67.

376.

Welle, S., Cellular and molecular basis of age-related sarcopenia. Can J Appl
Physiol, 2002. 27(1): p. 19-41.

259

377.

Smythe, G.M., T. Shavlakadze, P. Roberts, M.J. Davies, J.K. McGeachie, and
M.D. Grounds, Age influences the early events of skeletal muscle regeneration:
studies of whole muscle grafts transplanted between young (8 weeks) and old (1321 months) mice. Exp Gerontol, 2008. 43(6): p. 550-62.

378.

Doherty, T.J., Invited review: Aging and sarcopenia. J Appl Physiol, 2003. 95(4):
p. 1717-27.

379.

Grounds, M.D., Reasons for the degeneration of ageing skeletal muscle: a central
role for IGF-1 signalling. Biogerontology, 2002. 3(1-2): p. 19-24.

380.

Lynch, G.S., J.D. Schertzer, and J.G. Ryall, Therapeutic approaches for muscle
wasting disorders. Pharmacol Ther, 2007. 113(3): p. 461-87.

381.

Booth, F.W., S.H. Weeden, and B.S. Tseng, Effect of aging on human skeletal
muscle and motor function. Med Sci Sports Exerc, 1994. 26(5): p. 556-60.

382.

Lexell, J. and D. Downham, What is the effect of ageing on type 2 muscle fibres?
J Neurol Sci, 1992. 107(2): p. 250-1.

383.

Dedkov, E.I., A.B. Borisov, and B.M. Carlson, Dynamics of postdenervation
atrophy of young and old skeletal muscles: differential responses of fiber types
and muscle types. J Gerontol A Biol Sci Med Sci, 2003. 58(11): p. 984-91.

384.

Jakobsson, F., K. Borg, and L. Edstrom, Fibre-type composition, structure and
cytoskeletal protein location of fibres in anterior tibial muscle. Comparison
between young adults and physically active aged humans. Acta Neuropathol,
1990. 80(5): p. 459-68.

260

385.

Brunner, F., A. Schmid, A. Sheikhzadeh, M. Nordin, J. Yoon, and V. Frankel,
Effects of aging on Type II muscle fibers: a systematic review of the literature. J
Aging Phys Act, 2007. 15(3): p. 336-48.

386.

Andersen, J.L., Muscle fibre type adaptation in the elderly human muscle. Scand J
Med Sci Sports, 2003. 13(1): p. 40-7.

387.

Grimby, G., Muscle performance and structure in the elderly as studied crosssectionally and longitudinally. J Gerontol A Biol Sci Med Sci, 1995. 50 Spec No:
p. 17-22.

388.

Klitgaard, H., A. Brunet, B. Maton, C. Lamaziere, C. Lesty, and H. Monod,
Morphological and biochemical changes in old rat muscles: effect of increased
use. J Appl Physiol, 1989. 67(4): p. 1409-17.

389.

Lexell, J., D. Downham, and M. Sjostrom, Distribution of different fibre types in
human skeletal muscles. Fibre type arrangement in m. vastus lateralis from three
groups of healthy men between 15 and 83 years. J Neurol Sci, 1986. 72(2-3): p.
211-22.

390.

Lexell, J. and D.Y. Downham, The occurrence of fibre-type grouping in healthy
human muscle: a quantitative study of cross-sections of whole vastus lateralis
from men between 15 and 83 years. Acta Neuropathol, 1991. 81(4): p. 377-81.

391.

Brooks, S.V. and J.A. Faulkner, Skeletal muscle weakness in old age: underlying
mechanisms. Med Sci Sports Exerc, 1994. 26(4): p. 432-9.

392.

Faulkner, J.A., S.V. Brooks, and E. Zerba, Muscle atrophy and weakness with
aging: contraction-induced injury as an underlying mechanism. J Gerontol A Biol
Sci Med Sci, 1995. 50 Spec No: p. 124-9.

261

393.

Lynch, G.S., J.A. Faulkner, and S.V. Brooks, Force deficits and breakage rates
after single lengthening contractions of single fast fibers from unconditioned and
conditioned muscles of young and old rats. Am J Physiol Cell Physiol, 2008.
295(1): p. C249-56.

394.

Frontera, W.R., V.A. Hughes, R.A. Fielding, M.A. Fiatarone, W.J. Evans, and R.
Roubenoff, Aging of skeletal muscle: a 12-yr longitudinal study. J Appl Physiol,
2000. 88(4): p. 1321-6.

395.

Porter, M.M., The effects of strength training on sarcopenia. Can J Appl Physiol,
2001. 26(1): p. 123-41.

396.

Aniansson, A., M. Hedberg, G.B. Henning, and G. Grimby, Muscle morphology,
enzymatic activity, and muscle strength in elderly men: a follow-up study. Muscle
Nerve, 1986. 9(7): p. 585-91.

397.

Macaluso, A. and G. De Vito, Muscle strength, power and adaptations to
resistance training in older people. Eur J Appl Physiol, 2004. 91(4): p. 450-72.

398.

Hortobagyi, T., D. Zheng, M. Weidner, N.J. Lambert, S. Westbrook, and J.A.
Houmard, The influence of aging on muscle strength and muscle fiber
characteristics with special reference to eccentric strength. J Gerontol A Biol Sci
Med Sci, 1995. 50(6): p. B399-406.

399.

Lynch, N.A., E.J. Metter, R.S. Lindle, J.L. Fozard, J.D. Tobin, T.A. Roy, et al.,
Muscle quality. I. Age-associated differences between arm and leg muscle groups.
J Appl Physiol, 1999. 86(1): p. 188-94.

262

400.

Poulin, M.J., A.A. Vandervoort, D.H. Paterson, J.F. Kramer, and D.A.
Cunningham, Eccentric and concentric torques of knee and elbow extension in
young and older men. Can J Sport Sci, 1992. 17(1): p. 3-7.

401.

Vandervoot, A.A. and T.B. Symons, Functional and metabolic consequences of
sarcopenia. Can J Appl Physiol, 2001. 26(1): p. 90-101.

402.

Snow, C., J. Cooper, A. Quanbury, and J. Anderson, Antagonist cocontraction of
knee extensors during constant velocity muscle shortening and lengthening.
Journal of Electromyography and Kinesiology, 1995. 5(3): p. 185-192.

403.

Aagaard, P., E.B. Simonsen, J.L. Andersen, S.P. Magnusson, F. Bojsen-Moller,
and P. Dyhre-Poulsen, Antagonist muscle coactivation during isokinetic knee
extension. Scand J Med Sci Sports, 2000. 10(2): p. 58-67.

404.

Metter, E.J., R. Conwit, J. Tobin, and J.L. Fozard, Age-associated loss of power
and strength in the upper extremities in women and men. J Gerontol A Biol Sci
Med Sci, 1997. 52(5): p. B267-76.

405.

Skelton, D.A., C.A. Greig, J.M. Davies, and A. Young, Strength, power and
related functional ability of healthy people aged 65-89 years. Age Ageing, 1994.
23(5): p. 371-7.

406.

Bassey, E.J., M.A. Fiatarone, E.F. O'Neill, M. Kelly, W.J. Evans, and L.A.
Lipsitz, Leg extensor power and functional performance in very old men and
women. Clin Sci (Lond), 1992. 82(3): p. 321-7.

407.

Narici, M., Human skeletal muscle architecture studied in vivo by non-invasive
imaging techniques: functional significance and applications. J Electromyogr
Kinesiol, 1999. 9(2): p. 97-103.

263

408.

Roos, M.R., C.L. Rice, D.M. Connelly, and A.A. Vandervoort, Quadriceps
muscle strength, contractile properties, and motor unit firing rates in young and
old men. Muscle Nerve, 1999. 22(8): p. 1094-103.

409.

Earles, D.R., J.O. Judge, and O.T. Gunnarsson, Velocity training induces powerspecific adaptations in highly functioning older adults. Arch Phys Med Rehabil,
2001. 82(7): p. 872-8.

410.

Fielding, R.A., N.K. LeBrasseur, A. Cuoco, J. Bean, K. Mizer, and M.A.
Fiatarone Singh, High-velocity resistance training increases skeletal muscle peak
power in older women. J Am Geriatr Soc, 2002. 50(4): p. 655-62.

411.

Hruda, K.V., A.L. Hicks, and N. McCartney, Training for muscle power in older
adults: effects on functional abilities. Can J Appl Physiol, 2003. 28(2): p. 178-89.

412.

Izquierdo, M., K. Hakkinen, J. Ibanez, M. Garrues, A. Anton, A. Zuniga, et al.,
Effects of strength training on muscle power and serum hormones in middle-aged
and older men. J Appl Physiol, 2001. 90(4): p. 1497-507.

413.

Henwood, T.R. and D.R. Taaffe, Improved physical performance in older adults
undertaking a short-term programme of high-velocity resistance training.
Gerontology, 2005. 51(2): p. 108-15.

414.

Kongsgaard, M., V. Backer, K. Jorgensen, M. Kjaer, and N. Beyer, Heavy
resistance training increases muscle size, strength and physical function in
elderly male COPD-patients--a pilot study. Respir Med, 2004. 98(10): p. 1000-7.

415.

Signorile, J.F., M.P. Carmel, S.J. Czaja, S.S. Asfour, R.O. Morgan, T.M. Khalil,
et al., Differential increases in average isokinetic power by specific muscle

264

groups of older women due to variations in training and testing. J Gerontol A
Biol Sci Med Sci, 2002. 57(10): p. M683-90.
416.

Hakkinen, K. and A. Hakkinen, Neuromuscular adaptations during intensive
strength training in middle-aged and elderly males and females. Electromyogr
Clin Neurophysiol, 1995. 35(3): p. 137-47.

417.

Hakkinen, K., R.U. Newton, S.E. Gordon, M. McCormick, J.S. Volek, B.C.
Nindl, et al., Changes in muscle morphology, electromyographic activity, and
force production characteristics during progressive strength training in young
and older men. J Gerontol A Biol Sci Med Sci, 1998. 53(6): p. B415-23.

418.

Sayers, S.P., J. Bean, A. Cuoco, N.K. LeBrasseur, A. Jette, and R.A. Fielding,
Changes in function and disability after resistance training: does velocity
matter?: a pilot study. Am J Phys Med Rehabil, 2003. 82(8): p. 605-13.

419.

Kawamura, Y., H. Okazaki, P.C. O'Brien, and P.J. Dych, Lumbar motoneurons of
man: I) number and diameter histogram of alpha and gamma axons of ventral
root. J Neuropathol Exp Neurol, 1977. 36(5): p. 853-60.

420.

Thomas, D.R., Loss of skeletal muscle mass in aging: examining the relationship
of starvation, sarcopenia and cachexia. Clin Nutr, 2007. 26(4): p. 389-99.

421.

Capanni, C., S. Squarzoni, S. Petrini, M. Villanova, C. Muscari, N.M. Maraldi, et
al., Increase of neuronal nitric oxide synthase in rat skeletal muscle during
ageing. Biochem Biophys Res Commun, 1998. 245(1): p. 216-9.

422.

Richmonds, C.R., K. Boonyapisit, L.L. Kusner, and H.J. Kaminski, Nitric oxide
synthase in aging rat skeletal muscle. Mech Ageing Dev, 1999. 109(3): p. 177-89.

265

423.

Delday, M.I. and C.A. Maltin, Clenbuterol increases the expression of myogenin
but not myoD in immobilized rat muscles. Am J Physiol, 1997. 272(5 Pt 1): p.
E941-4.

424.

Lowe, D.A., T. Lund, and S.E. Alway, Hypertrophy-stimulated myogenic
regulatory factor mRNA increases are attenuated in fast muscle of aged quails.
Am J Physiol, 1998. 275(1 Pt 1): p. C155-62.

425.

Mozdziak, P.E., M.L. Greaser, and E. Schultz, Myogenin, MyoD, and myosin
expression after pharmacologically and surgically induced hypertrophy. J Appl
Physiol, 1998. 84(4): p. 1359-64.

426.

Alway, S.E., D.A. Lowe, and K.D. Chen, The effects of age and hindlimb
supension on the levels of expression of the myogenic regulatory factors MyoD
and myogenin in rat fast and slow skeletal muscles. Exp Physiol, 2001. 86(4): p.
509-17.

427.

Edstrom, E. and B. Ulfhake, Sarcopenia is not due to lack of regenerative drive in
senescent skeletal muscle. Aging Cell, 2005. 4(2): p. 65-77.

428.

McPherron, A.C. and S.J. Lee, Double muscling in cattle due to mutations in the
myostatin gene. Proc Natl Acad Sci U S A, 1997. 94(23): p. 12457-61.

429.

Grobet, L., L.J. Martin, D. Poncelet, D. Pirottin, B. Brouwers, J. Riquet, et al., A
deletion in the bovine myostatin gene causes the double-muscled phenotype in
cattle. Nat Genet, 1997. 17(1): p. 71-4.

430.

Kawada, S., C. Tachi, and N. Ishii, Content and localization of myostatin in
mouse skeletal muscles during aging, mechanical unloading and reloading. J
Muscle Res Cell Motil, 2001. 22(8): p. 627-33.

266

431.

Seibert, M.J., Q.L. Xue, L.P. Fried, and J.D. Walston, Polymorphic variation in
the human myostatin (GDF-8) gene and association with strength measures in the
Women's Health and Aging Study II cohort. J Am Geriatr Soc, 2001. 49(8): p.
1093-6.

432.

Corsi, A.M., L. Ferrucci, A. Gozzini, A. Tanini, and M.L. Brandi, Myostatin
polymorphisms and age-related sarcopenia in the Italian population. J Am
Geriatr Soc, 2002. 50(8): p. 1463.

433.

Rosenberg, I.H., Sarcopenia: origins and clinical relevance. J Nutr, 1997. 127(5
Suppl): p. 990S-991S.

434.

Navarro, A., J.M. Lopez-Cepero, and M.J. Sanchez del Pino, Skeletal muscle and
aging. Front Biosci, 2001. 6: p. D26-44.

435.

Morley, J.E., R.N. Baumgartner, R. Roubenoff, J. Mayer, and K.S. Nair,
Sarcopenia. J Lab Clin Med, 2001. 137(4): p. 231-43.

436.

Narici, M.V., C.N. Maganaris, N.D. Reeves, and P. Capodaglio, Effect of aging
on human muscle architecture. J Appl Physiol, 2003. 95(6): p. 2229-34.

437.

Johnston, A.P., M. De Lisio, and G. Parise, Resistance training, sarcopenia, and
the mitochondrial theory of aging. Appl Physiol Nutr Metab, 2008. 33(1): p. 1919.

438.

Tarnopolsky, M.A. and A. Safdar, The potential benefits of creatine and
conjugated linoleic acid as adjuncts to resistance training in older adults. Appl
Physiol Nutr Metab, 2008. 33(1): p. 213-27.

267

439.

Mackey, A.L., B. Esmarck, F. Kadi, S.O. Koskinen, M. Kongsgaard, A.
Sylvestersen, et al., Enhanced satellite cell proliferation with resistance training
in elderly men and women. Scand J Med Sci Sports, 2007. 17(1): p. 34-42.

440.

Brown, J.P., M. Fortier, H. Frame, A. Lalonde, A. Papaioannou, V. Senikas, et al.,
Canadian consensus conference on osteoporosis, 2006 update. J Obstet Gynaecol
Can, 2006. 28(2 Suppl 1): p. S95-S112.

441.

Conboy, I.M. and T.A. Rando, Aging, stem cells and tissue regeneration: lessons
from muscle. Cell Cycle, 2005. 4(3): p. 407-10.

442.

Proske, U. and D.L. Morgan, Muscle damage from eccentric exercise:
mechanism, mechanical signs, adaptation and clinical applications. J Physiol,
2001. 537(Pt 2): p. 333-45.

443.

Renault, V., L.E. Thornell, P.O. Eriksson, G. Butler-Browne, and V. Mouly,
Regenerative potential of human skeletal muscle during aging. Aging Cell, 2002.
1(2): p. 132-9.

444.

Kadi, F., N. Charifi, C. Denis, and J. Lexell, Satellite cells and myonuclei in
young and elderly women and men. Muscle Nerve, 2004. 29(1): p. 120-7.

445.

Verdijk, L.B., R. Koopman, G. Schaart, K. Meijer, H.H. Savelberg, and L.J. van
Loon, Satellite cell content is specifically reduced in type II skeletal muscle fibers
in the elderly. Am J Physiol Endocrinol Metab, 2007. 292(1): p. E151-7.

446.

Roth, S.M., G.F. Martel, F.M. Ivey, J.T. Lemmer, E.J. Metter, B.F. Hurley, et al.,
Skeletal muscle satellite cell populations in healthy young and older men and
women. Anat Rec, 2000. 260(4): p. 351-8.

268

447.

Dreyer, H.C., C.E. Blanco, F.R. Sattler, E.T. Schroeder, and R.A. Wiswell,
Satellite cell numbers in young and older men 24 hours after eccentric exercise.
Muscle Nerve, 2006. 33(2): p. 242-53.

448.

Meyer, O.A., H.A. Tilson, W.C. Byrd, and M.T. Riley, A method for the routine
assessment of fore- and hindlimb grip strength of rats and mice. Neurobehav
Toxicol, 1979. 1(3): p. 233-6.

449.

Ludatscher, R., M. Silbermann, D. Gershon, and A. Reznick, The effects of
enforced running on the gastrocnemius muscle in aging mice: an ultrastructural
study. Exp Gerontol, 1983. 18(2): p. 113-23.

450.

Day, K., B. Paterson, and Z. Yablonka-Reuveni, A distinct profile of myogenic
regulatory factor detection within Pax7(+) cells at S phase supports a unique role
of Myf5 during posthatch chicken myogenesis. Dev Dyn, 2009. 238(4): p. 10011009.

451.

Bean, J.F., A. Vora, and W.R. Frontera, Benefits of exercise for communitydwelling older adults. Arch Phys Med Rehabil, 2004. 85(7 Suppl 3): p. S31-42;
quiz S43-4.

452.

Church, T. and S.N. Blair, When Will We Treat Physical Activity as a Legitimate
Medical Therapy......even though it does not come in a pill? Br J Sports Med,
2008.

453.

Labarca, C. and K. Paigen, A simple, rapid, and sensitive DNA assay procedure.
Anal Biochem, 1980. 102(2): p. 344-52.

454.

Hawke, T.J., D.J. Atkinson, S.B. Kanatous, P.F. Van der Ven, S.C. Goetsch, and
D.J. Garry, Xin, an actin binding protein, is expressed within muscle satellite cells

269

and newly regenerated skeletal muscle fibers. Am J Physiol Cell Physiol, 2007.
293(5): p. C1636-44.
455.

Faulkner, J.A., L.M. Larkin, D.R. Claflin, and S.V. Brooks, Age-related changes
in the structure and function of skeletal muscles. Clin Exp Pharmacol Physiol,
2007. 34(11): p. 1091-6.

456.

McCroskery, S., M. Thomas, L. Maxwell, M. Sharma, and R. Kambadur,
Myostatin negatively regulates satellite cell activation and self-renewal. J Cell
Biol, 2003. 162(6): p. 1135-47.

457.

Siriett, V., M.S. Salerno, C. Berry, G. Nicholas, R. Bower, R. Kambadur, et al.,
Antagonism of myostatin enhances muscle regeneration during sarcopenia. Mol
Ther, 2007. 15(8): p. 1463-70.

458.

Hikida, R.S., S. Walsh, N. Barylski, G. Campos, F.C. Hagerman, and R.S. Staron,
Is Hypertrophy limited in elderly muscle fibers? A comparison of elderly and
young strength-trained men. Basic Applied Myology, 1998. 8: p. 419-427.

459.

Krajnak, K., S. Waugh, R. Miller, B. Baker, K. Geronilla, S.E. Alway, et al.,
Proapoptotic factor Bax is increased in satellite cells in the tibialis anterior
muscles of old rats. Muscle Nerve, 2006. 34(6): p. 720-30.

460.

Siriett, V., L. Platt, M.S. Salerno, N. Ling, R. Kambadur, and M. Sharma,
Prolonged absence of myostatin reduces sarcopenia. J Cell Physiol, 2006. 209(3):
p. 866-73.

270

271

