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ABSTRACT 
 

Cardiac myofibroblasts participate in post-myocardial infarct (MI) wound healing, infarct 

scar formation, and remodeling of the ventricle remote to the site of infarction. The role of 

intracellular calcium handling in cardiac myofibroblasts as a modulator of cellular motility, 

contractile responses, and proliferation is largely unexplored. We have investigated the role of 

sodium calcium exchange (Na Ca exchange or NCX1.1) and non-selective cation channels 

(NSCCs) in regulation of myofibroblast function using a pharmacological inhibitor approach in 

vitro. Primary myofibroblasts were stimulated with PDGF-BB and cellular chemotaxis, 

contraction and proliferative responses were characterized using standard bioassays (Costar 

Transwell apparatuses, pre-formed collagen type I gel deformation assays, and 3H-thymidine 

incorporation). Stimulated cellular responses were compared to those in the presence of AG1296 

(PDGFβR inhibitor), KB-R7943 (NCX inhibitor), gadolinium, nifedipine or ML-7. 

Immunofluorescence was used to determine localized expression of αSMA, SMemb, NCX1.1, 

and Cav1.2a in cultured myofibroblasts. Motility of myofibroblasts in the presence of 50 ng/ml 

PDGF-BB was blocked with AG1296 treatment (2, 5, 10 and 20 µM). Chelation of extracellular 

calcium with EGTA (2, 3, and 4 mM) resulted in decreased motility, contractility, and 

proliferation in the presence of 50 ng/ml PDGF-BB. Reintroduction of 2, 5, and 10 mM CaCl2 to 

chelated media resulted in reversal of the EGTA-mediated response, and this was attended by a 

morphological reversion of cells with a rounded appearance in the presence of EGTA, to a 

normal cellular appearance as characterized by reformation of lamellipodia and filopodia. No 

change in cellular motility was observed in ionomycin-treated (18, 56, and 166 nM) 

myofibroblasts in the presence of either 50 ng/ml PDGF-BB, or 20 ng/ml LoFGF-2. 

Immunoblotting and immunocytochemical studies revealed expression of NCX1.1 in fibroblasts 

and myofibroblasts. Motility (in the presence of either 50 ng/ml PDGF-BB, or 10 ng/ml CT-1), 

contraction (in the presence of either 10 ng/ml PDGF-BB or 10 ng/ml TGFβ1), and proliferation 

(in the presence of 10 ng/ml PDGF-BB) were sensitive to KB-R7943 treatment of cells (7.5 and 

10 µM for motility, 5 and 10 µM for contractility, and 10 µM for proliferation). Proliferation (in 

the presence of PDGF-BB), and contractility (in the presence of either PDGF-BB or TGFβ) but 

not motility (in the presence of PDGF-BB) are sensitive to 10 µM nifedipine treatment, while 10 

and 20 µM gadolinium treatment was associated only with decreased motility of cells (in the 

presence of either PDGF-BB, CT-1, or 20 ng/ml LoFGF-2). We found that ML-7 treatment 



inhibited cellular chemotaxis (10 and 20 µM), and contraction (20 µM). Thus cellular 

chemotaxis, contractile, and proliferation responses were sensitive to different pharmacologic 

treatment.  

Regulation of transplasmalemmal calcium movements may be important in cytokine and 

growth factor receptor-mediated cardiac myofibroblast motility, contractility, and proliferation. 

Furthermore, our results support the hypothesis that activation of specific calcium transport 

proteins is an important determinant of physiologic responses.  
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I INTRODUCTION 
 

Heart disease has reached epidemic proportions in Canada and worldwide. Estimates in 

2002 predicted that cardiovascular disease accounted for 30% of all global deaths, while in 

Canada of this same year, 20% of all deaths were ascribed to coronary heart disease. In recent 

decades, improvements in the treatment of acute myocardial infarction (MI) have led to declining 

rates in mortality and morbidity in recovering post-MI patients (1). However, concomitant with 

improved patient outcome, greater numbers of patients survive the acute phases of MI and 

undergo the processes associated with myocardial tissue healing, resulting in abnormal 

expansion of myocardial extracellular matrix (ECM) interstitium with many ultimately 

succumbing to ventricular dysfunction and, depending on the size of the initial infarct, 

development of congestive heart failure (CHF) (2). Cardiac wound healing post-MI may be 

acompanied by excessive remodeling of the ECM (3). In response to time-dependent changes in 

the humoral milieu of the myocardium, gross ventricular changes ensue and give rise to altered 

patterns of myocardial cell gene expression (4). Initially, wound healing of the infarct zone in the 

ventricular wall works to repopulate the metabolically active infarct scar with non-myocytes (5, 

6). Changes in ventricular architecture, characterized by excessive collagen accumulation, occur 

not only at the site of the infarct (acute process), but also in remote regions (chronic process) 

unaffected by the ischemic insult. The onset of chronic MI following fibrosis is detrimental to 

cardiac function due to physical stiffening of the myocardium and disruption of electrical 

connectivity between cardiomyocytes (7). Despite ongoing work to elucidate the sequelae of 

events that transpire in the course of cardiac remodeling in post-MI hearts, we do not fully 

understand the nature of this process. Cardiomyocyte necrosis and apoptosis is recognized as the 

primary basis for loss of ventricular function following ischemic injury (8). However, the non-

myocyte cell population is now recognized as a major regulator of normal and pathological 

ventricular performance (9, 10).  

 Interstitial cardiac fibroblasts and their differentiated derivatives, i.e. myofibroblasts, play 

a major role in modulating the abnormal expansion of collagen content during cardiac fibrosis. 

Although cardiac fibrosis contributes to the development of heart failure, the mechanisms by 

which these cells congregate at the site of injury during the inflammatory response to manifest 

the infarct scar remains poorly understood. In the early stage or acute post-MI, the cellularity of 

the infarct zone is restored by migrating interstitial fibroblasts that move from the adjacent 
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infarct border zone and non-infarcted myocardium (11). Differentiation of fibroblasts to 

specialized contractile myofibroblasts occurs in response to altered expression of transforming 

growth factor (TGF)-β1 in the infarct scar (12, 13). Myofibroblasts are present in the infarct site 

soon after infiltration of inflammatory cells (14). These cells exhibit smooth muscle cell-like 

features characterized by the expression of embryonic smooth muscle myosin heavy chain 

(SMemb) (10, 15), α-smooth muscle actin (αSMA) (16-20) and fibrillar collagen types I and III 

(21). As such, myofibroblasts are well suited to confer mechanical tension to the developing scar 

by contracting (22). Wound contraction brings together the denuded edges of the wound, which 

reduces overall scar area. Myofibroblast contractile responses together with the deposition of 

collagen provide tensile strength to the wound and functions to prevent scar rupture.   

 The availability of multiple pro-fibrotic factors in the infarcted region regulates 

myofibroblast cell function, and therefore contributes to the progression of cardiac wound 

healing in vivo. Cardiotrophin-1 (CT-1) is a member of the interleukin-6 (IL-6) family of 

cytokines. Protein levels of this cytokine are found to be elevated in serum of patients with 

various types of heart conditions (23, 24), and has cardioprotective properties (25). Results from 

our lab implicate CT-1 in the cardiac wound healing process as it is expressed at elevated levels 

in the post-MI heart, exerts chemotactic and mitogenic effects in cultured cardiac myofibroblasts, 

and functions to down regulate collagen production in these cells in vitro (10). Local monocytes 

and leukocytes release platelet derived growth factor (PDGF) secondary to angiotensin II (AngII) 

release (26) in the infarct region where it plays a major role in angiogenesis (27). PDGF is 

elevated in plasma of post-MI patients (28), and is implicated in progression of cardiac fibrosis 

(29), inducing powerful chemotactic, mitogenic, and contractile effects in a variety of cell types 

including dermal fibroblasts, vascular smooth muscle, and endothelial cells (30). Fibroblast 

growth factor (FGF)-2 exists as multiple isoforms and plays a role in cardiomyocyte hypertrophy 

and apoptosis (31). The low molecular weight AUG initiation codon isoform, low (Lo)-FGF-2, 

modulates a variety of cell behaviors including proliferation, migration, differentiation and 

apoptosis. LoFGF-2 is recognized as a stimulator of migration of fibroblasts and vascular smooth 

muscle cells and functions as a major angiogenic factor for new capillary development (32). 

 Enhanced cellularity of the infarct scar improves ventricular performance irrespective of 

cell type (33, 34). Myofibroblast cell function, i.e. motility, proliferation and contractile 

responses, is poorly understood in the context of cardiac wound restoration. Unlike dermal 
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myofibroblasts (35), cardiac myofibroblasts resist apoptosis and persist in the infarct scar for 

many decades in human post-MI hearts (18). Myofibroblast turnover also plays a role in 

contributing to excessive accumulation of collagen content in the heart. Thus, in response to 

altered expression of multiple cytokines and growth factor in vivo, time dependent activation of 

myofibroblast function is involved in coordinating net collagen deposition in the chronic phases 

of the post-MI heart.  

Cell motility involves spatial and temporal control of a multitude of cellular processes 

that work in unison to coordinate forward directed cell movement (36). The cyclical process of 

cell locomotion requires activation of surface receptors located on membrane protrusions 

(lamellipodia, filopodia or pseudopodia) in a chemotactic gradient. Actin polymerization at the 

leading cell edge drives membrane protrusion in the direction of the chemotactic stimuli (37), 

while integrin receptor dependent adhesions to the ECM at the level of cytoskeletal associated 

focal adhesions (FA) exert tractional forces to the ECM and provide sufficient adherence to 

anchor the cell to the substratum (38). At the same time, myosin motors, through phospho-

myosin light chain (MLC) activation by myosin light chain kinase (MLCK), generate actin cross-

bridge cycling leading to contractile forces in the cell cortex, which pull the cell body forward 

over recently established cell-ECM contacts, and help physically disrupt old contacts at the 

trailing edge (uropod) (39, 40). The rate of cell motility is directly related to the phosphorylation 

state of focal adhesion kinases (FAK), which regulate the assembly of FA complexes in turn, 

regulating the degree of cell adhesion (41). The mechanisms of FA assembly and function are 

not limited to cell motility but rather modulate other cellular functions such as cell division and 

contractility (42). Proliferation involves chromosome disjunction, and cytokinesis (43) – 

processes that involve the participation of FA stabilizing complexes (44).  

The subcellular processes involved in contractility are similar to motility in that myosin 

motors direct cell body contraction with the exception of no forward movement, probably due in 

part to reduction of FA turnover. In smooth muscle, the activity of myosin motors is regulated by 

the phosphorylation of regulatory myosin light chain (rMLC), which in turn is regulated by 

MLCK and phosphatase (45). Phosphorylation of rMLC governs activation of the myosin 

ATPase by actin, with subsequent cross-bridge cycling and contractile activity leading to 

generation of tractional forces exerted at the level of FA mediated cell-ECM contacts. Though 

MLCK can be activated by Src kinases (46, 47) and rho-kinase (ROCK) (48), MLCK is 
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classically activated by elevated intracellular calcium [Ca2+]i which binds to calmodulin, in turn 

binding to and activating MLCK (45, 49).   

Ca2+ is a ubiquitous second messenger in all cell types. Cytoplasmic free Ca2+ relays 

intracellular signals that modulate many cellular processes including motility, contractility and 

cell division, with roles in regulating phosphorylation of MLC, myosin II cross-bridge cycling, 

actin assembly, FAK turnover, chromosome disjunction, and gene transcription (50). The 

extracellular space and intracellular stores (i.e. the endoplasmic reticulum, ER) control 

cytoplasmic Ca2+ content. Traditionally, non-excitable cells lack voltage dependent Ca2+ 

channels (51, 52). Therefore, unlike electrically excitable cardiomyocytes, [Ca2+]i content in 

cardiac fibroblasts and myofibroblasts may be regulated by tightly controlled mechanisms of 

transplasmalemmal Ca2+ movement from the extracellular space independent of membrane 

activation. The ligand dependent modes of Ca2+ entry in myofibroblasts as regulators of motility, 

contractility and proliferation are largely unexplored. Rat atrial fibroblasts generate mechanically 

induced potentials (MIPs) by allowing influx of Ca2+ through activation of gadolinium sensitive 

non-selective cation conductance (53, 54). In human valvular myofibroblasts, activation of a 

Ca2+-signaling pathway involves inositol triphosphate (IP3) mediated mobilization from ER 

stores and activation of a capacitative Ca2+ entry mechanism through NSCC (55). Treatment with 

KB-R7943, an NCX inhibitor, of Madin-Darby canine kidney cells resulted in a marked 

diminution in cell migration under control conditions suggesting the involvement of the Na+/Ca2+ 

exchange (NCX) (56). Recently, it was demonstrated that TGF-β1-mediated fibrogenesis is 

dependent on NCX reverse mode operation and was accompanied by a KB-R7943-sensitive 

increase in [Ca2+]i (57).  

Cytokine and growth factor receptor based Ca2+ signaling may be important in fibroblast 

and myofibroblast-mediated wound repair by augmenting cellular function through the 

mechanisms of capacitative Ca2+ entry or NCX1.1. However, very little work to investigate this 

possibility has been carried out. We have undertaken studies using blockade (KB-R7943) of 

plasmalemmal NCX1.1 to gain insight into the function of this protein in myofibroblast 

chemotaxis, contraction, and proliferation. We found that motility, contraction, and proliferation 

of PDGF-BB stimulated cells are sensitive to KB-R7943 treatment when compared to vehicle-

treated control cells. We conclude that NCX1.1 is an important protein in mediating Ca2+ entry 

to the myofibroblast and that it may be important for multiple functions of these cells.  Parallel 
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experiments were carried out to compare the effects of gadolinium blockade of NSCCs, and 

these studies revealed that only cellular motility was affected. The current results contribute to an 

understanding of myofibroblast physiology and Ca2+
 homeostasis, specifically via KB-R7943- 

and gadolinium- dependent mechanisms which provide a link between myofibroblast Ca2+ 

handling vis-a-vis NCX1.1 and NSCC function. 
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II STATEMENT OF HYPOTHESIS 
 
 Molecular mechanisms of intracellular calcium (Ca2+) signaling are well studied in 

cardiomyocyte function; however Ca2+ handling in cardiac nonmyocytes and especially 

myofibroblasts is poorly understood. Cultured cardiac myofibroblasts are motile, contractile and 

proliferative in response to various ligands including CT-1 and PDGF-BB.  The current 

investigation is designed to address these functions with a focus on myofibroblast migration and 

their response to PDGF-BB, a relatively strong chemotactic agent for these cells.   

 

WORKING HYPOTHESIS 

Sodium-calcium exchange (Na+/Ca2+ exchange) e.g., NCX1.1 is present in myofibroblast plasma 

membrane and may contribute to altered intracellular Ca2+ changes in response to PDGF-BB 

ligand binding and receptor activation; as a result, pharmacologic inhibition of plasmalemmal 

NCX1.1 may inhibit PDGF-BB mediated chemotaxis.         

 

To a lesser extent we have pursued the following corollaries of the main hypothesis: 

 

Corollary 1 – Inhibition of NCX1.1 may also affect PDGF-BB mediated myofibroblast 

contraction as assessed by collagen I gel deformation assays. 

Corollary 2 - Inhibition of NCX1.1 may also affect PDGF-BB mediated myofibroblast 

proliferation. 

Corollary 3 – In addition to NCX1.1, PDGF-BB mediated responses (see above) of 

myofibroblast requires non-selective cation channels (NSCC).  

Corollary 4 – Conversion of fibroblasts to myofibroblasts is associated with blunted chemotaxis 

of these cells. In other words, freshly isolated rat cardiac fibroblasts (P0 cells) are more motile 

compared to cultures of myofibroblasts of increasing passage (P1 and P2).  

Corollary 5 – PDGF-BB induced myofibroblast chemotaxis and contraction are dependent on 

phosphorylation of MLC, as determined by inhibition of MLCK with ML-7.  
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III. LITERATURE REVIEW 
 
1.0  Cardiovascular disease 
 
1. 1  Epidemiology and impact on Canadian society 
 

Cardiovascular disease (CVD) is the leading cause of morbidity and mortality not only in 

Canada but also worldwide, and represents a major global socio-economic burden. According to 

the World Health Organization (WHO) in 2002, 16.7 million people died (30% of all global 

deaths) from CVD with coronary heart disease afflicting 7.2 million people – the largest 

proportion of CVD deaths (58). In Canada, over one third of all deaths were due to CVD in 

1999. In this same year, coronary heart disease accounted for the greatest percentage of total 

deaths (20%) of which half were attributable to acute MI (59, 60). While genetic factors play a 

contributing factor in the development of CVD, 8 out of 10 Canadians are estimated to have at 

least one of the following major risk factors influenced by lifestyle choices: tobacco use, alcohol 

use, obesity, high blood pressure, high cholesterol, and diabetes; 1 in 10 have at least three or 

more (60). Despite overall declining mortality rates throughout the country (1, 60) due to 

development of better therapeutic interventions that improve patient outcome and prolong 

lifespan (2), CVD continues to have a significant economic impact in Canada. Health Canada 

estimated that in 1998 the total cost of CVD on the health sector of the Canadian economy was 

$18.5 billion in expenditures or 11.6% of the total cost of all illnesses (60). Direct costs of CVD 

– hospitalization, therapeutic interventions, and research – amounted to approximately $6.8 

billion while indirect cost – loss of individual contributions to the economy due to premature 

death or disabilities – were $11.7 billion (60). Health Canada estimated that for the fiscal year 

2000-2001, 18% of all hospitalizations were due to complications of CVD (60).   

This societal burden of CVD warrants the need for enhanced understanding of cellular 

mechanisms relevant to the progression of cardiac dysfunction and heart failure. The 

development of efficacious therapeutic interventions to reverse or attenuate development of this 

disease is of primary importance.  

 
1.2  Heart Failure: definition and etiology 

 
Classically, heart failure is defined as a pathological state in which the heart is unable to 

supply blood to the systemic circulation at a rate commensurate with the metabolic demands of 
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bodily tissues (61). Aside from gradual deterioration in cardiac function due to cardiomyocyte 

death associated with the natural aging process (62), and despite the many etiologies, progression 

of heart failure generally involves common mechanisms. In response to myocardial injury or 

insult, the myocardium initially acts to compensate for loss of contractile function but over time 

these adaptive changes become maladaptive. Decompensation is associated with irreversible 

damage to the myocardium and thereby contributes to the onset of overt heart failure and patient 

death (61). Loss of cardiac pumping function may occur in the setting of causally diverse and 

multifactorial pathological settings (63). These pathological settings will be discussed as 3 broad 

categories: coronary artery disease (CAD), cardiomyopathies, and other forms.  

 
1.2.1 Coronary artery disease  
 

CAD is the most common cause of death in the world (64, 65). The hallmark of this 

disease is an accumulation of cholesterol in walls of the coronary arteries and development of 

atherosclerotic lesions or plaques (2). This condition is called atherosclerosis and often leads to 

ischemic heart disease. Lifestyle choices largely influence development, disruption and 

subsequent progression of plaques, although hereditary factors also play a role. Increased plasma 

low density lipoprotein (LDL), decreased high density lipoprotein (HDL), smoking, high blood 

pressure, alcohol, diet, obesity, inactivity, and diabetes all contribute to CAD (2, 66).  

Atherosclerotic plaques obstruct coronary blood flow by physically occluding coronary 

arteries or suddenly rupture initiating a coagulation cascade causing hemorrhage (65) and 

intraluminal thrombosis (2, 66). Delivery of vital nutrients and oxygen to myocardial tissue 

becomes blocked. Known as ischemia, this conditions impairs energy metabolism in cardiac cells 

(14). The imbalance between myocardial oxygen supply and demand often manifests in clinical 

symptoms of a squeezing chest pain known as unstable angina (67). Short time periods of 

obstructed coronary blood flow followed by reperfusion are known to “stun” the myocardium 

(14). Termed preconditioning, transient functional abnormalities such as these are not lethal but 

help the heart to resist the damaging effects of future ischemic insults (14). If ischemia persists 

longer than 30 minutes, however, myocardial tissue endures irreversible damage, a condition 

called MI (2). Due to muscle injury, an inflammatory response is initiated at the site of the injury 

and aids in the reparative process involving formation of a myocardial infarct scar. The events 
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proceeding MI involve altered patterns of neurohormonal signaling cascades that primarily 

include Ang II, noradrenaline, endothelin-1, tumor necrotic factor (TNF-α), and TGFβ.  

Hypoxia occurs as a consequence of ischemic insult. Under hypoxic conditions necrosis 

and apoptosis of cardiomyocytes ensue in the focal infarct and in the hypoperfused border zone, 

respectively (62). As cardiomyocytes are generally known to be terminally differentiated cells (it 

should be noted that this concept has recently become somewhat controversial), cardiomyocyte 

drop out results in substantial loss of contractile tissue. Structural changes in the left ventricle 

(LV) accompany functional changes enabling the heart to sustain cardiac performance in the face 

of increased hemodynamic load as seen in hypertension (5). These structural changes include: 

increased ratio of heart to body weight due to enhancement of sarcomeric protein expression in 

cardiomyocytes (hypertrophy) (68); breakdown of collagen tissue which holds individual 

myocytes together (“myocyte slippage”) (63); breakdown of elatin resulting in loss of tissue 

strength, extensibility, resilience, and myocardium architecture (63); angiogenesis in the 

infarcted region; and disproportionate accumulation of interstitial collagen type I and III (5). 

Development of LV hypertrophy is initially compensatory as it acts to functionally augment loss 

of contractile units (68).  Over time, structural changes to the myocardium overwhelm its ability 

to maintain appropriate function. Dysfunction occurs when the compensatory response 

transitions into a maladaptive or decompensated response. Alteration of ventricular shape from 

ellipsoid to a more spherical chamber contributes to LV dysfunction (69). Furthermore, ongoing 

wound healing of the infarct scar, which serves to replace non-functional tissue in this region, 

results in progressive accumulation of collagen into the non-infarcted myocardium. This process 

may continue indefinitely (69) and lead to the condition of cardiac fibrosis and end stage heart 

failure.  

Cardiac fibrosis adversely affects the mechanical and electrical properties in the heart by 

increasing cardiac stiffness resulting in both systolic and diastolic dysfunction (5) and disrupting 

electrical continuity between myocytes which culminates in arrhythmogenesis (63). Pathological 

LV hypertrophy and fibrosis also contribute to CHF whereby fluid accumulation in lungs is 

indicative of this condition.  

 
 
 
 

 9



1.2.2. Cardiomyopathies 
 

Cardiomyopathies are mostly genetic disorders (70). Dilated and hypertrophic 

cardiomyopathies are most common and are caused by genetic mutations (70). Dilated 

cardiomyopathy is due to a diverse array of mutations in proteins involved in force generation 

and force transmission. These mutations disrupt linkages between the cytoskeleton, sarcolemma 

and sarcomere (70). Dilated cardiomyopathy causes left ventricular chamber dilation and 

progressive wall thinning (9). Hypertrophic cardiomyopathy is idiopathic and is thought to occur 

as a result of genetic mutations in the sarcomere structure (70). This disorder is associated with a 

thickened intraventricular septum and LV walls. Hypertrophic cardiomyopathy results in 

obstruction of blood flow from the LV to aorta thereby leading to inefficient pumping action and 

ultimately diastolic dysfunction (9, 70). Heart failure resulting from both types of 

cardiomyopathies may arise from development of LV hypertrophy, LV MI, fibrosis, arrhythmias, 

and sudden cardiac death (9, 70, 71).  

Toxic cardiomyopathies are generally induced by cancer therapies such as Adriamycin 

treatment (62). The toxic effects of Adriamycin are associated with global cardiomyocyte 

apoptosis and conditions arising from severe LV hypertrophy (62). 

 
1.2.3 Other forms 
 

Patients with diabetes have a high risk of developing heart failure (72). Termed diabetic 

cardiomyopathy, it is becoming more widely accepted that this disease directly damages 

myocardial structure and function independent from traditional risk factors ascribed to CAD such 

as high blood pressure, obesity, and age (72, 73). Hearts of patients with diabetes show a host of 

abnormal structural changes including LV hypertrophy, microvascular constriction, interstitial 

fibrosis (72), endothelial dysfunction, inflammation and vascular remodeling (73). These 

changes are exacerbated in patients with hypertension (72). Valvular heart disease is a condition 

resulting in aortic or mitral stenosis in which cardiac valves become narrowed (74). 

Regurgitation of blood back into the LV or atria due to valve dysfunction, causes LV volume and 

pressure overload and leads to progressive LV hypertrophy, remodeling and fibrosis (74). 

Although the cardioprotective effects of moderate alcohol consumption is subject to much 

debate, chronic alcohol consumption is linked to alcoholic cardiomyopathy. Adverse effects on 

the heart include LV hypertrophy, sudden cardiac death and arrhythmia (75). Myocarditis is an 
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inflammatory disease of the myocardium caused by a viral, bacterial or parasitic infection which 

weakens the heart and may lead to heart failure (76).      

 
2.0.  Pathophysiology of cardiac wound healing after myocardial infarction  
 
 The scar derived at the site of infarction post-MI has long been considered an inert and 

acellular tissue comprised mainly of interwoven collagen fibers (6). The infarct scar was 

generally regarded as dead tissue whose function was to restore structural support to the infarct 

region, thus preventing scar rupture by resisting tissue deformation and providing tensile strength 

(6). This notion was radically debunked as a growing body of evidence showed that collagen 

accumulation continued well after establishment of the healed infarct scar (77-79). Furthermore, 

evidence for scar vascularization led researchers to believe that the infarct scar was far more 

dynamic than previously thought (6). Current thinking reflects the hypothesis that the infarct scar 

is a living tissue populated with fibroblasts, myofibroblasts, and inflammatory cells. The infarct 

scar is thus metabolically active and is believed to provide both structural and paracrine function 

in part to the infarcted myocardium: neovascularization nourishes hypersynthetically active 

myofibroblasts, which in response to various peptides found upregulated in the infarct scar, 

confer contractile behavior, persist, and synthesize connective tissues (5). Ongoing wound 

healing coupled to its metabolic activity  provides the impetus for ventricular remodeling and 

accumulation of fibrous tissue in the non-infarcted myocardium (5). The various phases of 

infarct wound healing, scar formation and the pathophysiology underlying ventricular 

remodeling leading to cardiac fibrosis will be discussed below. 

 
2.1  The infarct scar is a metabolically active tissue 
 

Obstruction of blood supply to myocardial tissue induces myocardial ischemia (80). 

Although the myocardium may recover from short-lived ischemic insults, deprivation of vital 

oxygen and nutrients for significant duration invariably leads to the development of an infarction 

and triggers an inflammatory response (14). The infarct zone is essentially a hypoxic tissue 

where a build up of lactic acid results in Ca2+ overload in cardiomyocytes and reactive oxygen 

species (ROS) formation (81). Toxic effects of intracellular calcium overload are a major 

determinant of myocardial cell damage and cardiac dysfunction by causing altered gene 

expression and damage to myofibril function during excitation-contraction coupling (81). 
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Reperfusion of the infarct zone in the early stages is beneficial in preventing cardiac damage but 

may also exacerbate myocardial injury, a condition called ischemia-reperfusion injury (80). ROS 

are formed from an excessive burst of oxygen which occurs during reperfusion (80). ROS such 

as superoxide, hydroxyl radicals, and hydrogen peroxide (80, 82) augment the damaging effects 

of Ca2+ overload and help to initiate the early inflammatory response (14, 80, 82).  

 Irreversible loss of cardiac tissue is characterized as death of cardiomyocytes via necrotic 

or apoptotic pathways (5, 83). Deficiencies in cellular energy metabolism through depletion of 

adenosine triphosphate (ATP) are known to cause necrosis 6-25 hours post-MI (62). The 

distinguishing feature of necrosis involves membrane rupture and is mostly localized in the 

region of the infarct zone (84) Apoptosis, on the other hand, is manifested within 6-8 hours (5, 

62), and although found in the central infarcted region (62) it is thought to be predominantely 

localized in the border zone between the focal infarct and uncompromised myocardial tissue 

(84). Apoptosis of myocytes arises from the effects of elevated levels of Ang II, mechanical 

factors (84), and also exposure to ROS (85). Remnant cellular debris formed by apoptotic bodies 

are engulfed by macrophages and monocytes (84). Lysosomal enzymes, which are liberated into 

the extracellular space during necrosis, further enhance the appearance of phagocytotic cells into 

the infarct zone. These events invoke the early phase of the inflammatory response (5).  

In the early phase of the inflammatory response (between 12 hrs and 4 days post-MI), 

blood platelets aggregate in the infarct zone (5, 35). They release granules that contain a number 

of bioactive molecules including PDGF and TGFβ. PDGF is chemotactic for blood neutrophils, 

monocytes, and fibroblasts and thus aids in initiating an inflammatory cascade (86). Neutrophils 

migrate into the infarct zone within 6-8 hr post-MI (5). They function to clear contaminating 

bacteria and degrade surrounding ECM by releasing matrix metaloproteinases (MMPs) (35). In 

addition, elevated levels of the cytokine, TNF-α, is found in the infarcted myocardium and plays 

a crucial role in triggering an inflammatory cascade (14). TNF-α is a known contributor to LV 

dysfunction due to its ability to induce intracellular calcium overload (87), myocyte apoptosis 

(88, 89), matrix and collagen degradation by inducing increases in MMP activity, and 

upregulation of AngII type I receptors (AT1) thereby favoring AngII mediated ECM deposition 

in the non-infarcted myocardium (88). Other cytokines found upregulated post-MI include: 

interleukin (IL)-6 (90), IL-8, IL-1, monocyte chemoattractant protein-1 (MCP)-1(91), basic 

fibroblast growth factor (bFGF), vascular endothelial growth factor (VEGF), (14), and 

 12



endothelin-1 (92). These cytokines also provide the chemotactic impetus for recruitment of mast 

cells, monocytes, and lymphocytes (14).  

Once they have taken up residence in the infarct zone monocytes differentiate into 

macrophages (14) and function to scavenge tissue debris including dead myocytes (5, 35). 

Macrophages and mast cells further augment the inflammatory response by releasing a cocktail 

of cytokines, growth factors and ECM proteins which facilitates recruitment of additional cells 

like cardiac fibroblasts and endothelial cells into the infarct zone (14, 35).  

 The next phase of the wound healing process involves development of the infarct scar 

and is characterized by formation of granulation tissue. Under the influence of various cytokines 

including bFGF, PDGF, TGFβ, and VEGF, fibroblasts and endothelial cells migrate into the 

wound where they are stimulated to proliferate and metabolize ECM components (14). 

Mechanical stretch and elevated levels of TGFβ are factors involved in differentiation of 

normally quiescent synthetic fibroblasts into hypersynthetic contractile smooth muscle cell-like 

cells called myofibroblasts (6). Myofibroblasts play a key role in the pathophysiology of infarct 

wound healing as they synthesize and deposit collagen type I and III (21) through TGFβ (93) and 

Ang II dependent signaling mechanisms (94). The initial role of ECM deposition in the infarct 

zone is beneficial as it acts to replace dead myocytes and provides structural integrity to the 

infarct scar. 

 Building or remodeling of the infarct zone requires time dependent events and involves 

regulation of collagen turnover (95) as well as scar contraction (6). Within the first week post-MI 

the balance between collagen synthesis and degradation initially shifts in favor of the latter by 

myofibroblast dependent production and activation of specific MMPs (5), which function to 

degrade interstitial collagens (5). For instance, remodeling of the infarct scar in a rat model of 

left coronary artery ligation is associated with increased expression of MMP-1, 4-5 days post-MI 

(96). MMP-1 activity initially predominates and serves to degrade fibrillar collagen at the site of 

infarction (96). Myofibroblast contraction contributes to scar tonicity but prolonged 

collagenolytic activity and contractility results in myocardial wall rupture due to wall thinning, 

dilatation, and loss of tissue architecture (5, 6). After the end of the first week, expression of 

tissue inhibitors of MMPs (TIMPs) are elevated in the infarct zone, and function to suppress the 

activity of MMPs (94).  
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Formation of granulation tissue is also marked by newly forming neuronal innervations 

and vasculature. Vasculature is derived from endothelial cells spouting from neighboring 

capillaries (angiogenesis), transdifferentiation of bone marrow progenitor cells into endothelial 

cells (vasculogenesis), and enlargement of neighboring collateral vessels (arteriogenesis) (6). 

Neovasculature nourishes myofibroblasts and provides sustenance for the newly forming 

metabolically active scar (6). After 2-3 weeks, granulation tissue is replaced by type I mature 

cross-linked interstitial collagens. The organized assembly of collagen fibers continue to 

accumulate and mature for many weeks thereafter (94).  

As residents in the infarct scar, myofibroblasts align themselves in a highly organized 

array. Orientation parallel to the epi- and endocardium is required for organization of the wound 

healing process. Although the mechanism that control myofibroblast alignment are largely 

unknown, there is evidence that migrating cardiac myofibroblasts express a homologue of 

Drosophila tissue polarity genes namely, frizzled 2 (fz2) (97) and Dishevelled-1 (98). 

Upregulation of fz2 gene expression and Dishevelled mRNA is found early after MI with a 

maximal peak occurring between day 4 and 7 (97, 98). The above findings suggest that once 

myofibroblasts are localized in granulation tissue of the infarcted region these genes may be 

involved in spatial control of wound healing (i.e. migration and proliferation) since mutations in 

the fz2 gene impaired myofibroblast alignment (97).    

Although macrophages begin to disappear in the granulation tissue via apoptosis, 

myofibroblasts continue to proliferate and contract - a hallmark of cardiac wound healing. In 

contrast to dermal wound healing (5, 35), cardiac myofibroblasts resist apoptosis and persist in 

the infarct scar continually depositing collagen (5, 6, 94) for prolonged period of time (18) 

Concomitant with inactivation of collagen degradation through activity of TIMP and 

myofibroblast presence in the infarct scar, the collagen remodeling balance shifts in favor of 

collagen deposition. Progressive collagen accumulation and myofibroblast contraction results in 

inappropriate or pathological wound healing and leads to hypertrophic scar formation, setting the 

stage for remodeling of the remnant or non-infarcted myocardium.     

 
2.2  Remodeling of the non-infarcted myocardium 
 
 Changes in myocardial structure following an ischemic insult are collectively called 

myocardial remodeling (9). As the heart must adapt to altered hemodynamic load the remodeling 
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process is initially compensatory. Over time these changes overwhelm the functional capabilities 

of the heart. The factors that play a role in the pathophysiology of the scar post-MI are not 

limited to the scar itself, but rather provide the mechanisms for the development of inappropriate 

wound healing. Over time, cardiac wound healing culminates in the condition of cardiac fibrosis 

which is characterized by disproportionate accumulation of interstitial collagen in sites remote to 

the site of infarction (9). Although the extent of remodeling is dependent on size of the infarct 

(99), the infarct zone also serves to perpetuate remodeling of the non-infarcted (viable or 

remnant) myocardium. 

 As cardiomyocytes are terminally differentiated cells (62) their necrosis and apoptosis in 

both the infarct and non-infarcted myocardium results in a loss of contractile tissue which 

imposes extra strain in the non-infarcted myocardium (5, 62). Furthermore, repopulation of the 

infarct scar with myofibroblasts and their deposition of fibrillar collagen to replace dead tissue 

disrupt electrical impulses, which are normally conducted between closely coupled myocytes. 

Therefore, in response to loss of function, the myocardium undergoes remote time-dependent 

architectural and biochemical changes (100). To compensate for loss of contractile cells the 

myocardium dramatically increases in muscle mass via myocyte hypertrophy (101). Remnant 

myocytes also alter their phenotype to that of a fetal state which helps conserve energy 

expenditure by working at a lower oxygen consumption level (5)  

 The persistent nature of cardiac myofibroblasts triggers a positively reinforced cycle 

originating in the infarct scar which influences the remodeling process of the non-infarcted 

myocardium. TGFβ acts in an autocrine and paracrine fashion to influence myofibroblast 

phenotype transdifferentiation and collagen production. Since cardiac myofibroblasts synthesize 

and secrete TGFβ and resist apoptosis, a posivitely-reinforced cycle develops. The resultant pool 

of TGFβ and collagen accumulation produces a situation of inappropriate wound healing, infarct 

expansion (102) and subsequent hypertrophic scar formation. Elevated levels of AngII have also 

been implicated in the remodeling process by promoting TGFβ synthesis and by regulating 

collagen degradation via attenuation of MMP-1 activity while enhancing TIMP-1 production – 

further promoting collagen accumulation (94, 103, 104). Proliferation of fibroblasts and 

differentiation into myofibroblasts in the non-infarcted myocardium (105) is accompanied by 

increased transcription of fibrillar collagens type I and III within the first week post-MI (21, 94, 

105). Furthermore, studies showed that the interplay between ECM organization, cytomechanical 
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stress and growth factor signals may also regulate the transition from fibroblasts to 

myofibroblasts (106). For instance, regulation of MMP activity plays a role in integrin formation 

(107), which are found at FA sites in the cell membrane and normally function to mediate 

interactions between the cytoskeleton and ECM (68, 107). Increased cell stretching in the setting 

of hypertrophy also enhances production of myofibroblast mediated pro-collagen type II mRNA 

synthesis (16).  

 
2.3  Extracellular matrix and cardiac fibrosis  
 

Normal myocardial ECM is comprised of an intimately organized network of collagen 

(108), fibronectin, laminin, elastin and chondroitin sulfate. These ECM proteins provide 

structural scaffolding thereby physically stabilizing, integrating, and transmitting myocyte-

generated contractile forces throughout the myocardium (100, 107, 109). Fibrillar collagen is not 

only the most abundant ECM component but is also considered the most prevalent protein in 

mammals accounting for 25% of total bodily protein mass (100). In the myocardium, fibrillar 

collagen types I and III comprise 90% of the total collagen content (109). Collagen is deposited 

in interstitial spaces between parenchymal cells of the respective organ. It is produced by 

fibroblasts and regulated genetically by TGFβ mediated Smad signaling (see 103, 110-112 for 

extensive reviews on TGFβ signaling and the fibrotic response), and posttranscriptionaly by 

prolyl-4-hydroxylase (9). Collagen provides a scaffold that stabilizes the physical structure of 

tissue. In the myocardium it maintains ventricular geometry and myocyte alignment by forming 

struts or molecular tethers between cells (109). Moreover, collagen and other ECM components 

provide a medium for various cell processes (i.e. cell growth, migration and proliferation) and 

serve as storage sites for bioactive signaling molecules involved in these processes (100). 

Integrin receptors provide direct communication between cells and the ECM (109). Therefore, 

the matrix plays an important role in regulation of cell development and differentiation, 

migration, proliferation, shape and function (100). 

Increased interstitial collagen is found in the non-infarcted region of the human 

myocardium post-MI (113) and this phenomenon is the principle determinant of alterations in 

cardiac structure. Thus fibrosis is a connective tissue disorder defined as the disproportionate 

expansion of fibrous connective tissue as a consequence of chronic inflammation or healing. 

Fibrosis functions to replace lost parenchymal tissue in the respective organ (106). Limited 

 16



wound healing in the post-MI heart may first be reparative. The regions of myocyte death are 

replaced with a structural scar but the progressive nature of the disease leads to reactive fibrosis 

involving dispersed accumulation of ECM deposition in regions unrelated to the focal insult (9). 

Clinical consequences of increased collagen content result in enhanced mechanical stiffness or 

decreased compliance which contributes first to diastolic (7, 9, 114) and later to systolic 

dysfunction (9). As well, increased collagen disrupts electrical continuity between myocytes 

which enhances the risk for reentrant arrhythmogenesis (9). Lastly, the appearance of de novo 

accumulation of collagen interferes with intracoronary arterioles (perivascular fibrosis) impairing 

myocyte oxygen availability. The effects of fibrosis on the myocardium further exacerbates the 

initial ishemic injury and depending on its severity may ultimately lead to heart failure (9, 114).  

Other forms of fibrosis are studied in many organs including kidney, lung, and liver and 

represents a common pathway to organ failure (104). All fibrotic diseases have similar 

mechanisms with the defining characteristic being TGFβ mediated activation of myofibroblasts, 

their persistent nature, and de novo accumulation of interstitial collagen (104). Cardiac fibrosis, 

for example, reflects a common nexus in progression of heart failure etiologies despite 

substantial genetic and environmental factors that influence disease outcomes in individual 

patients (9). Thus, myofibroblasts are considered disease modifiers (9) and this, in turn, reflects a 

growing body of research directed at finding therapies to counteract or attenuate the pathological 

functions of these cells. 

  Therapeutic strategies are aimed to block excessive neuroendocrine activation post-MI. 

Angiotensin converting enzyme (ACE) inhibitors are enzymatic inhibitors of the angiotensin 

converting enzyme and function to reduce AngII production. Angiotensin receptor blockers 

(ARB) (4, 26, 115), aldosterone (9, 116), and endothelin-1 (92) all have proven beneficial in 

dampening the effects of cardiac fibrosis. Losartan, an ARB, is a common therapy with collagen 

attenuating benefits in a number of post-MI animal models (116-120). Other therapies target 

cytokine availability such as anti-TNF (9) and -TGFβ (103) while MMP inhibitors help attenuate 

ECM remodeling (9). 

 
3.0  The non-myocytes 
 

In normal myocardium, parenchymal tissue composed mainly of myocytes account for 

approximately three quarters of total volume whereas the other quarter is attributed to connective 
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tissue elements composed of mostly non-myocytes (102). Non-myocytes include fibroblasts, 

vascular smooth muscle cells, endothelial cells, mast cells and macrophages (121). In contrast to 

volume, non-myocytes account for three-quarters of total myocardial cell number, the majority 

of which are quiescent synthetic fibroblasts (102, 122). Cell cardiology literature is inundated 

with studies primarily focused on understanding the biology of the cardiac myocyte in 

physiological and pathological settings. In the last couple of decades, however, a growing body 

of knowledge has incited an increasing appreciation for the important contribution of the non-

myocyte cell population – namely, cardiac fibroblast and myofibroblasts - in the functioning of 

the normal and failing heart, respectively (9). 

   
3.1 Fibroblasts 
 

Fibroblast cells populate all organs of the body (9). They are responsible for homeostatic 

maintenance of connective tissue components such as elastin, proteoglycans, and collagen with 

the latter being the principle manufactured protein (9, 123). In the healthy heart, cardiac 

fibroblasts function to produce and regulate a homeostatic balance of interstitial ECM 

components. Although each organ, such as kidney, lung, and skin, is thought to be comprised of 

fibroblasts with specific functional portfolios (9) all fibroblasts regardless of residence display 

similar morphological and cytological characteristics (123). They have a smooth contoured 

nucleus as well as numerous cisternae of rough ER and mitochondria (123). Fibroblasts express 

vimentin, desmin (123), procollagen type I and III, β- and γ-cytoplasmic actins (22), myosin 

isoforms IIa and IIb, tropomyosin, α-actinin, filamin, and tubulin (123). Our lab showed that 

fibroblasts express small but basal levels of αSMA (unpublished observations). They have 

migratory capabilities and as such must adhere to a substrate (123). Focal contacts containing 

integrin receptors provide direct communication between the actin cytoskeleton and ECM 

components (123). Cardiac fibroblasts are organized in a three dimensional network connected to 

each other as well as to myocytes via connexin-40 (124) and -43 and -45 (125), respectively. 

These attachments implicate electrical and biosignaling continuity between different cell types 

(124-126). Disruption of cell and electrical syncytium between fibroblasts and myocytes post-MI 

has adverse effects on the functionality of the myocardium. These adverse effects are attributable 

to the presence of myofibroblasts. 
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3.2  Myofibroblasts 
 

Myofibroblast cells are important in the growth, development, and repair of diseased 

tissues affecting many different organs (127). The appearances of myofibroblasts are observed 

primarily during pathological processes such as during tissue injury and inflammation (20). An 

exception to this rule is in the normal myocardium where myofibroblasts are found only in valve 

leaflets (6, 94). Myofibroblast motility, proliferation, and isometric contraction contribute to net 

matrix deposition in the pathogenesis of cardiac fibrosis (5).   

 
3.2.1 Structural properties 
 
 Myofibroblasts are differentiated hypersynthetic fibroblasts that display prominent 

cytoplasmic actin microfilaments (stress fibers), and produce elevated amounts of collagen type I 

and III, glycosaminoglycans, tenascin, and fibronectin (127). They have a highly developed 

rough ER and bundles of smooth muscle myofilaments with focal densities (128). Gap, adheren 

and fibronexus junctions attach to the ECM via focal contacts (3, 20, 127, 128). As is found in 

smooth muscle cells, a marker of myofibroblasts is the appearance of a contractile apparatus that 

includes expression of αSMA (20, 128, 129). A recent study showed that cardiac myofibroblasts 

express SMemb; this protein is a non-muscle-type myosin heavy chain abundantly expressed in 

embryonic and dedifferentiated smooth muscle cells (15). Both αSMA and SMemb expression 

are elevated in the infarct scar following coronary artery ligation (15, 18). The presence of 

myofibroblasts in the infarct scar implicates that they play an important role in mediating wound 

contraction during cardiac repair (15, 18, 129). Myofibroblast contraction is thought to reduce 

the denuded surface area of wounded tissue (127). In the latter phases of wound healing, 

contraction contributes both to infarct thinning leading to ventricular rupture (94), and to scar 

contracture, in turn leading to hypertrophic scar formation (130).    

 
3.2.2 Influences of humoral factors on transdifferentiation 
 

Myofibroblasts are thought to appear in the developing infarct scar 3-4 days post-MI. 

(94). Unlike dermal myofibroblasts which apoptose during the transition from granulation tissue 

to scar (35, 131), cardiac myofibroblasts persist in the infarct scar for many years. Although 

recruitment of myofibroblasts may be derived from resident fibroblasts there is evidence to 

suggest more than one recruitment route exists. They are thought to arise from either interstitial 

 19



fibroblasts, adventitial fibroblasts, pericytes, fibrocytes or circulating monocytes, or bone 

marrow-derived progenitor cells that transdifferentiate at the infarct site (6, 9, 127, 131).  

TGFβ is considered an important player responsible for upregulation of αSMA 

expression and therefore maintenance of fibroblast-myofibroblast differentiation (9, 22, 94, 127, 

131-134). Furthermore, fibroblasts embedded in granulation tissue of dermal wounds express 

high levels of TGFβ1 type I and II receptors (135). Excessive scarring is associated with a failure 

to eliminate TGFβ1 receptor expressing fibroblasts which resulted in overproduction of matrix 

proteins and subsequent fibrosis (135). In contrast, PDGF, TNF-α, and IL-1 do not stimulate 

myofibroblast formation (134).  

Cytokines and growth factors that act to modulate fibroblast differentiation are released 

by cells involved in the inflammatory response (i.e. platelets, macrophages and neutrophils) or 

by myofibroblasts themselves and act in an autocrine fashion (127, 131). As they infiltrate the 

infarct and later the non-infarcted myocardium, cardiac myofibroblasts produce and secrete a 

plethora of chemokines, cytokines, growth factors, adhesion and matrix molecules such as: IL-8, 

IL-1, IL-6, TNF-α, IL-10, TGFβ, AngII, α1β1 integrins, endothelin-1, PDGF-BB, bFGF, and 

SCF (127). Acting in a persistent autocrine, paracrine, and positive feedback loop these factors 

help in the restoration of the wound and exacerbate ventricular remodeling. 

 
3.2.3 Myofibroblast differentiation depends on mechanical tension 
 

In addition to cytokine modulation, studies on primary cultures of rat cardiac 

myofibroblasts showed that differentiation occurs when fibroblasts are plated at low cell density 

(13). Furthermore, when cardiac fibroblasts were cultured in low serum conditions they were 

found to secrete increased concentrations of matrix proteins (136). Mechanical tension has also 

been suggested to play a role in transdifferentiation.  

Gabbianni’s research has set the foundations for the notion of mechanoregulation as an 

impetus for phenotypic modulation (22, 123, 134, 137). Cardiac fibroblasts “sense”, integrate, 

and respond to changes in mechanical stimuli in the injured myocardium by altering patterns of 

gene expression (106, 138). For example, in ventricular remodeling and hypertrophy, α1β1 

integrin receptors play a key role in transmitting the mechanical signals caused by altered 

myocardial stretch to cytoskeletal proteins, in turn, mediating activation of intracellular signal 

transduction pathways. Activation of these pathways is linked to upregulation of αSMA, 
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secretion of a number of profibrotic factors (TNF-α, AngII and TGFβ) and increased production 

of collagen fibers (138, 139). The concept of mechanosensation also occurs in vivo: granulation 

tissue subjected to increases in mechanical tension resulted in stress fiber formation and early 

upregulation of αSMA (140). Under the influence of tensile forces in vitro, cardiac fibroblasts 

differentiate into αSMA expressing myofibroblasts and the degree of αSMA expression in these 

cells is further modulated by the degree of force application (141). Although tractional forces 

generated by fibroblast motility may be sufficient to initiate wound closure, the above 

observations indicate that the appearance of resistance in the surrounding tissue as a consequence 

of ECM remodeling, would subsequently induce fibroblast-myofibroblast differentiation (106). 

Through αSMA-mediated contraction, myofibroblasts exert isometric tension on the surrounding 

ECM. This tension is further exerted at the level of FA and is dependent on both TGFβ and 

integrin function (142, 143).  

 The mechanical properties of the ECM have an important influence on myofibroblast 

morphology and function. All connective tissue is under mild mechanical tension (106) but 

fibroblasts are protected from the external tensile stress by their surrounding ECM. Furthermore, 

since fibroblasts have immature FA contacts they lack fully developed cell-matrix interactions. 

This “shielding” effect prevents uncontrolled myofibroblast activation and allows the meshwork 

of collagen fibers in the dermis and especially the myocardium to become subjected to large 

deformations without being transmitted to interstitial fibroblasts (106). Stress fibers do not 

develop and fibroblast quiescence is maintained (106). Alternatively, after injury as is the case 

post-MI, fibroblasts migrate from neighboring viable tissue. During formation of granulation 

tissue, the increasing number of motile cells enhances matrix rigidity by application of tractional 

forces exerted at the level of FA contacts. Elevation of mechanical tension is sensed by more 

fibroblasts and this induces additional reinforcement of fibroblast-matrix adhesions and 

development of intracellular contractile stress fibers. Finally, differentiation of fibroblasts into 

proto-myofibroblasts is thought to occur (144).  

 
3.2.4 The proto-myofibroblast 
 

Recently, Tomasek et al. described the wound healing process as playing host to two 

types of myofibroblast-like cells in that phenotypic transition from fibroblasts to fully 

differentiated myofibroblasts is proposed to require more than one step (106). For instance, 
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granulation tissue of lung alveolar septa comprise a heterogeneous composition of cytoskeletal 

proteins such that these cells show morphological characteristics of myofibroblasts (i.e. stress 

fibers) but are devoid of αSMA in vivo (145). A similar cell type appeared when fibroblasts were 

cultured on plastic and in the presence of serum (106). These cells are referred to as proto-

myofibroblasts. Since they do not express αSMA, they are partly differentiated myofibroblasts 

whereas those cells that express this protein are considered fully differentiated myofibroblasts 

(106). Therefore, unlike myofibroblasts, proto-myofibroblasts are characterized by formation of 

stress fibers expressing only β and γ cytoplasmic actins (22). Once migrated into the wound, 

fibroblasts orient themselves parallel to the wound along expected lines of stress. Mechanical 

tension in the surrounding ECM is one of the principle factors that induce proto-myofibroblast 

phenotype (132); these cells acquire stress fibres, FAs and extracellular fibronectin fibrils (146).  

 During the wound healing process fibroblasts express an embryonic form of the 

fibronectin mRNA transcript, ED-A. Fibronectin exists in multiple forms and arises from a 

single mRNA transcript that can be alternatively spliced in three regions: EIIA (ED-A), EIIIB, 

and V (147). The ED-A splice variant, which is only present in wound healing situations, is 

regulated by TGFβ and plays an important role in promoting myofibroblast differentiation (106, 

132). TGFβ also induces formation of mature and supermature FA (142, 148). Immature FAs are 

unique to proto-myofibroblasts whereas mature and supermature FAs are native to differentiated 

myofibroblasts. Mature and supermature FA have de novo appearance of tensin and FAK and 

express vinculin and paxillin (142).  

The proposed existence of proto-myofibroblasts and differentiated myofibroblasts reflects 

the dynamic nature of the scar. Proto-myofibroblasts may function as an independent cell type 

having the ability to transition to αSMA expressing differentiated myofibroblasts, or revert back 

to a quiescently synthetic fibroblast-like phenotype in response to putative factors that occur in 

fibrocontractive diseases (106).  

 
3.2.5 The myofibroblast as a target for therapeutic intervention 
 

Phenotypic modulation of cells is crucial for wound formation. It provides the healing 

myocardium with a large population of hypersynthetic and contractile myofibroblasts that have a 

high proliferative potential and phenotypic plasticity (9). Understanding the characteristics and 
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functional properties of myofibroblasts during healing of myocardial infarcts is critical in the 

designing of therapeutic interventions aimed at improving cardiac recovery after MI (9). 

 
4.0  Platelet-derived growth factor 
 
 Platelet-derived growth factor (PDGF) was identified in 1974 during a search for serum 

factors that stimulate proliferation of arterial smooth muscle cells originating from 

atherosclerotic plaques (149). PDGF was subsequently purified from α granules of blood 

platelets (86, 150, 151), which aggregate at the site of the wound during the inflammatory 

response. Since its discovery, PDGF has been extensively studied in culture-based assays of 

connective tissue cells where it’s produced in different cell types and provides the intracellular 

signals that mediate a diverse range of cellular responses (150, 152). PDGF is a potent stimulator 

of cell motility, proliferation, growth and ECM protein synthesis and is a regulator of 

intracellular Ca2+ handling. Pathologically, PDGF plays an important role in wound healing and 

ECM remodeling in different organs (29, 30, 86, 150-153).  

 
4.1 Structural diversity and cellular responses of PDGF isoforms 
 
 The PDGF molecule consists of two different but structurally similar polypeptide chains 

(154), termed A and B (30, 150). Recently, C and D chains were identified as novel members of 

the PDGF family (150). A pair of polypeptide chains form the active PDGF molecule by linking 

to each other via disulfide bridges (154) and forming combinations of either homo- or 

heterodimers. Genes for A- and B- chains are located on chromosomes 7 and 22, respectively 

(30). Protein expression is regulated at the transcriptional and post-translational levels (155). 

Isoforms are synthesized as precursor molecules and secreted into the extracellular space where 

they interact with collagen or heparin sulfate and become stored in the matrix (30). Proteolysis of 

matrix-stored PDGF may regulate its bioavailability (30). PDGF binding proteins such as α2-

macroglobulin (156) and PDGF-associated protein (PAP) (157) enhance PDGF activity by 

regulating its availability for interaction with cell receptors (30). 

 Synthesis of different isoforms takes place in a plethora of cell types, each isoform 

exerting a diverse range of cellular responses (30). For example, both A- and B- chains are 

produced in fibroblasts, vascular smooth muscle cells, vascular endothelial cells, and 

macrophages, whereas only PDGF-AA is synthesized in skeletal myoblasts, astrocytes, and 
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oocytes (30). In one study, exposure of rat embryonic hearts to PDGF-BB resulted in a 

substantial increase in protein synthesis and myofibrillar differentiation suggesting that PDGF 

may play a role in myocardial development (158). In vitro, PDGF-BB upregulates collagen 

synthesis in cultures of fetal rat calvaria, proteoglycan synthesis in arterial smooth muscle cells 

(159), induction of fibronectin mRNA in a mouse embryo cell line (160), and stimulation of 

hyaluronan synthesis in human cultured fibroblasts (161).  

 The PDGF-BB isoform is considered the most potent mitogen, but PDGF-AA is also a 

moderate stimulant of DNA synthesis in primary rat cardiac fibroblasts (162, 163) and smooth 

muscle cells (164). Whereas PDGF-AA inhibits chemotaxis, PDGF-BB induces potent 

stimulation of motility in a variety of cell types (151). Furthermore, PDGF of an unspecified 

isoform is implicated in the formation of proto-myofibroblasts in vitro and in vivo. PDGF does 

not induce αSMA expression and, therefore, is not associated with formation of fully 

differentiated myofibroblasts (165, 166). 

 
4.2 PDGF receptors and signaling targets 
 
 Since PDGF isoforms are dimeric molecules, they exert cellular actions on responsive 

cells by simultaneously binding to two structurally homologous α- and β PDGF receptors 

(PDGFR). Binding forms a bridge between the receptors (29, 30, 86, 150-153). PDGFRα binds 

A, B, and C chains while PDGFRβ binds only B and D chains (150). Different signaling receptor 

complexes are formed based on which receptor types the target cell expresses and the particular 

PDGF isoform present (151). PDGF-AA, -AB, -BB, and –CC induces αα receptor homodimers, 

PDGF-AB and –BB αβ receptor heterodimers, and PDGF-BB and DD ββ receptor homomeric 

receptor complexes (150). The extracellular region of each receptor contains a ligand binding 

domain consisting of 5 immunoglobulin-like domains while the intracellular region consists of a 

tyrosine kinase domain (30, 153).  

Upon ligand binding, receptors dimerize causing cross-phosphorylation leading to kinase 

activation, autophosphorylation of key tyrosine residues in the receptors and, in turn, 

phosphorylation of downstream intracellular effectors (30, 151, 153). Conserved tyrosine 

residues (Tyr857 in β –receptors and Tyr849 in α –receptors), located in the activation loop of 

the tyrosine kinase domain function to increase kinase activity while other autophosporylated 

tyrosine residues located outside the kinase domain provide docking sites for a class of signal 
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transduction molecules containing Src homology 2 (SH2) domains (167). A large number of SH2 

domain proteins bind PDGFRβ and PDGFRα. Each SH2 domain molecules that binds to PDGFR 

either directly initiates or connects the receptor with the activation of downstream signal 

transduction pathways thereby driving different cellular responses (30). Enzymes involved in 

catalyzing downstream signaling cascades include: phosphatidylinositol 3’-kinase (PI 3-kinase), 

phospholipase C-γ (PLC), Src family of tyrosine kinases, tyrosine phosphatase SHP-2, and the 

family of small guanosine triphosphatase (GTPase) activating proteins (GAP) for Ras (30). Other 

molecules are devoid of enzymatic activity but function as adaptor proteins to link the receptor 

with downstream catalytic molecules. Adaptor proteins include: Grb2 which forms a complex 

with the nucleotide exchange molecule Sos1 that activates the family of small GTPase Ras, 

Grb7, Nck, Shc, and Crk (30, 150). Furthermore, members of the signal transducer and activator 

(STAT) family also bind to PDGFR, become phosphorylated themselves and translocate into the 

nucleus where they act as transcription factors (30). 

 PDGF receptor combinations transduce similar but sometimes mutually exclusive cellular 

signals and the response is dependent on which of the two receptor types the cell expresses. 

Fibroblasts and smooth muscle cells are considered the classical target cell for PDGF; these cells 

express high levels of β-receptors (30). While cells like human platelets and rat endothelial cells 

only express α-receptors, others such as mouse capillary endothelial cells only express β-

receptors (30). In vascular smooth muscle cells, stimulation with bFGF selectively increased 

expression of α-receptors (164). In another experiment, IL1 and TNF-α were found to induce 

upregulation of α-receptors in osteoblast cultures (168). On the other hand, TGFβ stimulation of 

lung fibroblasts (169) and human neonatal fibroblasts (170) led to α-receptor downregulation 

(169) suggesting that TGFβ inhibits the mitogenic activity of PDGF. It is generally accepted, 

however, that α and β receptors mediate potent mitogenic signals independent of cell type. As 

described above, while activation of β receptors stimulates chemotaxis and formation of actin 

structures, activation of α receptors inhibits chemotaxis in certain cell types such as fibroblasts 

and smooth muscle cells but still stimulates chemotaxis in other types (151, 171). In smooth 

muscle cells, both receptors mediate mobilization of Ca2+ transients from extracellular stores via 

membrane channels (172) and intracellular stores (173). 
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4.3 Physiological and Pathophysiological role of PDGF 
 

PDGF is important for orchestrating the wound healing process (30, 150). To that end, 

PDGF stimulates proliferation and chemotaxis of fibroblasts and smooth muscle cells as well as 

chemotaxis of neutrophils and macrophages; induces fibroblasts to synthesize ECM, i.e. 

collagen; stimulates contraction of collagen gels in vitro (30); and modulates proliferation of 

endothelial cells thereby enhancing angiogenesis (27). In contrast to non-healing tissue, 

granulation tissue of healing wounds contain elevated expression of PDGF isoforms (174). In 

addition, application of topical recombinant human PDGF to open dermal wounds augments 

healing by increasing the rate of myofibroblast contraction. Also, rapid formation of granulation 

tissue occurred due to enhanced mitogenic and chemotactic actions on fibroblasts, smooth 

muscle cells, neutrophils and macrophages (30). PDGF also regulates tonus in blood vessels, 

aggregation of platelets, and tissue homeostasis through its ability to stimulate interactions 

between connective tissue cells and molecules of the ECM (30).  

In vivo studies utilizing gene knockout and gain-of-function transgenic tools, show that 

PDGF drives distinct cellular responses during successive stages of embryogenesis in mice 

(152). PDGF plays an important role in driving migration, differentiation and function of 

specialized mesenchymal and progenitor cell types during embryonic development of the kidney, 

blood vessels, lungs, central nervous system and various connective tissue compartments (150, 

152). In many cases, PDGFR gene knockouts have proven embryonic lethal (153). 

 There is a clear association between PDGF and the pathogenesis of certain disease states 

(86). Since the sis oncogene encodes the B-chain, PDGF may also be involved in viral 

transformation (30). Furthermore, human malignant mesodermal cells express PDGF receptors in 

vitro and in vitro (175). These findings provide evidence that over-activity of PDGF may be 

involved in stimulation of growth and metastasis of human tumors (30, 175). In contrast to 

healthy arteries, PDGF expression is increased in atherosclerotic lesions (30, 86). Moreover, 

elevated levels of plasma PDGF are present in post-MI and stable angina patients (28). Taken 

together these findings provide direct evidence that progression of the inflammatory response 

that characterizes CAD is augmented with elevated expression of PDGF (30, 86). The link 

between PDGF as a potent mitogen and chemokine is evident during conditions of restenosis 

following balloon angioplasty (176). Migration of arterial smooth muscle cells through injured 

vessel endothelium, and their subsequent proliferation in the intimal layer, results in generation 
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of neointema and may lead to vessel occlusion (176). Since activation of PDGFRβ plays a 

prominent role in the cell processes associated with atherosclerotic lesions, selective inhibition of 

receptor kinases at the site of balloon angioplasty might be of significant therapeutic benefit 

(176). PDGF is further implicated during ECM remodeling and fibrosis of a variety of organs 

such as heart, liver, skin and kidney (29, 30). Myofibroblast migration, proliferation, survival 

and collagen synthesis is enhanced by PDGF (153).  

Based on its cellular functions PDGF and its receptors are, therefore, considered pro-

inflammatory and –fibrotic, the effects of which are exacerbated due to its autocrine and 

paracrine signaling actions. 

 
5.0 Cardiotrophin-1 
 
 Screening from a cDNA library of embryonic stem cell clones which induced 

hypertrophy in cultured cardiomyocytes led to the identification and cloning of a novel cardiac 

growth factor, CT-1 (177). Isolated in 1995 with a molecular weight of 21.5 kDa (177), CT-1 is 

classified among the interleukin (IL)-6 family of cytokines (177, 178). Aside from CT-1, 

members of the IL6 family include IL-6, IL-11, oncostatin M, and ciliary neutrophic factor. 

Members share sequence similarities, a common four α-helix bundle topology (178), activation 

of a common receptor subunit granulation protein (GP)-130, and intracellular signaling via 

activation of Janus kinases (JAKs) and transcription factors of the STAT family (178, 179). Like 

PDGF, the IL-6 family of cytokines shares functional redundancy: different types of cytokines 

invoke the same biological activities in a specific cell or tissue. They play an important role in 

regulation of complex cellular processes such as gene activation, proliferation and 

differentiation. Recent studies show that CT-1 regulates cardiac myofibroblast function 

implicating the involvement of this cytokine in cardiac wound healing post-MI.   

 
5.1 Signal Transduction Cascade 
 
 Ligand binding of CT-1 dimerizes a receptor complex consisting of gp130 and leukemia 

inhibitory factor receptor (LIFR) (178, 180). Hetero-dimerization of receptors leads to activation 

and auto/trans-phosphorylation of gp130-associated JAK1, JAK2, or Tyk2 proteins (181, 182). 

Activation of JAKs phosphorylate gp130 at cytoplasmic tyrosine residues thereby creating 

matching docking sites for SH2 domains of inactive STAT1 and STAT3 (183). Recruitment of 
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STATs through interactions with gp130 and JAKs and their subsequent tyrosine phosphorylation 

leads to formation of STAT homo or heterodimers (183). Once activated, STATs act as 

transcription factors by translocating into the nucleus and binding to specific promoter regions to 

stimulate or repress transcription of target genes (178, 183). Some target genes associated with 

STAT are TIMP-1, interstitial collagenase, heat shock protein (hsp)-90, lipopolysaccharide-

binding protein, and suppressor of cytokine signaling (SOCS) (178, 179). Aside from activation 

of STATs, JAKs also activate a variety of other signaling pathways responsible for mediating 

cardiac hypertrophy and other cellular responses. Some of the signaling pathways include 

activation of extracellular signal regulated kinases (ERK), mitogen activated protein (MAP) 

kinases, PI3-kinase, AKT, and the Src pathway (178, 179).  

SOCS are an endogenous family of molecules that act as negative feedback regulators for 

the IL-6 family of cytokines. The SOCS family is thought to contain a SH2 domain that interacts 

directly with the kinase domain of JAKs (184). SOCS inhibit the tyrosine phosphorylation 

activity of JAKs, gp130, STAT1 and STAT3 (184, 185). Upregulation of SOCS3 via forced gene 

transfer and mechanical stretch suppresses CT-1 mediated cardiomyocyte hypertrophy (186) 

while AngII treatment enhances the expression of SOCS3 mRNA in rat hearts and 

cardiomyocytes (187). 

 
5.2 Physiological role of CT-1   
 
 CT-1 is a pleiotrophic cytokine based on its ability to exert a variety of cellular activities 

in vitro. Some biological functions of CT-1 include: inhibition of mouse myeloid leukemic cell 

growth, modulation of sympathetic neuron transmitter phenotype, promotion of dopaminergic 

neuron and spinal neuron survival, inhibition of embryonic stem cell differentiation and increase 

of protein expression in hepatocytes (178). Basal levels of CT-1 mRNA are expressed in heart, 

kidney, skeletal muscle and liver (177), and expression of gp130 and LIF receptors are found in 

most tissues of rodents and humans (178). Activation of the gp130/LIF receptor regulates growth 

and differentiation in a variety of cells including hematopoietic and lymphoid cells, neuronal 

cells, hepatocytes and osteoclasts (178). CT-1 treatment in cultures of mouse bone osteoclasts 

resulted in osteroclast differentiation and activation suggesting that CT-1 has an important role in 

bone remodeling during osteoporosis (188, 189). CT-1 is abundantly expressed in both 

cardiomyocytes and non-myocytes (190). Fluorescent in situ hybridization analysis has 
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demonstrated that, unlike other IL-6 members, the mouse CT-1 gene is located on chromosome 

7F3 and contains a variety of transcription factor binding motifs which are known to be 

important in cardiomyocyte growth and differentiation: CREB, MyoD, NF-IL6, Nkx2.5, and 

GATA (191). Norepinephrine (NE) may regulate transcription of CT-1 based on evidence that: i) 

expression of CT-1 mRNA in cardiac myocytes is augmented in the presence of NE in vitro and 

in vivo; and ii) the discovery that the NE responsive elements is located in the promoter region of 

the gene (191). Embryonic knockout mice homozygous for gp130 have severely under 

developed heart tube formation and are non viable (178). Furthermore, CT-1 is expressed during 

the early phases of heart tube formation (178). These studies provide evidence for the importance 

of the gp130 signal transduction pathways, particularly CT-1, in development of the ventricular 

chamber (178).  While most studies have focused on the functional properties of CT-1 in 

cardiomyocytes, little is known about the effects of CT-1 on cardiac fibroblast function (10). CT-

1 induces phosphorylation and subsequent activation of the JAK/STAT pathway in cultures of 

rat cardiac myofibroblasts (178, 192). Furthermore, cardiac canine fibroblasts express gp130, 

and LIF receptors and treatment with CT-1 in vitro resulted in proliferation of these cells (178, 

193) as well as rat cardiac myofibroblasts (178, 192). CT-1 is also a chemokine, albeit a weak 

one, for rat cardiac myofibroblasts (192) and stimulates enhanced collagen secretion/synthesis, 

but when cell number is normalized, CT-1 appears to downregulate collagen synthesis in these 

cells (10) 

 
5.3 CT-1 in the pathogenesis of the myocardium 
  
 While endogenous expression of CT-1 in healthy tissues is maintained at a balanced 

equilibrium, elevated levels are well documented in contributing to the pathogenesis of the 

myocardium.   

 Immunoluminometric analyses revealed elevated levels of CT-1 in samples of plasma 

extracted from patients diagnosed with heart failure and unstable angina (23), left ventricular 

systolic dysfunction (LVSD) due to MI (23, 24) and aortic stenosis (24). Moreover, levels of CT-

1 mRNA are increased in ventricles of 4 week old genetically induced spontaneous hypertensive 

rats but expression did not correlate with severity of LV hypertrophy (194). Induction of pressure 

overload in rats by ligation of the abdominal aorta also resulted in enhanced CT-1 mRNA 

expression and was concomitant with time-dependent activation of CT-1 mediated JAK/STAT 
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pathway (194). In another study, increases in CT-1, gp130 mRNA and protein levels were 

observed up to 56 days post-MI; immunohistochemistry revealed that these proteins are 

expressed in cardiomyocytes and fibroblast-like cells with intensity of staining peaking at 7 days 

post-MI (195). In another rat model of acute MI, CT-1 protein expression was found elevated in 

the infarct zone as early as 24 hour post-MI and persisted through 2, 4 and 8 weeks, compared to 

sham-operated animals (196). In this same study, at 8 weeks a trend toward increased expression 

of CT-1 in the non-infarcted myocardium is consistent with progress of LV hypertrophy post-MI 

(196). 

 Chronic administration of CT-1 causes dose-dependent increases in ratios of heart rate 

and ventricular weight to body weight with no changes in number of cardiac cells, indicating that 

myocardial hypertrophy is developed in animals treated with CT- 1 (197). This finding is 

consistent with the observation that treatment with CT-1 in vitro induces cardiac myocyte 

hypertrophy by adding sarcomeres in series which leads to increased cardiac myocyte size due to 

increases in cell length with little changes in width (198). Sarcomeric assembly in series results 

in eccentric hypertrophy and chamber dilatation (199). CT-1 mRNA expression was augmented 

in mice cardiomyocytes subjected to hypoxic conditions along with increased activation of 

STAT3 (200). Activation of the JAK/STAT pathway in cardiomyocytes is induced by 

mechanical stretch and partially dependent on AngII-mediated activation of protein kinase C 

(PKC) and a rise in intracellular calcium (201). Furthermore, AngII-stimulated conditioned 

medium from cultures of cardiac rat fibroblasts contained elevated levels of CT-1 protein. 

Hypertrophy resulted upon exposure of this medium to cultures of rat myocytes (202). These 

results suggest CT-1 may be secreted from cardiac fibroblasts further suggesting a cross-talk 

phenomenon between cardiomyocytes and fibroblasts subsequent to AngII-induced 

cardiomyocyte hypertrophy (202). These data provide both in vivo and in vitro evidence for the 

role of CT-1 in cardiomyocyte hypertrophy and ventricular remodeling following acute MI. 

 
5.4 CT-1 promotes cell survival 
 
 Research into the cytoprotective role of cytokine signaling through gp130 is burgeoning. 

Signaling through gp130 by CT-1 administration delayed the onset of motor neuron degeneration 

in a mouse model of amyotrophic lateral sclerosis (203) and promotes survival of embryonic and 

neonatal rat cardiomyocytes in vitro (25). The latter provides evidence that in the presence of 
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CT-1, myocardial cells may resist the effects of apoptosis in the post-MI myocardium. Anti-

apoptotic effects are mediated through activation of STAT3 in conjunction with MAP kinase 

(25), and PI3K/Akt pathways (204). Promotion of cardiomyocyte survival through STAT3 

signaling is, therefore, contradictory since STAT3 is also known to induce hypertrophy in 

cultures of cardiomyocytes. This suggests that gp130 mediated cardiomyocyte hypertrophy may 

be independent from MAPK and PI3K signaling indicating that these biological responses occur 

through divergent signaling pathways (178). CT-1 promotes cardiac cell survival in vivo and in 

vitro when treatment commences prior to or after hypoxic/ishemic conditions (205), and protects 

cardiomyocytes in vitro against re-oxygenation injury (206, 207). Activation of gp130 in vivo by 

intravenous injection of LIF in mice at 2 weeks post-MI induced myocardial regeneration by 

protecting myocytes from death and enhancing neovascularization (208). Injection of CT-1 in 

this same model resulted in reduction in mean arterial pressure and increases in heart rate 

without changing cardiac output (209).  

 In the compensatory phase of the post-MI myocardium, elevated levels of CT-1 may 

provide dual effects. CT-1 may be cardioprotective by promoting cardiac hypertrophy thereby 

compensating for loss of myocytes and protecting myocytes from death. Secondly, CT-1 helps in 

the repopulation and hence increases the cellularity of the infarct scar by providing chemotactic 

and mitogenic signals for cardiac myofibroblasts. The putative role of CT-1 in cardiac 

remodeling may initially act to downregulate collagen synthesis on a per cell basis in vitro (10) 

and in this way may oppose TGFβ pro-fibrotic effects. 

 
6.0 Fibroblast growth factor-2 
 

In 1974 a polypeptide purified from brain and pituitary gland stimulated DNA synthesis 

in quiescent 3T3 fibroblasts (210). The protein was found to have two isoelectic points residing 

at pHs of 9.6 and 5.6 resulting in the terms basic (b)FGF and acid (a)FGF, respectively (211). 

Despite its name, subsequent studies showed that FGF is produced and exerts mitogenic and 

survival signals in and for a wide variety of cultured mesoderm-derived cells found in epithelia, 

muscle, connective and nervous tissues (212, 213). In 1991 aFGF and bFGF were renamed and 

classified into subfamilies of FGF-1 and -2, respectively (214). Currently, 23 structurally related 

polypeptides of the FGF family (i.e. FGF-1 through -23) are identified in human and other 

vertebrates (211, 215). Like CT-1 and PDGF, FGF-2 is well characterized as a pleiotrophic 

 31



cytokine that exerts multiple effects on a variety of cell types (216). FGF plays a crucial role in 

embryonic development, maintenance of tissues, angiogenesis, and wound healing and repair 

(217). Similar to vascular endothelial growth factor (VEGF) and heparin-binding epidermal 

growth factor-like growth factors, FGF-2 binds with high affinity to heparin and is further 

classified as a member of the heparin binding growth factor family (32). FGF-2 is also thought to 

be cardioprotective and is implicated in a number of myocardial pathological conditions such as 

cardiac hypertrophy, atherosclerosis and wound healing post-MI. 

 
6.2 Structure of FGF-2: high and low molecular weight isoforms 
 
 Within the last decade a new classification strategy was developed to describe the FGF 

family. FGF-2 exists as a high (Hi) or low (Lo) molecular weight species consisting of 21-24 and 

18kDa, respectively (31). Hi and LoFGF-2 are derived from alternative translation initiation sites 

of different promoter regions on the same FGF-2 DNA sequence (31) and is regulated by internal 

ribosomal entry sites on the FGF-2 mRNA (218). Translation initiation on the conventional 

methionine (AUG) start site produces the 18kda form (LoFGF) (211, 219), while translation on 

upstream leucine (CUG) sites produce the larger FGF-2 isoforms (HiFGF) (31, 219). Studies on 

localization of FGF-2 show that HiFGF-2 localizes exclusively to the nucleus where it acts as a 

transcription factor (219-222). Nuclear localization comes from evidence that the N-terminal 

region of the protein contains a nuclear localization signal and has the ability to guide fusion 

proteins to the nucleus (220, 223, 224). Whereas HiFGF-2 is predominantly targeted to the 

nucleus, LoFGF-2 is largely thought to have cytoplasmic distribution. It is secreted into the 

extracellular environment where it functions as an autocrine and paracrine cytokine by binding to 

membrane receptors (31, 225). LoFGF2 exerts its effects as a mitogen and chemokine (226). 

LoFGF-2 is devoid of a secretory sequence. Consequently, the mechanism of exocytosis utilizes 

an alternative pathway independent of the ER-Golgi complex (227) but is energy dependent 

(228). Most studies focus on LoFGF-2 since its biological effects are easier to study.  

 
6.3 Mechanisms of action: extra- and intracellular signaling 
 
 FGF-2 exerts its biological activities both as an extracellular and intracellular factor. As a 

ligand, FGF2 exerts paracrine and autocrine actions by binding to high affinity FGF receptors 

(FGFRs). FGFRs are divided into four distinct types, FGFR1-4, and each are encoded by a 
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separate gene (217, 229). These receptors share common features including a cytoplasmic 

conserved intrinsic tyrosine kinase domain and an extracellular binding domain. A lower affinity 

class of binding sites for FGF2 has also been identified as heparin sulfate proteoglycans (HSPGs) 

and are located either in the plasma membrane and/or ECM (230). HSPGs may regulate the 

action of FGF-2 by enhancing FGF-FGFR interaction (229) via increasing its affinity for its 

receptor while protecting them from protease degradation and thermal denaturation (215). 

Further studies have revealed that heparin-like molecules help modulate binding of FGF-2 to its 

receptor by increasing the concentration of the ligand available for receptor binding (231).  

Binding of FGF-2 results in the dimerization of FGFR and leads to autophosphorylation 

of tyrosine kinases in the cytoplasmic domain of the receptor. Phosphorylation of tyrosine 

residues activates SH2 binding sites and leads to activation of intracellular signaling pathways 

such as MAPK (via Ras activation), PKC, and Src-associated pathways (31, 217). FGF2 also 

activates extracellular signal regulated kinases (ERKs), p38 and c-jun N-terminal kinases (JNKs) 

in different cell types (31, 232). After binding to high affinity FGFRs, FGF and FGFR are 

internalized by a clathrin-mediated mechanism where they enter endosomes or lysosomes 

causing their desensitization and degradation (215).  

 As HiFGF-2 is known to contain a nuclear localization signal, it functions as an intracrine 

factor by targeting the nucleus. Under various conditions such as hypertrophy, FGFR1 is 

released from the Golgi and forms an intracellular complex with HiFGF-2 followed by nuclear 

transport via importin β (31). The FGFR1-HiFGF-2 complex associates with nuclear structures 

such as polymerase II (31). In the nucleus, FGFR1 activates promoters of various genes 

including that of FGF-2 (31). LoFGF-2 also interacts with other proteins involved in intracellular 

trafficking including translokin (233), FGF-2 interacting factor (FIF) and casein kinase (CK)2 

(215, 234). FGF-2 dependent CK2 activation, for example, leads to activation of rRNA synthesis 

(31, 215, 234).          

  
6.4 Biological and pathological roles of FGF-2 
 
 FGF-2 regulates cell survival, apoptosis, proliferation, differentiation, ECM deposition, 

chemotaxis, cell adhesion, migration, and growth (235). Furthermore, FGF-2 plays a role in 

vertebrate limb formation during embryogenesis, vasculogenesis, wound healing, tumorigenesis, 

angiogenesis and blood vessel remodeling (235). Immunostaining has revealed expression of 
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FGF-2 in a wide variety of normal human tissues including basement membranes and smooth 

muscle cells of blood vessels, basement membranes and endothelial cells of capillaries of brain, 

lung, skin and lymph nodes, and cardiac muscle fibers, vascular, gastrointestinal, and uterine 

smooth muscle cells (216). Ubiquitous expression of FGF-2, therefore, provides evidence for its 

role in development and function of numerous organ systems.  

 In the myocardium, FGF-2 isoforms are expressed in several cells such as myocytes 

(236), vascular endothelial cells (212), fibroblasts, macrophages and mast cells (237). FGF-2 acts 

on FGFR1 and expression of this receptor is required for normal cardiac development (238). 

FGF-2 is found in the extracellular milieu surrounding cardiac myocytes (229) and its release 

from myocytes via exocytosis is associated with the activity of the Na+/K+ ATPase pump (32). 

FGF-2 secretion may also occur from a passive process involving cell lysis during tissue injury 

and cell death (31). In the postnatal heart, FGF-2 release occurs on a beat-to-beat basis (32, 239). 

FGF-2 is upregulated after cardiac injury (240) and during coronary collateralization (241), and 

exerts cardioprotective effects both in vivo and in vitro (32). LoFGF-2 enhanced survival rates of 

cultures of neonatal rat cardiac myocytes treated with hydrogen peroxide to simulate ischemic-

reperfusion injury (32). In vivo, LoFGF-2 confers cardioprotective effects in rat hearts subjected 

to ischemia with or without reperfusion (242), and in spontaneously hypertensive rats (243). 

LoFGF-2 mediated improved myocardial function post-MI by reducing infarct size (244) and 

protected against arrhythmias (245). Intramyocardial FGF-2 administration after onset of 

ischemia-reperfusion injury protected acute and chronic cardiac dysfunction and damage. 

Cardioprotection occurs through activation of FGFR1 and triggering of PKC. PKC stimulates 

phosphorylation of Cx43 (246), which depresses metabolic coupling via this gap junction (247). 

Myocyte uncoupling is cytoprotective by prevention of hypercontracture as well as spreading of 

harmful oxygen species caused by reperfusion injury (247). Increased myocardial expression of 

endogenous FGF-2 by transgenic overexpression was also associated with increases in myocyte 

viability following a model of ishemic-reperfusion injury (248) while mice deficient in FGF-2 

expression developed no compensatory response to cardiac hypetrophy in an AngII-dependent 

hypertensive mouse model (249). FGF-2 enhanced myocardial capillary collateral development 

in dogs with coronary occlusions (250).  

 The role of FGF-2 in cardiac hypertrophy and cardiac remodeling is not well defined. 

Nevertheless, implications of FGF-2 in the hypertrophic response is supported by studies in 
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which lack of a pressure-induced hypertrophic response was observed in transgenic mice 

deficient in FGF-2 (251). Furthermore, FGF-2 enhanced fibroblasts, myofibroblasts and vascular 

smooth muscle proliferation and motility in vitro (252), abrogated the formation of type I 

collagen fibers in ECM of cultured human vascular smooth muscle cells, decreased pro-chains of 

type I and III collagen mRNA, and augmented expression of MMP-1 (253). FGF-2 treatment of 

cultured cardiac fibroblasts increased intercellular electrical coupling between fibroblasts via 

upregulation of Cx43 mRNA and protein (246). Subcutaneous treatment of FGF-2 to dermal 

wounds in mice resulted in an anti-scarring-like effect by inhibiting fibroblast-myofibroblast 

phenotypic differentiation and improving collagen crosslinking in the chronic phase of the 

wound healing process (254).  

 In addition to its proposed role for maintenance of the healthy myocardium, presence of 

FGF-2 at various stages of injury may affect, positively or negatively, the disease process (32). 

Taken together these results support the notion that FGF-2 may be of therapeutic potential during 

cardiac injury. FGF-2 may preserve the functionality of the myocardium and the infarct scar in 

the early phases of wound healing post-MI by enhancing cardiomyocyte survival and stimulating 

cardiac hypertrophy, angiogenesis, and overall repopulation of the infarct scar. Increases in 

fibroblast-fibroblast and fibroblast-myocyte connectivity through Cx43 accumulation may 

compensate for interruption of electrical conduction by providing alternative means for electrical 

communication, and in this way help prevent arrhythmogenesis, which is prevalent during the 

onset of cardiac fibrosis (32).         

 
7.0 Cellular motility 
 
 Cell motility (also referred to as chemotaxis, migration, or locomotion) is crucial for the 

survival of multi and single celled organisms. In prokaryotes motility is equally as important for 

moving toward sustenance as moving away from harmful substances (255). In eukaryotic 

organisms, cell motility is involved in maintaining overall health and is implicated in 

physiological and pathological conditions. Cell migration orchestrates morphogenesis throughout 

embryonic development (36, 256). Examples of this are during gastrulation whereby groups of 

progenitor cells migrate from various epithelial layers to target specific locations and 

differentiate to form tissues or organs (256) such as the development of the nervous system (36) 

and heart tube. Renewal of skin and the intestinal epithelium involves migration of new 
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epithelial cells from the basal layer and crypts, respectively (256). The inflammatory response is 

mediated by migrating leukocytes that infiltrate areas of injury where they perform phagocytic 

and immune functions by destroying invading microorganisms, getting rid of infected cells, and 

clearing debris (36, 256). Wound healing involves a wave of migrating fibroblasts and vascular 

endothelial cells (36) which work in concert to generate a scar and new blood vessels (257). In 

metastasis, tumor cells migrate from the focal tumor mass into the circulatory system, travel 

throughout the body and later invade tissues forming new tumor growths (36). Other 

pathological processes that occur as a result of cell migration are vascular disease 

(atherosclerosis), osteoporosis, rheumatoid arthritis, multiple sclerosis, mental retardation and 

chronic inflammatory diseases (256). With respect to the latter, infiltration of the developing 

infarct scar by interstitial cardiac fibroblasts from the viable myocardium and border zone of the 

infarct not only aids in reparative fibrosis (258) by increasing the cellularity of the scar, but also 

contributes to activation of myofibroblasts and ultimately development of a hypertrophic scar 

leading to reactive cardiac fibrosis.  

 
7.1 Migrating back in time: the scientific history of cell motility 
 

The discovery of cell motility is a classic example of how science only progresses as far 

as the availability of technology will allow for those discoveries. In other words, discovery of 

motility and the associated molecular mechanisms has intimately paralleled the technological 

innovations used to observe single celled organisms. With a history spanning hundreds of years, 

cell migration is one of the oldest fields in cell biology (257). Invention of the compound 

microscope by Dutch biologists Hans and Zacharias Jansen in 1590, and later refined by Robert 

Hooke in 1665 was accomplished to observe living cells (259). The modern theory of cell 

migration was established in the early 1970s when Michael Abercrombie used video and electron 

microscopy to study how cells crawl on solid surfaces (257). Abercrombie suggested cell 

motility is guided by extending membrane protrusions while forming new cell contacts with the 

substratum which are followed by contractile forces to pull the cell body toward the newly 

formed adhesions (257). Today, invention of computer based models and electronic microscopes 

with real-time image processing has allowed for the observation of single microtubules in living 

cells. Laser-scanning confocal microscopy has allowed for examination of specific fluorescently 
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labeled proteins in clearly resolved pictures, such as the polymerization of the actin cytoskeleton 

(259).  

These technological innovations have revealed that cell motility is a physically integrated 

molecular process involving multiple components of spatially and temporally coordinated 

structures (Figure 1) (36). Through significant advancements in the last two decades, a more 

unified picture of cell migration now exists (257). Powerful new scientific tools allow for a better 

understanding of signal transduction mechanisms, cell structures, regulation of the dynamic 

process of actin and microtubule polymerization (256), and membrane-matrix interactions. In 

2001, the National Institute of General Medical Sciences launched the Cell Migration 

Consortium, a multidisciplinary multisite (257). The website is “designed to facilitate navigation 

through the complex world of cell migration research” (see http://www.cellmigration.org). 

 
7.2 Morphological polarization 
 
 To transform intracellularly generated forces into net forward cell body movement, cells 

must first achieve spatial asymmetry of the cell body (36). That is, a clear morphological 

distinction must exist between the front and rear (36). This polarization allows the cell to 

enhance movement toward a specific source in a persistent and coordinated manner (255). 

Establishment of cell polarity occurs during the time cells spend moving in a spatial gradient of 

chemoattractants and is enhanced proportional to the magnitude of the gradient present in the 

extracellular environment (255). Cell movement is guided by membrane receptors that probe and 

seek out extracellular signals.  

The type of extracellular signal processed is a reflection of the different forms of cell 

motility that exist. Haptokinesis and haptotaxis for example, are induced by adhesion-related 

signals such that control of movement occurs from less adherent to more adherent surfaces (260). 

The attractant is not diffusible but rather bound to the ECM. Mechanotaxis is controlled by 

stretch of the cell membrane conferred through introduction of a mechanical stimulus or sensed 

through the migrating cell itself. Chemotaxis is another type of cell motility controlled by 

exposure to soluble chemicals. These diffusible factors trigger signals via cell surface receptors 

independent from cell-substratum adhesion molecules (260). These soluble factors are referred to 

as chemokines, and exist as growth factors, cytokines, or hormones. Chemotaxis is the result of 

directed cell locomotion towards a chemical gradient like PDGF, CT-1 or LFGF-2 and occurs 
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during such processes as the inflammatory response and wound healing (261). Since all forms of 

cell motility are dependent on cell-substratum adhesion forces, chemotaxis is also superimposed 

upon haptokinetic locomotion (260).  

To coordinate movement, fibroblasts use spatial and temporal aspects of the 

chemoattractant gradient (255). Prokaryotic cells, for instance, are too small to process spatial 

information but rather undergo “random walking” with no directed movement (255). It is only 

when they encounter an increase in chemoattractant concentration that the frequency of random 

motion declines and movement in the direction of the source is prolonged (255). Eukaryotic 

cells, like fibroblasts, are larger (10-20µm in diameter) and more highly developed allowing 

them to process information in both a spatial and temporal manner. They can respond to small 

chemoattractant concentration differences that exist between the front and back of the cell (255).    

 During chemotaxis, extension of active membrane processes occurs in the direction of the 

chemoattractant gradient (36), whereas uropods at the trailing rear edge of the cell retract in 

response to myosin mediated contraction (255). These outgrowths are referred to as pseudopods 

and are temporary extensions of the membrane formed by actin polymerization. Lamellipodia are 

broad, flat, sheet-like and have a branching “dendritic” network, while filopodia are thin, 

cylindrical, needle-like and organized into long parallel bundles (36, 256). Changing position of 

the chemoattractant source led to formation of new pseudopods on lateral sides of the cell body 

marking the new front of the cell. These experiments provide evidence for the function of 

pseudopods as sensors of cell motility. Retraction of those on the old front of the cell (now the 

new uropod) gave the appearance that cells made U-turns toward the new chemoattractant 

sources (255).  

 To generate a cellular response, small differences in signaling between the front and rear 

need to be amplified into steeper intracellular signaling gradients (256). Members of the Rho 

protein family of small GTPases, Rho, Cdc-42 and Rac as well as the phosphoinositides, 

phosphatidylinositol-3,4,5 triphosphate (PIP3) and -3,4 bisphosphate (PIP2), are active in the 

front and back of migrating cells (262, 263) where they influence organization of actin networks, 

and protrusion of filopodia and lamellipodia (41, 256, 262, 263). Exposure to chemoattractants 

involves localized accumulation and activation of PI3K at the front of the cell and subsequent 

generation of PIP3/PIP2 and G-protein activated cAMP (255, 256). One of the downstream 

targets of PI3K is Rac (256). Rac signals in a positive feedback cycle and maintains directional 
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membrane protrusion by positively enhancing recruitment of PI3K and cdc42 at the plasma 

membrane, stabilizing microtubule and actin polymerization, and activating integrins at the edge 

of lamellipodia (256, 262, 263). The actions of Rho and Rac are mutually antagonistic: active 

Rac at the leading edge suppresses Rho activity, whereas Rho is more active at the sides and rear 

of the cell and suppress Rac activity (256, 262, 263). This would prevent Rac-mediated 

protrusions at sites other than the leading edge thereby keeping the cell body streamlined and in 

pursuit of the chemokine (256, 262, 263). A cytosolic gradient of Ca2+ is also established, with 

the lowest concentration at the cell front and the highest concentration at the rear (264).      

 
7.3 Membrane extension 
 

Membrane extensions in the form of lamellopodia or filopodia occur as a result of net 

actin growth (see Figure 1). Polymerization involves assembly of monomeric, globular (G)-actin 

monomers to growing fibrous (F)-actin sites at a rate that exceeds actin turnover due to 

depolymerization (36, 37). Actin filaments are organized with their fast growing plus (barbed) 

ends oriented in the direction of protrusion (37). Although the mechanism providing new actin 

polymerization sites for membrane extension remains unclear, polymerization is thought to be 

generated in two ways: elongation of existing filaments by addition of actin monomers in series, 

or by a combination of nucleation of new filaments and the former (37, 265).  

Nucleation sites on actin filaments regulate rate and direction of membrane extension. 

Capping proteins, which restrict polymerization of new filaments close to the membrane, 

function to terminate filament extension. Gelsolin functions to sever actin filaments and promote 

actin dissociation, while capping protein β2 stabilizes the newly formed nucleation site. Other 

proteins involved are cortactin (266-270), Arp 2/3, WASP and WAVE complexes (271, 272). 

Regulated by Cdc42 and Rac (41, 270-272), these proteins mediate actin polymerization by 

binding to sides or tips of pre-existing actin filaments, stabilizing them and inducing formation 

of a new daughter filament that branches off the mother filament (256, 271, 272). Addition of 

actin monomers may arise from uncapping of already-existing filaments, severing of filaments, 

or both, as well as de novo formation of new actin nucleation sites (36). Cytosolic concentrations 

of G-actin monomers exist in two forms: free G-actin and G-actin bound to a monomer binding 

proteins (36). Actin binding proteins regulate the rate and organization of actin polymerization 

by affecting the pool of available monomers and free ends (256). They include profilins, cilins, 
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and β-thymosins. Actin filament binding proteins such as fimbrin, α-actinin, and filamin serve to 

enhance actin filament cross-linking and help to increase rigidity of the actin polymer network 

against the load of membrane which, as filopods or lamellipods attempt to extend, resists 

deformation (36).  

 The process of actin assembly must generate a protrusive force sufficient to extend the 

plasma membrane against the compressive forces imposed on it by the inherent tension on the 

membrane and by the extracellular environment (273). Two models are proposed for generation 

of membrane protrusive forces: one involving the action of motor proteins, and the other in 

which actin polymerization itself produces protrusive force (37, 265). In the motor-based model, 

forward movement of the leading edge of the membrane is driven by ATP dependent motor 

proteins (myosin I or II) that move toward filament plus ends and push the actin cytoskeleton 

towards the cell cortex (37, 265). Polymerization of actin filaments fills in the resultant gap 

thereby extending the membrane forward (37). The second is called the thermal ratchet model or 

cortical expansion mechanism (36, 37). Gaps between filaments are created by thermally driven 

movements due to fluctuations in the position of the membrane, the length of the actin filament, 

or osmotically driven swelling of the membrane (36, 37). As in the first model, polymerization 

fills in the gap to prevent backward movement of the membrane (37).   

 
7.4 Adhesion to the matrix 
 
 Studies show that if extended lamellipodia do not form attachments with the substratum 

(ECM components), the leading edge of the cell retracts and forward movement is prevented 

(260). Newly formed membrane protrusions must become stabilized by tethering to surrounding 

ECM molecules (256). Adhesion to the underlying substrate is mediated through discrete regions 

of the plasma membrane referred to as adhesion plaques, focal contacts or FAs (41, 274).  

When the leading edge of the cell protrudes outwards in the direction of a 

chemoattractant gradient, FA complexes assemble there to form reversible interactions between 

the ECM and the cytoskeleton, remain fixed and are drawn rearwards thereby providing the 

necessary traction for the cell to translocate forward (see Figure 1) (36, 273). Control of 

translocation is further regulated by FA detachment at the trailing edge. Thus FA remodeling or 

turnover (rate of FA assembly and disassembly) regulates speed of locomotion. Slower moving 

cells generally display slower FA turnover (256).  
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 Cell adhesion receptors are classified into six major groups: immunoglobulin gene 

superfamily, cadherin, selectins, mucins, CD44 family, and integrins (275). Integrins are the 

most extensively studied cell adhesion receptor. They form the major transmembrane component 

of FAs and their clustering and activation induces formation cell-ECM interactions (41, 275). 

Integrins comprise a large family of αβ heterodimeric membrane spanning glycoprotein receptors 

involved in various adhesion interactions with ECM components (via fibronectin, laminin, 

collagens and vitronectin) and cell-cell contacts (via vascular-cell adhesion molecule, VCAM; 

and intercellular adhesion molecule, ICAM) (42, 275, 276). Currently, eighteen α subunits and 

eight β subunits have been identified and combine to form 24 known adhesion receptors (42). 

Structurally, the N-terminal domains of α and β subunits associate to form the integrin 

headpiece, which contains ECM binding sites and serve as receptors for ECM binding. The C-

terminal segment traverses the membrane and mediates direct or indirect interactions with the 

cytoskeleton network and with signaling molecules (42, 276). Specific integrin heterodimers 

bind to specific ECM components. β1 containing integrins bind collagen, αvβ5 integrin bind to 

vitronectin, and αvβ3 bind to a variety of ECM proteins containing the peptide sequence 

arginine-glycine-aspartate including collagen, fibronectin and vitronectin (276).  
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Figure 1. Schematic diagram of the basic steps required for cell motility. In response to increasing 
chemotactic gradients, receptors at the leading edge of the cell become activated. Cellular extensions in 
the form of lamellipodia or filopodia project outwards as a result of actin-polymerization-dependent 
protrusion and gain firm FA mediated attachments with the substratum. Isometric tension develops in the 
cell cortex which is transmitted to the underlying substratum at the level of FA complexes. Myosin II 
favored contraction at the rear of the cell breaks rearward adhesions and propels the body of the cell 
forward. Relaxation of cortical tension creates tractional forces that reorganizes the matrix. New FA are 
established in the leading edge and old ones are disassembled as the rear as the cell translocates forward. 
The same cycle is repeated in a tightly coordinated manner, moving the cell forward smoothly. Newly 
polymerized actin is shown in red. Figure reprinted from, Molecular Biology of the Cell, 4th Edition, 
Alberts et al, Figure 16-85, pg 972, copyright (2002) with permission from Garland Science. 
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Integrins are associated with other transmembrane proteins which provide a supporting role 

during migration and include the transmembrane 4 superfamily (TMF4SF), integrin-associated 

protein (IAP), CD98, and syndecan-4 (42). Direct or indirect associations with proteins at the 

cytoplasmic domain regulate integrin affinity and cytoskeletal interaction. Chaperone proteins 

are calreticulin and calnexin; the adaptor protein, paxillin; structural proteins such as talin, α-

actinin, filamin, vinculin, tensin; and regulatory enzymes including FAK, src, MAPK, integrin 

linked-kinase, receptor activated protein kinase C (RacK1), PKC, gelsolin, Crk-associated 

substrate (p130Cas), PI3K and calpain (42). Many of these cytoskeleton associated proteins have 

SH2 and SH3 binding domains and it is through these multiple binding domains that molecular 

interconnections can be enhanced, modified, and linked to intracellular signaling pathways (36, 

275). 

 Engagement of integrins with the ECM triggers a complex signaling cascade resulting in 

changes in intracellular pH (277), elevated levels of cytoplasmic Ca2+ (278), activation of PI3K, 

and stimulation of both serine/threonine and protein tyrosine kinases (279). Integrins, however, 

lack intrinsic tyrosine kinase activity (275).  

Identified in 1992 (38) and expressed in most tissues and cell types FAK is an important 

tyrosine kinase implicated in integrin-regulated signaling and thus regulation of FA complexes 

(38, 41, 275, 279). FAK is required for sensing of mechanical forces at the level of the ECM 

(141, 280) and spatial organization of the leading edge in migrating cells (281). Activation of 

FAK through a plethora of interactions with other signaling molecules results in assembly of a 

multicomponent signaling complex that is involved in a variety of important signal transduction 

pathways (38, 275). For instance, clustering of integrins in the presence of ECM molecules 

combined with activation of growth factor receptors (38) leads to the rapid recruitment of FAK 

to the FA complex via the Focal Adhesion Targeting (FAT) region.  Subsequently, 

autophosphorylation at tyrosines 397/576/577 leads to its catalytic activity (38, 41, 275, 282). An 

indirect association of FAK with integrins occurs through binding and phosphorylation of 

integrin and actin-associated proteins such as paxillin, α-actinin and talin (38, 283). FAK does 

not contain SH3 or SH3 domains but upon phosphorylation, high affinity binding sites are 

created in proline-rich regions (275, 283). These binding sites are recognized by SH2 domains of 

src-related family of tyrosine kinase members including fyn, csk, and src, and other SH2-

containing proteins including PI3K, PLCγ, Rho, p130Cas, SOCs, and adaptor protein Grb7 (38, 
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41, 283). Resultant activation of Ras, ERK2, MAPK, and JNK pathways ensue (38, 283)). The 

ERK and MAPK pathways are linked to migration-promoting signals like increased activation of 

actin-myosin cell contractility which is required to create tractional forces for forward movement 

(283). Activation of Rac and Cdc42 coupled to inhibition of Rho activity is important in 

promoting the dynamic regulation of actin polymerization during membrane protrusion (38, 275, 

283).  

 
7.5 Cell traction and contractile forces 
 
 Once adhesion is established, a contractile force, dependent on cytoskeletal associated 

active myosin-based motors within the anterior and posterior region of the cell, is required to pull 

the cortex (body) forward (see Figure 1) (36). This force is expressed as traction on the ECM at 

the level of integrin receptors (273). Traction helps overcome the opposing forces of frictional 

drag imposed on the cell by the inherent nature of the ECM, fluid in the environment, as well as 

the rearward pull due to adhesive interactions. Measurement of traction during fibroblast 

migration has revealed that these cells generate an estimated 1-5 nN/µm2 on the substrata – the 

equivalent of the force of 1000 myosin molecules working synchronously (284). Maximal 

migration speeds are reported at ~1 µm/min (285).  

The interplay between generation of forces in the cell front and rear are such that frontal 

attachments remain fixed while rearward attachments are released (36). Thus, migration speed is 

a biphasic function since migrating cells must be able to detach from the ECM in synchrony with 

development of traction (256). Traction is directly related to intracellularly generated contractile 

force but is not identical since traction may be altered at any moment due to disruption of cell-

substratum attachments (36). In other words, the substratum exerts equal but opposite forces on 

the cell, the magnitude of which is reliant on density of attachments and susceptibility of these 

attachments to disruption (36, 256). Therefore, the extent of cell-generated contractile forces 

does not by itself determine cell migration speed. Rather it is the combination or ratio of 

contractile force to cell-substratum adhesion strength that contributes to the rate (36).  

 Unlike the loose meshwork of short, randomly organized cortical actin filaments 

originating in lamellipodia, actin in the cortex is oriented in highly organized bundles. Here it is 

referred to as stress fibres (37). Stress fibers are similar to muscle sarcomeres in terms of 
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organization: having short actin filaments arranged in bundles of alternating polarity and 

associated with bipolar myosin II filaments (37).  

 Myosins are actin-dependent molecular motors that use the energy of ATP hydrolysis to 

move along actin filaments (39). Myosin heavy chains consist of three distinct regions: an 

amino-terminal motor or head domain responsible for actin binding and ATP hydrolysis, a neck 

region containing motifs that bind light chains e.g essential or regulatory myosin light chains, 

and a carboxyl-terminal tail responsible for cargo binding and/or dimerization of heavy chains 

such as calmodulin and calmodulin associated proteins (39). The myosin superfamily is divided 

into 20 known classes based on sequence comparison of myosin head domains. Myosin II is a 

double-headed, long rod-like molecule capable of polymerizing into bipolar filaments whereas 

myosin I is a single-headed molecule with a short tail (36, 39). Expressed predominantly in 

muscle cells, myosin II is implicated in the “sliding filament” theory of muscle contraction but 

also present in non-muscle cells where it plays a role in regulation of cell migration and control 

of cell shape (40). Myosin II is abundant in the cell cortex. Its bipolar filaments can pull two 

actin filaments past one another. Myosin I, on the other hand, functions to traffic membrane-

associated proteins (vesicles) along actin filaments (36).  

Myosin motors display functional diversity in their ability to perform specific 

intracellular functions. Duty ratio for example, is the proportion of the ATPase cycle a motor 

spends strongly attached to its actin-associated tracks (39). Myosin IIa and myosin IIb are both 

represented by low-duty ratios. Furthermore, both may be expressed in the same cell but perform 

different functions: IIa may be responsible for rapid contractile movements whereas IIb may be 

associated with maintenance of cortical tension (39). The major function of myosin II-based 

contraction, however, may be to aid in the breaking of adhesive interaction by direct application 

of physical stress (36). Myosin II contraction pulls on actin filaments which are connected to 

integrin adhesion receptors associated with the ECM and, in turn, accelerates bond disruption 

either at the extracellular receptor-ligand site or at an intracellular receptor-cytoskeleton site (36, 

260). In combination with myosin II mediated contraction at the rear to reduce restrictive cell-

substratum traction, myosin II or I also generates contractile force behind the leading lamella by 

pulling the cell body forward (36, 37, 260). Myosin II is also important for directional motility 

by preventing formation of unwanted lateral pseudopods, and involved in establishment, 

maintenance and recycling of integrin molecules (39).  
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 The activity of myosin II motors are regulated by a tightly controlled feedback cycle and 

involves phosphorylation of regulatory myosin light chain (rMLC) in the neck region of the 

molecule (286). Phosphorylation of rMLC activates myosin ATPase situated in the globular head 

domain, which is further associated with actin filaments. ATPase activation results in cross-

bridge cycling and contractile force. The sequence of molecular events leading to cross-bridge 

cycling is as follows: rapid increases in Ca2+ due to influx of extracellular calcium and release 

from ER results in binding of Ca2+ to calmodulin (287), which further binds to and activates 

MLCK leading to phosphorylation of rMLC residues (45). Phosphorylation of rMLC allows 

myosin ATPase to be activated by actin thereby initiating contraction of the cell cortex (45). In 

addition to being regulated by MLCK, rMLC is positively regulated by Rho kinase (ROCK) and 

negatively regulated by MLC phosphatase (45, 48, 288). ROCK phosphorylates MLC 

phosphatase rendering it inactive. Therefore, ROCK positively regulates MLCK by preventing 

its dephosphorylation by MLC phosphatase (45, 48, 288). Whereas MLCK is regulated by 

intracellular calcium concentration and ROCK, ROCK is regulated by binding Rho-GTP 

activators (guanosine exchange factors, GEF) (45).  

 
7.6 Moving forward: rear release of attachments 
 
 The release of cell-ECM attachments at the rear marks the end of a full cycle of motion. 

Once rear release occurs the cell translocates forward (see Figure 1).  Studies that track integrins 

on migrating fibroblasts reveal that cell “footprints” are left on the substrata in the wake of 

forward cell movement (289, 290). Other studies show that fractions of integrins remain intact 

during forward translocation, are collected into vesicles for intracellular trafficking and recycled 

back to the leading edge of the cell (289). This ripping of adhesions may occur from myosin II 

mediated contraction as discussed above, and through activation of rho and tyrosine kinases 

activity (291). Ca2+- dependent proteases and phosphatases such as calpain and calcineurin, 

respectively, play a role in FA turnover by cleaving and inactivating the many structural 

components associated with integrin adhesion such as talin and FAK (36, 291). The catalytic 

activity of FAK is also a key regulator of FA turnover (292). Positively regulated by Rho, Rac 

has also been implicated in detachment at the rear (256).  
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8.0 Wound contraction 
 

Moderate levels of mechanical tension exist in all connective tissue and serve as an 

important regulator of tissue function in lung alveoli, kidney capsule, uterine involution, and 

cardiomyocyte contraction (106). An elevation in tension, however, is known to occur in 

pathological situations, most particularly during contraction of granulation tissue of open wounds 

and burn-scar contracture (106). In the process of wound healing, normal contraction plays a 

beneficial role by facilitating earlier wound closure. This occurs by reducing the surface area of 

the original wound (106, 130) when the amount of tissue loss would otherwise have precluded 

adequate healing (293). Myofibroblasts appear during the wound-healing process and are the key 

players in generating contractile force. Since these cells are able to form cell-matrix adhesions 

and cell-cell interactions between the fibrillar collagen network of the scar, they generate 

contractile forces in the wound by pulling both edges of the wound together (6, 130). Although 

more is known about dermal than cardiac myofibroblast contraction, similar mechanisms are at 

play during both types of wound healing.         

  
8.1 Contraction and fibrotic disease 
 

Activation of myofibroblasts 2-3 days after infarction and their persistence in the infarct 

scar contributes to remodeling of the myocardium and development of cardiac fibrosis. Fibrosis 

occurs as a result of synergistic effects of myofibroblast function: de novo synthesis and 

deposition of collagen types I and III and continual myofibroblast contraction (5, 94).  Initially, 

myofibroblast contraction augments the wound healing process by increasing the tensile strength 

of granulation tissue to prevent infarct scar rupture (5). Over time there is a progressive increase 

in matrix stiffness while under tension.  

Combined with unregulated MMP expression and TGFβ signaling, the remodeling 

process involves a positively reinforced cycle. Myofibroblast contraction deforms the collagen 

network and induces deposition of new collagen fibrils to stabilize this newly deformed network 

(106). Degradation of old collagen and subsequent deposition of new fibers reorganizes the 

fibrillar matrix in such a way that mechanical tension induced by a single myofibroblast 

influences surrounding myofibroblasts to undergo the same process (106). Therefore, the process 

of mechano-remodeling is continuously repeated. Called contracture, this process involves 

incremental and anatomical shortening of the ECM matrix (106). The full extent of cardiac 
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fibrosis is marked when shortening or compaction of the collagen network ceases to depend on 

cell-generated forces as initially seen during myofibroblast contraction during closure of the 

wound, but instead relies on the physical stiffness of tension generated by the collagen network 

itself (106).  

 
8.2 Myofibroblast contraction theory vs. fibroblast traction theory 
 

Two schools of thought exist for the way dermal fibroblasts and myofibroblasts facilitate 

wound contraction: cell contraction theory and cell traction theory (294, 295). Cell contraction or 

myofibroblast theory proclaims wound closure is the result of myofibroblast contraction (294, 

296). Through integrin mediated FA interactions with collagen fibrils, myofibroblast contraction 

pulls the ECM toward the cell body, essentially pulling the wound edges together (294). 

Expression of αSMA combined with gap junction cell-cell interactions also allows 

myofibroblasts to pull on each other during contraction.  

Contraction of dermal wounds is initiated 4 to 5 days following injury. It is thought to 

proceed 12-15 days at an average closure rate of 0.6-0.75 mm/day depending on tissue type and 

wound shape (294). Traditionally, the notion of wound contraction was rooted in the theory that 

the mechanism of contraction was mainly due to collagen shortening (106). However, Gabbiani 

dismissed this theory in 1972. The landmark paper showed that contractile behavior of dermal 

scar tissue is dependent on granulation-tissue cells for force generation (297). It is now widely 

accepted that modified fibroblasts with smooth muscle-like features (myofibroblasts) regulate 

and thus play a key role in production of contractile forces involved in this process. In the dermal 

wound, myofibroblasts appear on the third day after wound healing (294). Subsequent studies 

showed that dermal myofibroblasts express αSMA in granulation tissue of healing wounds (298, 

299). Correlations between the levels of αSMA expression in lung fibroblasts and degree of 

contraction indicates that this contractile protein directly contributes to regulation of contractile 

activity (129). Other studies showed that TGFβ treatment in normally quiescent fibroblasts and 

myofibroblasts resulted in upregulation of αSMA and actin-associated proteins involved in the 

functioning of the contractile apparatus (12, 19, 300). Furthermore, formation and stability of 

supermature FA is dependent on TGFβ signaling and αSMA-mediated contractile activity (148). 

Supermature FA are hyperphosphorylated due to increased activity of FAK (142). Therefore the 

presence of supermature FA complexes in myofibroblasts suggests that these cells are less 
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motile. Less motility may be an adaptation, which allows myofibroblasts in the developing 

infarct scar to remain static and contractile while diverting cellular energy to synthesis and 

deposition of matrix components in addition to focusing energies on cell proliferation. Although 

fibroblast proliferation is an important process required to enhance cellularity of the infarct scar, 

this process will not be discussed in this review. The underlying molecular mechanisms involved 

in cell division are well characterized and discussed in comprehensive review articles (see 43, 

301-305).  

In the myocardium αSMA positive cells have been identified in human myocardial scars 

(18). αSMA (17) and SMemb (15) are expressed in myofibroblasts of right ventricles of pressure 

overloaded hearts and reperfused myocardial infarcts. Since TGFβ is also a known potent 

inducer of collagen I and III synthesis, these observations indicate that fully differentiated 

myofibroblasts contribute to force generation, ECM reorganization and wound contraction (106).  

  The second theory of contraction is cell traction theory and is thought to be the result of 

uncoordinated mechanical forces exerted by individual fibroblasts on the ECM by traction during 

cell motility or spreading (294, 296). Collagen fibers are reorganized and compacted by 

fibroblast locomotion (294) making the involvement of a specialized contractile cell unnecessary 

in this process (106). In an in vitro collagen gel model, traction exerted by migrating fibroblasts 

was sufficient enough to distort the gel surface to form patterns of a wrinkling appearance (306). 

As described previously, traction is exerted by fibroblasts as they migrate into the wound with 

traction occurring at the level of FA interactions with the substrata. Opponents of the cell 

contraction theory have argued that results from in vitro gel deformation models cannot be 

applied to physiological conditions in vivo, while proponents of the cell traction theory have 

challenged findings that fibroblasts are the most abundant cell type in granulation tissue (296). 

Moreover, it is possible that wound healing may result from a coordinated regulatory response 

from both cell types (296) and may include proto-myofibroblasts.  

 
8.3 Regulation of myofibroblast contraction 
 

Regulation of myofibroblast contraction parallels contraction of the cell cortex as seen in 

cell motility using mechanisms similar to those described for smooth muscle cells (144, 286). 

Stress fibres represent the cytoplasmic units of actin-myosin-mediated contractile activity in 

these cells (307). In response to elevated levels of intracellular Ca2+ due to agonist stimulation or 
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mechanical tension (ie. pharmacomechanical coupling), phosphorylation of MLC on serine 19 

and threonine 18 by MLCK leads to cross-bridge cycling of myosin II motor heads and results in 

isometric force exerted on the surrounding ECM (45). Increasing intracellular Ca2+ levels with a 

Ca2+ permeable ionophore, however, did not augment contractilility in vitro or in vivo indicating 

that activation of Ca2+ dependent MLCK alone is not sufficient to promote contractile behavior 

(308). Another means to regulate and sustain isometric tension occurs through activation of 

Rho/Rho-kinase (ROCK) (309). ROCK promotes and sustains MLC phosphorylation and in the 

absence of Ca2+ by both directly phosphorylating MLC, and by inhibiting myosin phosphatase by 

phosphorylating the myosin-binding subunit of this enzyme (106). Since myosin phosphatase 

negatively regulates MLCK activity, ROCK-mediated inhibition results in a prolonged state of 

MLC phosphorylation therefore increasing the time that myosin II is active which allows an 

increase in force transmission (309).  

The combined action of MLCK and ROCK suggest that the mechanisms of force 

generation are tightly regulated involving two regulatory systems. Rapid contraction that is short 

in duration may reflect the Ca2+-calmodulin –MLCK system, which can also be rapidly 

terminated by myosin phosphatase (309). The notion that Ca2+ release in cells is rapid, transient 

and localized supports the concept that contraction triggered by Ca2+ may also be rapid, short-

lived and localized (309). The second type of contraction is more sustained. A more energetically 

favorable mechanism may be achieved by controlling the level of myosin phosphatase activity 

through Rho-kinase, since a Ca2+-dependent system is difficult to fine tune and alone could not 

control prolonged contraction (309). 

 
8.4 Gel deformation studies 
 

Currently, 3D collagen gel lattices provide the best model for examining wound 

contraction in vitro and are more biologically relevant to living organisms than conventional 2D 

cell cultures (310). By culturing fibroblasts on or imbedded in these matrices, studies can explore 

the molecular mechanisms of contractile responses, cell-matrix interactions between cells and 

ECM, and how these influences may affect myofibroblast differentiation. Three common 

variations of the in vitro collagen matrix contraction model are floating matrix contraction, 

anchored matrix contraction, and stress relaxation (311).  
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Free floating collagen matrices are detached from the plastic culture dish and suspended 

in culture media. Fibroblast migration and spreading result in exertion of tractional force on the 

matrix (106, 312). Deformation of the matrix occurs by reduction in diameter (311). In this case, 

the fibroblast traction theory holds because fibroblasts do not acquire the proto-myofibroblast 

phenotype and do not undergo static contraction (106). Fibroblasts in free-floating lattices 

become quiescent after 24 hours due to downregulation of the ERK pathway which plays a role 

in regulation of contractile force (313). This model resembles mechanically relaxed or unloaded 

tissues which is representative of the healthy myocardium. Because all tissues are tethered in 

such a way that cell contraction induces mechanical loading and tension in the surrounding 

ECM, this model is poorly designed to study mechanically regulated processes (106, 311)    

Collagen gels are anchored to the culture dish and seeded with fibroblasts in the anchored 

matrix contraction model. Since the collagen gel is tethered to the underlying culture dish, 

tension develops and the cells are said to be mechanically loaded which is more reflective of an 

in vivo situation (106, 312). Tractional forces are isometric resulting in reorganization of 

collagen fibers. Under isometric tension, the collagen lattice is compressed and deformed in 

height (311). Fibroblasts align along lines of tension, develop prominent stress fibers, acquire a 

proto-myofibroblast phenotype, and form adhesion complexes (106, 312). Treatment of 

mechanically loaded cells with TGFβ also resulted in their differentiation into myofibroblasts 

(314).    

Lastly, the stress relaxation model is designed similar to the anchored model except the 

collagen lattice is detached from the underlying culture dish subsequent to plating of fibroblasts. 

Mechanical stress develops during the period when the matrix is anchored but this stress 

dissipates after it is released (311). This model resembles the transition from granulation tissue to 

scar formation because closure of the wound results in unloading of mechanical tension in the 

surrounding ECM. Therefore, when attached matrices are released, tension is released and is 

concomitant with regression of cell adhesions, and disappearance of stress fibers (146, 315). 

These changes result in cells that revert back to undifferentiated fibroblasts or proto-

myofibroblasts.  
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9.0 Calcium signaling and modes of transplasmalemmal movements 
 
 The Ca2+ signaling literature consists of a major breadth of all studied signaling 

mechanisms. It is inundated with thousands of articles concerning Ca2+ signaling in a wide 

variety of cell types but particularly in excitable cells. Neurons and muscle cells are the most 

widely studied excitable cell types (255). These cells are considered excitable since action 

potentials modulate their excitability and depolarization drives Ca2+ influx. On the other hand, 

non-excitable cells have limited capacity to become depolarized or activated and generally lack 

voltage-dependent Ca2+ channels (VDCC). For instance, depolarization-induced Ca2+ influx is 

not observed in fibroblasts, endothelial cells, and cancer cells (316). Rather, hyperpolarization is 

known to drive Ca2+ influx in these cells (317, 318). Many non-excitable cells like fibroblasts do 

display some capacity to depolarize but in general these cells lack the ability to undergo clearly 

defined action potentials (319). In smooth muscle cells, pharmacomechanical coupling can also 

regulate contraction independently of membrane potential and involves release of Ca2+ from the 

SR by a chemical messenger, IP3, through agonist-receptor interactions. In excitable cells, much 

is known about the way in which Ca2+ functions and how it is regulated. In cardiac muscle cells 

for instance, it is well established that a dedicated Ca2+ delivery system - T-tubules - functions to 

regulate Ca2+ influx. Upon depolarization of the plasma membrane, VDCC triggers the Ca2+ -

induced- Ca2+ release mechanism (320). Through a tightly regulated Ca2+ extrusion and reuptake 

process, intracellular Ca2+ concentrations ([Ca2+]i) are controlled, which enables the cell to relax 

(320). This section will explore the Ca2+ signaling mechanisms thought to play a role in non-

excitable cells, such as fibroblasts, with special attention made to modes of transplasmalemmal 

Ca2+ flux.    

       
9.1 The beginning of a new scientific era 
  
 The Ca2+ signaling era began in 1883 when Sidney Ringer serendipitously discovered 

that when isolated rat hearts were bathed in London tap water spontaneous contractions became 

more prolonged and pronounced as compared to when bathed in distilled water (321). In 

addition, Ringer found that contraction could be maintained if Ca2+ salts were added to the 

suspension medium (321). He deduced that since London tap water is enriched with salts 

containing Ca2+, then Ca2+ must carry a message or signal responsible for initiation of heart 

contraction (321). This discovery was completely novel at the time, since Ca2+ was previously 
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considered merely a structural element found in teeth and bone but not active in the normal 

functioning of tissues (50). Groundbreaking discoveries soon followed and provided strong 

experimental evidence for the importance of Ca2+ in cellular signaling pathways. Ca2+ is now 

widely accepted as an important divalent element with essential second messenger properties. 

These properties are regulated in a spatio-temporal manner and are required for the functioning 

of all cellular processes.   

 
9.2 Spatio-temporal properties: sparks, waves and oscillations 
 
 As an intracellular messenger Ca2+ relays information within cells to regulate activity of 

different cell types (322). At a subcellular level, Ca2+ enters the cell from the extracellular 

environment via routing through membrane spanning channels or exchangers. Ca2+ can also 

become released from internal Ca2+ stores through channels in the ER or SR (50, 322). The basic 

building blocks for the development of a Ca2+ signaling cascade are represented by elementary 

events (322). These events are localized signals called Ca2+ sparks, which result from entry of 

extracellular Ca2+ across the plasma membrane or release/uptake from internal stores (50, 323). 

In addition, Ca2+ can enter the nucleus to regulate gene transcription. Localized concentrations of 

Ca2+ regulate the activation of cytoplasmic processes such as trafficking of cellular material, 

opening of potassium (K+) channels and metabolism in the mitochondria (322). The net 

combination of these subcellular processes results in specific cellular events such as membrane 

excitability, smooth muscle relaxation, mitosis and synaptic plasticity (322). Global signals are 

created when elementary Ca2+ release signals become coordinated such that communication 

corroborates between individual channels (323). The result is a Ca2+ wave that spreads 

throughout the cell and based on the type of signal coordinates different cellular end points: cell 

motility, fertilization, liver metabolism, gene transcription, cell proliferation, and skeletal, 

smooth, and cardiac contraction (322, 324). Global Ca2+ waves spread to adjacent cells through 

gap junction complexes and become intercellular waves (323). These waves further regulate the 

physiological roles of cells in a specific tissue: wound healing, ciliary beating, glial cell function, 

and bile flow (322).  

 Ca2+ signaling is a paradox since it is required both for cell survival and cell death; high 

[Ca2+]i can lead to cell death signals which mediate the process of necrosis or apoptosis (324). 

Therefore, cells regulate [Ca2+]i by using low-amplitude Ca2+ signals or in other words by 
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delivering the signals as brief “transients” (322). Repetitive transients are called Ca2+ oscillations 

and it is the shape of the oscillation that determines the magnitude of the Ca2+ signal (50). For 

instance, muscle contraction, synaptic transmission, and cell motility require the rapid delivery 

of a spatially confined signal that is high in intensity but transient in nature (50). Cytosolic Ca2+ 

oscillations may regulate cell movement. In eosinophils for example, low Ca2+ concentration at 

the leading edge favors formation of actin networks by activating myosin I, inactivating actin-

severing proteins, and reversing the inhibition of Ca2+-regulated actin cross-linking proteins 

(264). The high Ca2+ concentration at the trailing edge may contribute to eosinophil detachment 

due to disassembly of actin networks and activation of gelsolin (264). Hence, an internal gradient 

of Ca2+ contributes to turnover of actin filaments in migrating cells.       

 
9.3 Ca2+ -binding proteins and signal transduction pathways 
 
 Unlike other second messenger molecules Ca2+ is not metabolized, produced or 

destroyed. Therefore, cells must tightly regulate intracellular levels through Ca2+ binding 

proteins and specialized extrusion pumps (319, 324). A large Ca2+ concentration gradient exists 

between the extracellular and intracellular environment. In vivo where the extracellular fluid is 

plasma, [Ca2+]i is approximately 100nM or 20 000-fold lower than the 2 mM concentration 

found extracellularly (324). In vitro, where a saline solution exists as is the buffer, [Ca2+]o is 

generally 1.6 mM. Ca2+ binding proteins maintain normal Ca2+ levels by acting as a buffer as 

well as by triggering second-messenger pathways and in this way help regulate Ca2+ transients.   

 G protein- and tyrosine kinase-linked receptors stimulate intracellular increases in Ca2+ 

levels and are required for fibroblast motility, contraction, and proliferation. A rise of [Ca2+]i 

occurs via phospholipase C (PLC) driven pathways through the binding of cytokines such as 

PDGF and FGF. Activation of G-protein-linked tyrosine kinase receptors activates PLC which 

hydrolyzes phosphatidylinositol bisphosphate (PIP2) into inositol 1,4,5-triphosphate (IP3) and 

diacylglycerol (DAG) (324, 325). Acting like a second messenger, IP3 binds to specialized 

tetrameric IP3 receptors that span the ER and trigger release of Ca2+ (324, 325). IP3-mediated 

signal transduction pathways are potent and may increase [Ca2+
i] from 100 nM to 1 µM (324).  

 Ca2+ triggers activation of a multitude of proteins implicated in the cellular processes 

discussed in this review. Trigger proteins change their conformation upon binding Ca2+ to 

modulate effector molecules such as enzymes and ion channels while buffering proteins bind 
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Ca2+ as intracellular concentrations increase (324). Some common proteins triggered by Ca2+ 

include: caldesmon (regulator of muscle contraction by binding actin in a Ca2+/calmodulin-

dependent manner) (326), MLCK (regulator of myosin activation) (308, 327), calpain (protease 

that regulates FAK) (328, 329), gelsolin (actin severing protein) (330), calmodulin (modulator of 

protein kinases such as MLCK, CaM kinase II, adenylyl cyclase I), calretinin (activator of 

guanyly cyclase), calcineurin B (phosphatase), PLC (generator of IP3 and DAG and producer of 

arachidonic acid), PKC (protein kinase), Ca2+-activated K channels (effector of membrane 

potential), IP3 receptors (effector of intracellular Ca2+ release), Na+/Ca2+ exchanger (NCX), 

calreticulin (Ca2+ buffer), calsequestrin (Ca2+ buffer) (324), α-actinin, and fimbrin (actin cross-

linking accessory proteins), and the troponin/tropomyosin system (regulates actinomyosin 

interactions). 

 
9.4 Transient receptor superfamily of ion channels 
 
 Transient receptor potentials (TRP) were first discovered to play a role in 

phototransduction in photoreceptors of Drosophila. Normally, in response to continual light, 

long lasting depolarization of the eye occurs and results in activation of receptors leading to 

sustained receptor potentials that triggered influx of extracellular Ca2+ ([Ca2+]o)  (331). However, 

in a mutant, the response to illumination was initially identical to that of wild type flies, but 

within a few seconds the potential became transient and returned to baseline levels despite 

continual stimulation by illumination (332). TRP was named accordingly and in 1989 the trp 

gene was cloned (333). This gene encodes a Ca2+ -permeable cation channel (334) with structural 

homologies to VDCC (335). Unlike most ion channels which are identified based on modes of 

activation or ion selectivity, TRP channels are identified based on homology alone and as such 

many channels have sequence and structural similarities to the originally discovered Drosophila 

TRP gene (336). In general, trp gene products encode NSCC. They have been cloned from flies, 

worms, and mammals and together form the TRP superfamily. 

 TRP channels are classified into 6 subfamilies: TRPC, -V, -M, -P, -L, and –N.        

Structurally, all subfamilies have six transmembrane segments and intracellularly localized tails 

of amino and carboxyl termini (331, 336). These tails are similar to topographies of voltage-

gated K+, Na+ and Ca2+ channels; cyclic nucleotide-gated channels; and hyperpolarization-

activated channels (336). It is interesting to note that the N-terminal in the cytoplasmic domain 
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contains 2-4 ankyrin-binding repeats, while the C-terminal domain in some subfamilies contain a 

conserved region of amino acids with a kinase or phosphatase domain (331, 336). Ankyrin is a 

cytoskeletal associated protein that mediates cytoskeleton-substrate anchoring or protein-protein 

interactions and suggests that these channels directly interact with the cytoskeleton to trigger 

signals important for cell motility and contraction. Other sequence domains in the C-terminus 

include: interactions with IP3 receptors; calmodulin-binding sites; and ATP-binding motifs (331). 

Topographically, the fourth transmembrane polypeptide segment lacks a complete set of 

positively charged residues, which are necessary for voltage sensing, while the sixth polypeptide 

assembles as tetramers to form cation-permeable pores (336). The modes of activation and 

selectivity for TRP channels are diverse. Some are activated by ligands, by physical stimuli (i.e. 

heat or mechanical force), and others by unknown mechanisms (336). All TRP channels are 

selective in terms of the type of ion (i.e. only cations) but are non-selective in terms of the type 

of cation. Selectivity ratios for Ca2+ to Na2+ vary widely between subfamilies (336). 

 The functions of the TRP superfamily are diverse and are further complicated by the 

overlapping functions of individual subfamilies. Furthermore, the division of TRPs into 

subfamilies on the basis of amino acid sequence and structural similarity do not clearly provide 

functional classification for TRP proteins (336). Nevertheless, TRPs are known to posses six 

main functions: they play a role in PLC-dependent Ca2+ flux, mechanosensation, function as 

thermal and noxious receptors, mechanosensors, taste sensors, and play a role in cell growth and 

ion homeostasis (336).  

 In PLC-dependent Ca2+ influx, e.g. as activated by PDGF-BB, activation of G-protein 

and PLC-coupled membrane receptors leads to increases in [Ca2+]i. Ca2+ entry occurs via store-

operated channels (SOCs) and functions mainly to replenish internal Ca2+ depleted stores (see 

Figure 2) (336). TRPC1 through TRPC7 are representative of SOCs and are the closest relatives 

of the Drosophila TRP (331). Mechanical stimuli in the form of cellular membrane deformation 

are another important mechanism of TRP activation. These TRP channels include TRPV, TRPP, 

and TRPM (336). Mechanosensation is the basis for hearing, osmolar sensing, stretch, touch, and 

flow sensing (336). The notion that TRPs play a role in thermal and noxious receptors came from 

the discovery that the TRPV subfamily of receptors binds to capsaicin. Capsaicin is the active 

ingredient in chili peppers known to produce a “hot”, spicy sensation; binding of capsaicin 

activates TRPV. Accordingly, TRPV is expressed in primary afferent sensory neurons of the 
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dorsal root ganglion and trigeminal ganglion (337). TRPV is activated by noxious heat, low pH, 

tissue injury (which is accompanied by acidosis) and hypotonicity-induced cell swelling (336). 

The ability of TRPV and TRPM channels to integrate physical and chemical stimuli suggests 

they play a role in perception of taste (336). Consistent with this notion, TRPMs are expressed in 

taste buds. TRPM5, for example, may be responsible for perception of bitter or sweet 

compounds (338). TRPV and TRPM channels are implicated in reabsorbtion of Ca2+ and Mg2+ 

ions in kidney and intestines and plays a role in cell proliferation (336). Concerning the latter, 

increases in [Ca2+]i due to upregulation of TRPV6 or TRPM8 triggers malignant transformation 

of cells (336).   
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Figure 2. Proposed model for Ca2+ entry in non-excitable cells. In the capacitative Ca2+ conductance 
model, binding of an agonist (e.g. PDGF, FGF-2, or CT-1) to a membrane receptor (R) leads to 
activation of phosholipase C (PLC) and production of inositol 1,4,5, triphosphate (IP3) which in turn 
triggers release of Ca2+ from internal stores (endoplasmic reticulum, ER). Although not fully 
understood, it is suggested that ER depletion in some manner triggers a pathway through NSCC for its 
direct refilling from the extracellular space. Continual receptor activation and production of IP3 would 
result in net movement of Ca2+ from the extracellular space to the cytosol. NCX may be triggered by 
either intracellular messengers (e.g. PLC) or intracellular gradients of Ca2+ or Na+. Activation of Ca2+ 

entry mode (reverse mode) or exit mode (forward mode) may be dependent on type of cell response. 
Intracellular Ca2+ modulates cell motility, contractility and proliferation by regulating contractile 
machinery, FA and cytoskeletal proteins associated with integrin complexes, and gene transcription. 
Figure adapted and reprinted from Cell Calcium, 11, Putney, J.W, Capacitative calcium entry revisited, 
611-624, copyright (1991) with permission from Elsevier.
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9.4.1 Store-operated Ca2+ entry 
 

Eukaryotic cells increase [Ca2+]i in one of two ways: either by releasing 

compartmentalized Ca2+ from intracellular stores (i.e. from the ER or SR) or by evoking Ca2+ 

influx from the extracellular environment (339). Release from intracellular stores is transient and 

deactivates quickly due to Ca2+ export from the cell by energy driven plasma membrane Ca2+ 

ATPase pumps (339). Since many cellular processes require a sustained wave of Ca2+
i, influx 

from the extracellular environment plays a crucial role in maintaining these levels (339). It is 

now firmly established that in non-excitable cells store operated Ca2+ entry (SOCE) through 

store-operated channels (SOC) is one of the major mechanisms for Ca2+ entry (Figure 2) (336, 

339). Candidate genes for this mode of Ca2+ entry include the Drosophila gene products trp and 

trpl; however, there is no definitive evidence that these genes encode TRP proteins responsible 

for the currents generated by SOCE. As well, a mammalian homologue has not yet been reported 

(324). TRPC channels are closely related in structure and function to the group of TRP channel 

proteins first identified in Drosophila that mediate PLC-dependent light-induced current in 

retinal cells (325). These channels have been implicated as important mediators of Ca2+ entry 

and evidence indicates that they function as SOC (325). For example, there is evidence that 

expression of TRPC6 mRNA exists in vascular smooth muscle cells (340). Impairment of 

TRPC4 in a knockout model of lung vascular endothelial cells resulted in a defect in Ca2+ influx 

and this was associated with lack of thrombin-induced actin-stress fiber formation and reduced 

endothelial cell retraction responses (341). SOCE is also implicated in regulation of gene 

expression in vascular smooth muscle cells (342). 

The concept of SOCE is rooted in 1986 when Putney published a study using the 

fluorescent Ca2+ indicator, fura-2 (343). Putney showed that in parotoid acinar cells, a uniform 

[Ca2+]i was maintained due to Ca2+ influx after stimulation with agonists of many receptors types 

such as muscarinic type 3 (343). [Ca2+]i rose despite effective depletion of endoplasmic reticular 

stores from plasma membrane Ca2+ pumps and this rise in Ca2+ accompanied activation of Ca2+ 

entry across the plasma membrane (324). There are similar results for other cell types including 

arterial smooth muscle cells (344). Furthermore, treatment of cells with thapsigargan, an 

inhibitor of the ER Ca2+ ATPase pump, showed that depletion of stores alone was a sufficient 

stimulus to initiate Ca2+ entry (345, 346). Since both agonist and thapsigargin activated the same 

Ca2+ entry pathway, these studies demonstrated the existence of a Ca2+ mediated communication 
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pathway between Ca2+ stores and the extracellular environment. In addition, if Ca2+ pools 

emptied in the presence of IP3, a pathway from the extracellular space to the pool opened; on the 

other hand, if the pool was replenished, the pathway from the extracellular space closed even in 

the presence of low extracellular Ca2+ or Ca2+ chelating agents (343). Thus, the emptying of Ca2+ 

stores automatically triggered Ca2+ influx and in this way, elevated [Ca2+]i is likely maintained.    

SOCE is now widely accepted to occur in various cell types including fibroblasts, mast 

cells, macrophages, epithelial cells embryonic kidney cells, platelets, smooth muscle cells and 

many others (339). A rise in [Ca2+]i is accompanied by influx of Ca2+ from the extracellular 

space through SOC (325). Influx of Ca2+ is induced by a drop of Ca2+ content in IP3 -sensitive 

Ca2+ stores and is maintained so long as the stores are not replenished (331). PLC dependent 

Ca2+ entry, however, is not exclusively limited to store depletion but may also be due to 

activation of surface Ca2+ channels by other second messengers such as DAG (336), IP3, IP4, 

cytosolic Ca2+ or arachidonic acid (331). Activation of protein kinase C (PKC) by DAG interacts 

and activates SOC (339). In these cases, Ca2+ entry is mediated by second messenger-operated 

channels (SMOC).  

The mechanisms underlying how the filling state of intracellular stores is communicated 

to the cell membrane such that Ca2+ channels are activated are largely unknown. Alternative 

possibilities may be involved. A diffusible messenger in the cytosol called Ca2+ influx factor 

(CIF) is postulated to play an important role in SOCE (347, 348). An alternative mechanism is 

the proposal that Ca2+ stores and SOCs physically interact through protein-protein interactions. 

This situation is analogous to striated muscle cells where Ca2+ channels mediate Ca2+ release by 

physically coupling to the SR. Based on this analogy, levels of Ca2+ in the stores control gating 

of Ca2+ channels in the plasma membrane by altering the configuration of proteins within the 

store membrane which, in turn, directly interacts with the channels in the plasma membrane 

(331, 349). The “secretion-like coupling model” of SOCE suggests that pre-synthesized SOCs 

are transported in vesicles and fuse with the plasma membrane (331, 350). Lastly, non-excitable 

cells are known to produce membrane potentials whereby ligand induced mobilization of Ca2+ 

from intracellular stores activates Ca2+ activated K+ channels and provokes a hyperpolarization 

effect on the membrane (318, 319, 351). The resultant K+ hyperpolarization current is 

significantly larger than the current generated from Ca2+ influx, which, in turn, increases the 

electrochemical gradient for Ca2+ to flow into the cytosol leading to even more activation of 
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Ca2+-activated K+ hyperpolarization. Although unclear, PKC, which is itself regulated by Ca2+, 

may negatively regulate K+ channels (319). It is likely that NSCC provide the route of Ca2+ entry 

during this phenomenon. Functionally, K+ driven hyperpolarization events are associated with 

cell motility (352-354). These channels can be regulated by phosphorylation (355, 356).   

  
9.4.2 Stretch-activated Ca2+ entry 

 
Mechanically sensitive channels (MSCs) are another type of NSCC and include stretch-

activated channels (SACs) or stretch-inactivated channels (SICs) (357). Mechanosensitivity 

provides sensory inputs for hearing, touch, kinesthesis, proprioception, and regulation of bone 

and muscle (357). Activation and gating of SACs occur in response to tension conveyed to the 

channel either through the surrounding membrane lipids or membrane cytoskeletal elements 

(357). MSCs are coupled to the cytoskeleton and mechanochemical components such as actin 

and integrin. Since cell motility and contractility requires substrate-cytoskeleton 

mechanofeedback interactions, MSCs may modulate the mechanical forces involved in these 

processes. MSC are permeable to Ca2+, Na+, and sometimes K+ (358). They are found in a 

variety of cell types including cardiac, smooth, and skeletal muscle cells, neurons, epithelial 

cells, oocytes and fibroblasts (358).  

Although cardiac fibroblasts are involved in biochemical and structural changes during 

cardiac development and remodeling, the possible role of fibroblast electrophysiology remains 

unclear. Fibroblast membrane potential may be modulated by mechanical stretch which may 

contribute to intracardiac mechanoelectrical feedback during myocardial contraction (359). The 

changes that occur in fibroblast membrane potential during cardiac contraction have been called 

mechanically induced potentials (MIPs) (360). In vivo, MIPs are thought to be induced by 

myocyte contraction which physically squeeze and compress interstitial fibroblasts and lead to 

mechanical activation of NSCC (360, 361). Electrophysiological studies have clearly 

demonstrated that entry of Ca2+ to the cytosol occurs upon mechanical stimulation of the plasma 

membrane (362-364). A common characteristic of these channels is their sensitivity to the heavy 

metal blocker, gadolinium (Gd3+) (358, 365).  
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9.5 Na+/Ca2+ exchanger 
 
 The Na+/Ca2+ (NCX) exchanger was first isolated in 1988 from cardiac sarcolemma (366) 

and then cloned in 1990 (367). In the ensuing decade a great deal of research has focused on its 

Ca2+ regulating properties and has revealed that NCX is an essential component of Ca2+ signaling 

pathways for the functioning of organs. The relative abundance of NCX expression in different 

types of tissue is representative of the importance of transplasmalemmal Ca2+ fluxes in the 

normal functioning of cells. NCX is expressed in most cell types but is more abundant in 

excitable cells. In some tissues for instance, the importance of the exchanger is low, such as the 

liver while in other tissues, NCX clearly plays a major role in regulating the physiological 

response to Ca2+. These tissues include kidney, smooth muscle, brain, and heart (368).  

NCX functions at the level of the plasma membrane and works as a bidirectional energy 

independent antiporter, transporting 3 Na+ ions in exchange for 1 Ca2+ ion. The process of 

exchanging 3 Na+ for 1 Ca2+ is electrogenic and implies the transport of one positive charge in 

the direction Na+ is moved across the membrane. Therefore, NCX activity contributes to the 

electrical properties of cells. Recently, however, the 3:1 electrogenic stoichiometry became 

disputed when a study proposed a 4:1 stoichiometry (369), while another proposed a 3.2:1 ratio 

of ion movements (370). The concentration gradients for Na+ and Ca2+, and membrane potential 

provide the electrochemical driving forces that regulate the direction and magnitude of ion 

movement. Based on direction of Na+ movement, forward mode produces an inward current and 

results in Ca2+ efflux whereas reverse mode produces an outward current and results in Ca2+ 

influx.  

 NCX is modeled to have 9 transmembrane segments forming a 938 amino acid long 

polypeptide chain (367). Two sets of hydrophobic domains, α-1 and α-2, are sequences that span 

transmembrane segments 2 and 3, and 7 and 8, respectively (372). These regions have an 

important role in ion transport (371, 372). The large intracellular loop contains the C-terminus of 

the protein. This segment is involved in regulation of NCX activity and contains the Exchanger 

Inhibitory Peptide (XIP) region, regulatory Ca2+ bindings sites and, the region of alternative 

splicing (373). The XIP region regulates the exchanger by deactivating it upon binding of a 

peptide with homologous sequence (373). Binding of Ca2+ to the regulatory binding sites of the 

intracellular loop causes conformational changes in the protein and its subsequent activation 

(374).  
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 NCX proteins are members of the exchanger superfamily that fall into four different 

families (373). The first is the conventional NCX, Na+-Ca2+ exchanger family. This family has 

sequence variability based on degree of expression and tissue distribution. In mammals, NCX is 

encoded in 3 different genes: NCX1 (367), NCX2 (375), and NCX3 (371). Different mRNA 

transcripts exist for each of the 3 genes and are further regulated by alternative promoters and 

alternative splicing. While NCX1 expression is generally considered ubiquitous, NCX2 and 

NCX3 are expressed mainly in brain and skeletal muscle (376). Based on the number and 

combinations of exons present in the RNA transcript for instance, 12 different isoforms of NCX1 

have been identified and expressed in a tissue-specific manner (376, 377). NCX1.1 is found 

exclusively in the heart and skeletal muscle, while NCX1.3 is expressed in the kidney (378). The 

second family consists of 6 proteins similar to the Na+-Ca2+ K+ exchanger and is designated 

NCKX (373). NCKX proteins exchange four Na+ for one Ca2+ plus one K+ (379). The third 

family consists of bacterial proteins all of unknown function and lastly the fourth family consists 

of a Ca2+ H+ exchanger (373).  

 In excitable cells like cardiomyocytes, NCX plays a critical role in excitation-contraction 

coupling (320). In the process of relaxation (diastole) the exchanger functions in forward mode 

by removing Ca2+ from the cytosol in exchange for extracellular Na+ (320). However, NCX may 

also play a role in contractile activity by functioning in reverse mode insofar as transporting Ca2+ 

into the cytosol in exchange for intracellular Na+ (Figure 2) (320). NCX dependent influx of Ca2+ 

is not sufficient to support contraction on its own, but rather induces the SR to release larger 

quantities of Ca2+ from its stores thereby helping to augment contraction on a beat to beat basis 

(e.g. Ca2+ induced Ca2+ release) (380). Intracellular Na+ concentration is thought to be the key 

regulator of NCX function since high intracellular Na+ concentrations and depolarized 

membrane potentials favor a Ca2+ influx mode (320). These conditions occur during the peak of 

cardiomyocyte action potentials and support the notion for a Ca2+ influx mode.  

NCX has also been implicated in pathophysiological processes in the heart such as in 

cases of cardiomyopathies (381), MI (382), heart failure (383) and cardiac hypertrophy (384). In 

ischemic conditions, induction of an acidic environment stimulates the Na+ H+ exchanger to 

expel excess H+ ions in exchange for Na+. Efflux of Na+ along with cessation of the Na+ K+ 

pump (due to ATP deficiency) activates the reverse mode of NCX to compensate for high 
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intracellular Na+ concentrations. Enhanced influx of Ca2+ occurs and ultimately contributes to 

Ca2+ overload, cell damage and death (385, 386).  

In cell types other than cardiomyocytes the role of NCX is less defined.  Although studies 

have demonstrated that NCX is involved in regulating Ca2+ homeostasis in arterial myocytes 

(368, 387), and is expressed in vascular smooth muscle and endothelial cells (388-390), no 

information is known about the properties of NCX during cell migration, contractility or 

proliferation. However, phosphorylation of NCX by a Ca2+ -dependent kinase phenomenon and 

interactions with PLC, PKC, cAMP-dependent protein kinases, cAMP-dependent protein kinase-

anchoring proteins, and phosphatases is demonstrated (Figure 2) (373, 391), and suggests 

possible roles of NCX in these cytokine mediated cell processes. Cytosolic Ca2+ signaling was 

impaired in a fibroblast cell line model of NCX over expression, by preventing increases of Ca2+ 

and leading to retardation of integrin-mediated adhesion (392). 

A variety of NCX inhibitors exist and have different degrees of affinity and selectivity. 

Trivalent and divalent heavy metals are effective in blocking NCX in electrophysiological 

studies and have the following potency: La3+ > Cd2+ > Ni2+ > Co2+ > Mn2+ > Mg2+ (393). 

Derivatives of amiloride such as benzamil, N5-2,4,-dimethylbenzyl-amiloride (DBM), and 3,4-

dichlorobenzamil (DCM) have poor selectivity and generally weak affinity for NCX (394, 395). 

Recently, benzyloxyphenyl derivatives such as KB-R7943, SEA0400, and SN-6 have been 

developed as selective NCX inhibitors and used as pharmacological tools to study the roles of 

the exchanger at the cellular and organ level (396). Both KB-R7943 and SEA0400 inhibit the 

reverse mode of NCX, though SEA0400 is approximately 10 times more potent for this mode of 

inhibition. Both have cardioprotective effects against ischemia-reperfusion injury (396-398). 
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IV MATERIALS AND METHODS 
 
1.0 Materials and reagents 
 

Culture media (Dulbecco’s Modified Eagle Medium, DMEM/F12, and Minimum 

Essential Medium, SMEM), fetal bovine serum (FBS), antibiotics (penicillin and streptomycin) 

and trypsin-EDTA (0.05% v:v) were purchased from Gibco BRL (Grand Island, NY). Culture 

plates, flasks, and multi-well dishes were obtained from Fisher Scientific (Ottawa, Ontario, 

Canada). Collagenase type 2 was obtained from Worthington Biochemical Corporation 

(Lakewood, NJ). Recombinant human CT-1, PDGF-BB, TGFβ1, and TNF-α were acquired from 

R&D Systems (Minneapolis, MN). Recombinant wild type LoFGF2 (the 18 kDa, AUG-initiated 

isoform) was kindly provided by Dr. Elissavet Kardami (Department of Human Anatomy and 

Cell Sciences, University of Manitoba, Canada). FGF-2 was produced in Escherichia coli and 

purified to homogeneity according to standard protocols as published previously (399). Primary 

antibodies specific for SMemb were supplied by Abcam Inc. (Cambridge, MA), αSMA from 

Sigma-Aldrich Canada Ltd (Oakville, Ontario, Canada), NCX1.1 from Swant (Bellinzona, 

Switzerland), actin from Santa Cruz Biotechnology (Santa Cruz, CA) and Cav1.2a from 

Alomone Labs (Jerusalem, Israel). Alexa Fluor-conjugated secondary antibodies were purchased 

from Molecular Probes (Eugene, OR) and anti-mouse Ig Texas Red-conjugated antibody was 

from Amersham Pharmacia Biotech (Arlington Heights, IL). Crystal Mount was obtained from 

Biomedia (Foster City, CA). Prestained low-molecular-weight markers and anti-mouse 

horseradish peroxidase (HRP) conjugated IgG antibodies were acquired from Bio-Rad 

Laboratories (Hercules, CA). Polyvinylidene difluoride (PVDF) blotting membranes were 

obtained from Roche Diagnostics (Laval, QC, Canada). The enhanced chemiluminescence (ECL 

Plus) and protein assay kits were supplied by Sigma-Aldrich. Costar Transwell apparatuses were 

obtained from Corning Inc. (Corning, NY).  Collagen bovine solution was purchased from Stem 

Cell Technologies (Vancouver, BC, Canada). Surgical handle and blades were acquired from 

Becton-Dickinson Acute Care (Franklin Lakes, NJ). Whatman pH indicator paper was obtained 

from Whatman International Ltd (Middlesex, London). Lactate dehydrogenase assay (LDH) kit 

was purchased from Diagnostic Chemicals Limited (Charlottetown, PEI, Canada). ML-7, 

AG1296, and KB-R7943 were acquired from Calbiochem (San Diego, Ca). Ascorbate, GdCl3, 

EGTA, dimethyl sulfoxide (DMSO), calcium chloride (CaCl2), ouabain, bovine serum albumin 
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(BSA), ionomycin, nifedipine, cycloheximide, protease inhibitor cocktail, Hoechst 33342 stain 

and other laboratory grade reagents were purchased from Sigma-Aldrich Canada Ltd.  

 
2.0 Use of cytokines, pharmacological inhibitors and blockers, and calculation of free 

[Ca2+] using Softmax C  
 

Working stocks of PDGF-BB, CT-1, TGFβ1, and TNF-α were stored in aliquots of 10 

µg/ml in a carrier protein solution consisting of 0.1% BSA in PBS. For each separate experiment, 

stocks of 0.8 µg/µl LoFGF-2 were diluted to 10 µg/ml in 0.25% BSA in PBS. Working stocks of 

CaCl2, GdCl3, EGTA, and ouabain were kept at 400 mM in double distilled water (DDW), 5 mM 

in PBS, 100 mM in DDW, and 1 mM in DDW, respectively. Working stocks of ML-7, 

nifedipine, KB-R7943, and ionomycin were stored at 10, 10, 2, and 1 mM in DMSO, 

respectively. Working stocks of AG1296 were kept in 10 mg/ml in DMSO.  

A computer based program called Softmax C (see http://www.stanford.edu/ 

~cpatton/webmaxc/webmaxcS.htm) was used to calculate the appropriate concentration of 

EGTA to treat myofibroblasts in migration assays so that the effects of EGTA did not 

theoretically chelate free [Ca2+] below damaging limits (i.e. under ~100 nM). Free [Ca2+] was 

calculated by imputing increasing concentration of EGTA and creating a standard logarithmic 

curve. Extrapolation of specific concentration of free [Ca2+] due to chelation effects enabled 

determination of the concentration of EGTA used in this study.   

 
3.0 Isolation and culture of rat cardiac fibroblasts and myofibroblasts 
 

Hearts from sacrificed male adult Sprague-Dawley rats of 150-200 grams were removed 

for preparation of cardiac fibroblasts as previously described with minor modifications (400, 

401). Briefly, rats were anesthetized under 3% isoflurane gas at 2 L/min oxygen flow. Rat hearts 

were excised and subjected to Langendorff perfusion at a flow rate of ~5 ml/min at 37ºC with 

recirculating SMEM medium containing 0.1% collagenase type II for 20 min or until cardiac 

tissue was digested. Collagenase was neutralized by addition of an equal volume of DMEM/F12 

medium. The slurry of liberated cells was collected by centrifugation at 2000 rpm for 5 min, and 

resuspended in feeding media consisting of DMEM/F12 supplemented with 10% FBS, 100 U/ml 

penicillin, 100 µg/ml streptomycin, and 1 µM ascorbic acid. Cells were seeded on 75 mm2 non-

coated culture flasks at 37ºC with 5% CO2 for 2 hours. Non-adherent cells (i.e. myocytes) were 
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removed by aspirating the media, rinsing once with 1x phosphate buffered saline (PBS), then 

replaced and maintained in serum supplemented feeding media (10% FBS). Cells used in this 

study were of passage one (P1) unless otherwise noted. Different rats were used in each of the 

same experiment to achieve specified n values.   

In order to obtain P1 cells, confluent P0 cells were passaged. Similarly, P1s were 

passaged to obtain P2s. Passaging of cells involved washing with PBS then application of trypsin 

for 3 min followed by gentle agitation of the flask or plate to dislodge adherent cells. Trypsinzed 

cells were neutralized with equal volumes of DMEM/F12 and centrifuged at 2000 rpms for 5 

min. Depending on the experiment, cells were either counted in a hemocytometer or directly 

resuspended in media supplemented with serum.   
 

4.0 Cellular migration assay: transwell apparatus system 
 

Many techniques are available for studying chemotaxis including the wounded 

monolayer model, Boyden chamber, and Transwell system. The wounded monolayer model is 

simple, inexpensive and one of the earliest developed methods to study directed cell migration in 

vitro (402). Although two dimensional, this method mimics cell migration during wound healing 

in vivo because it involves creating a “wound” in a cell monolayer, capturing the images at time 

zero and during regular intervals as the wound is restored with cells (402). The Bodyen chamber 

(403) and Costar Transwell assay (404, 405) are set up with two chambers separated by a filter 

through which cells migrate. Chemotactic gradients are created by placing different 

concentrations of the putative chemoattractant in the lower chambers. The use of these systems 

requires that cells under test must move in three dimensions and squeeze through the pores of the 

particular filter (8 µm in this study). Results are reproducible and the chemokinetic chemotactic 

response easy to quantify. We preferred the Transwell method and found that cardiac 

myofibroblasts are motile in the presence of CT-1 compared to our previous study using Boyden 

chamber data (196). Limitations of the Costar Transwell system include the loss of chemotactic 

gradients over time due to diffusion of chemokines from the bottom chamber into the top. 

Nonetheless, our results confirm the efficacy of our experimental conditions.  

Chemotaxis of rat cardiac fibroblasts (P0) and myofibroblasts (P1 or P2) were determined 

with a transmembrane, two-chamber system assay using Costar Transwell apparatuses. The 

procedure was performed as previously described with minor alterations (404, 405) (Figure 3). In 

lower chambers of 6 well Transwell plates, chemokines were diluted to specified concentrations 
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in 2.5 ml serum free DMEM/F12. Cells were plated into inserts, which were superimposed to 

(and separated from) the lower chamber by a polycarbonate membrane containing 8µm pores. 

For experiments using P1 and P2 myofibroblasts cells were passaged, counted with a 

hemocytometer, and 2 x 105 cells/well were plated directly into inserts. For experiments using P0 

fibroblasts the pellet, obtained after cells were freshly liberated from rat hearts, was resuspended 

in serum free media then 2 ml was added into each insert. After 2 hours, inserts were gently 

washed twice with PBS to rid non-adherent cells followed by addition of 1.5 ml of serum free 

media. Inhibitors (AG1296, KB-R7943, and ML-7) or blockers (nifedipine and gadolinium) were 

added to insert at specified concentrations.  

Transwell plates were incubated at 37ºC. After a 24 hour incubation period cells, which 

had migrated through the membrane toward the chemoattractant gradient, became adherent to the 

underlying membrane and at the bottom of the lower well. Media was carefully aspirated from 

both the inserts and wells and washed once with 1.5 ml PBS followed by addition of 1.5 ml of 

trypsin to the lower well. Plates were incubated for 5 minutes, gently agitated to detach adherent 

cells, and then neutralized with equal volumes of DMEM/F12. Inserts were removed and the cell 

suspension was diluted in filtered PBS, and counted with a Model ZM Coulter cell counter 

(Beckman Coulter, Fullerton, CA). The number of counted cells represents rate of migration. 

Each experimental group was performed in duplicate. 
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the chemotactic gradient and adhere to either 
the bottom of the well or underneath the 
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Cells become dislodged in the well.  

Cells are pooled 
together 
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cups and counted in a Coulter counter. 
Number of cells counted represents motility.

Coulter counter  

Motility rate  

Figure 3. Schematic diagram showing the steps involved in conducting Costar Transwell 
motility assays used in this study. 
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4.1 Counting of cell number 
 
In order to conduct experiments on cardiac fibroblasts we needed to develop a system 

that would allow for effective plating of these cells without phenotype being lost in culture. 

Cardiac fibroblasts are only found in freshly isolated rat hearts, which also contains an 

abundance of other cell types making it impossible to count fibroblasts. Counting of fibroblasts 

after resuspension of the isolated pellet was deemed technically impossible since the 

resuspension contained a heterogeneous population of unwanted cells and tissue debris. 

Therefore, cell counting was performed to determine the number of freshly isolated P0 

fibroblasts present in one rat heart. In this way, a standard volume of resuspension media could 

be plated into the insert, which would contain a reasonable estimate of freshly isolated 

fibroblasts. It should be noted that we found this technique useful for estimation purposes only: it 

is not extremely accurate. We show that in average rat heart masses of ~170 grams there are 

~400 000 - 500 000 fibroblasts or ~11% of total cell number, which likely includes 

cardiomyocytes, endothelial cells, vascular smooth muscle cells and mast cells. This percentage 

is surprisingly low, as fibroblasts account for the majority of the non-myocytes cell population 

and comprise three-quarters of total myocardial cell number (122). The low proportion of 

fibroblasts to total myocardial cells may account for the abundance of digested tissue debris 

found subsequent to the digestion phase of our Langendorff cell isolation procedure and/or the 

loss of cells during the isolation procedure (ie. necrosis due to oxygen deprivation). Despite this 

inconsistency, the actual number of fibroblasts is accurate as fibroblasts adhere to the culture 

plates in less than 2 hours, therefore allowing for their quantification. Using graphical equations 

generated by plotting fibroblast number, heart mass and body mass, we developed a formula that 

estimates the number of fibroblasts found in a rat heart at any given total body mass.  

Briefly, after freshly isolated cells were incubated for 2 hours, feeding media was 

removed and cells were washed twice with PBS. Trypsinized cells were neutralized, pooled 

together, and then transferred to PBS. The number of fibroblasts was determined using a Coulter 

Counter and plotted against total body mass. Hearts were blotted onto paper towels to rid excess 

fluid then weighted. Total heart mass was also plotted against total body mass.  

To correlate heart body mass with number of fibroblasts, whole rat mass data (with 

increments of 10 grams) from 150 to 200 grams were entered into equations of the 

aforementioned graphs. A linear relationship between rat body mass and fibroblast number was 
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also determined. The equation for the latter graph was determined and represents a standard 

theoretical relationship between these two variables:  

 

Fibroblast number = 13584.02 x rat mass (g) – 1.93 x 106 

 
5.0 Myofibroblast proliferation assay: 3H - thymidine incorporation  
 

Cells were passaged and plated with feeding media in 6-well dishes. They were allowed 

to grow until they reached 50-60% confluency, usually taking 1-2 days to achieve. Cells were 

then rendered quiescent (serum starved) by washing twice with PBS followed by addition of 

DMEM/F12 for 24 hours. Subsequently, cells were coincubated for another 24 hours with 

specified treatments (cytokines and blockers/inhibitors) in DMEM/F12 supplemented with 1% 

FBS. Following the latter step, cells were pulse labeled with (3H) Thymidine (Amersham 

Pharmacia Biotech, Arlington Heights, IL) for 4 hours at 37 MBq/ml. Cold 20% trichloroacetic 

acid (TCA) was used to precipitate DNA from cell lysates, which were then filtered through 

GF/A filters (Fisher). Beta emissions from the dried filters were measured with 3 ml Cytoscint 

scintillation fluid (ICN Pharmaceuticals, Costa Mesa, CA) and a scintillation counter (LS6500, 

Beckman Coulter, Fullerton, CA). Each experimental group was performed with six trials. 

 
6.0 Contractility assay: collagen type I gel deformation 
 

Collagen gel deformation studies were performed to study the in vitro effects of 

myofibroblast contractile responses in a 3D environment. Briefly, collagen gels were prepared by 

mixing a 3.5:1:0.5 ratio of cold collagen type I solution (collagen concentration of 3 mg/ml), 5-

times concentrated cold DMEM/F12, and DDW. Using Whatman pH indicator paper as a gauge, 

1 M NaOH was added drop wise to adjust the pH to 7.4. Aliquots of 600 µl of the collagen type I 

gel cocktail were added into 24-well dishes, which produced a gel thickness of 3 mm. After gels 

were allowed to solidify for at least 2 hours, cells were passaged, counted in a hemocytometer, 

and plated overtop the gel at 1.0 x 105 cell/ml in feeding media. Cells were incubated and 

allowed to adhere and grow for 24 hours then rendered quiescent by serum starving for another 

24 hours. Application of specified treatments and blockers/inhibitors was followed by 

detachment of the gel from the surrounding walls of the wells by using a surgical blade (Fisher 

Scientific). Detachment of gels marked initiation of the contraction phase. Wells were digitally 
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photographed at 0 and 24 hours. Gel surface area on a 2D digital image was used to assess the 

rate of contraction and determined using IDL based analysis Measure Gel custom made software. 

Each experimental group was performed in triplicate.      

 
7.0 Lactate dehydrogenase (LDH) assay 
 

An LDH assay kit was used to determine if the various treatments used in this study 

imposed any cytotoxic effects on cultured myofibroblasts. The assay is based on the principle 

that lactate dehydrogenase converts L-lactate and NAD to pyruvate and NADH. The rate of 

increase in absorbance of the reaction mixture at 340 nm due to the formation of NADH, is 

proportional to the LDH activity. 

 

L-lactate + NAD+  LDH   Pyruvate + NADH + H+

 

Myofibroblasts were passaged, counted with a hemocytometer, and seeded in 6 well 

dishes at 2.0 x 105 cells/well. After adhering and growing for 24 hours, cells were serum starved 

for 24 hours, and then treated for 24 hours. Media was collected and stored at -20ºC for later use. 

LDH activity in cell media was assayed according to manufacturer’s instructions. Absorbance 

readings were taken at 340 nm at 1 minute intervals until the change in absorbance remained 

constant. Activity was calculated using the following formula: 

 

LDH (U/ml) = ∆A/min. x assay volume (ml) / 6.22 x light path (cm) x sample volume (ml) 

 

Where ∆A/min is change in absorbance per minute, assay volume is the total reaction 

volume, 6.22 is the absorbance coefficient of NADH at 340 nm, and light path is the length of 

the light path (1.0 cm). 

 
8.0 Determination of myofibroblast number and adhesion of cells in presence of EGTA 
 

Myofibroblasts were passaged, counted with a hemocytometer and seeded on glass 

coverslips in 6 well dishes at 2.0 x 105 cells/well. After being allowed to adhere and grow for 24 

hours, cells were serum starved for 24 hours. Cells were then treated with specified 

concentrations of EGTA for 24 hours, media was aspirated and cells were washed twice with 
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PBS to remove dislodged cells, and fixed in 4% paraformaldehyde for 15 minutes. Cells were 

rendered permeable with 0.1% Triton X-100 in PBS for 15 min, then incubated with Hoechst 

33342 stain for 30 seconds. Coverslips were thoroughly dried and were mounted to slides with 

Crystal Mount then examined under a microscope (Nikon) equipped with epifluorescence optics. 

Digital pictures were photographed at 400x magnification using appropriate filters. Nuclei were 

counted within a digital grid using Adobe Photoshop CS. Relative image areas were calculated 

using Measure Gel custom made software. Cell density (number of cells/image area) was used to 

determine whether EGTA treatment had an effect on cell adhesion to culture substrata.  

 
9.0 Protein extraction and assay 
 

Cells were plated directly (P0) or passaged (P1 and P2) into 100 mm culture dishes in 

feeding media. To maintain fibroblast phenotype, P0 cells were allowed to adhere in feeding 

media for 2 hours, followed by a washing step to remove non-adherent cells (i.e. 

cardiomyoctyes), grown in fresh feeding media for another 2 hours, then serum starved for 24 

hours. P1 and P2 were allowed to grow to ~90% confluence and then serum starved. Cells were 

then rinsed 3 times with cold PBS and lysed in 120 µl RIPA buffer with pH 8.0 (150 mM NaCl, 

1% Triton X-100, 0.5% deoxycholate, 0.1% SDS, and 50 mM Tris) containing 1x commercially 

available protease inhibitor cocktail (Sigma-Aldrich Canada Ltd) and phosphatase inhibitors (10 

mM NaF, 1 mM Na3VO4 and 1 mM EGTA). Cells were scraped and dislodged with a disposable 

cell scraper (Fisher Scientific, Ottawa, Canada) and allowed to lyse on ice for 45 minutes to 1 

hour. Cells were then sonicated 3 times for 5 seconds. The insoluble membrane fraction was 

removed by centrifugation at 14 000 rpm for 15 minutes at 4°C. Supernatant was collected, 

aliquoted, and stored at -20°C for later use. Total protein concentrations of all samples were 

quantified using the bicinchoninic acid (BCA) method as previously described (406).  

 
10.0 Western blot analysis 
 

Laemmli loading buffer (125 mM Tris-HCL pH 6.8, 5% glycerol, 2.5% SDS, 5% 2-

mercaptoethanol, and 0.125% bromophenol blue) was mixed with samples of cell lysates, and 

boiled for 5 minutes. Equal amounts of protein samples (30 µg) were loaded into and resolved 

with 10% SDS-polyacrylamide gel electrophoresis (PAGE) alongside 10 µl of a prestained low-

molecular weight marker. Separated proteins were electrophoretically transferred to PVDF 
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membranes (Roche, Grenzacherstrasse, Switzerland) for 1 hour at 300 mA. PVDF membranes 

were blocked overnight at 4°C in Tris-buffered saline with 0.2% Tween 20 (TBS-T) containing 

5% non-fat skim milk. They were then incubated for 24 hours with primary NCX1.1 antibodies 

diluted to 1:1000 in TBS-T containing 5% non-fat skim milk. Secondary antibodies included 

horseradish peroxidase (HRP)-labeled anti-mouse. It was diluted to 1:1000 in TBS-T containing 

1% non-fat skim milk, and incubated for 1 hour at room temperature. Protein bands on Western 

blots were visualized by ECL Plus according to manufacturer’s instructions, and developed on 

X-ray film. To determine equal protein loading (internal control), PVDF membranes were 

stripped with 0.2 M NaOH for 15 minutes, blocked with non-fat skim milk, then probed with 

anti-mouse actin at a 1:1000 dilution for 1.5 hours. Band intensity was quantified using a CCD 

camera imaging densitometer (GS670, Bio-Rad Laboratories, Mississauga, Ontario, Canada).   

 
11.0 Immunoctyochemistry 
 

Immunofluorescent staining with αSMA, SMemb, NCX1.1 and Cav1.2a was performed 

to detect endogenous expression of these proteins in P0, P1, and P2 cells as well as expression in 

these cells treated in the presence of various cytokines and growth factors. Cells were seeded 

onto glass coverslips in 6 well dishes. P0 cells were plated directly from the Langendorff cell 

isolation process in feeding media as already described above and after 3-4 hours, were serum 

starved for 24 hours. P1 and P2 were allowed to grow for 24 hours in feeding media. Cells were 

then starved to arrest growth and to rinse away serum by washing twice with PBS followed by 

addition of serum free media. After 24 hours of serum starvation, cells were stimulated with 

specified treatments for 24 hours. At this point, cell confluency was consistently maintained at 

~50-60%.  

Immunofluorescent staining was performed as previously described (119). Briefly, cells 

were washed 3 times with cold PBS, fixed in 4% paraformaldehyde for 15 minutes, rendered 

permeable with 0.1% Triton X-100 in PBS for 15 min, then incubated with anti-mouse αSMA or 

anti-mouse SMemb for 90 minutes, and anti-rabbit NCX1.1 or anti-mouse Cav1.2a primary 

antibodies overnight. After cells were washed 3 times with PBS they were incubated for 1.5 

hours in the dark with anti-mouse or anti-rabbit conjugated Alexa Fluor secondary antibodies. 

All antibodies were diluted in 1xPBS containing 1% BSA with ratios of 1:200 for αSMA and 

SMemb, 1:75 for NCX1.1, 1:50 for Cav1.2a and 1:700 for Alexa Fluor. Following another 
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washing cycle with PBS, cells were subjected to Hoechst 33342 (10ng/ml) for 30 seconds to 

stain nuclei and therefore visualize orientation of fluorescently labeled cells. An additional round 

of washing followed. After coverslips were thoroughly dried, they were mounted to slides with 

Crystal Mount then examined under a microscope (Nikon) equipped with epifluorescence optics. 

Digital pictures were photographed at 400 and 1000x magnification using appropriate filters. 

 
12.0 Statistical analysis 
 

All values were analyzed using Sigma Stat software (Point Richmond, CA) and are expressed 

as means ± standard error (SE). One-way analysis of variance (ANOVA) was used to determine 

if significant differences existed within all experimental groups. If significant differences were 

achieved, the Student-Newman-Keuls post hoc test was used to compare differences among 

multiple experimental groups. Significant differences among groups were defined as P ≤ 0.05.   
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V RESULTS 
 
1.0 Fibroblast/myofibroblast motility 
 
1.01 Determination of fibroblast P0 cell number based on rat body mass 
 
 To standardize motility assays, a fixed number of cells are counted before seeding into 

Costar Transwell apparatuses. Cultures of P1 and P2 myofibroblasts are relatively pure insofar as 

they do not contain a heterogeneous population of cells and their phenotypes are generally stable 

in culture conditions. In contrast, P0 fibroblast phenotypes are less stable and in culture rapidly 

transdifferentiate into that of a myofibroblast phenotype when plated at low density and exposed 

to serum (13, 106, 136). To retain fibroblast phenotype and therefore study the migration 

properties of these cells in culture, we found that P0 cells must be plated directly into inserts in 

our Transwell system. P0 cells are technically impossible to count since they are located in the 

freshly digested heart, which consists of a mixture of a variety of different cell types, namely 

cardiomyocytes. 

 After collagenase digestion, cells were plated for 2 hours. Non-adherent cells were 

pooled and counted while the remaining adherent fibroblasts were trypsinized and also counted. 

We found ~4.13 x 105 number of fibroblasts in rat hearts averaging 172.67 ± 6.39 grams (Figure 

4E), which comprises ~11% of the total rat cardiac cell population (i.e the ratio of average 

fibroblasts to total number of cells as indicated histologically in figure 4E). For our studies using 

fibroblasts our goal was to use cells within this 11% figure. To mathematically verify number of 

fibroblasts in rat hearts, counted fibroblasts were correlated with rat body mass (Figure 4A), and 

heart mass was correlated with rat mass (Figure 4B). All animals used in our study range from 

150-200 grams. We inputed this range into the equations of the aforementioned relationships to 

mathematically correlate new relationships consisting of fibroblast number to heart mass (Figure 

4C) and fibroblast number to rat mass (Figure 4D). A linear relationship exists between 

fibroblast numbers, heart mass and rat body mass indicating that young hearts provide 

proportionately the same numbers of fibroblasts. Extrapolation of 172.67 grams heart mass from 

Figure 4D reveals approximately the same number of fibroblast (~4.13 x 105) on the graph as 

determined using the basic counting method. Thus, the equation derived from figure 4D graph 

can be used to roughly estimate number of fibroblasts in rat hearts at any given body mass.  
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1.02 CT-1-induced motility profiles 
 

We previously showed that CT-1 is a chemokine for rat cardiac myofibroblasts as tested in 

Boyden Chamber assays (196). Here, the Costar Transwell system was employed to test the 

ability of CT-1 to stimulate cell migration in both cardiac fibroblasts and myofibroblasts (Figure 

5). After a 24 hour incubation period, cells which migrated to the lower chambers of Transwells 

were collected and counted. The number of cells counted represents rate of cell motility.  

 The dose dependent motility effects of CT-1 stimulation in evident in both P0 (Figure 

5A) and P1 (Figure 5B) cells. CT-1 causes a biphasic motility effect. Motility increases in 

proportion to CT-1 concentration; 10 ng/ml CT-1 is most effective as a chemotactic stimulus. 

The second phase of the CT-1 dose response curve occurs at the highest concentration of CT-1 

(50 ng/ml) and is characterized by diminution of the motile response. CT-1 causes no change in 

cell motility rate in P2 cells (Figure 5C). Figures 5A-C are superimposed in Figure D and 

indicates that P0 cells have greater motility potentials than those of P1 and P2 cells, while P1 

cells have greater motility potentials than that of P2s. Furthermore, in P0 cells, 1 and 10 ng/ml 

CT-1 induced a significantly elevated rate of cell motility compared to that of P1 and P2 cells. 

          
1.03 PDGF-induced motility profiles 
 

Figure 6A and B show that PDGF-BB also induces a biphasic concentration dependent 

effect on P1 and P2 cells, respectively. PDGF-BB stimulates a significant number of P1 motile 

cells at 10 and 50 ng/ml compared to non treated controls, whereas only 10 ng/ml elicits 

significant motility rates in P2 cells. Superimposing P1 and P2 motility profiles reveals that P1 

cells have greater motility potentials than P2 cells (Figure 6C). Furthermore, in P1 cells, optimal 

concentration of PDGF-BB occurs at 50 ng/ml. On the other hand, in P2 cells, the motility 

response declines at 50 ng/ml. 

 Coincubation of 2, 5, 10, and 20 µM AG1296 and 50 ng/ml PDGF-BB results in 

significant dose dependent decreases in cell motility compared to PDGF control values (Figure 

7). This data suggest that motility stimulated by PDGF is dependent on PDGFβR activation.  
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1.04 LoFGF-2 and TNF-α motility profiles in P1 cells 
 
 Both LoFGF-2 and TNF-α (Figures 8A and B, respectively), stimulated a biphasic 

concentration dependent effect on P1 cell motility, with 20 ng/ml of either cytokine treatments 

eliciting the optimal migratory response. 

 
1.05 Summary profiles of P1 migratory rates 
 
 Figure 9 illustrates a comparison between the individual optimal cytokine induced 

motility rates relative to non-stimulated control values. PDGF, LoFGF-2, CT-1, and TNF-α all 

stimulate significant increases in P1 myofibroblast migration at 62-, 6-, 4.5-, 1.5- fold relative to 

non treated control. Therefore, the ranking of chemotactic potency occurs in the following order: 

PDGF > LoFGF-2 > CT-1 > TNF-α. The optimal cytokine concentrations outlined for P1 cells in 

Figure 9 are used throughout the current investigation. 

 
1.06 Characterization of cardiac fibroblast and myofibroblast phenotype 
  
 Expression of αSMA (129, 131, 298) and SMemb (15) are characteristic of myofibroblast 

phenotype. Expression of these proteins correlates to degree of myofibroblast contractile 

responses both in vitro and in vivo (129). The phenotypic differentiation from fibroblasts to 

myofibroblasts in vivo involves humoral and mechanical factors and contributes to infarct scar 

remodeling.  

 To determine whether the respective phenotypes of P0, P1, and P2 cells used in this study 

are preserved in culture, cells were incubated with or without the presence of different cytokine 

treatments. Using immunocytochemistry we qualitatively analyzed expression of αSMA and 

SMemb by immunostaining P0, P1, and P2 cells with these antibodies. As expected, unlike non-

treated P0 cells (1 day after isolation), non-treated P1 cells (3-4 days after isolation) and non-

treated P2 cells (5-7 days after isolation) had enhanced staining for endogenous expression of 

αSMA and SMemb (Figure 10A). This is consistent with the notion that increases in passage 

number induce the myofibroblast-like phenotype. Although smaller in cell size, P0 cell have 

relatively weaker expression of αSMA and SMemb and this suggests that preservation of a non-

myofibroblast or fibroblast cell phenotype is achieved. TGFβ1 stimulation (Figure 10B) serves 

as the positive control for fibroblast/myofibroblast differentiation in this experiment. In contrast 

to PDGF (Figure 10C) and LoFGF-2 (Figure 10D) and compared to non-treated cells (Figure 
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10A), TGFβ1 stimulation was associated with increases in expression of αSMA and SMemb in 

P1 and P2 cells (Figure 10B). As expected, TGFβ1 also caused a slight increase in expression of 

these proteins in P0 cells (Figure 10B vs. Figure 10A) and this finding confirms that 24 hour 

TGFβ stimulation induces fibroblast to myofibroblast differentiation.  

  Compared to αSMA and SMemb expression in non-treated cells, treatment of P0, P1, and 

P2 cells with PDGF (Figure 10C vs. 10A) and LoFGF-2 (Figure 10D vs. 10A) for 24 hours 

preserves the expected phenotypes and results in no change in expression level between the same 

cell phenotype (i.e. expression in PDGF and LoFGF-2 stimulated cells remains uniform 

compared to non-treated control images).  

  
1.07 Effect of extracellular Ca2+ chelation with EGTA treatment on motility 
 

Ca2+ plays an important role in many cellular processes including motility, contraction, 

and proliferation. EGTA is a strong Ca2+ chelator (407). As Ca2+ is an important intracellular 

second messenger required for cell signaling processes, we found it necessary to determine the 

appropriate concentration of EGTA to add to the media so that [Ca2+]o does not drop so low as to 

affect cellular function. Using the online software program, Softmax C, we used a range of 0 to 8 

mM EGTA and applied these parameters into a prewritten algorithm. As shown in Figure 11A, 

theoretical application of 2, 3, and 4 mM EGTA into the media would result in 2.1 µM, 0.1 µM, 

and 66.1 nM free Ca2+ leftover in solution.  

We used Costar Transwell apparatuses to test the effect of 24 hour EGTA Ca2+ chelation 

on P1 myofibroblast motility in the presence of PDGF. As seen in Figure 10B, EGTA treatment 

results in a concentration dependent decrease in cell migration with significant diminutions most 

evident at 3 and 4 mM. In the same experiment, cells were co-treated with 4 mM EGTA and 

increasing concentrations of CaCl2. When free Ca2+ is added back into Ca2+ chelated media, the 

EGTA mediated inhibition of the migratory response is reversed in a dose-dependent manner. 

Thus, significant concentration-dependent changes in migration were observed. 

 To determine the effect of 24 hour EGTA treatment on cellular morphological changes, 

we plated P1 myofibroblasts with or without EGTA. Compared to non-treated cells, increasing 

concentrations of EGTA causes retraction of cellular extensions and invokes cells to become less 

asymmetrical and more rounded in shape (Figure 12A). Cells were then co-treated in the 

presence of 4 mM EGTA and increasing concentrations of CaCl2. As shown in Figure 12B, re-
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introduction of Ca2+ into chelated media reverts myofibroblast morphology back to that observed 

in non-treated cells. This indicates that in a concentration dependent manner, introduction of 

Ca2+ supercedes the chelation effects of EGTA, thereby reversing EGTA induced cellular 

retraction and returns cell shape back to a normal asymmetrical appearance. Changes in 

morphology as a result of EGTA treatment directly reflect the effects observed in migration.  

Lamellipodia and filopodia extension and cellular attachments by integrin receptors 

require Ca2+ for normal function. To verify whether the drop in migration seen in Figure 11B, 

due to EGTA treatment, is the result of ablation of cell adherence to the substrata, we plated P1 

myofibroblasts and treated them with or without EGTA. After 24 hours, cells were washed to 

remove non-adherent cells, fixed and then nuclei were stained with Hoechst 33342. Cell density 

was determined by counting nuclei in a standardized field (21 mm2). As seen in Figure 12C, 

EGTA treatment did not affect cell density compared to non-treated controls, suggesting that 

EGTA does not interfere with cell adherence phenomena at the concentrations used in this study.         

 
1.08 Effect of introduction of cytosolic Ca2+ to migrating cells 
 
 Ionomycin is a membrane soluble ionophore primarily selective for Ca2+ (408, 409). We 

treated P1 myofibroblasts with ionomycin for 24 hours to determine the effect of introduction of 

Ca2+ to the cytosol in the presence of ionomycin on Costar Transwell cell motility. Although not 

significant, ionomycin treatment maintained P1 PDGF (Figure 13A) and LoFGF-2 (Figure 13B) 

mediated motility and indicates that influx of Ca2+ to the cytosol is required to maintain the 

subcellular processes involved in cell motility.  

Since cell phenotype may influence motility we sought to determine whether introduction 

of cytosolic Ca2+ has effects on myofibroblast phenotype. P0, P1, and P2 cells were plated in the 

presence of 166 nM ionomycin for 24 hours then immunostained with αSMA and SMemb 

antibodies. P1 and P2 cells stained positive for αSMA and SMemb (Figure 14). Low levels of 

staining for these proteins are exhibited in P0 cells. Comparing endogenous expression of these 

proteins without treatment (Figure 10A) to expression of cell treated in the presence of 

ionomycin (Figure 14), shows that ionomycin has no affect on cell phenotype.  
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1.09 The role of NCX1.1 in cell motility 
 
 As [Ca2+]i

 plays a major role in cell motility, we sought to screen for the various modes of 

transplasmalemmal Ca2+ flux that contribute to the migratory response. One proposed mode of 

Ca2+ flux is through either forward or reverse mode NCX. We therefore used Costar Transwell 

apparatuses to determine the role of NCX1.1 function on P1 cell motility by inhibiting the 

exchanger using a selective NCX inhibitor, KB-R7943 (410, 411). KB-R7943 treatment results 

in a dose dependent decrease in both PDGF (Figure 15A) and CT-1 (Figure 15B) stimulated 

migration. A significant drop in migration for both treatment groups occurs at 7.5 and 10 µM 

KB-R7943.  

 NCX is regulated by intracellular Na+ concentrations such that high intracellular Na+ 

causes activation of the reverse mode of the exchanger, which in turn, induces the Ca2+ entry 

mode of the exchanger. To test whether our finding that KB-R7943-dependent decreases in 

migration are the result of reverse mode inhibition, we used ouabain to pharmacologically inhibit 

the Na+/K+ pump thereby driving up intracellular Na+ concentrations. As seen in Figure 15C, 

coincubation of PDGF and ouabain at increasing doses results in no change in motility rates 

compared to PDGF control values.  

 
1.10 Expression of NCX1.1 in cardiac fibroblasts and myofibroblasts  
 
 Isoforms of NCX1 are expressed in the myocardium (368). To verify endogenous protein 

expression of NCX1.1 in fibroblasts and myofibroblasts, we subjected cell lysates from P0, P1 

and P2 cells to SDS-PAGE and Western blotting with specific NCX1.1 monoclonal antibodies. 

Quantitative NCX1.1 expression is calculated relative to actin expression. We found that 

NCX1.1 is expressed in P0, P1, and P2 cells but no change in expression is observed between 

cell passages (Figure 16A). To confirm this finding, we stimulated P0, P1, and P2 cells with or 

without cytokine treatments and subjected them to immunostaining with NCX1.1 antibodies. 

Immunostaining of NCX1.1 shows qualitatively that compared to non-treated P1 cells, P0 and P2 

cells stain weakly for this protein (Figure 16B). Similar expression patterns of NCX1.1 between 

P0, P1, and P2 cells are seen in PDGF treatment (Figure 16C), LoFGF-2 treatment (Figure 16D), 

TGFβ1 treatment (Figure 16D), and CT-1 treatment (Figure 16E), suggesting that cytokine 

stimulation does not enhance NCX1.1 expression beyond that seen in non-treated control images.     
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1.11 The role of NSCCs in myofibroblast motility 
  
NSCCs are membrane channels permeable to various cations including Ca2+. To 

investigate the role of NSCC function in cell motility we treated P1 myofibroblasts with Gd3+, a 

well known and selective blocker of NSCC (365). Using Costar Transwell apparatuses, we found 

that Gd3+ treatment results in a dose dependent decrease in CT-1 (Figure 17A), PDGF (Figure 

17B), and LoFGF-2 (Figure 17C) stimulated cell migration. Gd3+ causes significant decreases in 

motility at concentrations of 10 and 20 µM. In particular, 20 µM Gd3+ treatments resulted in 

motility values dropping close to those seen in non-treated motile cells, suggesting that migrating 

cells require the functioning of NSCC to support motility.  

 
1.12 The role of MLCK in cell motility 
 
 Activation of myosin motors by phosphorylation of rMLC at serin 19 and threonine 18 is 

a prerequisite for contraction of the cell cortex in order for migrating cells to translocate forward. 

Phosphorlyation of serine 2 and 3, and treonine 8 leads to rMLC inhibition. Phospho-MLC is 

modulated by the ATPase activity of MLC, which is further regulated by MLCK. MLCK is also 

dependent on a Ca2+/calmodulin mechanism for its activation. To examine the role of MLCK on 

cell motility in P1 myofibroblasts we used Costar Transwell apparatuses and incubated cells for 

24 hours in the presence of a MLCK inhibitor, ML-7 (412). ML-7 significantly decreases PDGF 

(Figure 18A) and LoFGF-2 (Figure 18B) induced migration in a dose dependent manner. Cell 

migration values dropped to or below non-treated control values, and indicates that PDGF and 

LoFGF-2 induced cell motility is dependent on phospho-MLC activation by MLCK.  

 
1.13 The role of L-type Ca2+ channels in cell motility 
  
 L-type Ca2+ channels describe a broad category of voltage-dependent Ca2+ channels. 

Nifedipine, a general L-type Ca2+ channel blocker (413), was used to determine if P1 

myofibroblast motility is dependent on these channels. Using Costar Transwell apparatuses, we 

found that after 24 hour treatment there is no overall change in PDGF induced cell motility 

between nifedipine treated cells and PDGF control values (Figure 19), indicating that either L-

type Ca2+ channels are not expressed in P1 cardiac myofibroblasts or that these channels do not 

play a role in cell migration. 
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1.14 Expression of Cav1.2a  
  
 Cav1.2a channels are members of the superfamily of voltage-dependent L-type Ca2+ 

channel, and known to be expressed in excitable cell types, namely cardiomyocytes and smooth 

muscle cells (414). P0, P1, and P2 cells were immunostained with Cav1.2a antibodies to 

determine expression of this protein in cells of different cardiac fibroblast passage and 

stimulation with or without cytokines for 24 hours. Non-treated P0, P1, and P2 cells stained 

positive for Cav1.2a and expression levels remained uniform between all three cell passages 

(Figure 20A). Compared to non-treated controls, expression followed similar patterns and is 

maintained but not elevated in the presence of PDGF (Figure 20B), LoFGF-2 (Figure 20C), 

TGFβ1 (Figure 20D), and CT-1 (Figure 20E). Expression throughout the cytosol is also evident.  

 
1.15 Effect of DMSO in cell motility  
 

DMSO is a solvent used to dissolve and store stock solutions of blockers and inhibitors. 

To rule out the possibility that DMSO does not interfere with transplasmalemmal Ca2+ flux 

thereby causing an epiphenomena, we determined that a solution containing 0.5% v:v or 70.4 

mM DMSO does not change cell motility rates compared to non-treated controls. As seen in 

Figure 21, treatment of P1 myofibroblasts with 70.4 mM DMSO did not affect 24 hour PDGF 

stimulated motility compared to non-treated controls. The final concentrations of DMSO 

containing solutions used in this study do not exceed 70.4 mM DMSO (0.5% v:v in media).  

 
2.0 Contractile responses of myofibroblasts to various stimuli: collagen I gel 

deformation assays 
 
2.1 Modes of transplasmalemmal Ca2+ flux on myofibroblast gel deformation 
 
 P1 cells were plated on surfaces of pre-formed 3 mm thick collagen type I gels and 

rendered quiescent. For cells to mechanically load or confer tension to the underlying matrix, gel 

edges were released from the surrounding culture dish. Images of gel surfaces were obtained at 

the time of treatment and again after 24 hours. Gel surface area is analyzed with IDL custom 

made computer software (Measure Gel). We calculated the difference between the 24 hour gel 

surface area and 0 hour surface area to determine the rate of contractile response or gel 

deformation change. 
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 Figure 22A shows the rate of myofibroblast mediated gel deformation change in the 

presence of various cytokine treatment groups. To ensure that our system works appropriately, 

our negative control consists of gels incubated without cells. As expected, compared to non-

treated cells, gels without cells exhibited no gel deformation. We subjected P1 myofibroblast to 

various treatment groups. As shown in Figure 20A, TGFβ1, AngII and PDGF all significantly 

cause increases in rate of gel deformation change relative to non-treated cells, suggesting that 

these cytokines induce myofibroblast contractile responses. Furthermore, we found that PDGF 

induced contractile responses peak at 10 ng/ml and remain elevated up to 100 ng/ml. Although 

10% FBS treatment stimulated significant myofibroblast contractile responses, the individual 

effects of TGFβ1, PDGF, and AngII showed a more potent effect on gel contraction. 

  To address the functions of transplasmalemmal movement of Ca2+ on P1 PDGF and 

TGFβ1 induced myofibroblast contractile responses we targeted overall Ca2+ chelation by 

EGTA, NCX inhibition using KB-R7943, MLCK inhibition using ML-7, L-type Ca2+ blockade 

using nifedipine, and NSCC blockade using Gd3+. Compared to respective controls, PDGF 

(Figure 22B and C) and TGFβ1 (Figure 23A and B) induced contractile responses are 

significantly decreased in all treatment groups except for Gd3+ treatment. We found that Gd3+ did 

not cause any concentration dependent change between PDGF (Figure 22C) and TGFβ (Figure 

23B) controls. This data suggests that although Ca2+ is involved in myofibroblast contractile 

responses, different mechanisms for modes of transplasmalemmal flux are at play. 

 
3.0 Cellular proliferation 
 
3.1 The functions of modes of transplasmalemmal Ca2+ flux on myofibroblast proliferation 
 
 Myofibroblast proliferation contributes to repopulation of the infarct scar and involves 

DNA synthesis. To assess cell proliferation rates or DNA synthesis in P1 cardiac myofibroblasts 

we measured incorporation of 3H-thymidine into DNA. Quiescent cells were stimulated with or 

without co-incubation of 1% FBS together with PDGF and/or inhibitors/blockers. Since PDGF is 

a potent mitogen for various cells types, as expected, PDGF treatment stimulated significant 

concentration dependent increases in 3H-thymidine incorporation (Figure 24A) compared to the 

1% FBS control, suggesting that PDGF stimulates DNA synthesis and thus cell proliferation in 

these cells. The PDGF induced proliferation response is biphasic in that maximal proliferation 

rate is achieved at 5 and 10 ng/ml but rapidly declines at elevated PDGF concentrations. 
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 To investigate the role of transplasmalemmal Ca2+ movement on P1 PDGF induced 

myofibroblast proliferation rates we subjected cells to the same experimental treatment groups 

used in gel deformation assays (Figure 24B). We found that in the presence of PDGF 

myofibroblasts proliferation is completely ablated at 3 and 4 mM EGTA compared to PDGF 

controls. Dose-dependent decreases in proliferation are also evident in KB-R7943 experimental 

groups, with 10 µM causing the most significant inhibition. While nifedipine also caused 

decreases in proliferation responses, although graded, we found no significant change in 

proliferation rate between PDGF controls and Gd3+ treated cells.            

 
4.0  LDH as a measure of cytotoxicity 
 
4.1 Cytotoxic effects of inhibitors and blockers  
  
 LDH is a cytosolic enzyme responsible for converting lactate to pyruvate. Thus, LDH 

plays a role in normal metabolism in cells. To test whether the various inhibitors or blockers 

used in this study have any cytotoxic affects on P1 myofibroblasts and rule out the possibility of 

artifact results, we assayed cell culture media for presence of LDH activity subsequent to 24 hour 

treatments. We used cycloheximide as a positive control for this experiment, since its major 

biological activity is translation inhibition in eukaryotic cells which results in inhibition of 

protein synthesis leading to cell growth arrest and death. As expected, we found that 24 hour 

cycloheximide treatment significantly causes increases in LDH activity in media compared to 

non treated control values in a dose-dependent manner (Figure 25A). In contrast, we found no 

change in LDH activity at increasing doses of EGTA (Figure 25B), KB-R7943 (Figure 25C), 

Gd3+ (Figure 25D), or ML-7 (Figure 25E) treatments compared to non-treated cells. This data 

verifies that these treatments do not cause cytotoxicity in myofibroblasts at the concentrations 

used in this study, indicating that the effects observed during application of these treatments in 

our bioassays is due to the bioactivity of the drug itself. As LDH resides in the cytosol, LDH 

activity found in the media as a result of cycloheximide treatment suggests that this drug is 

causing rupture of the cell membrane, likely via a necrotic pathway, thereby exposing cytosolic 

contents to the media. 
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Figure 4. Fibroblast number in hearts of rats are directly proportional to total body mass and total 
heart mass. The equations from fibroblast number plotted against total rat mass (Panel A) and that from 
total heart mass plotted against total body mass (Panel B) were used to determine the relationship between 
fibroblast number and heart mass with respect to arbitrary rat mass (150-200 grams) (Panel C). Fibroblast 
count was then plotted against total rat mass (Panel D). The equation derived from Panel D represents a 
standardized formula to determine fibroblast number based on rat body mass. The proportion of total heart 
cells to average fibroblasts were also determined using a Coulter counter (Panel E).
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Figure 5. CT-1 induced motility profiles in cells of different passages. The concentration 
dependent effects of CT-1-induced-motility in P0 (Panel A), P1 (Panel B) and P2 (Panel C) 
cells were analyzed with Costar Transwell apparatuses. 0-50 ng/ml CT-1 in serum free media 
were loaded into lower wells while cardiac fibroblasts and myofibroblasts (2 x 105 cells/well) 
were loaded into inserts. Cells that migrated through the 8 µm pores after 24 hours were 
trypsinized and counted in a Coulter counter. Cell count is a measure of motility rate. Panels 
A, B and, C were combined to compare migratory rates between P0, P1, and P2 cells (Panel 
D). *p≤0.05 vs. non-treated control, #p≤0.05 vs. P1 cells, &p≤0.05 vs. P2 cells; all data 
expressed as mean ± SEM.
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Figure 6. PDGF induced motility profiles in cells of different passages. The concentration 
dependent effects of CT-1-induced-motility in P1 (Panel A) and P2 (Panel B) cells were 
analyzed with Costar Transwell apparatuses. Indicated concentrations of PDGF in serum free 
media were loaded into lower wells while cardiac fibroblasts and myofibroblasts (2 x 
105cells/well) were loaded into inserts. Cells that migrated through the 8 µm pores after 24 
hours were trypsinized and counted in a Coulter counter. Cell count is a measure of motility 
rate. Panels A and B were combined to compare migratory rates between P1 and P2 cells 
(Panel C). *p≤0.05 vs. non-treated control, #p≤0.05 vs. P2 cells; all data expressed as mean ±
SEM.
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Figure 7. PDGF stimulated motility is dependent on PDGFR activation. PDGF-induced 
motility in P1 cells were analyzed with Costar Transwell apparatuses. 10 ng/ml PDGF in serum 
free media was loaded into lower wells while cardiac myofibroblasts (2 x 105 cells/well) and 
AG1296 were loaded into inserts. Cells that migrated through the 8 µm pores after 24 hours were 
trypsinized and counted in a Coulter counter. Cell count is a measure of motility rate. *p≤0.05 vs. 
non-treated control, #p≤0.05 vs. PDGF control; all data expressed as mean ± SEM.
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Figure 8. LoFGF-2 and TNF-α induced motility profiles in P1 cells. The concentration dependent 
effects of LoFGF-2 (Panel A)- and TNF-α (Panel B)-induced motility in P1 cells were analyzed with 
Costar Transwell apparatuses. Indicated concentrations of LoFGF-2 and TNF-α in serum free media were 
loaded into lower wells while cardiac myofibroblasts (2 x 105 cells/well) were loaded into inserts. Cells 
that migrated through the 8 µm pores after 24 hours were trypsinized and counted in a Coulter counter. 
Cell count is a measure of motility rate. *p≤0.05 vs. non-treated control; all data expressed as mean ±
SEM.
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Figure 9. Summary profiles of optimal P1 motility rates between all cytokine groups. 
The optimal concentrations of 24 hour stimulated CT-1, PDGF, LoFGF-2, and TNF-α –
induced motility rates in P1 myofibroblasts relative to non-treated controls. *p≤0.05 vs. non-
treated control; all data expressed as mean ± SEM.
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Figure 10. Effect of cytokine stimulation on expression of αSMA and SMemb in different cell 
phenotypes. Freshly isolated fibroblasts (P0) and cultured myofibroblasts (P1 and P2) were stimulated 
with 10 ng/ml TGFβ1 (Panel B), 50 ng/ml PDGF (Panel C), and 20 ng/ml LoFGF-2 (Panel D) for 24 
hours and immunostained with anti-αSMA and SMemb. Endogenous expression of these proteins without 
cytokine treatment was also determined (Panel A). Nuclei were identified by staining with Hoechst. 
Representative images were taken at 400x magnification and are shown from 3 separate experiments.  
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Figure 11. Effect of EGTA treatment on PDGF-induced motility. Based on the properties of 
EGTA, Softmax C was used to calculate the appropriate concentration of EGTA such that free Ca2+ 

in the media would not be totally chelated (Panel A). The concentration dependent effects of EGTA 
and the effect of re-introduction of Ca2+ into Ca2+ depleted medium (Panel B) in P1 cells were 
analyzed with Costar Transwell apparatuses. 50 ng/ml PDGF in serum free media was loaded into 
wells and indicated concentrations of EGTA and  P1 myofibroblasts (2 x 105 cells/well) were loaded 
into inserts. Cell count is a measure of motility rate. *p≤0.05 vs. non-treated control, #p≤0.05 vs. 
PDGF control, &p≤0.05 vs. EGTA control; all data expressed as mean ± SEM.
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Figure 12. Morphological and cell adherence changes due to EGTA treatment. The effect of 
EGTA treatment (Panel A) and re-introduction of Ca2+ at indicated concentrations (Panel B) on P1 
myofibroblasts for 24 hours were analyzed at 100 and 400x magnification. Representative images 
are from 3 separate experiments. Since motility is dependent on cell-substratum attachments and 
since EGTA may interfere with this adherence due to its Ca2+ chelation properties, the effect of 
EGTA treatment at specified concentrations on cell adherence was determine (Panel C). Using the 
same EGTA treatments, nuclei were stained with Hoechst and counted. The surface area of a 10x 
magnified optical field was determined to be 21 mm2 and used to calculate cell density (counted 
cells/ mm2). Representative images are from 4 separate experiments.
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Figure 13.  Effect of ionomycin treatment on motility. The effect of increasing cytosolic Ca2+

concentrations on cell migration with ionomycin treatment in P1 cells were analyzed with Costar 
Transwell apparatuses. 50 ng/ml PDGF (Panel A) or 20 ng/ml LoFGF-2 (Panel B) in serum free 
media was loaded into wells and specified concentrations of ionomycin and  P1 myofibroblasts 
(2 x 105 cells/well) were loaded into inserts. Cell count is a measure of motility rate. *p≤0.05 vs. 
non-treated control; all data expressed as mean ± SEM.
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Figure 14. Effect of ionomycin stimulation on expression of αSMA and SMemb in 
different cell phenotypes. To determine whether increases in cytosolic Ca2+ concentration 
effect cell phenotype, freshly isolated fibroblasts (P0) and cultured myofibroblasts (P1 and P2) 
were stimulated with 166 nM ionomycin for 24 hours and immunostained with anti-αSMA 
and SMemb. Nuclei were identified by staining with Hoechst. Representative images were 
taken at 400x magnification and are shown from 3 separate experiments.  
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Figure 15. Motility is dependent on NCX function. The effect of NCX inhibition with KB-R7943 
treatment on P1 myofibroblast motility was analyzed with Costar Transwell apparatuses. 50 ng/ml of 
PDGF (Panels A and C) and 10 ng/ml CT-1 (Panel B) in serum free media were loaded into lower 
wells while specified concentrations of KB-R7943 and ouabain (Panel C) and cardiac myofibroblasts 
(2 x 105 cells/well) were loaded into inserts. Cell count is a measure of motility rate; *p≤0.05 vs. 
non-treated control, #p≤0.05 vs. PDGF or CT-1 treatment; all data expressed as mean ± SEM.
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Figure 16. Effect of cytokine stimulation on expression of NCX in different cell 
phenotypes. NCX1.1 protein expression was analyzed by Western blot analysis and 
immunocytochemistry. Lysates (30 µg) from non-treated freshly isolated fibroblasts (P0) and 
cultured myofibroblasts (P1 and P2) were loaded into SDS-PAGE gels then immunoblotted with 
anti-NCX1.1 antibody (Panel A). The membrane was stripped then probed for actin. Samples 
from separate animals were quantified and band intensity is expressed relative to actin in 
arbitrary units (mean ± SEM). P0, P1, and P2 cells were stimulated with 50 ng/ml PDGF (Panel 
C), 20 ng/ml LoFGF-2 (Panel D), 10 ng/ml TGFβ1 (Panel E), and 10 ng/ml CT-1 (Panel F) for 
24 hours and immunostained with anti-NCX1.1. Endogenous expression in non treated cells was 
also determined (Panel B). Nuclei were identified by staining with Hoechst. Representative 
images are shown from 3 separate experiments and were taken in oil immersion at 1000x 
magnification.   
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Figure 17. Motility is dependent on NSCC function. The effect of NSCC blockade with Gd3+

treatment on P1 myofibroblast motility was analyzed with Costar Transwell apparatuses. 10 ng/ml of 
CT-1 (Panel A), 50 ng/ml PDGF (Panel B), and 20 ng/ml LoFGF-2 in serum free media were loaded 
into lower wells while specified concentrations of Gd3+ and cardiac myofibroblasts (2 x 105

cells/well) were loaded into inserts. Cell count is a measure of motility rate; *p≤0.05 vs. non-treated 
control, #p≤0.05 vs. CT-1, PDGF or LoFGF-2 control; all data expressed as mean ± SEM.
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Figure 18.  Motility is dependent on myosin light chain kinase activity. The effect of MLCK 
inhibition with ML-7 on P1 myofibroblast motility was analyzed with Costar Transwell apparatuses. 
50 ng/ml PDGF (Panel A) or 20 ng/ml LoFGF-2 (Panel B) in serum free media was loaded into lower 
wells while specified concentrations of ML-7 and cardiac myofibroblasts (2 x 105 cells/well) were 
loaded into inserts. Cell count is a measure of motility rate; *p≤0.05 vs. non-treated control, #p≤0.05 
vs. PDGF or LoFGF-2 control; all data expressed as mean ± SEM.
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Figure 19. L-type Ca2+ channel blockade has no effect on cell motility. The effect of L-type 
Ca2+ channel blockade with nifedipine on P1 myofibroblast motility was analyzed with Costar 
Transwell apparatuses. 50 ng/ml of PDGF (Panel A) in serum free media was loaded into lower 
wells while specified concentrations of nifedipine and cardiac myofibroblasts (2 x 105 cells/well) 
were loaded into inserts. Cell count is a measure of motility rate; *p≤0.05 vs. non-treated control, 
#p≤0.05 vs. PDGF or LoFGF-2 control; all data expressed as mean ± SEM.
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Figure 20. Effect of cytokine stimulation on expression of Cav1.2a in different cell phenotypes. P0, 
P1, and P2 cells were stimulated with 50 ng/ml PDGF (Panel B), 20 ng/ml LoFGF-2 (Panel C), 10 ng/ml 
TGFβ1 (Panel D), or 10 ng/ml CT-1 (Panel E) for 24 hours and immunostained with anti- Cav1.2a. 
Endogenous expression in non-treated cells was also determined (Panel A). Nuclei were identified by 
staining with Hoechst. Representative images are shown from 3 separate experiments and were taken in 
oil immersion at 1000x magnification.   
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Figure 21. DMSO does not affect PDGF-induced motility. The effect of DMSO treatment on 
P1 cells was analyzed with Costar Transwell apparatuses. 50 ng/ml PDGF in serum free media 
was loaded into wells and 70.4 mM DMSO (0.5% v:v) and P1 myofibroblasts (2 x 105 cells/well) 
were loaded into inserts. Cell count is a measure of motility rate. *p≤0.05 vs. non-treated control; 
all data expressed as mean ± SEM.
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Figure 22. PDGF induced-contractile responses are dependent  on transplasmalemmal Ca2+

flux. Collagen gel deformation assays were used to determine contractile responses in P1 
myofibroblasts after 24 hour treatments. After rendered quiescent, cells (1 x 105 cells/well) were 
treated on pre-formed collagen type I gels with specified concentrations PDGF to determine 
optimal cell response (Panel A). Representative gel images show untreated control or PDGF (10 
ng/ml) treated cells at 0 and 24 hr after stimulation. In a separate experiment, quiescent cells were 
treated with specified concentrations of EGTA, KB-R7943 (KBR), ML-7, and nifedipine (Panel 
B), and Gd3+ (Panel C). Digital images were measured with Measure Gel computer software. 
Contractile responses are expressed as gel deformation rate which refers to changes in gel surface 
area over the 24 hour treatment period. *p≤0.001 vs. non-treated control, #p≤0.001 vs. PDGF 
control; all data expressed as mean ± SEM.
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Figure 23. TGFβ1 induced-contractile responses are dependent  on transplasmalemmal 
Ca2+ flux. Collagen gel deformation assays were used to determine contractile responses in P1 
myofibroblasts. After being rendered quiescent, cells (1 x 105 cells/well) were treated on pre-
formed collagen type I gels with 10 ng/ml TGFβ1 and EGTA, KB-R7943 (KBR), and nifedipine 
(Panel A) and Gd3+ (Panel B) at specified concentrations for 24 hours. Digital images were 
measured with Measure Gel computer IDL software. Contractile responses are expressed as gel 
deformation rate which refers to changes in gel surface area over the 24 hour treatment period; 
*p≤0.001 vs. non-treated control, #p≤0.001 vs. TGFβ1 control; all data expressed as mean ± 
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Figure 24. PDGF induced-proliferation is dependent  on transplasmalemmal Ca2+ flux. 
Incorporation of 3H-thymidine into P1 cardiac myofibroblast DNA was used to determine rate of 
cell proliferation.  After being rendered quiescent, cells were treated in the presence of 1% FBS 
with specified concentrations of PDGF to determine optimal cell response (Panel A). In a 
separate experiment quiescent cells were treated with 10 ng/ml PDGF, EGTA, KB-R7943 
(KBR), Gd3+ and nifedipine (Panel B) for 24 hours; *p≤0.05 vs. non-treated control, #p≤0.05 vs. 
1% FBS control, &p≤0.05 vs. PDGF control; all data expressed as mean ± SEM.
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Figure 25. LDH as a measure of cytotoxicity. LDH activity was measured in cells (2 x 105) incubated with 
specified concentrations of cycloheximide (Panel A), EGTA (Panel B), KB-R7943 (Panel C), Gd3+ (Panel 
D), and ML-7 (Panel E) for 24 hours. *p≤0.05 vs. non-treated control; all data expressed as mean ± SEM.
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V1 DISCUSSION  
 
 Ca2+ is an important intracellular second messenger and modulates a wide range of 

physiological processes including cell function in the myocardium. Cardiac fibroblasts and 

myofibroblasts are major players in cardiac wound healing and ventricular matrix remodeling, 

and are the principle cellular sources of collagen secretion. Fibroblast and myofibroblast motility 

e.g. a cyclical process involving coordinated cellular movement in response to increasing 

gradients of chemokines, contraction e.g. isometric force exerted by the cell on the extracellular 

environement resulting in matrix reorganization, and proliferation aid in healing the infarct site. 

Although the nature of Ca2+ regulation in other mesodermal derived cell types such as 

endothelial cells have been studied (415-417), Ca2+ handling in cardiac myofibroblast is 

unexplored. Furthermore, as hypersynthetic myofibroblast cells predominate in many conditions 

that lead to heart failure, we sought a better understanding of myofibroblast pathophysiology. 

Our hypothesis states that [Ca2+]o
 modulates cardiac myofibroblast motility, and we investigated 

whether pharmacologic inhibition of NCX1.1 was effective in disrupting this process. As Ca2+ 

handling in cardiac myofibroblasts is poorly understood our first aim was to characterize 

proposed modes of Ca2+ flux. We compared the effects of PDGF-BB to other cytokines 

including CT-1 and FGF-2. These cytokines are recognized for participation in cardiac wound 

healing. We found that P0 fibroblasts exhibit relatively high motility when compared to αSMA 

and SMemb positive myofibroblasts. NCX1.1 has been well studied in cardiomyocytes but 

virtually no information is available for NCX function in myofibroblasts. For the first time we 

report that NCX1.1 function plays a role in cardiac myofibroblast motility, as well as in 

proliferative and contractile responses of these cells. Only one paper to date describes the effect 

of NCX blockade using KB-R7943 in Madin-Darby canine kidney cellular motility (56). Further 

we found that gadolinium (Gd3+) blockade of NSCCs was associated only with attenuated cell 

motility, and that L-type Ca2+ channel blockade with nidedipine is involved in contraction and 

proliferation but not motility. We also demonstrate that activation of Ca2+-dependent MLCK is 

linked to chemotaxis and cell contraction, and suggests a secondary role for [Ca2+]i in activation 

of contractile machinery. We demonstrate that PDGF-BB dependent motility is associated with 

receptor activation and taken together with KB-R7943 and Gd3+- sensitive motility in the 

presence of PDGF-BB, we provide evidence that NCX1.1 and NSCCs play key roles in these 

cellular processes. 
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The link between cytokines, cell motility, contraction and proliferation in the infarcted 
myocardium 
 

Cardiac myofibroblast motility, contraction, and proliferation are activated at various 

stages during myocardial tissue injury and myocyte death (5). Fibroblast chemotaxis to the 

infarct site helps to restore cellularity to the infarct scar zone (10). However, over time fibroblast 

function is implicated in gross ventricular structural and humoral changes. The current results 

validate our previous work that cardiac myofibroblasts are motile, contractile, and proliferative 

(192, 196, 418). We determined that PDGF-BB, CT-1, and LoFGF-2 stimulate significant dose-

dependent increases in cardiac myofibroblast motility, likely via cell surface receptor activation. 

We found incubation of myofibroblasts with AG1296, a PDGF-BB tyrosine receptor inhibitor, 

resulted in reduction in cell motility, suggesting that ligand binding of PDGF-BB activates 

downstream signals responsible for this process. Many cytokines and growth factors are 

pleiotrophic. We observed that while PDGF-BB is a potent chemokine, it also stimulates cardiac 

myofibroblast contraction as measured by collagen gel deformation. Past work from our lab 

demonstrated activation of PDGF-BB receptors in contractile responses of myofibroblasts (419). 

We also confirmed that PDGF-BB is a strong mitogen for myofibroblasts, as PDGF-BB induced 

significant incorporation of 3H-thymidine into DNA. Though TGFβ1 is found to down-regulate 

proliferation in cardiac myofibroblasts (data not shown), it was also found to augment contractile 

responses.  

Myofibroblast contraction is an important aspect of cardiac wound healing (22). During 

acute wound healing myofibroblast contraction aids in closure of the denuded edged of the 

wound, yet continual contraction contributes to hypertrophic scar formation in the chronic phase 

(106, 131). Collagen gel deformation assays resemble the an environment of the infarct scar in 

vivo, and therefore provide a reliable means to study myofibroblast contraction function in vitro 

(131, 295, 418). We used the anchored collagen type I method to resemble the latter stages of 

wound healing, which is most reflective of cardiac myofibroblast contraction (106). Tractional 

forces exerted by cells are isometric resulting in reorganization of collagen fibres (311). 

Following 24 hours of treatment, effects of mechanical tension exerted by myofibroblasts to the 

collagen matrix are clearly observed as the top layer of the lattice compressed inwards in a 

symmetrical fashion. As myofibroblasts are known to develop tension along lines of stress in 

vitro and in vivo (312), we suggest that myofibroblasts are synchronously contracting and 
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providing sufficient tractional forces to remodel the collagen lattice as is the case in vivo. We 

studied myofibroblast contraction in collagen gel deformation assays in previous investigations 

(418, 419) and have determined that cells remain situated on the surface of the gel rather than 

becoming imbedded in the collagen lattice (419). This finding may explain the fact that 

myofibroblast-seeded gels only partly compress inwards and that this compression is limited to 

the top half of the gel where the cells are originally seeded. 

Data from our lab has shown (using a rat chronic MI model) that elevated expression of 

CT-1 in the infarct zone occurs as early as 24 hours and remains high up to 8 weeks post-MI 

(196). In separate in vitro work, CT-1 induced activation of the JAK/STAT pathway is linked to 

significant migration and proliferation in cultured cardiac myofibroblasts (10, 196). Using Costar 

Transwell apparatuses we confirmed the finding that 10 ng/ml CT-1 is a sufficient 

chemoattractant for rat cardiac myofibroblasts. As CT-1 stimulates myofibroblast migration and 

proliferation we speculate that expression in the infarct zone is beneficial in the acute stages of 

wound healing by providing signals necessary for repopulating and maintaining the cellularity of 

the infarct scar (10). Moreover, although CT-1 is a modest mitogen for cardiac fibroblasts (196), 

previous results from our lab demonstrated that CT-1 stimulation has no effect on myofibroblasts 

contraction (419). Mature collagen synthesis in media of cultured cardiac myofibroblasts is 

reduced in the presence of CT-1 (10), while CT-1 protects both cardiomyocytes (207), and the 

myocardium (205) from ischemia/reperfusion injury. Taken together these results support our 

hypothesis that CT-1 may oppose the pro-fibrotic effects of other cytokines such as TGFβ1 and 

PDGF-BB, thus supporting the role of CT-1 as a cardioprotectant by modulating excessive ECM 

remodelling and growth. However, its role in cardiac wound repair and as an anti-fibrotic agent 

still remains unclear and this necessitates further research. 

 PDGF-BB is well known for its potent chemotactic and mitogenic effects and its ability 

to induce contraction in fibroblasts. We demonstrated that in the presence of PDGF-BB, cardiac 

myofibroblasts are highly motile. This response is receptor dependent as treatment with AG1296, 

a selective PDGFRβ inhibitor, attenuated PDGF-BB induced cardiac myofibroblast migration. 

Previous findings show that PDGF-BB induced potent chemotactic responses in fetal skin 

fibroblasts (420) and vascular smooth muscle cells (421-423). We also demonstrate that PDGF-

BB is a potent mitogen for cardiac myofibroblasts, and that PDGF-BB (along with TGFβ1) 

induces potent deformation of collagen gel assays. Our proliferation results are validated by 
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previous findings for PDGF-BB as a mitogen (27, 162, 424) in fibroblasts and vascular smooth 

muscle cells, and that PDGF-BB (425-427), TGFβ1 (425, 427, 428) and AngII (425, 429, 430) 

are all stimulators of fibroblast mediated contraction of collagen gels. Elevated levels of PDGF-

BB are found in serum of post-MI and stable angina patients (28) while TGFβ1 is elevated in the 

chronic phase of myocardial infarct scar healing (93). PDGF-BB is implicated in the 

pathogenesis of atherosclerosis (26) where it is released from aggregating platelets and 

monocytes which gather around sites of arterial injury (86). Recently, microparticles containing 

molecules of PDGF-BB were reported to induce angiogenesis and stimulate post-ischemic 

revascularization both in vitro and in vivo (431). As PDGF-BB plays a role in regulating 

replication, survival and migration of myofibroblasts during the pathogenesis of fibrotic diseases 

(29) our result that PDGF-BB induces cardiac myofibroblast motility, contraction and 

proliferation confirms that elevated levels of PDGF-BB in the infarcted myocardium may 

contribute to repopulation of the infarct scar and aid in the healing process. TGFβ1 is critical in 

cardiac matrix remodelling, collagen synthesis by non-myocytes, tissue repair, and plays a role in 

cardiac myofibroblast phenotypic transdifferentiation. FGF-2 (432) and TNF-α (433) are also 

expressed during wound healing. FGF-2 plays a role in smooth muscle cell migration after 

arterial injury and induces chemotactic responses in these cells in vitro (253, 434). LoFGF-2 

represents the 18kDa isoform with mRNA initiation occurring at the AUG start site (32). 

Although LoFGF-2 is widely recognized as a potent stimulator of cell migration in vascular 

endothelial cells and a major angiogenic factor for new capillary development (32, 435), no 

information is known about its chemotactic functions in cardiac myofibroblasts. Our results 

demonstrate that LoFGF-2 induces myofibroblast migration. In comparison, TNF-α weakly 

stimulated cardiac myofibroblast motility suggesting that this cytokine may also play a minor 

role in repopulation of the infarct scar. 

 Our results confirm previous findings that PDGF-BB induces a more potent chemotactic 

response compared to FGF-2 (436, 437). According to our results, PDGF-BB (50 ng/ml) induced 

over 60-fold greater number of migrating cells relative to non stimulated cells. LoFGF-2 (20 

ng/ml) ranked second in chemotactic potency, CT-1 third (10 ng/ml) and TNF- α (20 ng/ml) 

stimulated the weakest response. The relative potency hierarchy between these cytokines and 

growth factors suggests that cardiac myofibroblasts respond differently to the type of signal 

present. As these signals are expressed at different stages during the wound healing process, the 
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combined net signalling cascade may significantly enhance cellularity in the scar. With respect to 

contraction, TGFβ1, AngII and PDGF-BB elicited similar individual responses: all cytokine 

treatments induced increases in contraction compared to stimulation with 10% serum. Our results 

indicate that net myofibroblast response and behaviour (migration, contraction or proliferation) 

may be dependent on the type of signal that is most abundant during the different phases of 

cardiac wound healing.  

 We also confirmed a biphasic dose-dependent motility curve common to PDGF-BB, 

LoFGF-2, CT-1, and TNF-α stimulated myofibroblasts. This biphasic dose-response relationship 

is characterized with a low-dose enhancement and a high dose inhibitory response. The number 

of motile cells increases with increasing chemokine and mitogen concentration, peaks at an 

optimal concentration then declines. These trends are previously described for a number of 

different cell types and chemokines (420, 422, 436-438) and mitogens (439). Inhibition of 

motility and proliferation at higher concentrations may reflect desensitisation of respective 

receptors due to receptor internalisation or degradation. Taken together, these results indicate 

that cardiac myofibroblasts respond differently to receptor signals, the magnitude of which is 

dependent on cytokine concentration and the type of end-point investigated. This might be of 

considerable interest in the wound healing process as fluctuations in cytokine levels may induce 

different cellular responses depending on not only the type of signal but also the level of 

exposure.          

 
Extracellular Ca2+ and cellular responses 
 
 To directly address our hypothesis regarding Ca2+ as a modulator of cell motility, we 

treated cardiac myofibroblasts with a chelator agent, EGTA. By chelating endogenous Ca2+ in 

DMEM/F12 media from 1mM to 2.1, 0.1, or 0.0661 µM we observed a concomitant diminution 

in PDGF-BB stimulated cell motility, contraction and proliferation, as well TGFβ1 induced 

contraction. Thus, our results demonstrate that as culture medium Ca2+ is reduced, cell responses 

are also directly reduced. Although the effect of Ca2+ removal on all three endpoints is rapid and 

pronounced, we also found that it was just as reversible in motile cells. Exogenous addition of 

CaCl2 back into chelated media enhanced PDGF-BB induced motility and suggests that the 

exogenous increase of [Ca2+]o supersedes the chelating effects of EGTA. An earlier investigation 

of cultured fibroblast motility also suggested the importance of Ca2+ in cell migration, as 
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reduction of culture medium Ca2+ from 2 mM to 0.1 mM was sufficient in reducing motility in a 

wounded monolayer assay (440). As expected, drastic reduction in [Ca2+]o is associated with 

cellular morphological changes such as retraction of cell extensions. Reintroduction of 

exogenous Ca2+ reversed these changes. Many actin-binding proteins, including myosins I and II, 

gelsolin, α-actinin, and fimbrin, are regulated by Ca2+. Proteases such as calpain play an integral 

role in FA turnover and are modulated by [Ca2+]i (441, 442). Moreover, during cell division these 

cell-substrate interactions provide anchoring support and regulate the G1 restriction point and M 

phase of the cell cycle (44). In cytokinesis, FA and associated cytoskeletal factors help to 

modulate momentary detachment from the substratum (443). Actin is necessary for lamellipodia 

extension and is dependent on [Ca2+]i for its assembly and disassembly (444). Our data is 

consistent with the notion that cytosolic Ca2+ gradients regulate cellular processes in that 

functional changes (i.e. decreases in motility) accompany morphological changes (i.e. retraction 

of cellular extension) during removal of extracellular Ca2+ from the medium. Similar trends are 

documented. Schwartz demonstrated that addition of 20 µM EGTA to culture medium of 

endothelial cells resulted in decreases in cell spreading which was followed by a global decline 

in [Ca2+]i as measured by fluo-2 dye (Ca2+ indicator) studies  (278). Upon removal of Ca2+ from 

incubation medium of cultured rat cardiac fibroblasts, Azuma et al. demonstrated changes in 

cellular morphology such as formation of blebs, the ballooning of the cell membrane, and 

detachment from the culture dish (445). Unlike the latter finding of Azuma et al., we did not 

observe any effects of cellular adherence as a result of EGTA treatment. In low Ca2+ conditions 

cells may still be able to maintain existing contacts with the substratum but may be unable to 

form new contacts. It may be argued that the loss of Ca2+ affects the formation of new contacts 

more than the maintenance of existing contacts, which would impact our EGTA motility 

experiment as cells may still migrate into the lower chamber but without being able to adhere 

well. Therefore, future studies must address whether decreased [Ca2+]o inhibits motility by 

inhibiting cell mobility (i.e. crawling, due to actin/myosin interactions), or by inhibiting cell 

attachment (i.e. due to activation of FAK and formation of FA), or both.  

 In contrast to reduction of [Ca2+]o, we attempted to increase [Ca2+]i by treatment with 

ionomycin, a Ca2+ ionophore. Consistent with other findings (446), ionomycin treatment in our 

current study resulted in no significant influence on motility rates of PDGF-BB or LoFGF-2 

stimulated cardiac myofibroblasts but rather maintained the response. Moore et al. showed that 
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cultured cardiac fibroblast motility rates were increased in the presence of ionomycin in both 

control media and low Ca2+ media conditions. These results provide evidence that motility in 

these cells is dependent upon availability of Ca2+, presumably for movement into the cell (440). 

Due to its selectivity for Ca2+ and its membrane soluble properties, ionomycin is a popular tool 

for studying activation of [Ca2+]i dependent proteins, as demonstrated by increases in Ca2+ 

transients which occur concomitant to ionomycin treatment (444). Previous work from our lab 

showed that ionomycin mediated increases in cytosolic Ca2+ and that this was attended by 

increased expression of phospho-MLC2 (unpublished data), while other studies found that 

treatment of ionomycin in vascular smooth muscle cells and neutrophils results in expression of 

calmodulin kinase II (447, 448), and activation of Ca2+-sensitive actin severing proteins such as 

gelsolin (444, 447). We also addressed whether influx of Ca2+ would affect cell phenotype as 

characterized by expression of αSMA and SMemb, and found no changes present between that 

of ionomycin treated and non-stimulated cells. Taken together, these results indicate that even 

though cytosolic Ca2+ may be involved in intracellular signaling of cardiac myofibroblasts, its 

cytosolic concentration is not the critical determinant or rate limiting factor of the migratory 

response. Continual influx of Ca2+ may overwhelm cellular Ca2+ extrusion mechanisms thereby 

giving rise to excessive increases in [Ca2+]i thus preventing myosin/actin cross-bridge recycling 

as well as causing interference with FA assembly. As cell motility is a cyclical process, we 

speculate after 24 hour ionomycin treatment, cellular paralysis ensues, essentially locking 

contractile machinery and preventing FA turnover. 

 
The role of NCX1.1 in cardiac myofibroblast motility, contraction, and proliferation 
 
 In this investigation we demonstrate that NCX1.1 provides a novel mechanism of 

transplasmalemmal Ca2+ movement for cell motility, contraction and proliferation. Our findings 

are based on previous electrophysiological findings that KB-R7943, a third generation 

isothiourea derivative, inhibits the reverse mode of NCX in cells expressing NCX1 (410). In 

human pulmonary artery smooth muscle cells which express NCX1 and NCX3, for instance, 

inhibition of NCX with KB-R7943 also attenuated increases in [Ca2+]i via the reverse mode 

(390). Devela et al. found that KB-R7943 treatment of Madin-Darby canine kidney cells resulted 

in a marked diminution in cell migration in control situations (56). NCX1.1 is expressed in the 

heart, particularly in cardiomyocytes (376), and we confirm that NCX1.1 is also expressed in 
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fibroblasts and myofibroblasts. KB-R7943 is a popular tool to test the properties of the 

exchanger in cardiomyocytes and only one paper to date describes the application of KB-R7943 

on myofibroblasts. Romero et al. showed that in human lung embryonic myofibroblasts, TGFβ 

stimulated expression of connective tissue growth factor (CTGF), a matrix signaling molecule 

found overexpressed in fibrotic disorders (57). These authors demonstrate that CTGF expression 

level was dependent on a KB-R7943-sensitive influx of Ca2+. In addition to blocking influx of 

Ca2+, NCX inhibition also interfered with collagen and αSMA expression, therefore suggesting 

that NCX function in lung myofibroblasts plays an important role in TGFβ mediated 

fibrogenesis. In this current study, we found a KB-R7943-sensitive decrease in cell motility 

when myofibroblasts were stimulated with CT-1 and PDGF-BB. KB-R7943 also partly blocked 

PDGF-BB and TGFβ1 induced contraction, as well as PDGF-BB induced proliferation. NCX1.1 

protein levels are equally expressed in fibroblast sand myofibroblasts. Immunostaining confirms 

that NCX1.1 is present in plasma membranes of fibroblast and myofibroblasts but indicates that 

expression of this protein is reduced in P2 cells. The reduction in NCX1.1 expression may reflect 

the termainally differentiated state of myofibroblasts at high passage number. Combined with 

cytokine mediated reduction in P2 myofibroblast motility, loss of NCX1.1 protein expression 

may provide evidence that these cells also loose their functional properties in vitro, suggesting 

that NCX1.1 plays an important role in modulating cardiac myofibroblast physiology during 

wound healing conditions. Furthermore, based on these results we suggest that NCX1.1 may play 

an important role in myofibroblasts function during both the acute and chronic phase of wound 

healing after infarction.  

 Compared to SEA0400, KB-R7943 is not as efficacious in inhibiting the reverse mode. 

SEA0400, a fourth generation isothiourea derivative, is many fold more potent and selective for 

the reverse mode (449). To that end, KB-R7943 may not provide sufficient specificity to inhibit 

the reverse mode raising the uncertainty as to whether cell function is dependent on Ca2+ entry 

mode (reverse mode) or Ca2+ exit mode (forward mode). Our next step was to develop a 

pharmacological system for our motility assays that would account for a specific NCX1.1 mode. 

The Na+- K+ ATPase pump is well studied in the heart and its pharmacology well characterized 

and ouabain is known to inhibit its ATP function (450, 451). In situations of ischemic heart 

disease, inhibition of Na+-K+ ATPase by ouabain or digitalis (or cardiac glycosides) have proven 

clinically relevant for enhancing [Ca2+]i  in cardiomyocytes by induction of reverse mode NCX, 
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which in turn, increases contraction and improves myocardial function. Inhibition of the pump 

reduces the Na+ gradient across the membrane thereby favoring the NCX Ca2+ entry mode (451). 

As intracellular Na+ concentrations increase, or the gradient between extracellular and 

intracellular Na+ weakens, NCX operates in reverse mode to extrude Na+ in exchange for Ca2+ 

influx. An example of this Na+ dependency, in smooth muscle cells removal of extracellular Na+ 

switched NCX mode from forward to reverse, and was subsequently accompanied by an increase 

in [Ca2+]i (390). We tested whether inhibition of Na+K+ ATPase in cardiac myofibroblasts would 

enhance PDGF-BB induce motility based on the notion that inhibition of the pump would result 

in increases in intracellular Na+, therefore inducing reverse mode NCX and, in turn, increase 

[Ca2+]i thereby augmenting the motility response. Contrary to this hypothesis, we found that 

ouabain treatment has no effect on cell motility compared to PDGF-BB control values. We 

deduce two possible explanations for lack of enhanced motility: 1) inhibition of Na+-K+ ATPase 

did not induce high enough intracellular Na+ concentrations due to either drug efficacy or the 

nature of the Na+ gradient in cardiac myofibroblasts, and therefore we were unable to 

pharmacologically induce the Ca2+ entry mode, or 2) Forward mode plays an important role in 

motility. Concerning the latter explanation, during migration and contraction [Ca2+]i fluctuates in 

order to permit actin/myosin cross bridge formation and movement (173, 452-454). [Ca2+]i must 

drop periodically to reset cross-bridges and NCX may be involved in this process. Blocking 

NCX1.1 in cardiac myofibroblasts would therefore block migration and contraction not by 

preventing Ca2+ entry but by interfering with Ca2+ exit, thereby locking the actin/myosin 

machinery into one state. These conjectures are supported by obsvervations of Drevel et al. that 

cell motility is sensitive to NCX blockade with KB-R7943 and that this blockade is accompanied 

by a dose-dependent increase in [Ca2+]i (56). In cardiomyocytes, downregulation of NCX 

resulted in increases in cytosolic and SR Ca2+, leading to Ca2+ overload and loss of mitochondrial 

membrane potential (455). Iwamoto et al. showed that over expression of NCX1 impairs Ca2+ 

signaling in fibroblast resulting in a delay of integrin-mediated adhesion (392). Retardation of 

cell adhesion was evident even when cells were treated in combination with ionomycin and KB-

R7943 suggesting that a failure to eliminate [Ca2+]i is the primary cause of the decline in cell 

function (392). Proliferation involves cell cycle progression, chromosome disjunction (456), 

translocation of specific transcription factors to the nucleus (457), and the participation of cell 

adhesion complexes. As [Ca2+]i is a prerequisite for many of these processes, our result that 
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NCX1.1 blockade reduced PDGF-BB induced proliferation further demonstrates the role of 

NCX1.1 in myofibroblast function. Thus, cytosolic Ca2+ may be important for regulation of 

myofibroblast cellular responses and that NCX1.1 may function to regulate these cytosolic Ca2+ 

gradients.  

 
The role of NSCC in cardiac myofibroblast motility, contraction, and proliferation 
 
 NSCCs represent another mode of Ca2+ flux in cardiac myofibroblasts as motility is 

sensitive to Gd3+ treatment in the presence of CT-1, PDGF-BB, and LoFGF-2. In contrast, Gd3+ 

treatment has no major affect on contractile responses or proliferation in these cells. Gd3+-

sensitive rates in motility are found in other cell types with dose responses falling within the 

range of 10-20 µM used in this study (56, 458-461). Upon stretch, fibroblasts transmit MIP, 

which can be blocked by Gd3+ (53, 462), suggesting that cardiac fibroblasts contribute to the 

mechanical and electrical syncytium during cardiac contraction. Arrhythmogenesis occurs in 

response to altered electrical continuity between cardiomyocytes. Recent evidence suggests that 

under ischemic reperfusion conditions, cardiac fibroblast membrane potential also changes in 

response to mechanical stress, indicating that these cells may contribute to the pathogenesis of 

arrhythmias (53). 

 The idea that mechanically induced Ca2+ flux through SAC or NSCC in cardiac 

fibroblasts (363) supports our hypothesis that Ca2+ is required for myofibroblast motility and 

contraction. In one study, keratinocytes subjected to mechanical stretch displayed MIPs and were 

accompanied by increases in [Ca2+]i, therefore augmenting locomotion by detachment of FA 

complexes at the cell rear (461). Similarly, we propose that stretching of the cell membrane in 

response to motility may trigger activation of NSCC, thus allowing influx of Ca2+ which in turn, 

augments the migratory response. Kamkin et al. showed that F-actin and tubulin fiber formation 

is associated with activation of MIPs (54). In another study, vinculin and phosphotyrosine 

expression found in FA complexes are regulated in part by Gd3+-sensitive Ca2+ influx through 

SAC (458). In addition, the latter study found that local application of Gd3+ to the leading edge 

of migrating cells causes global inhibition of tractional forces thus impairing cell migration. In 

the current investigation the result that NSCC may not be involved in contraction was surprising, 

as collagen gel deformation would invariably transduce membrane stretch leading to activation 

of these channels. Although the exact mechanisms of NSCC associated increases in [Ca2+]i  is 
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unclear, stretching of the plasma membrane causes membrane hyperpolarization through 

activation of voltage activated potassium channel (Kv) activation, thereby driving inward Ca2+ 

currents through non-selective cation conductance (359). In excitable cells, such as 

cardiomyocytes, L-type Ca2+ channels mediate membrane depolarization to drive sufficient 

influx of Ca2+ to activate contractile machinery. Although we found that cardiac fibroblasts and 

myofibroblasts express Cav1.2a, an L-type Ca2+ channel isotype, L-type Ca2+ channels are not 

involved in the migratory response, as nifedipine did not block PDGF-BB induced cell motility. 

In addition, we found that Cav1.2a staining is present in the cytosol indicating newly 

synthesiszed proteins in the ER which are being folded and transported to the plasma membrane. 

Our motility results are consistent with previous findings in our lab which show that motility is 

not dependent on nifedipine treatment in the presence of CT-1 (unpublished observations). On 

the other hand, we show that nifedipine treatment abrogated both the contraction and 

proliferation response, suggesting that L-type Ca2+ channels play a role in these cellular 

responses. SOCE is proposed to be the primary mechanism of Ca2+ entry in fibroblasts (463) and 

endothelial cells (416). In contrast and despite PDGF-BB-activated NSCC in fibroblast cell 

division being documented in the literature (463), our results indicate that these mechanisms are 

not involved in the contractile and proliferation response. L-type Ca2+ channels are generally 

known to not be expressed in non-excitable cell types like endothelial cells and fibroblasts as 

expression of these channels would indicate that these cells are able to become excitable (i.e. 

able to achieve an action potential) (51, 52). However, in a recent study, Kizana et al. questioned 

this claim by demonstrating that cardiac fibroblasts can be genetically modified into cells 

capable of electrical coupling (464). Others have reported that based on activation of L-type Ca2+ 

channel induced depolarization, fibroblasts are able to generate and propagate action potentials 

by forming an excitable syncytium with cardiomyocytes (465, 466). Based on our finding that L-

type Ca2+ channels play a role in myofibroblast function it is likely that NSCC may not be the 

sole mechanism of Ca2+ movement in these cells. This result supports the notion that cardiac 

myofibroblasts may possess an excitable phenotype and/or that a pharmacomechanical 

mechanism may act to increase cytosolic free Ca2+ in these cells. Cardiac myofibroblast 

electrical excitability has important implications in treating arrhythmogenesis as a result of poor 

electrical coupling between fibroblasts and myocytes during fibrotic diseases.  
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 Our lab has demonstrated that CT-1 induces hyperpolarization across plasma membranes 

of cardiac myofibroblasts (unpublished results), that these cells express mRNA specific for Kv 

2.1, and that inwardly rectifying K+ currents are sensitive to Gd2+ treatment (418). Unlike 

cultured neonatal fibroblasts (467), adult rat cardiac fibroblasts and myofibroblasts are more 

excitable and exhibit relatively depolarized membrane potentials (359). In the latter experiment, 

membrane potential of cardiac fibroblasts hyperpolarized during atrial relaxation and depolarized 

during atrial contraction, which is consistent with expression of Cav1.2a found in the current 

study. The finding that activation of K+ channels leads to increases in migration of differentiated 

intestinal epithelial cells (352) suggests that that the activity of Kv in cardiac myofibroblasts may 

control membrane potential which may further control cytosolic free Ca2+ concentration by 

governing the driving force for Ca2+ influx. Curry also found that hyperpolarization of 

endothelial cell membrane enhanced Ca2+ influx into these cells while depolarization reduced 

Ca2+ influx and thus overall cell permeability (317, 468).  We suggest that cytoplasmic Ca2+ is 

controlled by both Ca2+
 influx and Ca2+ release from intracellular stores in myofibroblasts just as 

it is in myocytes or endothelial cells. Subsequently NCX1.1 forward mode function may provide 

a novel mechanism for Ca2+ removal from the cytosol restoring [Ca2+]i to basal levels.  

 The interaction between receptor stimulation and activation of NSCC Ca2+ influx remain 

unidentified. One mechanism proposed for agonist induced rises in [Ca2+]i in fibroblasts is a 

capacitative model through SOCs. The Ca2+ signal evoked by agonists of G protein-coupled Ca2+ 

mobilization receptors involves activation of IP3-mediated mobilization from intracellular stores 

within the ER eg. pharmacomechanical coupling, which is followed by activation of a plasma 

membrane-located-Ca2+-influx pathway to maintain increases in [Ca2+]i and replenish ER stores. 

The notion of SOCE is similar to excitation-contraction coupling in cardiomyocytes, in that 

small levels of Ca2+ invokes a greater magnitude of influx from larger stores in the extracellular 

environment through NSCCs. SOCs are encoded by a gene homologous to trp. Halaszovich et al. 

demonstrated, for instance, that in a cell line over expressing TRPC3, Gd3+ treatment blocked 

electrical currents generated by these channels (469). In human valvular myofibroblasts, 

histamine induced activation of a Ca2+-signaling pathway involving SOCs and IP3 mediated 

mobilization from ER stores (55). As control of TRPC and store-operated channels occurs by 

PKC activation (325) and as CT-1, PDGF-BB, and LoFGF-2 are all known to activate PKC via 

PLC generated IP3 and DAG, it is possible that cardiac myofibroblast motility may partly depend 
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on both membrane hyperpolarization and a SOCC entry pathway. Activation of IP3 sensitive 

stores in the ER may therefore result in an influx of Ca2+ through NSCC. Recently, Rosker et al. 

addressed the link between TRPC and NCX in a stable cell line (470). These authors 

demonstrated that influx of Na+ through TRPC leads to membrane depolarization, activating 

reverse mode NCX and enhancing Ca2+ influx. These results suggest functional and physical 

interactions between nonselective TRPC cation channels with NCX proteins as a novel Ca2+ 

signaling mechanism.  

 
Role of myosin motors in motility and contraction 

 
Cell motility is a highly coordinated and cyclical process involving integration of 

numerous cell components including actin polymerization for lamellipodia extension, assembly 

and disassembly of integrin and its cytoskeletal associated structures that comprise FA 

complexes, and activation of contractile machinery in the cell cortex. These processes require the 

strict regulation of [Ca2+]i. To our knowledge little information is known about [Ca2+]i signaling 

in primary cultures of cardiac myofibroblasts. In one study, fluorescent imaging microscopy 

assessed histamine-induced Ca2+ signaling in fura-2-loaded human valvular myofibroblasts (55), 

but Ca2+ signaling in the context of myofibroblast motility and contraction remains poorly 

understood.  

 Myosin motor function is a prerequisite for cell motility and contraction (39) and we have 

observed that inhibition of MLCK blocks PDGF-BB and LoFGF-2 induced migration, as well as 

PDGF-BB and TGFβ1 induced contraction. Phosphorylation of MLC is inhibited by ML-7 (a 

MLCK inhibitor) and as activation of MLC is required for actin-myosin cross-bridge cycling and 

contractile activity, our results indicates that migration is partially dependent on a phospho-

MLCK mechanism. Maximal inhibitory effects are observed at 20 µM ML-7, which is in the 

range used to inhibit rMLC phosphorylation in vitro (412, 471). In smooth muscle cells, cross-

bridge cycling and contractile activity is regulated by the activity of myosin motors, which is 

further regulated by phosphorylation of rMLC, and in turn, by MLCK and phosphatases (45). 

Myosin II-based contraction in migrating cells functions in the breaking of adhesive interactions 

by direct application of physical stress to the substratum, aids in directional movement by 

preventing unwanted lateral lamellipodia extension, and generates the forces necessary to pull 

the cell body forward over recently formed FA at the leading edge of the cell. Activation of 
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myosin motors in myofibroblasts employ non-muscle embryonic myosin type IIa, otherwise 

known as SMemb (15), as well as αSMA (472). The properties of SMemb are well-suited to 

confer rapid contraction as seen during contraction of the cell cortex during motility (45). 

Although, MLCK is also activated by Src kinases (46, 47) and ROCK-mediated inhibition of 

constitutively active MLC phosphatase (45, 308), increases in Ca2+ are also classically known to 

activate these contractile proteins. Ca2+ binds to calmodulin, in turn, binding to and activating 

MLCK (45, 49). By inhibiting MLCK activation during myofibroblast migration and contraction 

in the presence of PDGF-BB, LoFGF-2, and TGFβ1, we show that these cytokines and growth 

factors activate intracellular pathways that induce MLC phosphorylation, which leads to 

increased actin-myosin cross-bridge cycling and activation of contractile activity within the cell. 

These results are supported by previous findings in our lab. We found that CT-1 induces 

phospho-MLC expression and that migration is dependent on calmodulin and MLCK activation, 

as shown by immunoblotting and Boyden chamber techniques, respectively (unpublished data). 

Eddy et al. demonstrated that activation of Ca2+ transients in migrating neutrophils is 

accompanied by increases in myosin II motor activation, and that this migratory response is 

blunted with ML-7 (473). Other studies have demonstrated a connection between either FGF-2 

or PDGF-BB, and activation of Ca2+/calmodulin-dependent protein kinases in vascular smooth 

muscle (447, 448), and endothelial cell migration (446). Furthermore, our contraction results 

parallel other findings which show that fibroblast mediated gel deformation is abrogated in the 

presence of ML-7 (474, 475). Although we did not specifically demonstrate elevated [Ca2+]i  in 

cells treated with cytokines or growth factors, the participation of Ca2+ in migration and 

contractile responses are implied with the observation that increased MLC phosphorylation is 

associated with activation of these cellular functions. Furthermore, a great deal of evidence 

indicates that ligand binding of PDGF-BB accompany a rise in [Ca2+]i  (117, 341, 413, 452). 

 
Fibroblasts vs. myofibroblasts 

 
Masur et al. demonstrated that the absence of cell-cell contacts is one of the primary 

causes of myofibroblast differentiation in culture situations, and therefore resembles a model for 

which to examine mechanisms of wound healing (13). These authors confirm past work from our 

lab which show that myofibroblasts express increased levels of αSMA compared to fibroblast 

(ie. fibroblasts have basal levels of this protein). They found that if fibroblasts are passaged at 
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low density a large yield of myofibroblasts is produced after 5-7 days. Using similar cell culture 

guidelines, we demonstrate that unlike freshly isolated cardiac fibroblasts, myofibroblasts stain 

more heavily for αSMA, and expression is enhanced with increasing passage number (e.g. P1 

and P2). As cell-cell contacts are lost at each passage, it is likely that cardiac myofibroblasts in 

culture acquire a more pronounced wound healing phenotype. SMemb, a non specific marker for 

dedifferentiated smooth muscle cells, is unique to highly contractile myofibroblasts (15). For the 

first time, we show that compared to cardiac fibroblasts (P0), cardiac myofibroblasts (P1 and P2) 

exhibit increased expression for SMemb. These results provide evidence that when passaged and 

plated at low density, freshly isolated quiescent cardiac fibroblasts (P0) transdifferentiate into a 

contractile, muscular myofibroblast phenotype. Our results are supported by in vivo findings that 

αSMA positive cells are found in healing human myocardial scars 4-6 days after infarction (18), 

and that cardiac myofibroblasts express αSMA during right ventricular pressure overload (17). 

Masur et al. also found that induction of the myofibroblast phenotype could be achieved with 

exogenous application of TGFβ to freshly isolated fibroblasts (13). TGFβ1 is considered to play 

an important role in controlling myofibroblast differentiation, and therefore has implications 

during wound healing and fibrosis. TGFβ1 type I and II receptors are expressed in granulation 

tissue of hypertrophic dermal scars of which expression remained elevated up to 20 months after 

injury (135). Many studies demonstrate both in vitro and in vivo that TGFβ1 induces αSMA 

protein and mRNA expression in growing and quiescent cultured fibroblasts as well as in 

granulation tissue myofibroblasts (12, 19, 300). Increased αSMA expression upregulated 

fibroblast contractile activity (129) which is consistent with the notion that mechanical tension is 

crucial for control of myofibroblast function and for maintenance of their contractile activity in 

vivo (140, 472). Consistent with these findings, the current results indicate that in the presence of 

24 hour TGFβ1 treatment, P0 fibroblasts and P1 and P2 myofibroblasts express enhanced αSMA 

and SMemb. Expression of αSMA and SMemb in P0 fibroblasts is not as elevated compared to 

myofibroblasts, but when expression in TGFβ1 treated cells is compared to non-treated controls, 

small increases in αSMA and SMemb expression are observed. In prior studies, a fully 

differentiated myofibroblast phenotype is characterized by relatively increased expression of 

αSMA when fibroblasts are incubated with TGFβ1 for 48 hours (12). Furthermore, Tomasek et 

al. (106) described the appearance of a partly-differentiated myofibroblast, the proto-

myofibroblast, as playing an important role in the wound healing process. It is possible that 24 
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hours of TGFβ1 treatment does not provide sufficient time to induce fully differentiated 

myofibroblasts but may instead exhibit a proto-myofibroblastic phenotype. Here we report that 

in the presence of PDGF-BB and for comparison, LoFGF-2, no change in αSMA and SMemb 

expression resulted in P0, P1, and P2 cells, indicating that these cytokines do not interfere with 

cell phenotype, but rather maintained in culture. 

Myofibroblast phenotype is partly regulated by the degree of FA maturation, which, in 

turn, determines the degree of mechanical force conveyed to the ECM (142). Immature FAs are 

small (1 µm2) and thought to evolve from initial integrin-ECM linkages upon application of 

intracellular and or extracellular force (142). They transmit sufficient force to promote cell 

migration (144) and are characteristic of early stage differentiated myofibroblasts (i.e. proto-

myofibroblasts). Immature FA are situated in the cell periphery, are associated with β and γ 

cytoplasmic actins, and contain αv integrin, vinculin, paxillin, α-actinin, talin, small levels of 

FAK and tyrosine-phosphorylated proteins (106, 142). Cell contraction induces assembly of 

immature FA into larger (2-6 µm2) mature FA (classical FAs). In fully differentiated 

myofibroblasts, mature FAs develop into supermature FA (>6 µm2), a process that depends on 

high αSMA-mediated contractile activity of stress fibers (106). Supermature FAs are composed 

of a dense array of FA interactions and always contain FAK, αSMA and tensin (106, 142). 

Supermature FA transmit higher forces then immature and mature FA because they are larger 

and extend further into the cell cortex (106). This high transmission of force may also reflect a 

steadfast FAK-mediated phosphorylation state, whereas immature and mature FA display weaker 

force transmission due to dephosphorylation (142). It may be suggested that proto-

myofibroblasts display higher rates of cell motility as immature and mature FA undergo 

increased rates of FAK turnover. The current results indicate that P0 fibroblasts, which stain 

weakly for αSMA and SMemb, have greater CT-1 induced motility rates compared to P1 and P2 

cells. Similarly, P1 cells have increased migratory rates compared to that of P2 cells in the 

presence of CT-1. The same trend is observed for PDGF-BB induced motility, with P1 cells 

having increased migratory rates compared to P2s. Our results provide new evidence supporting 

the connections between contractile protein expression (αSMA and SMemb), and motility. Based 

on the study of Dugina et al. (142), we hypothesize that immature FA complexes are unique to 

P0 fibroblasts, and as FAs modulate cell adhesion to the substrata, increased FA turnover may be 

of more importance in regulating the motility response than contractile proteins found in the 
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cortex of the cell body. Differentiation of fibroblasts into myofibroblasts is associated with 

diminution of chemotaxis and this phenomenon may reflect maturation of FA complexes. 

Enhanced expression of αSMA and SMemb is found in P2 myofibroblasts and when compared 

to non-treated cells of the same passage and those treatment groups of P0 or P1 cells, in the 

presence of CT-1 and PDGF-BB these cells have relatively very weak motile responses. We 

speculate the possibility that P2 myofibroblasts express supermature FA complexes, thus further 

supporting the concept that supermature FA display lower rates of turnover. In the context of 

myocardial wound healing we believe that in response to elevated levels of cytokines and growth 

factors quiescent fibroblasts may infiltrate the infarct zone from the non-infarcted myocardium, 

but as they approach the border zone differentiation ensues concomitant with elevated levels of 

TGFβ1 in the infarcted region as well as enhanced mechanical tension in the scar. We speculate 

that differentiation of fibroblasts into myofibroblasts at the site of the infarct scar is marked by 

inhibition of motility, which may be an adaptive response in the infarct zone for diversion of 

cellular energy toward localized collagen production and deposition as well as proliferation in 

order to continue enhancing cellularity at the site of the infarct. Nonetheless, the origin of 

myofibroblasts in the infarcted myocardium is controversial. It is thought that myofibroblasts 

arise from either interstitial fibroblasts normally residing in the non-infarcted myocardium and 

once activated by chemotactic factors infiltrate the infarcted zone where they proliferate (127, 

131); and/or circulating monocytes or bone-marrow-derived progenitor cells that 

transdifferentiate at the site of infarction in response to humoral activation (476-478). Recent in 

vivo evidence suggests that in rats to which the bone marrow of green fluorescent protein (GFP)-

transgenic mice has been transplanted, the 7 day infarct scar stained prominently for αSMA 

positive myofibroblasts and not for GFP (11). Although this study provides convincing evidence 

that interstitial fibroblasts may be the origin of myofibroblasts in myocardial infarct repair in 

vivo, it still remains unresolved whether migratory fibroblasts or myofibroblasts are the 

predominant cell type responsible for sequestration to the site of tissue injury.  
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VI CONCLUSION 
 
 The findings from this study support our hypothesis that in the presence of PDGF-BB 

cardiac myofibroblast cellular motility, contraction, and proliferation are modulated by 

transplasmalemmal Ca2+ movement. NCX1.1 is present in cardiac myofibroblast plasma 

membrane and may contribute to altered [Ca2+]i changes in responses to activation of PDGF-BB 

receptors, as determined by inhibition of PDGFRβ with AG1296. We show that NCX inhibition 

with KB-R7943 is linked to PDGF-BB mediated myofibroblast function including cellular 

motility, proliferation as well as contraction as assessed by collagen I gel deformation assays. In 

addition to NCX1.1, we show that in the presence of PDGF-BB Gd3+ but not nifedipine treatment 

was attended by reduction in motility, suggesting that NSCCs play a role in modulating this 

cellular function. Our results confirm that cultures of P1 and P2 cardiac myofibroblasts express 

elevated levels of αSMA and SMemb compared to P0 fibroblasts and that converstion of 

fibroblasts to myofibroblasts is associated with abrogations of chemotaxis in these cells (i.e. 

freshly isolated fibroblasts are more motile compared to cultures of myofibroblasts of increasing 

passage). In addition, we demonstrate that PDGF-BB induced myofibroblast chemotaxis and 

contraction are dependent on intracellular Ca2+ mediated phosphorylation of MLC, as determined 

by inhibition of MLCK by ML-7. Thus, this study provides novel insights into the mechanisms 

of cardiac myofibroblast cell function, in vitro, particularly with respect to NCX1.1 and NSCC 

involvement in these processes.  

 The results from this study deals with currently unknown and unreported aspects of 

myofibroblast physiology with respect to activation of specific Ca2+ transport proteins during 

cellular function. Myofibroblast physiology is an area of great importance in the responses of the 

infarcted myocardium, which in turn, determines how well the myocardium combats the serious 

cellular, physiological, and structural changes as a result of infarction.  
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VIII FUTURE DIRECTIONS 
 
To gain a better understanding of myofibroblast function and its Ca2+ handling properties, 

we propose three main ideas to extend this current study. As this study is focused on modes of 

transplasmalemmal Ca2+ flux the next logical step would be to directly measure cytosolic free 

Ca2+ concentrations in fibroblast and myofibroblasts. Ca2+ imaging dyes such as fura-2 and fluo-

3 are powerful tools in quantifying intracellular Ca2+ concentrations. In the current study, we 

have elucidated putative mechanisms of Ca2+ flux. By extending our pharmacological approach 

used in functional assays to that of Ca2+ measurements, Ca2+ as a point of control in 

myofibroblast function will be resolved. Our lab has previously used Ca2+ imaging in the 

presence of CT-1. A connection between a rise in cytoplasmic Ca2+ in fura2- or fluo3-loaded 

myofibroblasts in the presence of PDGF or FGF-2 needs to be established. The second aim 

would be to address the role of NCX1.1 (KB-R7943), NSCCs (Gd3+), and L-type Ca2+ channels 

(nifedipine) in cytokine or growth factor mediated increases in cytoplasmic Ca2+ along with 

hyperpolarization and depolarization events initiated by PDGF-BB or CT-1 ligand binding.  

Although this current study provides direct support evidence that NCX1.1 plays a role in 

myofibroblast function, the exact mode of NCX operation i.e. Ca2+ entry or exit mode, remains 

unknown. Reducing the sodium gradient across myofibroblast plasma membrane in fura-2 or 

fluo-3 loaded cells is another means to extend the current study to gain a better understanding on 

the mode of NCX operation. Past results from our lab in combination with results from this 

current study provide evidence that capacitative mechanisms may play a role in Ca2+ influx in 

myofibroblasts. Since SOCE pathways require the emptying of intracellular stores for NSCC 

mediated Ca2+ influx, it would be worthwhile to target the ER (i.e. using thapsigargin and 

caffeine) in both functional assays and cytoplasmic Ca2+ imaging experiments. SOC flux also 

involves PLC mediated mechanisms. Using drugs to block this pathway would prove 

advantageous in identifying the molecular pathways involved.   

 Hurtado et al. recently developed a novel genetic tool, RNA interference (RNAi) 

adenovirus, in which to down-regulate the expression of NCX in neonatal cardiomyocytes (479). 

Silencing of genes is more unambiguous in identifying cellular processes than using 

pharmacological techniques. Thus, the second extension of this current study would be to 

characterize NCX ablation in cardiac myofibroblasts with the intention of assaying transfected 
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cells for motility, contraction and proliferation. This approach can also be applied in Ca2+ 

imaging experiments. 

 The last major addition to the current investigation would be to characterize the 

properties of P0 cardiac fibroblasts with respect to motility, contraction, and proliferation. Our 

findings that P0 cells have increased migratory rates than those of P1s and P2s, and that P1s have 

increased rates compared to P2s are novel. These results are consistent with previous findings 

that the degree of FA turnover is associated with both myofibroblast phenotype and rate of 

contraction (142). Using similar approaches, future work must address P0 fibroblast contractile 

responses (gel deformation assays) and proliferation (3H-thymidine incorporation). Furthermore, 

characterization of FA expression in P0 fibroblasts using antibodies specific for phospho-FA, 

total FA, and FAK, would provide novel insights into the relationship between the degree of FA 

maturation and cell function. It is likely, that P0 cardiac fibroblasts express immature FA and 

thus may provide an explanation as to why these cells have elevated migratory rates. Contractile 

responses and proliferation will likely be diminished in immature FA expressing P0 cells.    
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