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ABSTRACT 

 

Exposure to alcohol in utero produces a wide spectrum of morphological and behavioral outcomes 

in the offspring, commonly referred to as fetal alcohol spectrum disorders (FASD). Limited studies 

are available on craniofacial malformations and tooth anomalies associated with FASD. One 

possible mechanism for the detrimental effects of alcohol is its interactions with signaling 

pathways such as Wnt which are important for proper tooth development. To study the harmful 

effects of alcohol, zebrafish (Danio rerio) has been identified as a well-established animal model.  

 

The present study attempts to investigate the effect of alcohol on early zebrafish tooth 

development. The effects of prenatal alcohol exposure on tooth length, width, number, and shape 

were analyzed at 15, 20, 25, and 30 dpf.  To examine the Wnt-alcohol interaction we analyzed the 

effect of Wnt agonist, lithium chloride (LiCl), and Wnt antagonist, WC59, and their combination 

with alcohol on the development of the dentition. Whole-mount cartilage and bone staining and 

imaging techniques were applied to determine the effects of alcohol on the above-mentioned 

parameters. The whole-mount In-situ hybridization was used to determine the expression of 

Wnt10a and Wnt10b which are specific ligands responsible for tooth development. 

 

The tooth height and width of the alcohol-treated samples were significantly less than the control 

at 15 dpf {(height- 58.29 ± 0.90 µm vs. 69.81 ± 0.39 µm), (width- 14.29 ± 1.24  µm vs. 22.73 ± 

0.87 µm), P < 0.001)} and 20 dpf, {(height- 63.96 ± 1.56 µm vs. 72.40 ± 0.72 µm), (width- 22.35 

± 1.15 µm vs. 24.65 ± 0.61 µm), P < 0.001)}, but at 25 and 30 dpf, there was no significant 

difference (P > 0.05).  No significant change was seen in the number of teeth in alcohol-treated 

samples (P > 0.05). In the LiCl treatment group, we observed an increase in the tooth length and 

width (P = 0.001) and a decrease in these metrics in the WC59 treated samples compared to the 

control at all time points (P < 0.001). Interestingly, the combined treatments of alcohol and LiCl 

as well as alcohol and WC59 showed a noticeable decrease in tooth length and width compared to 

the control or alcohol-only treatment at 15, 20, 25, and 30 dpf (P < 0.001). Compared to controls, 

Alizarin red-stained whole-mount zebrafish samples showed hypo-mineralized enamel tissues at 

treated samples at all time points.  

 

This study summarizes the effects of alcohol and its interaction with the Wnt signaling pathway 

on the development of dentition and highlights the importance of zebrafish in studying the 

phenotypic characteristics of fetal alcohol spectrum disorder. 
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CHAPTER 1: INTRODUCTION 
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1.1. Birth defects  

 

Birth defects are complex, multifactorial conditions that refer to "any anomaly, functional or 

structural, that presents in infancy or later in life and is caused by events preceding birth, whether 

inherited or acquired (1, 2). In the United States, birth defects are estimated to impact 3% of 

newborns, accounting for 20% of all infant deaths (3). Birth defects develop from complex 

interactions between genetic and environmental factors (4) such as alcohol, folic acid deficiency, 

maternal diabetes, infection, and pharmaceutical agents. The overall number of these factors can 

be inconceivably large. Given that at least 80,000 synthetic chemicals are created annually, it is 

difficult to even grasp how environmental influences affect birth abnormalities with a greater 

magnitude more being produced naturally (5). The onset, duration, and dosage of alcohol 

exposure, as well as genetics, can vary the effects environmental factors have on the developing 

fetus, further complicating our knowledge of the genesis of birth abnormalities (6). Genetic 

influences might also be confounding. Numerous types of genetic variation exist, including major 

chromosomal rearrangements, splicing anomalies, insertion/deletions, and single nucleotide 

polymorphisms (1). The variance in phenotypes we observe in the human population is caused by 

these changes (7, 8). Additionally, many genetic modifications that cause phenotypes to manifest 

only do so in conjunction with other genetic and/or environmental factors (9-11). It can be 

challenging to determine how genetic and environmental variables contribute to birth 

abnormalities in clinical populations since sample numbers, reliance on self-reports, and ethical 

issues are significant barriers (11). Although infant death rates have declined over the past 40 years 

(12, 13), birth abnormalities continue to create permanent physiological and psychological 

problems that necessitate substantial, costly medical care that can reach $1 billion in annual costs 

(CDC 2007). As a result, birth abnormalities remain a serious public health concern. 

Unfortunately, we lack methods to prevent and/or treat the causes of birth abnormalities because 

the underlying etiologies are still poorly understood (9-11). 

 

 

1.2. Fetal Alcohol Spectrum Disorder (FASD) 

 

Alcohol which has the chemical name of ethanol / ethyl alcohol is a well-established teratogen and 

the most popular psychoactive drug (14, 15). Alcohol addictions are due to several factors such as 

ease of preparation, traditional usages, social and cultural acceptance of alcohol as a beverage (16).  

Consuming alcohol during pregnancy is a serious health problem that can have adverse impact on 
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a developing fetus (2). In 1968, Lemoine and colleagues first described a set of birth defects 

identified in 127 children exposed prenatally to ethanol (17). Shortly after, in 1973, Jones and 

Smith coined the term Fetal Alcohol Syndrome (FAS) to described the constellation of birth 

defects that results from prenatal ethanol exposure, which included growth impairments, 

developmental delay, craniofacial malformations, central nervous system (CNS) abnormalities and 

heart, limb, and kidney anomalies (18, 19). Since 1973, a larger range of morphological and organ 

deformities as well as cognitive deficits have been added to the list of birth defects linked to 

prenatal ethanol exposure. These deficits are now generally referred to as FASD (20-24). They 

may also involve functional comorbidities like attention deficit and hyperactivity disorder, 

learning challenges, speech delays, intellectual disabilities, coordination and fine motor 

impairments, and other long-term health problems. This umbrella term identifies the “range of 

outcomes from prenatal alcohol exposure” from alcohol-related birth defects (ARBDs), which are 

hard to diagnose, to FAS, the most apparent and severe form of FASD (25, 26). The prevalence of 

FASD incidence in general population is approximately 0.77% (21, 27), ranging from 2-5% in 

United States to 30% in some parts of the world with higher incidences of binge drinking (24, 28, 

29). In Canada, where the prevalence of FASD has been estimated at 1 in 100 people, which 

corresponds to more than 330,000 affected individuals in Canada, prenatal alcohol exposure is the 

primary cause of neurodevelopmental impairments (19, 30). However, these numbers are typically 

thought to be an underestimate, and the percentage of kids with suspected FASD may actually be 

much higher (31). Children exposed to prenatal alcohol are underdiagnosed, and adult diagnoses 

of FASD are uncommon due to social stigma, a lack of knowledge about the illness's prevalence, 

as well as poor screening and diagnostic capabilities (32). To improve FASD research and clinical 

care, a globally recognised diagnostic method is required (33). It is anticipated that in the near 

future there will be greater awareness of the risks of prenatal alcohol exposure, and new public 

health initiatives will evolve to reduce exposed pregnancies, more effective and accessible 

diagnostic tools, and develop treatments that focus on the effects of prenatal alcohol exposure at 

multiple levels of functioning (24). 

 

1.3. Craniofacial malformations 

 

 Over one third of all congenital birth defects are craniofacial malformations, which are a variety 

of developmental defects affecting the differentiation and growth of the skull (craniosynostosis), 

facial bones (hemifacial microsomia, deformational plagiocephaly), jaw (micrognathia, cleft lip 

with or without cleft palate, and cleft palate only), and teeth (tooth agenesis) (2, 4). The most 
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typical manifestations of craniofacial dysmorphology in FASD are short palpebral fissures, a 

smooth philtrum, and a thin upper lip vermilion (34). One of the most prevalent craniofacial 

deformities in children with FASD is cleft lip with or without cleft palate (CLP) or cleft palate 

only (CP), which results from a failure of neural crest-derived processes to fuse during face 

development (35, 36). The development of the CLP and CP in response to alcohol exposure has 

been established by numerous investigations using rodent, avian, fish, and Xenopus models (37-

39). Alcohol has been shown to slow the growth of the ethmoid bone in zebrafish models by 

altering the number, shape, and stacking of chondrocytes as they develop into cartilage (40-42). 

Other craniofacial traits associated with FASD include maxillary hypoplasia, malformed noses 

(small, upturned, cleft, and flat nasal bridge), and deformed ears (narrow canals, 

prominent/deformed pinnae, and otosclerosis). The philtral region of the upper lip, the alveolar 

ridge containing the upper incisors, and the anterior portion of the hard palate all fail to develop 

properly in alcohol-treated mouse embryos, according to analysis (43, 44). Early chick embryos 

exposed to ethanol show a marked increase in the prevalence of parietal bone deformities and 

premaxilla shortening, which can result in malformations of the midface (45).  

Alcohol-related birth defect is a rare diagnosis that is made when there is a prenatal alcohol 

exposure history and a malformation that is known to be associated with prenatal alcohol exposure 

(eg, affecting the cardiovascular or skeletal system) (29, 46).  

Malocclusions can give additional hints for diagnosing FASD in later life when some facial 

characteristics may have become less obvious (47). The peer assessment rating (PAR) index is a 

widely accepted and commonly used method with a high reliability to evaluate the severity of 

malocclusions and to compare treatment results and success (48). These malocclusions could be 

due to anomalies in the upper anterior jaw segment and the transversal plane. Notably, crossbites 

or edge-to-edge bites are significantly more prevalent in this group. (49). It is advised that children 

with FASD have early and ongoing orthodontic care in order to identify and correct malocclusions 

that could cause facial asymmetry (47).  

 

 

1.4. Mechanisms of alcohol teratogenicity 

 

There are numerous theories as to how alcohol causes birth defects (2, 16, 50). Studies have shown 

that alcohol diffuses through the placenta and distributes rapidly into the fetal compartment (51-

53) where alcohol also has a slower elimination rate (54)—accumulating in the amniotic fluid (52). 

Alcohol can affect at three main stages  (1) gametogenesis, 2) preimplantation and 3) gastrulation 
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of embryogenesis and could cause epigenetic modifications to the manifestations of FASD (55, 

56). Animal models have provided the first strong evidence that alcohol was indeed teratogenic 

(24). For example, murine and zebrafish studies on FASD, suggested that DNA methylation, 

posttranslational histone modification, and noncoding RNAs disruptions are the frequent 

epigenetic mechanisms affected by the alcohol exposure (57, 58).  Further, the suppression of Hox 

gene activity due to upregulation or downregulation of miRNA in developing mouse brain can 

impair cell cycle induction and stem cell maturation, which may result in malformations in the 

central nervous system. These findings highlight the importance of proper regulation of miRNA 

expression during brain development to ensure proper neural development and function. (59). 

Further, alcohol competitively affects retinoic acid biosynthesis pathways and its metabolism in 

embryos of zebrafish, frog, and mouse. This directly leads to the developmental malformations in 

craniofacial region and skeleton in vertebrates (40, 60, 61). Studies conducted on  zebrafish, 

chicken and mouse embryos have shown that alcohol inhibits the mevalonate pathway and 

cholesterol biosynthesis, which adversely affects the sonic hedgehog (shh) signal transduction 

pathway which leads to characteristics midline phenotypes of cyclopia,  holoprosencephaly, 

craniofacial hypoplasia, loss of midline craniofacial structures, neural tube defects, and neural 

crest-specific cell death (62-64). Embryonic alcohol exposure also interferes with insulin signaling 

leading to neurodevelopmental abnormalities such as impaired viability, metabolism, synapse 

formation, and acetylcholine production (65). Alcohol exposure inhibits some enzymes which are 

produced in the Golgi apparatus which leads to cytoplasmic retention of multiple polysial neural 

cell adhesion molecules and impairs cellular interactions and causes cellular migration-related 

errors, heterotopias, morphological brain defects (64, 65). This causes defects in the neuron–glia 

interaction, synaptogenesis, neuronal migration, growth, and morphogenesis (64). Furthermore, 

alcohol can compromise endogenous antioxidant capacity, for example, by decreasing glutathione 

peroxidase levels or generating free radicals as by-products of its Cytochrome P450 2E1 

(CYP2E1) metabolism (15, 66). The above explained cellular defects are initiated with the 

formation of reactive superoxide free radicals such as superoxide anion radical (O2), hydrogen 

peroxide (H2O2) and highly reactive hydroxyl radical (OH) within the cell during the metabolism 

of the alcohol molecules (67). During neurogenesis these highly reactive agents target 

polyunsaturated fatty acids side chains in brain tissue membranes which can then lead to inhibition 

of cell differentiation, disturbance of cell–cell interactions, and changes in cellular metabolism 

which leads to uncontrolled apoptosis (68). Numerous studies showed that alcohol can affect 

Wingless Int-1 (Wnt) signaling pathway (69, 70). Inhibition of Wnt signaling can occur after 

chronic alcohol consumption through oxidative stress and result in inhibition of bone formation 
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accompanied by increased bone marrow adiposity (71). It has been shown that fourteen transcripts 

associated with Wnt signaling were altered by alcohol treatment (72). One of the most highly 

downregulated Wnt factors was the Frizzled receptor (FZD5), which was lowered to nearly 

undetectable levels in alcohol-treated cells (72). 

 

 

1.5. Tooth development in human 

 

Teeth develop from the underlying mesenchyme that comes from the neural crest, the surface 

ectoderm of the first branchial arch, and the frontonasal prominence (73). At the locations of the 

future dental arches of the maxilla and the mandible, a thicker epithelial stripe called the dental 

lamina forms before the creation of individual teeth. Long ago, detailed descriptions of the 

developmental anatomy and histology of tooth morphogenesis were published (73). The creation 

of the epithelial placode, epithelial budding, mesenchyme condensation surrounding the bud, and 

folding and growth of the epithelium, which produces the shape of the tooth crown, are the key 

aspects of tooth morphogenesis (73). Dentin and enamel, two mineralized components that are 

distinctive to teeth, are created by specialised cells called odontoblasts and ameloblasts, which 

separate from mesenchyme and epithelium, respectively. The primary regulatory mechanism 

directing the development of teeth is communication between the two tissues, the epithelium and 

the mesenchyme (73). The initiation and morphogenesis of the tooth, as well as the differentiation 

of the odontoblasts and ameloblasts at the interface of the two tissues, are regulated by a series of 

reciprocal epithelial-mesenchymal interactions. In the past 15 years, researchers have discovered 

the "language" used by epithelial and mesenchymal cells to communicate (74, 75). Cells 

communicate in the same language throughout the embryo and during all developmental 

processes, and this language has endured throughout evolution (76). It is composed of mainly 

secreted signal molecules and growth factors. Members of the four preserved families 

Transforming Growth Factor β (TGFβ) (which includes Bone Morphogenic Proteins (BMPs) and 

activins), Fibroblast Growth Factor (FGF), hedgehog (which only contains Shh), and Wnt are the 

most researched and widely used signals. There are several molecules involved in the signal 

pathways in addition to the actual signals, most notably cell surface receptors, transcription factors 

that mediate the signal to the nucleus, and molecules that control gene expression (76).  

1.6. Effect of prenatal alcohol exposure on tooth development 

 

Tooth development shares several common features with organs as morphologically diverse as 
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hair, and mammary glands as the origin of all these organs are neural crest cells (77). It is a 

transient population of cells that arises during the early stages of embryogenesis at the junction 

between the neuroectoderm of the closing neural tube and the surface ectoderm through a series 

of interactions between these two tissues (78, 79). Numerous studies have shown that alcohol 

adversely affects multiple events in neural crest cell development (80-82). Moreover, alcohol 

exposure causes abnormal neural crest cell migration patterns such as loss of left–right symmetry 

and increased apoptosis (83). The lower endogenous superoxide dismutase (SOD) activity in 

neural crest cells may enhance their sensitivity to the stress of reactive oxygen intermediates (84, 

85). Oxidative stress and free radicals together contribute to the apoptosis of alcohol-exposed 

neural crest cells (16, 67). The development of cranial neural crest populations is most commonly 

affected by alcohol, with reductions in their derived facial bone and cartilage, cranial nerves, and 

tooth structure (5, 80). There are many animal studies that focused on the effect of alcohol on 

developing dentition (86, 87). The eruption of teeth were delayed in offspring of macaque monkeys 

whose mothers were exposed to ethanol (88). In rat, retardation of the molar tooth eruption was 

seen on postnatal day 14.5 (89). Another study demonstrated a delay in eruption and post eruptive 

growth of the incisors in offspring whose mothers had been given ethanol intraperitoneally on the 

seventh day of pregnancy (gastrulation period) (90). Alcohol exposure in pregnant mini-pigs 

produces ultrastructural changes in secretory ameloblasts, retardation of cell differentiation within 

the tooth germ and calcification of the dentin matrix (91). Furthermore,  it has been shown that 

alcohol exposure during pregnancy influences the secretory function in the ameloblasts, which in 

turn influences enamel formation (91). Another animal study has shown that alcohol exposure 

results in reduced development of the tooth germ and has the most severe effect on enamel matrix 

formation (44).  

The article by Streissguth et al. was the first to describe dental position alterations and 

malocclusions in patients with prenatal alcohol exposure (92, 93). Agenesis, twisted teeth, and 

diastemas were all noted by Church et al. who were the first to clearly detail the quantity and shape 

of dental defects in serial cases of 22 people (94). The presence of dental abnormalities and 

alterations was amply demonstrated in Andrade's work, along with a correlation between these 

findings and systemic renal changes that result from the same genetic flaw as numerous tooth 

abnormalities (95). Naidoo et al. study which compared 90 people with FAS to a control group, 

found no instances of an enamel structural anomaly (96). The DMFT index (caries severity score 

indicating caries incidence: Decayed, Missing and Filled Teeth) was higher in children with FASD 

compared to the control score, although statistically not significantly different, and the missing 

teeth accounted for the majority of this index in both groups, according to a recent study by Blanck-



8 

 

Lubarasch et al (36). Similar to this, Da Silva et al. found that the prevalence of caries was much 

greater in the 68 children with FASD when compared to the control group (97% vs 64.7%) (19). 

 

 

1.7. Animals model to study FASD 

 

Due to the difficulty in accurately quantifying some variables, such as maternal diet or health, or 

the amount and timing of ethanol exposure during pregnancy, FASD studies in humans have 

common limitations (97). Numerous experimental model systems are being made by scientists to 

investigate how ethanol affects the growing embryo. For many years, a number of animals have 

been employed to research the consequences of fetal alcohol exposure (98). Animal models offer 

a genetically tractable platform that enables reliably reproducible investigations and allows for a 

level of genetic and environmental control that is not attainable in human studies (99). Animal 

models for the study of FASD that have been exposed to alcohol range across the animal kingdom, 

from fruit flies to higher vertebrates. Zebrafish, xenopus, chicken, rat, and mouse are popular 

vertebrate models (26). Each animal model has strengths that make them suitable for figuring out 

the aetiology of ethanol-induced birth abnormalities, despite the fact that no single animal model 

completely recapitulates all symptoms of FASD in humans (1). The effectiveness of an animal 

model heavily depends on how the alcohol therapy was handled and the outcome. The research of 

FASD benefits greatly from the use of mammals (100). Although primates might represent the 

gold standard, there are several drawbacks, namely the lengthy study times and ethical limitations 

(100). Rodents are the most commonly used mammals in FASD research because they are simple 

to handle, have a short gestation period, have a large number of offspring, and can be used to 

evaluate how prenatal alcohol exposure-related impairments affect metabolic pathways, molecular 

biology, cell signaling, synaptic plasticity, and cognition during foetal development. This 

facilitates the investigation of factors influenced by alcohol exposure at the neuroanatomical, 

neurochemical, and behavioral levels (101). Additionally, by accurately defining the alcohol use 

pattern (timing and dose), it is possible to identify time-sensitive windows and thresholds for 

dangerous doses during pregnancy (101).  Compared to mice, rats have the advantages of being 

bigger and having more complex behavior. Mice, especially those of the C57BL/6 strain, are the 

most often used mammal due to their simplicity of care, accessibility to transgenic and disease 

models, short lifespan, and fundamentally similar genetics and physiology to humans. Alcohol 

intake has been linked to teratogenic effects in mice, including skeletal and soft-tissue defects, 

altered neurogenesis processes, and craniofacial deformities (102, 103). The biggest drawback of 
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utilizing rodent for FASD research is that, unlike humans, they spend their third trimester after 

birth; Therefore, without the impact of the placental barrier, the mechanisms of absorption, 

distribution, metabolism, and elimination in rodents differ from those in the human uterus (104). 

Among the fish models, zebrafish has been emerged as an excellent model for FASD (105). 

Zebrafish are easy to keep, have external fertilization (106) so eggs are not affected by any 

placental influence or parental care (107), have rapid development, and ethanol metabolizing genes 

(108) have evolutionarily conserved between zebrafish and humans. Thus, zebrafish can model 

human development and be used to study effects of teratogenic factors, like ethanol (109). 

  

 

1.8.  Zebrafish (Danio rerio) 

1.8.1. Zebrafish as a model organism 

 

Zebrafish (Danio rerio) is an important model organism in biological research in recent times (42, 

110, 111). It is a bony fish (teleost) that belongs to the family Cyprinidae under the class 

Actinopterygii (ray-finned fishes) (112). Zebrafish is a tropical freshwater fish, inhabitant of rivers 

of Himalayan region of South Asia particularly India, Nepal, Bhutan, Pakistan, Bangladesh, and 

Myanmar (113, 114). They live in shallow ponds, canals, and streams, preferably in still or slowly 

moving waters that range in temperature from 6°C to 38°C (115); hence, they can be well 

maintained in aquaria made of high-quality plastic and glass (116). The capacity of the tank is 

determined as per the number of fish housed. A maximum of 10-12 zebrafish can be 

accommodated in 10 gal. of water. Soft water is ideal (117) for the housing of zebrafish, 

particularly when a pH of 7 is maintained (118). Being omnivorous, zebrafish eat both plant and 

animal material, including zooplankton, insects, algae, fish scales, sand, dirt, and invertebrate eggs 

(119). George Streisinger (University of Oregon) employed Zebrafish as a biological model for 

the first time in the 1970s because it was less complex than mice and easier to genetically alter 

(120). The idea of employing zebrafish embryos to examine the cell differentiation and 

organization of the nervous system greatly intrigued Streisinger's colleagues, especially Chuck 

Kimmel at his university (121, 122). Zebrafish have been employed for in vivo chemical toxicity 

testing more and more, despite the fact that mammals are still thought of as the gold standard for 

developmental toxicity evaluation (123, 124). Zebrafish models have been successfully used to 

study the developmental, reproductive, cardiovascular, neurodevelopmental, and ocular 

developmental toxicity of hazardous substances (125). Considering this, in 2021, a quick search 

in the PUBMED/ NCBI database with “zebrafish” as a keyword resulted in about 42,700 articles 
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(110). Due to the continual development and accessibility of a wide range of materials and 

methodologies, zebrafish stands out among the teleost as a popular fish model used worldwide to 

comprehend human diseases. Currently, thousands of transgenic and mutant zebrafish types are 

housed in three international centers, including centers in North America, Europe, and China 

(https://zebrafish.org/home/guide.php https://www.ezrc.kit.edu/; 

http://en.zfish.cb/SocietyEN.html). These facilities offer unrestricted access to hundreds of 

phenotypes that imitate the symptoms of human diseases (42). Zebrafish have many physiological 

and genetic similarities with humans, including the innate immune system, musculature, and 

digestive tract (126-128). In addition, 70% of human disease genes share functional similarities 

with zebrafish genes (129) allowing for a more direct extrapolation of results than studies utilising 

invertebrates. This justifies the large investment in this species in a number of translational 

scientific research fields (130). Scientists use zebrafish because of the wide range of characteristics 

that make it a great model organism. Despite having different morphology and histology from 

mammals, including the absence of certain organs like the lungs, prostate, and mammary glands, 

it retains the basic features of the vertebrate body plan and its structural, molecular, and 

physiological components (131, 132). The embryo develops quickly outside of the mother and is 

optically clear, making it simple to experiment with and observe. The blastula stage of the embryo 

only lasts for three hours, and gastrulation is finished in five. At roughly 18 hours, the embryo is 

transparent and has exceptionally well-developed ears, eyes, segmenting muscles, and a brain 

(133). By 24 hours, segmentation is finished, and the majority of the principal organ systems have 

developed. The embryo emerges from the egg shell at 72 hours and begins searching for food two 

days later. The embryo transforms quickly over the course of just 4 days into a little version of an 

adult (133). With a generation time of only around 10 weeks, adult zebrafish reach sexual maturity 

relatively quickly. This little fish also has a high fertility rate (134). The zebrafish can lay about 

200 eggs per week when kept under optimal conditions (135). This fish model can spawn all year 

round in lab settings, ensuring a steady supply of offspring from selected partners. This transparent 

fish is therefore an ideal candidate for large-scale genetic techniques to identify novel genes and 

to learn more about their specialised functions in vertebrates (136, 137). Since transgenes can be 

injected into the cytoplasm of zebrafish rather than the pronuclei of mouse embryos, the equipment 

required for this type of operation is less expensive, and the method itself is simpler (138). The 

zebrafish is a very hardy fish and is very easy to raise. In addition to the previously listed 

characteristics, zebrafish also have very low space and maintenance requirements. This fish is a 

desirable model organism for developmental, toxicological, and transgenic studies because of 

these characteristics (139). 

https://zebrafish.org/home/guide.php
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Figure 1.1: The zebrafish (Danio rerio). (A) Zebrafish embryo in the egg. (B) Adult zebrafish. 

 

 

 

 

1.8.2. Zebrafish as a model organism to study craniofacial and tooth development 

 

Zebrafish has long been regarded as a viable model for research on craniofacial morphogenesis 

and the connections between genetic and environmental factors that lead to craniofacial 

abnormalities. Several studies summarize the application of zebrafish models in understanding 

craniofacial development (140, 141) and anomalies (142-145), as a model for orofacial clefts (42, 

145, 146), and to study the effect of hormones on craniofacial malformations (147). Moreover, 

zebrafish have also been employed in dentistry research for purposes such as determining the 

toxicity and safety of dental products (148-150), studying oral infectious diseases (151-155) and 

the risk of systemic diseases as a result of periodontitis (152, 156-159). The zebrafish is a popular 

model for illustrating how the cranial sutures and skull vault grow. The zebrafish neurocranium 

anterior end is similar to the mammalian hard palate (140). The polyphyodonty homodont dentition 

of teleosts gave rise to the specialised diphyodont and heterodont dentition of humans (160). A 

robust vasculature processes tooth formation and replacement in the zebrafish dentition (161). 

Zebrafish have been employed by researchers to examine the phenotypic variety of human birth 

abnormalities because of these similarities (112). 

Since zebrafish are polyphyodonts, they undergo numerous tooth replacement cycles over the 

course of their lifetime (162). Zebrafish have no teeth in their mouths; instead, they have teeth on 

their fifth ceratobranchial (cb5) arches, also referred to as their pharyngeal jaws (163). This bone 

carries three rows of teeth, the ventral (V), mediodorsal (MD) and dorsal (D) rows, which present 

five ventral teeth (1 V–5 V), four mediodorsal teeth (1 MD–4 MD) and two dorsal teeth (1 D–2 

D) in adult fish (164), respectively. Around 48 hours after fertilisation (hpf) the epithelium lining 
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the cb5 bone begins to thicken (165, 166). An asymmetrical bell-shaped enamel organ is created 

as the thicker epithelium gradually invaginates into the underlying mesenchyme (165). The 

cytodifferentiation of the cells in the enamel organ results in the formation of enamelloid and 

dentin. When fully developed, the teeth emerge into the pharynx cavity and attach to the 

pharyngeal bone. In zebrafish, the first tooth to erupt is 4V1 at 4 days post fertilisation (dpf). There 

are a few differences between zebrafish and mammalian tooth development. For instance, it is 

impossible to distinguish the crown from the root of a zebrafish tooth, the underlying dentin lacks 

dentinal tubules, and the teeth are covered in a layer of hyper-mineralized enameloid rather than 

enamel (166, 167). Other than these differences, zebrafish tooth is a fine model for studying tooth 

development. 
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Figure 1.2: lower pharyngeal jaw containing the pharyngeal teeth in adult zebrafish (168). 

Lower pharyngeal jaw bears three rows of teeth, the ventral (V), mediodorsal (MD) and dorsal (D) 

rows, which present five ventral teeth (1 V–5 V), four mediodorsal teeth (1 MD–4 MD) and two 

dorsal teeth (1 D–2 D). 
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1.8.3. Zebrafish as a FASD model 

 

The zebrafish is a well-known model that has a variety of experimental, biological, and 

behavioural traits that make it an excellent choice for researching how embryonic ethanol affects 

development (169). Early gastrulation and neurulation alcohol exposure in zebrafish resulted in a 

variety of craniofacial abnormalities, which are indications of FASD (112). Mammalian models, 

such as mice, are more similar to human development, but in utero development is difficult to 

study, particularly early developmental stages (169). Zebrafish can produce hundreds of fertilized 

eggs per mating, allowing many embryos to be studied (98). These embryos are externally 

fertilised, therefore the same breeding couples can be used repeatedly for various research without 

sacrificing the mothers (1). This prevents variance caused by maternal physiology and rearing, 

making high-throughput investigations possible that are not possible with mammalian models. 

In addition, zebrafish embryos allow for control of the onset, duration and dosage of the alcohol 

exposure (98). In contrast to the majority of alcohol administration techniques used with mammals, 

zebrafish eggs can be submerged in an alcohol solution, and the developing embryo inside the egg 

can absorb alcohol (98). The embryos are simply taken out of the ethanol solution and put in 

untreated embryo medium to cease the exposure to ethanol. Zebrafish can therefore be used to 

research acute, discreet, and/or chronic ethanol exposures in a variety of dosages in hundreds of 

embryos at once. Zebrafish embryos are also translucent, making them an effective tool for in vivo 

imaging assessments. Researchers are now able to link the effects of early developmental stages 

to later structural and behavioral results. The most significant factor is that zebrafish have a wide 

range of tools for genetic modification, from transgenesis to the most recent developments in 

CRISPR/Cas mutagenesis. As was already mentioned, the entire zebrafish genome has been 

sequenced, allowing researchers to use reverse genetics to introduce mutations and observe the 

results (170). Zebrafish are not the only animals that have high fertility and external fertilisation. 

For ethanol-treatment paradigms and live imaging investigations, Xenopus and other fish species 

both produce a lot of external embryos. Even though there are fewer experiments with chickens, 

live imaging and explant analysis are still possible. The genetic capabilities of zebrafish are not 

shared by Xenopus, chickens, or other fish species. Mice offer a potent genetic model, though 

direct manipulation of embryos and subsequent imaging can be challenging and frequently result 

in the sacrifice of the mother and embryo, restricting longitudinal embryonic investigations. In 

addition, the onset, duration, and dosage of the ethanol exposure in producing the FASD 

abnormalities in zebrafish are straightforward and accurate in comparison to rodent models. The 

zebrafish has quickly demonstrated strong conservation of the impact ethanol has on development, 
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which is comparable to other model systems, despite the fact that no particular research attribute 

is unique to zebrafish and that it was not the first to start characterising the complex etiology of 

FASD. In the end, the combination of the tools in zebrafish that make it a potent model to explore 

the etiology of FASD constitutes the special contribution of zebrafish to FASD research (1, 171, 

172). 

 

1.9. Wnt signaling pathway 

 

In 1982, Nusse and Varmus discovered the first Wnt gene, also known as integration site 1 (int-

1), as a gene that was triggered by the integration of the mouse mammary tumor virus (MMTV) 

in virally produced breast cancers (173). The secreted, cysteine-rich protein encoded by Int-1 is 

challenging to purify into a biologically active form. Genetic systems were used to initially identify 

the signalling pathway linked to this protein. In 1987, the fly Wingless gene, which controls 

segment polarity during larval development in Drosophila melanogaster (174), was shown to be a 

homolog of int-1(175). Because of the homology between int-1 and Wingless, the gene was 

renamed Wnt1 (Wingless plus int1) (176) and was eventually recognized as the founding member 

of a large Wnt gene family. The cysteine-rich, glycosylated, lipid-modified secreted Wnt proteins, 

which have a molecular weight of about 40,000, regulate embryonic development, cell 

proliferation, differentiation, and migration. At least 19 Wnt proteins have been identified in 

mammals (173). The canonical signalling pathway and the noncanonical signalling pathway are 

two separate Wnt signalling pathways that have been identified. The -catenin-dependent canonical 

Wnts, including as Wnt1, Wnt2, Wnt3, Wnt3a, and Wnt7a, make up one class of Wnt proteins. 

The noncanonical Wnts, which act independently of or inhibit the canonical Wnt signalling 

pathway, include Wnt4, Wnt5a, Wnt5b, Wnt6, and Wnt11 (173). 

 

1.9.1. Role of Wnt signaling pathway in tooth development 

 

The Wnt signalling pathway was first directly linked to tooth development in the late 1990s. In 

both humans and mice, the dental epithelium and mesenchyme express a number of Wnt signalling 

molecules, including as Wnt ligands, receptors, transducers, transcription factors, and antagonists, 

throughout the development of the tooth (177, 178). Wnt 3, Wnt4, Wnt6, Wnt7b, and Wnt10b are 

expressed in the epithelium. Wnt5a shows localized expression in the mesenchyme and dental 

papilla. Similar expression patterns of Wnt3, Wnt5a, LRP5, Fz6, -catenin, Lef1, and Dkk1 are 

seen in mouse and human tooth development (178). Targeting the canonical Wnt pathway has an 
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impact on tooth development. Nuclear catenin is found in the dental epithelium and the underlying 

mesenchyme during tooth development, and the canonical Wnt signalling pathway is engaged at 

various stages of tooth morphogenesis. The formation of teeth with abnormal shapes is caused by 

the inhibition of canonical Wnt signalling, demonstrating the importance of canonical Wnt 

signalling in the early development of teeth (173).   

 

1.9.2. Wnt10a and Wnt10b function in tooth development 

 

Wnt10a is a ligand in the Wnt/β-catenin pathway that is expressed in the dental epithelium and 

mesenchyme at the bud stage and cap stage (173). Recent evidence has shown that Wnt10a 

mutations play a major pathogenic role in human tooth agenesis (179, 180). Wnt10a mutations 

have been reported in various ectodermal dysplasia syndromes, rare autosomal-recessive odonto-

onycho-dermal dysplasia (OODD) (181, 182), and severe autosomal recessively inherited 

Schöpf—Schulz—Passarge syndrome (SPSS) (183-185). OODD and SSPS share a common 

ectodermal dysplasia involving hair, teeth, nails, and skin, characterized by dry hair, hypodontia 

(tooth agenesis), smooth tongue, nail dysplasia, hyperkeratosis of the skin, and palmoplantar 

keratoderma. Currently, OODS and SSPS are considered a part of the same disorder within the 

Wnt10a mutations (186, 187). Additionally, Wnt10a mutations have been described to be the most 

common causes of non-syndromic severe hypodontia with minor signs of ectodermal dysplasia 

(188) and autosomal dominant inherited isolated hypodontia. Other research revealed that the 

condition taurodontism, which is defined by problems in the tooth root furcation of deciduous 

molars, was present in dysplasia and biallelic Wnt10a mutations (189). Moreover, Wnt10a-/- mice 

show taurodontism (190, 191), indicating that there must be a significant role of Wnt10a in tooth 

root morphogenesis (192).  

 

Wnt10b was first implicated in isolated tooth agenesis in one family where oligodontia was 

discovered to be inherited as an autosomal dominant condition, as well as in three other unrelated 

people (193). The mouse dental epithelium was found to co-express Wnt10b and Wnt10a during 

the earliest stages of tooth development. Wnt10b was initially restricted to the incisor epithelium, 

but as tooth development progressed, it began to express itself distally in the molar primordia 

(194). Although, there are limited studies about the role of Wnt10b in tooth development, it has 

been proved that the inhibition of Wnt10b can have adverse effects in the development of the 

dentition. 
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Figure 1.3: Canonical Wnt-β-catenin pathway. In the presence of a Wnt signal, as the dishevelled 

protein (Dvl) recruits the Axin2 and inhibits GSK-3, β-catenin is not phosphorylated and therefore not 

destroyed. It can translocate to the nucleus and activate transcriptions genes. Through inhibition of GSK-

3 beta, lithium chloride (LiCl) activates canonical signaling pathway. Extracellular exportation of WNT 

ligand is prohibited due to a lack of a necessary lipid attachment to WNT by WC59. 
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CHAPTER 2: HYPOTHESIS, OBJECTIVES, AND RATIONALE 
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2.1. Hypothesis 

Exposure to alcohol during embryonic development and Wnt–alcohol interactions can cause 

defects in the tooth development. 

 

2.2. Objectives and Rationales  

 

Objective 1: To characterize the dental phenotype induced by alcohol in zebrafish  

 

2.2.1. Rational for objective 1:  

Numerous clinical and experimental animal studies show that embryonic alcohol exposure can 

affect the early tooth development. Zebrafish is an excellent model system to investigate the 

mechanisms of alcohol teratogenicity due to rapid, transparent early development and large brood 

sizes. The zebrafish embryos can be easily exposed to alcohol and the effect of timing and dosage 

of alcohol on development can be conveniently studied in zebrafish models. Studying zebrafish 

will provide many advantages toward understanding the effect of alcohol exposure on  

morphogenetic mechanisms of tooth development. 

 

 

2.2.2. Sub-objectives:  

 

1. To analyze the shape of the tooth in zebrafish 

2. To analyze the mineralization of zebrafish dentition  

3.         To analyze the tooth length and width in zebrafish  

4.         To analyze the cusp length in zebrafish teeth 

 

 

 

Objective 2: To identify the alcohol and Wnt signaling pathway interaction on zebrafish 

tooth development 

 

2.2.3. Rationale for objective 2:  

Alcohol exerts a variety of diverse effects on craniofacial and tooth development. Based on 

numerous studies, it has been found that alcohol exposure leads to ultrastructural alterations in 

secretory ameloblasts, which in turn affects the formation of enamel. Furthermore, the importance 
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of genetic determinants in regulating the effects of alcohol has been shown in various studies. Wnt 

signaling is vital for proper development of the head and face and plays important roles in various 

aspects of craniofacial development ranging from axis formation to survival of cranial neural crest 

cells to development of the dentition. Alcohol could interact with the Wnt cell signaling pathway 

and could cause tooth anomalies by causing defects in enamel matrix formation. 

 

2.2.4. Sub-objectives: 

 

1. To analyze the dental phenotype in zebrafish samples treated with the Wnt signaling 

pathway activator (LiCl) and inhibitor (WC59) and in combination with alcohol 

 

2. To analyze the early expression of Wnt10a and Wnt10b genes which are specific for tooth 

development 
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CHAPTER 3: MATERIALS AND METHODS 
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3.1. Zebrafish Strains and Maintenance 

 

These experiments conducted on male and female wild-type AB zebrafish (Danio rerio), purchased 

from zebrafish Genetics and Disease Models Core Facility, Hospital for Sick Children (Toronto, 

Ontario, Canada). The fish were housed in the Tecniplast rack system colonies according to 

Institutional Animal Care and Use Committee protocols at the central animal care facility at the 

Bannatyne campus, University of Manitoba. Water in the system circulates through the UV filters. 

The system's pH was 7.4, the water's conductivity was 764 µS, and the water's temperature was 

held constant at 27°C. The fish were given commercially prepared zebrafish food twice daily 

(Gamma micro 300 ZF, SKRETTING). For feeding fish of various ages, the following feeding 

schedule was used. Breeders were fed live Artemia fransicana (brine shrimps) and Gamma 300 

diet. Gamma 150 food (Gamma micro 150 ZF, SKRETTING) and live Artemia fransicana were 

fed to 1-3 month-old fish. Gamma 75, Rotifera, and Artemia fransicana were used to feed fish that 

were under a month old (Gamma micro 75 ZF, SKRETTING). Larval fish of 5 dpf to 14 dpf were 

fed with Rotifera and gamma 75. Approximately three months old adult fish were primed two 

weeks prior to breeding. A second feeding of brine shrimp in the afternoon improved the frequency 

of feeding as well. Two males and two females were chosen for breeding based on their external 

appearance. Females with bloated stomachs that appeared to be carrying more eggs were chosen 

as good females. Two males and two females fish were placed in breeding tanks that were only 

partially filled with system water in the evening to prepare for breeding. Males and females were 

separated by a divider. A 27 °C water bath was used to set up the breeding tank for the night. The 

next morning, the partitions were taken down, and the breeding tanks were tilted slightly to create 

the typical beach breeding, where the female fish prefer to lay their eggs. The bottom of the tanks 

were checked for eggs three hours after the divider had been taken out, and breeders were taken 

out of the tanks. A disposable pipette was used to collect the embryos, which were then put in a 

clean Petri dish with water that had been prepared with 0.01% methylene blue. Using the 

aforementioned media, eggs were washed three times. The eggs that were dead or damaged were 

then removed after they had been examined under a microscope to establish their age. The eggs 

were put into sterile Petri dishes with 25 eggs each, embryo media (0.01% methylene blue in 

system water), and were then incubated at a temperature of 27°C. The animal care protocol 

numbers for the fish samples utilised in this experiment are 17-041 (AC11315) and 18- 021 (AC 

11360). Adult zebrafish were kept on a 14/10 day/night cycle and fed a diet of live shrimp 

supplemented with Gemma 300. We obtained embryos through spontaneous spawning. The eggs 

were washed and raised under typical circumstances. Fish were grown in accordance with the 
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Canadian Council of Animal Care's requirements (CCAC). 

 

 

3.2. Alcohol, Wnt signalling pathway activator (LiCl) and inhibitor (WC59) Treatment and 

Embryo Fixation 

 

The samples were subjected to five different chemical treatments after 10 hpf. Namely, 1% of 

ethanol (EtOH) solution (Cat. No. HC13001GL, Fisher Scientific, Hampton, NH, USA), 2 mM 

LiCl (Cat. No. 866405-64-3, TCI, USA), 10nM WC59 (Cat. No. 500496, Sigma Aldrich, USA)  

and a combined treatment of 1% EtOH + 2 mM LiCl and 1% EtOH + 10nM WC59. These 

concentrations have been used previously and calculated as the effective concentrations in fish 

research (195).  Approximately 50 embryos, were placed in the petri dish containing each of the 

above solutions. Treatments were terminated after 12 hours. Embryos were washed three times 

with 0.01 % methylene blue solution (embryo medium) to remove any residual solutions. The 

embryos were separated into two batches and grown separately at 28.5 °C, changing the embryo 

medium once every day. They were euthanised at 15, 20, 25 and 30 dpf by 1% tricaine 

methanesulphonate (MS222) (Cat. No. 118000500; Acros Organics, Hampton, NH, USA)  and 

fixed overnight in 4% paraformaldehyde (PFA), then stored in phosphate-buffered saline (PBS). 

We examined a total of 370 embryos: 16 embryos from 4 biological replicates (clutches) were 

used for each treatment and each age group. 

 

 

3.3. Whole-Mount Double Staining 

 

For the tooth analysis, acid-free double cartilage and bone staining was performed. Standard 

protocol for Alcian blue and Alizarin red staining was used for the experiment (Appendix 1) (196). 

Briefly, the fish were transferred to 50% EtOH and agitated for 10 minutes at room temperature. 

The samples were stained overnight in 0.02% Alcian blue (Cat. No. AC400460250 Acros 

Organics, Hampton, NH, USA) and 0.5% Alizarin red (Cat. No. LC105908, LabChem, Zelienople, 

PA, USA). Alizarin red is a calcium chelating agent that binds to calcium ions in mineralized bone 

and cartilage, resulting in a red-colored precipitate (196). When zebrafish embryos are immersed 

in a solution of alizarin red, the stain penetrates the mineralized tissues and binds to the calcium 

ions in the bone, allowing the skeletal structures to be visualized under a microscope (196). Alcian 

blue, on the other hand, binds to the negatively charged glycosaminoglycans in cartilage. When 
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zebrafish embryos are immersed in a solution of alcian blue, the stain penetrates the cartilaginous 

tissues and binds to the glycosaminoglycans, resulting in a blue-colored staining of the cartilage 

(196).The next day they were rinsed in distilled water by inverting the tube containing the samples 

and water two times. For removing the excess blue color from the fish more than 20 dpf they were 

transferred to 1% potassium hydroxide (KOH) (Cat. No. 134060010; Fisher Chemicals, Hampton, 

NH, USA) and agitated for 1 hour in room temperature. After removing the 1% KOH the samples 

were bleached in 3% hydrogen peroxide in 1% KOH for 20 min. This step should be done with 

open leads of the tubes and without any agitation. All specimens were processed through an 

ascending series of glycerol in 1% KOH and then transferred to the storage solution (100% 

glycerol) (197). 

 

 

3.4. Tooth Measurements 

 

For tooth analysis, embryos were examined at 15, 20, 25 and 30 dpf. The lower pharyngeal jaw 

was removed from each sample using fine dissection needles under a Nikon-SMZ 10A dissecting 

microscope. The pharyngeal jaws were positioned with the dorsal side facing up and the rostral 

side facing west. They were mounted in 100% glycerol with coverslip. The sample was examined 

under a Zeiss discovery V8 stereomicroscope (Zeiss, Germany), mounted on a binocular stereo 

microscope (Stemi 2000-C, Zeiss) with 8× magnification used to observe the tooth height and 

width, cusp shape and patterning. ZEN 2011 software (blue edition, Zeiss) was used to calculate 

the above-mentioned measurements. To measure the length and width of the pharyngeal tooth, the 

most rostral tooth in each age group was considered as a reference. In addition, three landmarks 

identified in all teeth were examined: the tip of the tooth (TP) and the uppermost (UB) and 

lowermost (LB) point of the base of the tooth relative to the downward curvature of the tooth 

towards the tip. Tooth length was the distance from TP to UB and tooth width was the distance 

from UB to LB. 
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Figure 3.1: Ventral view of a unicuspid pharyngeal tooth in zebrafish. Tooth length is 

considered from TP to UB and tooth width is considered from UB to LB. The double line arrow 

shows the cusp length. TP: tip of the tooth. UB: uppermost point of the tooth base. LB: lowermost 

point of the tooth base. 

 

 

 

3.5. Protein probe preparation 

3.5.1. Wnt10a and Wnt10b probe preparation 

 

Probes were prepared according to the manufacturer’s instructions (DIG RNA Labeling kit, 

SP6/T7, Cat. No. 11175025910; Roche). Briefly, 1 µg of zebrafish template DNA was mixed with 

2 µl of 10X NTP labeling mixture, 2 µl of 10x Transcription buffer, 1 µl of protector RNAase 

inhibitor, and 2 µl of RNA polymerase. The mixture was mixed gently and centrifuged at 12,000x 

g for 1 minute. Samples were incubated for 2 hours in a 37˚C water bath. 2 µl DNAase was added, 

and incubation was continued for another 15 minutes and then the reaction was stopped by adding 

2µl of 0.2M EDTA (Cat. No. 37560; VWR). 

3.5.2. Detecting Wnt10a and Wnt10b  

The probe strength was detected using the dot blot techniques according to the standard procedure 

(Appendix 2). Briefly, 1 µl of diluted Wnt10a and Wnt10b probes was added to the positively 
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charged nitrocellulose membrane (Cat. No.11209299001; Roche). The membrane was placed in a 

glass container and incubated for 40 minutes in the 100˚C hybridization oven. Next, the membrane 

was soaked in 20 ml of maleic acid buffer and incubated at room temperature for 2 minutes with 

shaking. Maleic acid buffer was made using 1.1607 g of 1 M maleic acid, 0.8766 g of 0.15 M 

sodium chloride, 0.3 ml of tween-20 (Cat. No. BP337-100; Fisher Scientific), and the solution was 

topped up to 100 ml using diethyl pyrocarbonate (DepC water). Membrane was incubated in the 

blocking buffer for 20 minutes with shaking. The 100 ml of blocking buffer was made by adding 

2 ml of 2% sheep serum (Cat. No. BP2425; MP Biomedicals) 3 g of milk powder (Skimmed milk 

powder, commercially available) and topped up the solution with 10 x TBST in DepC. TBST 

buffer was made by adding 6.05 g of tris (Cat. No. BP152-500; Fisher Chemicals) and 8.76 g of 

sodium chloride in 800 ml of DepC water. The pH was adjusted to 7.5 with 1 M hydrochloric acid 

(Cat. No. SA48-1; Fisher Chemicals) and volume was made up to 1 L with DepC water. Finally, 

10 ml of tween-20 was added to 1L of TBS buffer. Paper was washed with TBST for 5 minutes 

with shaking. Membrane was incubated in 10 ml of the antibody solution (Cat. No. 11093274910; 

Roche) for 30 minutes followed by two washes in washing buffer for 15 minutes for each wash. 

The antibody solution was made by adding 2 µl of Anti-Digoxigenin antibody into 10 ml of TBST 

buffer. The washing buffer was made by adding 1.1607 g of 1M maleic acid, 0.8766 g of 0.15 M 

NaCl, 0.3 ml tween-20. The final solution was made by adding DepC water to 100 ml. Membrane 

was incubated in the detection buffer for 5 minutes. 

  

Detection buffer was made by adding 10 ml of 0.1 M Tris-HCl, 0.5844 g of 0.1 M NaCl, and the 

final volume was top up to 100 ml with DepC water. The 1 ml of BCIP/NBT Liquid substrate 

solution (Cat. No.ICN980771; MP Biomedicals) was added on top of the paper, kept in dark, and 

checked for a color reaction every five minutes. The first dot was detected at the highest 

concentration within 5 - 10 minutes. The reaction was stopped by adding TE buffer. TE buffer was 

made by adding 1 ml of 10 mM Tris-HCl, 0.2 ml of 1 mM EDTA (Cat. No. 37560; VWR) and the 

solution was top up with DepC water to 100 ml. 
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3.6. Whole-Mount in-situ Hybridization (WMISH) 

 

3.6.1. Embryo fixation 

WMISH was performed on the 48 hours wild-type zebrafish embryos. All the solution for this 

procedure were made in DepC water. The 48 hpf zebrafish were euthanized using 0.01% MS222 

solution and fixed in 4% PFA overnight. Samples were bleached using 0.5% Potassium hydroxide, 

3% hydrogen peroxide solution made in DepC water. Next, samples were dehydrated gradually 

through methanol (Cat. No. BP1105SS-28; Fisher chemicals) series in PBS (25%, 50%, 75%), and 

samples were stored in 100% methanol for more than three months before used for the experiment. 

 

3.6.2. Whole-Mount in-situ Hybridization (WMISH) 

WMISH was conducted according to the established protocol in the lab (Appendix 3) (198). 

Briefly, samples were rehydrated to PBS gradually through the methanol (Cat. No. BP1105SS- 

28; Fisher Chemicals) series (75%, 50%, 25%). Then samples were permeabilized using the 

proteinase K (1 µl proteinase K / 1000 µl of DepC, Cat. No.BP1700-100; Fisher Chemicals). Then 

the samples were incubated in the Hyb (-) solution. Hyb (-) solution was prepared by adding 50 

ml of Deionized Formamide 100% (Cat. No.327235000; Acros), 25 ml of Saline- sodium citrate 

20X (SSC) (Cat. No. BP1325-1; Fisher Chemicals), 0.1 ml Tween-20 final solution was top-up to 

100 ml by adding 24.9 ml of DepC water. After that, samples were incubated with Wnt10a and 

Wnt10b probe in Hyb (+) solution at 70˚C, overnight. Hyb (+) solution was prepared by adding 

3.56 ml of Hyb (-), 0.4 ml of Yeast tRNA (5mg/ml) (Cat. No. 10109509001; Roche) 0.04 ml of 

Heparin (50 µg/ml, Cat. No. BP2425; Fisher Chemicals) 0.0368 ml Citric acid and the final volume 

was adjusted to 6 ml with DepC water. After that, high stringency washes were performed to 

remove the non-specific binding of the probe. Next samples were incubated in the blocking buffer. 

Blocking buffer was made by adding 3920 ml of 1x PBST solution, 80 µl of 2% Heat inactivated 

sheep serum (Cat. No. BP2425; MPBiomedicals), 0.008g Bovine serum albumin (2 mg/ml) (Cat. 

No. SH30574.01; GE Life Sciences, HyClone Labs). The final volume was adjusted to 6 ml by 

adding DepC water. 1 µl of Antibody solution (Cat. No.11093274910; Roche) was added to 9 µl 

of blocking solution. From that 1 µl was added to each tube. Substrate solution of NBT/BCIP 

staining was used as a colorimetric detection of RNA. The reaction was conducted in the dark until 

proper color expression was detected. The color reaction stopped after 40 minutes. The samples 

were fixed in 4% PFA and dehydrated through methanol series. Whole-mount images were 

captured using a stereomicroscope in a solution prepared with 50% ethanol and 50% glycerol ( 

Zeiss discovery V8). 
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3.7. Statistical analysis 

Data obtained were subjected to the independent T-test using Statistical Product and Service 

Solutions (SPSS), version 21. The P-value of P < 0.05 was considered statistically significant. One-

way ANOVA test were performed using SPSS 21 for analyzing the interaction of the treatments. 

Tukey's Pair-wise comparison for each treatment was conducted using SPSS, 21. For Tukey's test 

also p-value of P < 0.05 was considered statistically significant. Furthermore, Chi-square analysis 

was used to analyze the nominal data such as tooth shape and statistically significant outcomes 

reported as P < 0.05. 
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CHAPTER 4: RESULTS 
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4.1. Differences of the tooth mineralization between control and chemical treatment 

samples in 15, 20, 25 and 30 dpf 

 

The acid-free double-stained tooth-bearing pharyngeal jaws of zebrafish and stereomicroscope 

observation of color intensity was performed to study the effect of different chemicals on tooth 

mineralization (Figure 4.1). The EtOH-treated samples showed a reduction in the intensity of 

alizarin red staining at 15 and 20 dpf compared to control (Figure 4.1 E & F) while it was the same 

at 25 and 30 dpf (Figure 4.1 G & H). The color intensity reduction means teeth were not fully 

mineralized until 25dpf. More intensity reduction was observed in LiCl-treated (Figure 4.1 I & J) 

and LiCl combined with EtOH-treated samples (Figure 4.1 M & N) compared to control at 15 and 

20 dpf. These results showed that mineralization of the teeth was not complete until 25 dpf in these 

two treatment groups. The tooth mineralization in WC59-treated samples was started to complete 

at 30 dpf (Figure 4.1 T) and the color intensity reduction was observed at 15, 20, and 25 dpf 

compared to control (Figure Q, R & S). In EtOH and WC59 combined treatment, alizarin red color 

was barely identified in the teeth and limited to the tip of the teeth at 15 and 20 dpf (Figure U & 

V). At 25 dpf tooth mineralization was observed in most of the teeth but was not completed at 30 

dpf (Figure W & X). 
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Figure 4.1: Acid-free double-stained tooth-bearing pharyngeal bones of zebrafish at 15,20,25 

and 30 dpf. (A-D) Control samples that show tooth-bearing lower pharyngeal bones with six teeth 

in each bone. These teeth are unicuspid and directly attached to the underlying bone. At this stage 

the teeth are fully mineralized. (E–H) Samples exposed to 1% EtOH, (I-L) 2mM LiCl, (M-P) 

2mMLiCl combined with 1%EtOH, (Q-t) 10nM WC59 and (U-X) 10nM WC59 combined with 

1%EtOH at 10 h post-fertilisation shows malformed and hypo-mineralised teeth. Scale bar shows 

20 µm. 
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4.2. Differences in the tooth size between control and differential chemical treatment 

samples  

 

Acid-free double cartilage and bone staining and microscopic tooth height and width analysis of 

370 samples were collected and microscopic measuring of the tooth length and width were carried 

out to understand the effect of different chemicals on tooth development in the zebrafish 

populations (Table 4.1). According to the statistical analysis, the tooth height and width of the 

EtOH-treated 15 dpf and 20 dpf samples were significantly less than the control (P < 0.05) (Figure 

4.2 & 4.3). However, there was no significant difference in height and width of the teeth between 

the control and EtOH-treated of 25 dpf and 30 dpf samples (P > 0.05) (Figure 4.4 & 4.5).  

The tooth height and width of the LiCl-treated samples in 15, 20, and 25 dpf were significantly 

more than the control (P < 0.05) (Figure 4.2, 4.3 & 4.4). However, there was no significant 

difference in width of the teeth between the control and LiCl-treated samples at 30 dpf (P > 0.05) 

(Figure 4.5 B) while the tooth height was significantly more than the control samples in this time 

point (P < 0.05) (Figure 4.5 A).  

We investigated that the combination of LiCl and EtOH treated samples showed a less tooth height 

and width than the control group in 15, 20, 25, and 30 dpf (P < 0.05) (Figure 4.2, 4.3, 4.4 & 4.5). 

This interesting result determined that the inhibitory role of EtOH might be stronger that the 

activation of Wnt signaling pathway through LiCl treatment. Moreover, the EtOH might has its 

inhibitory effects by blocking the Wnt signaling pathway as an important key for tooth 

development.  

It was shown that the tooth height and width in WC59 treated samples were significantly less than 

in controls (P < 0.05) (Figure 4.2, 4.3, 4.4 & 4.5). Furthermore, these metrics in WC59 treated 

embryos were less than in EtOH treatment group (Figure 4.2, 4.3, 4.4 & 4.5). This is an interesting 

result that could be because of the stronger inhibitory role of WC59 compared to the EtOH adverse 

effects. 

The WC59 and EtOH combine treatment group illustrated that the tooth development was 

noticeably suppressed in terms of its length and width. Our results showed that the tooth length 

and width in this combination treatment group were significantly less than control samples (P < 

0.05) (Figure 4.2, 4.3, 4.4 & 4.5). 
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Table 4.1: Sample size, mean tooth length and width measured with ZEN 2011 software in 

control and treated samples at 15, 20, 25, and 30 dpf. The samples were collected from 4 

different clutches. Mean height of the tooth was measured by the maximum length from the tip of 

the tooth to the upper base of the tooth. Tooth width was measured from upper base to the lower 

base of the tooth. 
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Figure 4.2: Comparing the tooth length (A) and width (B) in control and treated samples at 

15 dpf. There is a significant difference between the treated groups with the control in both tooth 

length and width (P < 0.05). 
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Figure 4.3: Comparing the tooth length (A) and width (B) in control and treated samples at 

20 dpf. There is a significant difference between the treated groups with the control in both tooth 

length and width (P < 0.05). 

 



36 

 

Figure 4.4: Comparing the tooth length (A) and width (B) in control and treated samples at 

25 dpf. There is a significant difference in tooth length and width between the 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05), while there was no significant difference between 1%EtOH-treated samples with the 

control (P > 0.05).  

 



37 

 

Figure 4.5: Comparing the tooth length (A) and width (B) in control and treated samples at 

30 dpf. There is a significant difference in tooth length between the 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05), while there was no significant difference between 1%EtOH-treated samples with the 

control (P > 0.05). There is a significant difference in tooth width between the 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05), while there was no significant difference between 1%EtOH- and 2mMLiCl-treated 

samples with the control (P > 0.05). 
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4.3. Comparing the fluctuation of tooth size in different time points between control and 

chemical-treated samples 

 

We also investigated the changes of the tooth length and width of chemical-treated samples in the 

30 days lifetime of the larvae. Tooth length and width differences between EtOH-treated samples 

and the control were decreasing from 15 dpf to 20 dpf. More decreasing was seen in the difference 

from 20 dpf time point to the 25 dpf and these metrics became higher than in EtOH-treated samples 

at 25 dpf but not significantly. At 30 dpf the EtOH-treated tooth length and width were similar to 

the control (Figure 4.6).  

In the LiCl-treated samples, the tooth length difference with the control increased constantly until 

it reached more than 20 µm (Figure 4.7). However, the tooth width followed a different path. Tooth 

width difference between treated samples and control remained the same from 15 dpf until 20 dpf 

while a significant increase was observed at 25 dpf. Interestingly, the tooth width of LiCl-treated 

samples tended to decrease from 25 dpf to 30dpf until this metric became the same as control in 

30 dpf (Figure 4.7). This result revealed that the LiCl has the activating effect on tooth 

development through increasing the length of the tooth and probably by activating the ameloblasts 

and result in the overproduction of the enameloid. 

In the LiCl and EtOH combined treatment group the differences of tooth length and width between 

treated samples and control tended to increase with the time. The tooth length and width of treated 

samples were significantly less than the control at all the time points due to the fact that EtOH 

showed a strong inhibitory effect on tooth development (Figure 4.8). 

The differences of tooth length and width between WC59-treated samples and control were 

increasing over the time which means the inhibitory role of WC59 on tooth development became 

stronger through further subsequent tooth replacement cycles (Figure 4.9). 

The fluctuation of tooth length and width in the EtOH combined with WC59 treatment group was 

similar to the WC59 treatment group from 15 to 30 dpf although these metrics in this combined 

treatment were less than WC59-treated samples (Figure 4.10). 
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Figure 4.6: Comparing the fluctuation of tooth length and width between control and 1% 

EtOH-treated samples at 15, 20, 25, and 30 dpf. The height and width of the EtOH-treated 15 

dpf (height 58.29 vs 69.81 µm, width 14.29 vs 22.73 µm) and 20 dpf samples (height 63.96 vs 

72.40 µm, width 22.35 vs 24.65 µm) were significantly less than the control (P < 0.05). However, 

there was no significant difference in height and width of the teeth between the 25 dpf and 30 dpf 

control and EtOH-treated samples (P > 0.05). 
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Figure 4.7: Comparing the fluctuation of tooth length and width between the control and 

2mM LiCl-treated samples at 15, 20, 25, and 30 dpf. The tooth height of the LiCl-treated 

samples was significantly more than the control at all the time points (P < 0.05). The tooth width 

of the LiCl-treated 15, 20 and 25 dpf samples were significantly more than the control (P < 0.05) 

while there was no significant difference in tooth width between LiCl-treated 30 dpf samples and 

the control (P > 0.05). 
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Figure 4.8: Comparing the fluctuation of tooth length and width between the control and 1% 

EtOH + 2mM LiCl-treated samples at 15, 20, 25, and 30 dpf. The tooth height and width of the 

EtOH and LiCl combined-treated samples were significantly less than the control (P < 0.05) 
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Figure 4.9: Comparing the fluctuation of tooth length and width between the control and 

10nM WC59-treated samples at 15, 20, 25, and 30 dpf. The tooth height and width of the WC59-

treated samples were significantly less than the control (P < 0.05).  
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Figure 4.10: Comparing the fluctuation of tooth length and width between the control and 

1% EtOH + 10nM WC59-treated samples at 15, 20, 25, and 30 dpf. The tooth height and width 

of the EtOH and WC59 combined-treated samples were significantly less than the control (P < 

0.05). 
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4.4. Comparing the tooth size between 1%EtOH and combined-treated samples 

 

To better understand the interaction of EtOH and Wnt signaling pathway in tooth development, 

statistical analysis of mean tooth length and width of EtOH treatment group with either combined 

treatment of EtOH + LiCl and EtOH + WC59 was performed. One-way ANOVA was used to 

determine if the obtained mean length and width significantly differed. The results showed a 

significant difference between the recorded mean length and widths at 15, 20, 25, and 30 dpf (P = 

0.1x10-4 ). Tukey's pairwise comparison was used to compare the differences in mean length and 

width between each pair (Table 4.3). According to obtained P-values (shown as sig. in the table), 

both combined treatments mean length and width were significantly different from the EtOH mean 

as shown in Table 4.3. When compared to the EtOH treatment, the length and width reduction 

observed in the combined treated samples was significant at all the time points except the tooth 

width of EtOH and WC59 combined treatment at 15 dpf.  

 

 

 

 

Table 4.3: Tukey’s pairwise comparison for control and combined treatment groups for 

mean length and width of the zebrafish tooth at 15, 20, 25, and 30 dpf.  
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4.5. Differences in tooth number between the control and chemical treatment groups at 15, 

20, 25, and 30 dpf 

 

We counted the attached teeth in the acid-free double-stained slides of the pharyngeal jaw at each 

time point (The black arrow heads in Figure 4.11) . The results of EtOH-treated samples showed 

that the tooth number was significantly less than the control at 15 dpf (Figure 4.12). Thus, 

hypodontia was observed at 15 dpf EtOH-treated samples while the number of the tooth in 

treatment group was similar to the control at 20, 25, and 30 dpf (Figure 4.12). A significant increase 

in tooth number was seen in LiCl treatment group at 25 dpf while this parameter was significantly 

less than the control at 15 and 20 dpf (Figure 4.12).This result revealed that LiCl can cause tooth 

agenesis whether by increasing or decreasing the number of the teeth. The tooth number of the 

LiCl and EtOH combined treatment group showed a significant decrease compared to the control 

at 30 dpf but not 15, 20 and 25 dpf (Figure 4.12). The Wnt inhibitor in WC59 treatment group 

decreased the tooth number significantly in 25 and 30 dpf (Figure 4.12). Interestingly, tooth 

number decreased significantly in EtOH combined with WC59-treated samples at all the time 

points compared to the control (Figure 4.12). 
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Figure 4.11: Acid-free double-stained tooth-bearing pharyngeal bones of zebrafish at 25 dpf. 

The lower pharyngeal bones which are fifth ceratobranchial arch bears nine attached teeth (black 

arrowhead). At this stage the teeth are fully mineralised. White arrowheads show exfoliated teeth. 
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Figure 4.12: Comparing tooth number between the control and different chemical-treated 

samples at 15, 20, 25, and 30 dpf. Asterisks show P<0.05.  
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4.6. Differences in shape of the tooth cusp between the control and chemical treatment 

groups at 15, 20, 25, and 30 dpf 

 

The alizarin red-stained samples revealed that the cusp of the zebrafish tooth has a shape of a hook 

(Figure 4.13 A). This shape can be affected by different chemicals and become straight (Figure 

4.13 B). 100% of the EtOH-treated samples at 15dpf showed a straight cusp while 18.75% of the 

samples at 20dpf, 76.48% of the samples at 25dpf and 87.5% of the samples at 30dpf had hook-

like shape tooth (Figure 4.14). As mentioned before this result can show that the adverse effects 

of EtOH are significant in first-generation teeth and then decrease through subsequent tooth 

replacement cycles.  

The tooth shape in all LiCl-treated samples at 15 and 20 dpf were hook-like. Whereas 64.7 % of 

the samples at 25 dpf and 82.23% of the samples at 30 dpf were straight (Figure 4.15). 

Interestingly, in EtOH and LiCl combined treatment group the cusp shape tended to change from 

20 dpf. It means that the tooth cusps of all samples were hook-like shape at 15dpf then it became 

straight in 52.94% of the samples and ended up straight shape in all the samples at 25 and 30 dpf 

(Figure 4.16). 

The cusp shape changes in WC59 treatment group showed an unreasonable flow. The 20% of the 

samples had hook-like cusp shape at 15dpf while the tooth cusp in all the samples at 20 dpf were 

straight. It was observed that the tooth cusp of 53.33% of the samples at 25dpf and 80% of the 

samples at 30 dpf had a straight shape (Figure 4.17). 

EtOH and WC59 combined treatment had a strong adverse effect on the cusp shape and result in 

a straight cusp shape in all the samples at all the time points (Figure 4.18). 
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Figure 4.13: Alizarin red-stained pharyngeal tooth of zebrafish at 30 dpf. (A) shows a tooth 

with hook-like shape cusp in control sample. (B) shows a tooth with straight cusp in WC59-treated 

sample. 

 

 

Figure 4.14: Comparing tooth cusp morphology between the control and 1% EtOH–treated 

samples at 15, 20, 25, and 30 dpf  
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Figure 4.15: Comparing tooth cusp morphology between the control and 2mM LiCl–

treated samples at 15, 20, 25, and 30 dpf 

 

 

 

 

Figure 4.16: Comparing tooth cusp morphology between the control and 1%EtOH + 2mM 

LiCl–treated samples at 15, 20, 25, and 30 dpf 
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Figure 4.17: Comparing tooth cusp morphology between the control and 10nM WC59–

treated samples at 15, 20, 25, and 30 dpf 

 

 

Figure 4.18: Comparing tooth cusp morphology between the control and 1% EtOH + 

10nMWC59–treated samples at 15, 20, 25, and 30 dpf 
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4.7. Differences in cusp size between the control and chemical treatment groups at 15, 20, 

25, and 30 dpf 

The microscopic analysis of the length of the zebrafish tooth cusp reveals that the chemical 

treatments can have effects on the enameloid part of the tooth. At 15 and 20 dpf, the cusp length 

in the 1%EtOH, 1%EtOH + 2mM LiCl, 10nM WC59 and 1%EtOH + 10nMWC59 treatment 

groups was significantly less than the control while in the 2mM LiCl-treated samples it was 

significantly more than the control (Figure 4.19 & 4.20). At 25 and 30 dpf the cusp length in the 

1%EtOH + 2mM LiCl, 10nM WC59 and 1%EtOH + 10nMWC59 treatment groups was 

significantly less than the control while in the 2mM LiCl-treated samples it was significantly more 

than the control (Figure 4.21 & 4.22). Furthermore, there was no significant difference in cusp 

length between the 1%EtOH-treated samples and the control at 25 and 30 dpf (Figure 4.21 & 4.22). 

 

Figure 4.19: Comparing the cusp length between the control and chemical-treated samples 

at 15 dpf. There was a significant difference in cusp length between the 1%EtOH, 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05). 
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Figure 4.20: Comparing the cusp length between the control and chemical-treated samples 

at 20 dpf. There was a significant difference in cusp length between the 1%EtOH, 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05). 

 

 

 

 

 

 

 

 

 

 

 



55 

 

 

Figure 4.21: Comparing the cusp length between the control and chemical-treated samples 

at 25 dpf. There was a significant difference in cusp length between the 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05), while there was no significant difference between 1%EtOH-treated samples with the 

control (P > 0.05).   
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Figure 4.22: Comparing the cusp length between the control and chemical-treated samples 

at 30 dpf. There was a significant difference in cusp length between the 2mMLiCl, 

1%EtOH+2mMLiCl, 10nMWC59, and 1%EtOH+10nMWC59 treatment groups with the control 

(P < 0.05), while there was no significant difference between 1%EtOH-treated samples with the 

control (P > 0.05).   
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4.8. Comparing the cusp length proportion with the tooth length between different 

chemical treatment groups and control at 15, 20, 25, and 30 dpf 

 

We also measured the proportion of the cusp length to the tooth length to investigate whether they 

play their inhibitory or activating role through affecting the enameloid secretion and/or dentine 

secretion. The statistical analysis of the proportion of cusp length to tooth length of the zebrafish 

tooth revealed that the chemical treatments had noticeable effects on the enameloid part of the 

tooth. At 15 and 20 dpf, the proportion of cusp length to tooth length in the 1%EtOH-treated 

samples was significantly less than the control while there was no significant difference in the 

proportion of cusp length to tooth length between the 1%EtOH-treated samples and control at 25 

and 30 dpf (Figure 4.23). In 2mM LiCl-treated samples there was a significant increase in the 

proportion of cusp length to tooth length compared to the control at all the time points (Figure 

4.24). However, this metric was significantly less than the control in the 1%EtOH + 2mM LiCl, 

10nM WC59 and 1%EtOH + 10nMWC59 treatment groups at 15, 20, 25, and 30 dpf (Figure 4.25, 

4.26 & 4.27 ). 

 

Figure 4.23: Comparing the cusp length proportion with the tooth length between 1%EtOH 

treatment group and control at 15, 20, 25, and 30 dpf.  The cusp length proportion significantly 

decreased in EtOH-treated samples at 15 and 20 dpf while there was no significant difference 

between EtOH treatment group and control at 25 and 30 dpf. 
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Figure 4.24: Comparing the cusp length proportion with the tooth length between 2mM LiCl 

treatment group and control at 15, 20, 25, and 30 dpf.  The cusp length proportion significantly 

increased in LiCl-treated samples compared to the control at all the time points. 

 

 

Figure 4.25: Comparing the cusp length proportion with the tooth length between 1%EtOH 

+ 2mM LiCl treatment group and control at 15, 20, 25, and 30 dpf.  The cusp length proportion 

significantly decreased in EtOH + LiCl-treated samples compared to the control at all the time 

points.  
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Figure 4.26: Comparing the cusp length proportion with the tooth length between 10nM 

WC59 treatment group and control at 15, 20, 25, and 30 dpf.  The cusp length proportion 

significantly decreased in WC59-treated samples at all the time points. 

 

 

Figure 4.27: Comparing the cusp length proportion with the tooth length between 1%EtOH 

+ 10nM WC59 treatment group and control at 15, 20, 25, and 30 dpf.  The cusp length 

proportion significantly decreased in EtOH + WC59-treated samples at all the time points. 
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4.9. Results of WMISH 

 

WMISH was performed for the 48 hours post fertilization (hpf) zebrafish using Wnt10a and 

Wnt10b probes to identify the Wnt10a and Wnt10b expression in an area of tooth development. 

The expression of the Wnt10a and Wnt10b after treatments was detected using the colorimetric 

method. Treatments include 1% EtOH, 2mM LiCl, 10nM WC59 and combined treatment of EtOH 

+ LiCl and EtOH + WC59. Each treatment was conducted from 10 hpf to 12 hpf. Wnt10a and 

Wnt10b expression was detected as purple color. The negative control was not treated with the 

Wnt10a and Wnt10b probes (Figure 4.28 A). Expression of Wnt10a and Wnt10b was detected in 

the developing craniofacial region and around the pharyngeal cavity in 48 hpf in the control sample 

(Figure 4.28 B & C). In a 1% EtOH-treated sample, overall Wnt10a and Wnt10b expression was 

reduced compared to the control sample which was observed from the decreased intensity of purple 

color (Figure 4.28 D & E). In the 2mM LiCl treated sample, the overall expression of Wnt10a and 

Wnt10b noticeably increased around the developing craniofacial region and pharyngeal cavity 

(Figure 4.28 F & G). With the treatment of 10nM WC59 and 1% EtOH combined with 2mM LiCl, 

the overall Wnt10a and Wnt10b expression was reduced but the expression was still detectable 

around the pharyngeal cavity and craniofacial region (Figure 4.28 H, I, J & K). The overall 

expression of Wnt10a and Wnt10b reduced noticeably in the 1% EtOH combined with 10nM 

WC59 treated sample compared to the control sample (Figure 4.28 L & M). Collectively, the 

Wnt10a and Wnt10b expression in 1% EtOH, 1% EtOH combined with 2mM LiCl, 10nM WC59 

and 1% EtOH combined with 10nM WC59 treated samples was reduced while the Wnt10a and 

Wnt10b expression increased in 2mM LiCl treated sample compared to the control sample.  

 

 

Figure 4.28: Whole-Mount in situ Hybridization of 48 hpf zebrafish for Wnt10a and Wnt10b 

probes. B, D, F, H, J, L: Samples of Wnt10a probe. C, E, G, I, K, M: Samples of Wnt10b probe. 

A: Negative control for the experiment, B & C: Control, D & E: 1% EtOH, F & G: 2mM LiCl, H 

& I: 10nM WC59, J & K: 1%EtOH + 2mM LiCl combined treatment, L & M: 1%EtOH + 10nM 

WC59 combined treatment. Expression of Wnt10a and Wnt10b was prominent in the control 

sample. The expression was detected around the pharyngeal cavity and developing craniofacial 

region. In all the treatment groups the overall expression of Wnt10a and Wnt10b had reduced 

except the LiCl treatment group. Expression of Wnt10a and Wnt10b was significantly enhanced 

in the LiCl-treated samples around the pharyngeal cavity and developing craniofacial region. e: 

eye, pr: pharyngeal region, fm: future mouth, y: yolk sac. Scale bars indicate 50 µm. 
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5.Discussion 

 

In this study, I tried to mimic the FASD dental phenotype by exposing the zebrafish model animal 

to 1% ethanol (171 mM) and investigated its effects on tooth development. Ethanol is known to 

have a strong effect on the craniofacial structures of the developing fetus, particularly on tooth 

development (36, 44). FASD is an umbrella term that can result from prenatal alcohol exposure 

and comprises a range of symptoms, including minor craniofacial anomalies, growth retardation, 

neurological abnormalities, cognitive and behavioral impairment, and birth defects (199-201). I 

used zebrafish as an excellent model in which to investigate the craniofacial effects of FASD, 

especially the tooth development (2, 105, 166). Zebrafish are easy to keep, eggs develop ex-situ, 

so are not affected by any placental influence or parental care (107, 202), and ethanol metabolizing 

genes (108, 132) as well as craniofacial structure are evolutionarily conserved between zebrafish 

and humans. In order to analyze tooth defects, we performed the alcian blue and alizarin red double 

staining. We chose the period of 10 hpf to 24 hpf for the study because this is the time when neural 

crest cell migration, development of the neural tube, and organogenesis begin in the developing 

zebrafish embryo (41, 203). Zebrafish has several wild-type fish strains. For example, AB, EKW 

(Ekkwill), TU (Tubingen) etc. According to previous studies, zebrafish exhibit a strain-dependent 

sensitivity to ethanol (204). AB strain and EKW (Ekkwill) strains have higher survivability upon 

ethanol exposure. TU strain in zebrafish was found to be more vulnerable to ethanol with a 

remarkably high mortality rate. However, AB larvae exhibit more skeletal defects compared to the 

EKW strain (204). Therefore, we chose wild-type AB zebrafish strain to examine tooth defects in 

our study. Exposure of zebrafish to ethanol can induce various defects in the fish body. Further, 

zebrafish exhibit a dose-dependent sensitivity to ethanol (204). Exposure to the 1% or 1.5% 

ethanol reduces the overall body size by reducing the body length and width (106, 109). Reduced 

body width reduces the distance between the eyes in zebrafish (106). In this study, zebrafish 

pharyngeal teeth showed acute sensitivity to 1 % ethanol at different ages. Ethanol decreased the 

tooth length and width and cusp length, as well as altered mineralization and cusp shape. 

Furthermore, I attempted to show an interaction of ethanol and the Wnt signaling pathway on tooth 

development. Wnt signaling pathway has been shown a crucial role in the early development of 

teeth (173). Inhibition of Wnt signaling can cause the formation of teeth with abnormal shapes 

(205). I found that the Wnt signaling activator (LiCl) in combination with ethanol caused a 

significant decrease in tooth length and width with shape anomalies while the treatment of LiCl 

alone resulted in a significant increase in these metrics. Moreover, Wnt signaling inhibitor (WC59) 

combined with ethanol treatment showed a noticeable decrease in tooth length and width with the 
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distorted shape of the teeth. This study also discovered a reduced expression of Wnt10a and 

Wnt10b in the developing craniofacial region and around the pharyngeal cavity with all the 

treatments except the LiCl.  

  

5.1 Prenatal alcohol exposure can cause adverse effects on tooth development  

 

FASD, which is a completely avoidable developmental disorder with resulting negative lifetime 

consequences receives far too little attention and is underestimated even by specialists across the 

world (206, 207). The most important problem with FASD is the complexity of diagnosis. 

According to the four-digit code by Astley and Clarren four diagnostic criteria are crucial for the 

verification of FASD: (1) Growth deficiency, (2) damage or dysfunction of the central nervous 

system (CNS), (3) facial phenotype, and (4) gestational exposure to alcohol (208). CNS anomalies 

and growth deficiency commonly observed in FASD have been documented to manifest a diverse 

spectrum of symptoms that deviate from their typical presentations (24). For number three, facial 

phenotype, the fading of abnormal facial features with age can complicate diagnosis (209, 210). 

For the fourth point (gestational alcohol exposure), it is obvious that not every mother would 

respond truthfully to this question and for children in foster care this question might be impossible 

to answer (209). Previous studies have been trying to identify the specific craniofacial 

malformations of FASD as a tool for early diagnosis, especially oral abnormalities and dental 

defects (24, 36, 44). In the study of 68 children with FASD, it is observed that the prevalence of 

caries is significantly higher than the control (211). In some studies, the DMFT index (caries 

severity score indicating caries incidence: Decayed, Missing and Filled Teeth) was higher than the 

control (36, 211). A higher rate of DDE (Developmental Defects of Enamel) compared to the 

control group was observed in one study (36) while in other research no cases of an enamel 

structural abnormality were reported (212, 213). Enamel hypoplasia (214), Enamel hypo 

maturated (95, 96), absent teeth, displaced or rotated teeth, diastema (94), delay eruption (215), 

malocclusion (93, 216), dental crowding (217), overjet, and open bite (44) are other dental 

anomalies that has been studied in children with FASD. Focusing on the early diagnosis of the 

orofacial anomalies of FASD can lead to better management of adverse effects of FASD on 

children’s social life. 

 

Numerous animal studies focused on the effect of prenatal alcohol exposure on the developing 

dentition (86, 87). Retardation of tooth eruption in offspring of macaque monkeys (88) and rat 

models (89, 90), delaying of cell differentiation within the tooth germ and reduced dentin and 
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enamel matrix formation in pregnant mini-pigs (91) are examples of FASD-like tooth anomalies 

in animal models. 

Zebrafish is a useful model in studying craniofacial development, yet the effect of alcohol on its 

tooth development has not been well studied. The zebrafish like all Cyprinids, lost both oral and 

anterior pharyngeal teeth 65 million years ago and retain 11 teeth on each half of the fifth 

ceratobranchial arch (218). The teeth of adult zebrafish, like human dentition, consist of dentine 

surrounding a pulp cavity and covered by a hypermineralized cap (168, 219, 220). There are a few 

differences between the zebrafish and human teeth. Zebrafish dentition does not have 

distinguishable crown and roots and the teeth are directly attached to the supporting bone. The 

hypermineralized layer, known as enameloid, is a dentine-like structure containing collagenous 

components (221). The underneath dentine lacks of dentinal tubules, and the dentin collagen fibers 

are arranged along the long axis of the teeth (167). Despite these differences, zebrafish tooth can 

be a promising model to understand tooth anomalies in humans.  

 

Microscopic analysis of the alizarin red-stained pharyngeal tooth of zebrafish has shown that 

ethanol can cause a reduction in tooth mineralization at 15 and 20 dpf compared to the control 

(Figure 4.1 E & F). It means teeth started to be fully mineralized at late stages (25 dpf) (Figure 4.1 

G & H) compared to the control samples in which the first pair of teeth has begun mineralization 

at 82 hours post fertilization (222) and become fully mineralized at 4-6 dpf (164, 223). As 

mentioned before, many studies have shown that ethanol administered in vivo during pregnancy 

influences the secretory function of the ameloblast and hence enamel formation (36, 91). 

Furthermore, exposure to ethanol during pregnancy caused a reduction in the development of tooth 

germ and secretion of the dentine matrices (44). Another finding in my study is that the tooth 

height and width of the EtOH-treated samples were less than the control at 15 dpf and 20 dpf 

(Figure 4.2 & 4.3). However, these metrics were the same between the control and EtOH-treated 

samples at 25 dpf and 30 dpf (Figure 4.4 & 4.5). Also, we found that tooth length and width 

differences between the EtOH-treated group and control were decreasing with the age (Figure 4.6). 

These findings showed that the adverse effects of EtOH are significant in first-generation teeth 

and then decrease through subsequent tooth replacement cycles. Among the features of FAS, 

micrognathia and small teeth associated with a highly arched palate have been reported in many 

studies (43, 224). By counting the attached teeth at each time point we demonstrated that tooth 

number decreased in EtOH-treated samples at 15 dpf while it was similar to the control at 20,25 

and 30 dpf (Figure 4.12). It can be concluded that ethanol is not associated with developing 

hypodontia. Unfortunately, no study to date has investigated alcohol as a risk factor for hypodontia 
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and there is no report of hypodontia in children with FASD (225). In our study, all the EtOH-

treated samples in 15dpf showed a straight cusp while the hook-like shape tooth increased until 30 

dpf at which 87.5% of the samples had hook-like shape tooth (Figure 4.14). As mentioned before, 

these results can show that the adverse effects of EtOH are significant in first-generation teeth and 

then decrease through subsequent tooth replacement cycles. Misshapen teeth have been observed 

as one of the adverse effects of prenatal alcohol exposure (226). 

 

In our study, the microscopic analysis of the length of the zebrafish tooth cusp and statistical 

analysis of the proportion of cusp length revealed that the EtOH can have effects on the enameloid 

part of the tooth. At 15 and 20 dpf, the cusp length in the 1%EtOH treatment group was 

significantly less than the control (Figure 4.19 & 4.20) but not at 25 and 30 dpf (Figure 4.21 & 

4.22). These interesting results can reveal that ethanol has a significant inhibitory effect on 

ameloblasts and suppress the enameloid formation which can reduce the size of the tooth. Many 

researchers have reported that ethanol can cause cellular alterations in the inner enamel epithelium 

of the tooth germ during the bud stage and can influence the secretion of ameloblasts, which in 

turn can influence enamel formation (36, 44).  

 

According to the available literature, ethanol treatment is not only found to have an effect on tooth 

development but also can cause other craniofacial abnormalities. Among the most ethanol, 

sensitive structures are the eye, otic capsule, and ethmoid plate. This ethanol-induced craniofacial 

dysmorphogenesis was found to be mainly the result of increased cell apoptosis, regenerative 

capacity, and compensated facial primordial growth (227). Further, in zebrafish after ethanol 

exposure, malformed body cavities and fin displacement were found (227). According to previous 

studies, exposure to different chemicals such as fluoride, zirconium oxide nanoparticles , metal 

alloys and the chemicals in toothpaste were found to increase tooth and craniofacial anomalies in 

zebrafish. In detail, fluoride-treated teeth were discovered to have pits and roughness as well as an 

increase in organic components by using scanning electron microscopy and compositional analysis 

(228). In another study it was shown how different types of toothpaste for children affected 

molecular mechanisms of odontogenesis in zebrafish embryos (229).  

We identified ethanol has an adverse effect on tooth development. However, gene–ethanol 

interactions associated with craniofacial is needed to be investigated for specific cell-signaling 

pathway genes. Studies pertaining to the molecular mechanisms of gene–ethanol interactions will 

provide important information on identifying the etiology of the visible phenotypic characters of 

FASD. 
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5.2 Alcohol can cause dental anomalies through interactions with Wnt signaling pathway 

 

Numerous studies have implicated the major role of Wnt signaling pathway in tooth development 

in humans (173, 205, 230, 231). The Wnt gene family consists of a large family of secreted 

glycoproteins that specify various cell lineage during embryogenesis. Several Wnt genes, such as 

Wnt4, Wnt5a, Wnt6, Wnt10a and Wnt10b are broadly expressed in dental epithelium and 

mesenchyme (231). During tooth development, nuclear beta-catenin is observed in both the dental 

epithelium and the underlying mesenchyme, and the canonical Wnt signaling pathway is activated 

at multiple stages of tooth morphogenesis (230, 232, 233). Consistent with an essential role of 

Wnt/beta-catenin signaling in early tooth development, mutation, or inhibition of Wnt pathway 

result in different tooth anomalies such as oligodontia (234, 235), tooth agenesis (236) 

taurodontism and misshaped crowns (190). The crucial role of Wnt pathway in tooth development 

has been also shown in many animal studies (237-239). Some previous works on mouse models 

showed that activation of Wnt signaling causes dramatic changes in tooth number (230, 232, 240). 

Gregory R. Handrigan et al observed that canonical Wnt signaling enables ordered tooth 

replacement in snakes by promoting dental epithelial cell proliferation (237). L.Sarkar et al suggest 

that Wnt signaling is required early in tooth germ formation of Xenopus animal model (241). A 

specific study on the Malawi cichlid model demonstrated that manipulation of Wnt/β-catenin in 

vivo with small molecules resulted in dose-dependent effects on both tooth replacement and tooth 

shape (242). After treating the cichlid embryos with the Wnt/β-catenin pathway agonist, LiCl (0.5 

mM), teeth in multiple positions are delayed in eruption (242). The active role of Wnt signaling in 

a time window between late cytodifferentiation of a tooth and early morphogenesis of its successor 

has been shown in zebrafish studies (243). Moreover, Yuan et al provided evidence that Wnt10a 

is critical for tooth development and mutations in this gene lead to arrest of normal tooth 

development in zebrafish (234).  

 

In this study, we showed the role of Wnt signaling pathway in tooth size, tooth number, and cusp 

shape of zebrafish dentition by treating the embryos with the Wnt pathway agonist, 2mM LiCl, 

and antagonist, 10nM WC59.  The 2mM LiCl treated Malawi cichlids embryos developed locked 

jaws in one study (195). We investigated that the tooth width and length increased significantly in 

2mM LiCl treatment group (Figure 4.2, 4.3, 4.4 & 4.5). We also observed that the tooth length 

difference between the control and LiCl-treated samples increased with the age (Figure 4.7). 

Whereas the tooth width difference increased until 25dpf and it decreased at 30 dpf to the same 

tooth width in the control (Figure 4.7). This interesting result revealed that LiCl plays as an 
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activator by increasing the tooth length by activating the ameloblasts. This finding can be 

confirmed by the comparison of the cusp length. Not only the cusp length in LiCl-treated group 

were significantly higher than in the control (Figure 4.19, 4.20, 4.21 & 4.22), but also the 

proportion of the cusp size to the tooth length was significantly higher in treated samples (Figure 

4.24). It can prove that the increase in tooth length is the result of increase in the cusp length of 

the LiCl treatment group. As the enameloid structure is considered the cusp part of the tooth, 

boosted enamel secretion of the ameloblasts is the result of the activator. However, numerous 

studies have been shown that Wnt signaling controls dentin thickness (244), and Wnt10b 

specifically regulates odontoblast differentiation and expression of noncollagenous dentin proteins 

(245, 246). 

 

Another finding of this study was a noticeable decrease in cusp length (Figure 4.19, 4.20, 4.21 & 

4.22), tooth width and length of WC59 treatment group (Figure 4.2, 4.3, 4.4 & 4.5). By comparing 

cusp length, tooth length and width between WC59 and EtOH treatment groups, we revealed that 

the inhibitory role of WC59 is stronger than the EtOH. Many studies have shown the effects of 

WC59 in zebrafish. In detail, effects of Wnt signaling inhibition on mesenchyme and epithelium 

development of the zebrafish swim bladder were observed in one study (247). By inhibiting the 

Wnt signaling pathway, it was proved that Wnt signaling plays stage-specific roles during neural 

crest induction in zebrafish (248). Stewart et al showed that canonical Wnt directly affects 

preosteoblasts by rapid changes in preosteoblast subtypes and their proliferation with short-term 

100nM WC59 (249). In our study, the difference in tooth length and width between samples treated 

with WC59 and the control over time indicates that WC59's inhibitory effect on tooth development 

became more pronounced with more successive tooth replacement cycles (Figure 4.9). We showed 

this strong inhibitory role of WC59 in the later stages of zebrafish lifetime by observing noticeable 

hypodontia at 25 and 30 dpf (Figure 4.12). This study revealed that the cusp length to tooth length 

proportion was significantly less than the control at all the time points. This finding can prove that 

the WC59 suppresses the ameloblast secretion which can affect the length of the enameloid and in 

turn affect the tooth length (Figure 4.26) 

 

 In this study we tried to examine the interaction of EtOH and Wnt signaling pathway by using the 

combination treatment of EtOH with LiCl  and EtOH with WC59. We analyzed that tooth length 

and width of EtOH and LiCl-treated samples were noticeably less than the control at all the time 

points (Figure 4.2, 4.3, 4.4 & 4.5) and tooth length and width difference between the treatment and 

control groups tended to increase from 15 dpf until 30 dpf (Figure 4.8). This interesting result can 
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reveal that EtOH has a strong inhibitory effect which can also neutralize the effects of LiCl. These 

metrics were even more decreased in EtOH and WC59 combined treatment group since they both 

have an inhibitory effect (Figure 4.2, 4.3, 4.4, 4.5 & 4.10). This can show that EtOH and WC59 

cause much more tooth defects than the sum of their individual effects on tooth development which 

can prove their synergistic effect. In our study, we examined that the cusp length and the cusp 

length to tooth length proportion of both combined treatment groups were significantly less than 

the control and EtOH individual treatment group (Figure 4.19, 4.20, 4.21, 4.22 & 4.27). As 

mentioned before these results can illustrate that this inhibitory effect is through affecting the 

ameloblast secretion which is more suppressed in combination treatment groups. We showed that 

the tooth mineraliztion in EtOH and LiCl combined treatment was disrupted more than the LiCl 

and EtOH individual treatment as well as the control (Figure 4.1 M, N, O & P). However, the 

hypomineralization was noticeably severe in EtOH and WC59 combined-treated samples (Figure 

4.1 U, V, W & X). This can prove that although the inhibitory role of combined treatments is 

stronger in suppressing the enameloid development, both enameloid and dentine are affected by 

the interaction of EtOH and Wnt signaling pathway. We also noticed that the tooth number and 

cusp shape was affected in later tooth replacement cycles in EtOH and LiCl combination treatment 

(Figure 4.12 & 4.16) while all the samples of combined EtOH and WC59 treatment showed a 

severe hypodontia and distorted cusp shape at all the time points (Figure 4.12 & 4.18). Numerous 

studies revealed the interaction of EtOH and Wnt signaling pathway. Vangipuram et al showed 

that expression levels of Wnt3a and Wnt5a were significantly suppressed in differentiating neural 

stem cells with exposure to both 20 and 100 mM concentrations of EtOH (250). They also 

mentioned that EtOH increased Tyr phosphorylation of GSK3b, which promotes degradation of 

β-catenin, a key downstream Wnt signaling pathway protein (250). Another study also showed 

that chronic high-dose ethanol exposures inhibit Wnt signaling, which likely contributes to the 

impairments in liver regeneration (251). One study on chicks showed that EtOH can destabilize 

nuclear β-catenin within 2 hours of ethanol exposure and significantly reduces its transcriptional 

activity which can cause neural crest apoptosis and craniofacial malformations (252).  

 

Although genetic approaches have informed the multiple mechanisms by which EtOH disrupts 

craniofacial morphogenesis, there are few studies on how gene-EtOH interaction can affect tooth 

development. We identified that ethanol affects tooth development through interaction with Wnt 

signaling pathway by using a combination treatment of EtOH with LiCl and EtOH with WC59. 

However, specific molecular analysis is needed for investigating the mechanism responsible for 

EtOH-Wnt signaling interaction and its effects on the development of dentition.  
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5.3 Chemical-dependent differential expression of Wnt10a and Wnt10b 

 

Different Wnt signaling pathways are expressed in different stages of development. The Wnt10a 

and Wnt10b is a ligand in the canonical Wnt pathway (β-catenin dependent) that have been 

identified as major regulators for tooth development (173, 194). Wnt10a is expressed in the dental 

epithelium and mesenchyme at the bud stage and cap stage (173). Wnt10b initially only expressed 

itself in the incisor epithelium, but as tooth development advanced, it started to do so in the molar 

primordia as well (194). In our study, we exposed 48 hpf zebrafish larvae to different treatments; 

The Wnt10a and Wnt10b expression was determined in the hatching stage of 48 hpf (Figure 4.28 

B & C). Wnt10a is expressed in the craniofacial region at crucial stages of tooth formation, 

according to functional studies done on zebrafish embryos (243, 248, 253). Wnt10a expression 

disruptions were shown to hinder normal tooth development and stop tooth development at 5 dpf 

(234). Wnt10a expression was also strongly connected with the levels of mRNA expression of 

other tooth development genes; expression of msx1, dlx2b, eda, and axin2 was decreased with 

Wnt10a knockdown and raised upon wnt10a overexpression (254, 255). The mouse dental 

epithelium was found to co-express Wnt10a and Wnt10b during the earliest stages of tooth 

development (194). Unfortunately, there is no studies on Wnt10b expression in zebrafish.  In 

addition, we discovered the reduction of Wnt10a and Wnt10b expression in the developing 

craniofacial region and around the pharyngeal cavity upon 1% EtOH treatment (Figure 4.28 D & 

E), 10nM WC59 (Figure 4.28 H & I), 1% EtOH combined with 2mM LiCl (Figure 4.28 J & K) 

and combined treatment of 1% EtOH and 10nM WC59 (Figure 4.28 L & M) using the digoxigenin-

labeled antisense RNA probes. However, the Wnt10a and Wnt10b expression increased in the 

2mM LiCl treated sample (Figure 4.28 F & G). As previously mentioned, ethanol acts as a 

suppressor for neural crest cell migration and it increases cell apoptosis as well as reduce the 

enamel and dentine formation (36, 80, 83). This might have resulted in the reduced expression of 

Wnt 10a and 10b in the developing craniofacial region and the lower pharyngeal jaw.  

 

The development of the tooth is not only directly regulated by Wnt signaling pathway, but by the 

regulatory gene network. In Gli2/Gli3 double-mutant mice, tooth development is halted at the 

beginning and before the creation of the dental placodes, demonstrating a need for Shh signalling 

(256). In Msx1/Msx2 double mutants, a similar phenotype revealed that BMP signalling is 

involved in tooth initiation (257). Conditional deletion of Fgf8 in the oral epithelium caused tooth 

development to stop during the initiation stage, indicating the importance of FGF signalling in the 

process (258), and overexpression of the Wnt inhibitor Dkk1 in the ectoderm revealed the 
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necessity of Wnt signalling prior to placode formation (259). Changes in wnt10a expression also 

affected the expression of other genes involved in tooth formation, including msx1, dlx2b, eda, 

and axin2 (254, 255). The expression of msx1, dlx2b, eda, and axin2 significantly decreased when 

wnt10a was knocked down, indicating that imbalances in wnt10a expression may directly or 

indirectly cause tooth development to be stopped or impaired in zebrafish. However, msx1, dlx2b, 

eda, and axin2 expression increased in response to wnt10a overexpression (253). It is therefore 

essential to research how Wnt10a and Wnt10b and the gene network operate on exposure to EtOH, 

LiCl and WC59. This will have a clearer explanation of the fact that we can compare our data with 

human tooth defects in humans. 

 

This study highlighted the effect of ethanol, activation, and inhibition of Wnt signaling pathway 

on tooth development, and the combined effect of chemicals on zebrafish tooth development. This 

is the first study to show that combining the effects of ethanol and a Wnt activator and inhibitor 

can increase the severity of tooth malformation. This research will contribute to a better 

understanding of the complex etiopathogenesis of tooth anomalies by introducing ethanol-Wnt 

pathway interaction. 
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CHAPTER 6: CONCLUSION 
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Conclusion  

 

While many studies have investigated craniofacial malformations of FASD, very little attention 

has been given to how prenatal alcohol exposure can affect tooth development. Collectively, 

results from my thesis demonstrated that embryonic alcohol exposure caused abnormal tooth 

formation, suggesting the possible teratogenic effects of alcohol on tooth development. These 

changes can be due to alcohol-induced changes, alcohol and gene interactions or it can be due to 

the activation or inhibition of the complex metabolic mechanisms within cells. Among the cell 

signaling pathways responsible for tooth development, the Wnt signaling pathway has been 

observed in the dental epithelium and mesenchyme of early and late stages of the development of 

the dentition. My study also demonstrated that the Wnt-alcohol interaction caused adverse effects 

on tooth development. 

Zebrafish tooth width, length, and shape was affected by alcohol, Wnt agonist (LiCl) and Wnt 

antagonist (WC59). Tooth width and length were reduced in alcohol and WC59 treatment groups 

while these metrics were increased in LiCl treated samples. The tooth shape was distorted in all 

mentioned treatments. Severe tooth defects observed upon the combined treatment of alcohol with 

LiCl and alcohol with WC59 resulted from the interaction of ethanol with Wnt signaling pathway. 

The combined treatments resulted in reduced tooth length, width and number and defects in tooth 

shape of zebrafish dentition. In my study, it was proved that alcohol affect the tooth size through 

suppressing the enameloid formation. Furthermore, it was shown that the suppressing or activating 

the Wnt signaling pathway has more impact on the ameloblasts secretion.  

Alcohol interactions have reduced the expression of Wnt10a and Wnt10b, the two most important 

ligands of Wnt signaling pathway in tooth development,  in craniofacial region and pharyngeal 

cavity. This indicates that the interaction of Wnt10a and Wnt10b gene with alcohol in zebrafish 

can influence tooth formation.  

This study highlights the effect of alcohol and alcohol-gene interaction on tooth development. This 

can shed light on the mechanism of alcohol teratogenicity which can cause tooth anomalies.  
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Appendix 1 

Acid-free Double-stain (bone and cartilage-for embryos) 

1. Fix embryos in 4% PFA in 0.01M PBS (2 hours room temperature with agitation, or 

overnight at -4°C) – store in 0.01 M PBS. 

2. Put samples directly into 50% ethanol for 10 minutes at room temperature with agitation.  

3. Remove ethanol and add staining solution – agitate overnight at room temperature. 

4. Rinse in distilled water (add water to tube with specimen and invert twice maximum). 

5. Remove water and add bleach solution to tubes for 20 minutes at room temperature, with 

lids open (no agitation). 

6. If fish are aged more than 20 dpf add a step here: remove bleach and wash specimens in a 

1% KOH solution for 1 hour at room temperature with agitation. The blue stain will stick 

to the outside of larger samples, covering the bone. This step does not completely solve the 

problem, but it helps. The remaining blue stuck on the specimens can be scarped off gently 

with forceps. 

7. If fish are aged less than 20 dpf : remove the bleach and add 20% glycerol solution made 

in 1% KOH to tubes and agitate at room temperature for 30 minutes. 

8. Replace 20% glycerol solution with a 40% glycerol solution made in 1% KOH and agitate 

at room temperature for 2 hours. 

9. Store in 100% glycerol. 

Solutions: 

Staining solution 

1 ml of staining solution = 980 µl of Part A + 20 µl of Part B 

Part A 

100 ml solution: 

- 5 ml 0.4% Alcian Blue in 70% ethanol 

- 70 ml of 95% ethanol 

- 25 ml of 20 mM MgCl2 

- (Final concentration: 0.02% Alcian Blue, 20 mM MgCl2, and 70% ethanol) 

Part B 

10 ml solution: 

- 0.5% Alizarin Red in distilled water 

Bleaching solution 

Mix equal volumes of 3% H2O2 and 2% KOH for a solution that is overall 1.5% H2O2 and 1% 

KOH. 



76 

 

Appendix 2 

DIG High Prime DNA Labeling and Detection protocol 

1. Make sure that hybridization oven is on and preheated to 100 ˚C 

2. Cut out the nitrocellulose membrane big enough to fit in the Petri dish. Cut a wedge out of one 

corner in order to indicate the top left corner. 

3. Apply a 1 µl of your labeled diluted probe from the prepared dilution series (10-2, 10-3, 10-4, 

and 10-5 ) and labeled control probe to the nitrocellulose membrane. 

4. Fix the nucleic acid by baking for 30 minutes at 120˚C in a sterile glass petri dish. 

5. Transfer membrane into the plastic dish (sterile) with 10 ml of Maleic acid buffer  

(approx. ½ the depth of the dish, enough to cover the membrane). Incubate (20˚C) with  

shaking (40 RPM) for 2 min. 

• Maleic acid buffer recipe 

Maleic acid buffer 100 ml 

Maleic acid (0.1 M) 1.1607 g 

NaCl (0.15 M) 0.8766 g 

10X TBST in DepC H2O 100 ml 

PH set to 7.5 with solid NaOH 

 

6. Incubate (20˚C) for 20 minutes in Blocking solution with shaking 40 RPM. 

• Blocking solution recipe 

Blocking Solution 100 ml 

Sheep Serum (2%) 2 g 

Milk Powder 3 g 

10X TBST in DepC H2O 100 ml 

 

7. Prepare Anti-Digoxigenin Antibody solution. 

• Antibody solution recipe 

Antibody solution 1001µl 

Anti-Digoxigenin-AP, Fab fragments 1 µl 

10X TBST in DepC H2O 10 ml 
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8. Wash for 5 minutes with 10X TBST in DepC H2O. Incubate (20˚C) with shaking (40 RPM) 

9. Incubate (20˚C) with 10 ml of Anti-Digoxigenin Antibody solution for 30 minutes with 

shaking (40 RPM). 

10. Wash with Washing buffer. Incubate (20˚C) with shaking (40 RPM). Carry this out twice for 

15 minutes each, the second time with fresh Washing buffer, save the Antibody solution. 

• Washing buffer recipe 

Washing buffer 100 ml 

Maleic acid (0.1 M) 1.1607 g 

NaCl (0.15 M) 0.8766 g 

Tween 20 (0.3%)  0.3 ml 

DepC H2O Top up to 100ml 

PH set to 7.5 

 

 

11. Equilibrate for 5 minutes in the Detection buffer. Incubate (20˚C) with shaking (40  

RPM) 

• Detection buffer recipe 

Detection buffer 100 ml 

Tris-HCl (0.1 M) 10 ml from 1M stock solution 

NaCl (0.1 M) 0.5844 g 

DepC H2O Top up to 100ml 

PH set to 7.5 

 

12. Incubated at room temperature in a dark place (due to light sensitivity) in 10 ml of  

NBT/BCIP staining solution. No shaking. Check approximately every 2 minutes for any color 

change. 
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Appendix 3 

Whole-Mount in situ Hybridization Protocol  

 
Important considerations before starting: 

✓ All solutions should be made with DepC H2O unless otherwise stated in protocol. 

✓ Gloves should be worn at all times to reduce contamination. 

✓ Countertop work surface should be RNAase zapped to reduce contamination before 

use. 

✓ All plastic containers/tubes should be DNAase/RNAase free. 

✓ Autoclaved pipette tips and Gilson Pipettes are to be used. 

 
 

Prep Day (Collection of embryos and fish) (Approx. 2 hours + Overnights) 

• Collect Embryos 

□ Dechorinate 48 hpf embryos. For older embryos – anesthetize in .1% MS222. 

□ Fix in 4% PFA (RNAase free) for 2 hours at room temperature or overnight at 

4oC. 

 
• Dehydrate in series 

□ 25% MeOH in PBS 30 min at RT 1x 

□ 50% MeOH in PBS 30 min at RT 1x 

□ 75% MeOH in PBS 30 min at RT 1x 

□ 100% MeOH At Least Overnight Store in -20oC 

 

• Notes 

□ MS222 is a powder that should be made into 0.01% and 0.1% solutions fresh 

for each day. 

Day 1: Bleach Day (Approx. 1.5 hours, longer if older fish) 

• Rehydrate embryos 

□ 75% MeOH in PBS 5 min at RT 1x 

□ 50% MeOH in PBS 5 min at RT 1x 

□ 25% MeOH in PBS 5 min at RT 1x 
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• Wash 

□ PBST 5 min at RT 1x 

 

• Bleach 

□ Bleach according to times below, or until the embryo is a creamy white. 

Ensure eyes do not become bulgy. 

□ General timeline for fish 
 

 
Age Approx. Bleach Time 

48 hpf 25 min 

 

□ Bleach Recipe – Make Fresh on the day 

 

Total Amount 5 ml Total Amount 20 ml 

KOH (.5%) 0.025 g KOH (.5%) .1050G 

H2O2 (3% of 

30%) 

150 ul H2O2 (3% of 30%) 600 ul 

DepC H2O To 5 ml DepC H2O To 20 ml 

• Wash 

□ PBS 5 min at RT 1x 

 

• Note: Embryos can be very sticky in PBS/MeOH solutions 
 

 
• Dehydrate in series 

□ 25% MeOH in PBS 5 min at RT 1x 

□ 50% MeOH in PBS 5 min at RT 1x 

□ 75% MeOH in PBS 5 min at RT 1x 

□ Transfer into new 1.5 ml eppendorff tube 

□ 100% MeOH Store in -20°C Overnight 
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✓ Embryos can now be stored in 100% MeOH at -20o C for several weeks or at 

minimum of 2 hours before continuing on 

 
Day 2: Pro-K and Treatment Day (Approximately 5 hours, longer if older fish) 

 
 

• Rehydrate embryos in 1.5 ml eppendorf tubes 
 

□ 75% MeOH in PBS 5 min at RT 1x 

□ 50% MeOH in PBS 5 min at RT 1x 

□ 25% MeOH in PBS 5 min at RT 1x 

 

• Wash 

□ PBST 5 min at RT 4x 

 

• Permeabilize: With Proteinase K (10 ug/ml in DepC) 

□ If using a 10 mg/ml stock, dilute by adding 1 ul of stock solution to 1000 ul of 

DepC H2O 

Note: Pro-K in lower part of -20oC 
 

 
Age Approx. Pro-K Time 

48 hpf 23 min 

 

 
• Wash 

□ PBST 5 min at RT 2x 

 

• Fix (In fume hood) 
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□ 4% PFA (DepC Treated) 20 min at RT 1x  

 
• Wash 

□ PBST 5 min at RT 2x 

 

• Treat (In fume hood) – Make fresh on the day 

 

□ Acetic Anhydride 30 min at RT 1x 
 

 

Acetic Anhydride Recipe 6 ml Batch 

DepC Water 4.5 ml 

Triethanolamamine (upstairs lab cabinet) 79.9 ul 

pH to 7.0  

DepC Water To 6 ml 

Acidic anhydride (under fume hood) 15 ul 

 
• Wash 

□ PBST 10min at RT 2x 

 

• Prehybridize 

□ Hyb (-) 2 hours at 70oC/35 rpm 

 

✓ Stop Point: Embryos can be stored in Hyb (-) for several weeks, or you can continue 

to the next step. 
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Continuing on or starting a new run 

 
 

Note: If embryo’s have been processed into Hyb (-) and stored, this is a good place to start a 

new in situ run. It allows you to effectively process many fish, and then run different genes 

on fewer numbers. 

 
Day (1/3): Hyb (+) – Adding the probe (Approx. 2 hours) 

 

• Pre Hyb (-) 

□ Hyb (-) 2 hours at 70oC/35rpm 

 

Note: We re-do this stage to ensure the embryos are at the same permeability 

/solubility as previous 

 
 

• Adding Hyb (+) 

 

□ Add 1 ml of Hyb (+) to each sample 
 

Hyb (+) Recipe Per tube (1 ml) For 4 ml 

Hyb (-) 890 ul 3560 ul 

 

Yeast tRNA (5 mg/ml) 
100 ul of 50 mg/ml 

stock 

 

400 ul 

Heparin (50 ug/ml) 10 ul of 5 mg/ml stock 40 ul 

pH to 6.0 with Citric Acid 9.2 ul of 1 M citric acid 36.8 ul 

 

 
Note: Multiply each reagent by the number of samples you have. 

 
 

• Adding probe 

□ Add 2-3 ul of probe (depending on strength) to each of the sample tubes. 

 

□ Notes 

▪ Probe should not be left out of the freezer long. Putting them on ice is 

recommended. 
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▪ Ensure probe is mixed – flick with finger and centrifuge liquid back 

down for 2-3 seconds. 

 
• Incubate overnight at 70oC/35rpm 

 

Day (2/4): Washes and Antibody (Approx. 7 hours, with 3-4 hour break in middle) 

 
 

• Washes 
 

□ 75% Hyb (-) + 25% 2xSSC 15 min at 70oC/35 rpm 1x 

□ 50% Hyb (-) + 50% 2xSSC 15 min at 70oC/35 rpm 1x 

□ 25% Hyb (-) + 75% 2xSSC 15 min at 70oC/35 rpm 1x 

Note: These solutions should be premade and stored in the -20oC freezer 

 

□ Change to fresh eppendorf tubes – Hyb (-) is very slippery and the tube caps 

tend not to stay in place at this point. The tubes will also likely have white 

precipitate throughout. 

 
Note: Going into this next stage – Embryos can become very sticky! Check 

pipette tip after each changeover! 

 
 

□ 2xSSC 10 min at 70oC/35rpm 2x 

□ 0.2xSSC 30 min at 70oC/35rpm 3x 
 
 

□ Start sheep serum inactivation 30 min at 60oC 

(amount based on Blocking Buffer Recipe) 

 

 

□ 75% 0.2xSSC + 25% PBST 10 min at Room temp/60 rpm 1x 

□ 50% 0.2xSSC + 50% PBST 10 min at Room temp/60 rpm 1x 

□ 25% 0.2xSSC + 75% PBST 10 min at Room temp/60 rpm 1x 

□ 100% PBST 10 min at Room temp/60 rpm 1x 
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• Incubate in blocking buffer for 3-4 hours 

□ Add 1 ml of Blocking buffer to each tube 

 

Make Fresh on the day 
 

Blocking Buffer recipe 1 ml/Sample For 4 ml 

1 x PBST 980 ul 3920 ul 

2% Heat inactivated Sheep serum 20 ul 80 ul 

Bovine serum albumin (2 mg/ml) 0.002 g 0.008 g 

 
Note: Save at least 10 ul of blocking buffer. It is required in making the 

antibody recipe. 

 
• Adding antibody 

 

 
Antibody Recipe  

Blocking Buffer (saved from before) 9 ul 

Anti-Digoxigenin-AP, Fab fragments 1 ul 

Optional – Fish powder A few pieces 

 

□ Allow antibody to sit in blocking buffer for at least 10 minutes before adding 

the antibody solution to the samples. This allows pre absorption to occur, 

and reduces background. 

□ Add 1 ul of above antibody recipe to each sample tube already containing the 

1 ml of blocking buffer from 4-5 hours prior. 

 

• Incubate overnight at 4oC while shaking 

□ Note: The incubator in the lower lab works well for this. Ensure the incubator 

is properly set and on early in the day, as it takes time to cool down. 

 



85 

 

Day (3/5): Antibody and Color Reaction (Approx. 4 hours then overnight) 

 
 

• Remove samples from incubator and discard antibody solution 

 

• Washes 

□ PBST 5 min at RT 

 

□ PBST 15 min at RT on same “Mandel” Shaker 12x 

 

• Place embryos in sterile glass vials – Ensure proper labeling 

 

• Incubate TRIS Staining Buffer 

□ Add 1 ml of TRIS Staining Buffer to each sample 5 min at room temp 3x 

 

□ Make Fresh on the day 
 

Reagent Stock Final 20 ml Batch 10 ml Batch 

TRIS pH 9.0 1 M 100 mM 2 ml 1 ml 

MgCl2 1 M 50 mM 1 ml 0.5 ml 

NaCl 5 M 100 mM 400 ul 200 ul 

Tween 10% 0.1% 20 ul 10 ul 

Levamisole  2 mM 0.019 g 0.0095 g 

DepC H2O   To 20 ml To 10 ml 

 
Note: When determining batch size, allow for three changeover’s per tube as 

well as enough for mixing NBT/BCIP staining solution 

 
• Add Color Reaction Solution 
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□ Very Important! – Ensure staining solution remaining in dark. It is a light 

sensitive reagent. 

 

• Remove TRIS staining buffer and Add Color Reaction Solution 

□ Approximately 1.2 ml per sample 

□ Place samples in incubator at 4oC overnight or at 37oC until expression shows. 

▪ Best results have been attained at 4oC overnight 

 

Day (4/6): Stopping Color Reaction (Approx. 2 hours) 

• Wash 

□ PBST 5 min at Room Temperature 6x 

 

• Fix (in fume hood) 

□ 4% PFA 20 mins at room temperature 1x 

 

• Dehydrate (for NBT/BCIP Color reactions only!) – Skip to below for Fast Red 

□ 25% MeOH in PBS 10 min at RT 1x 

□ 50% MeOH in PBS 10 min at RT 1x 

□ 75% MeOH in PBS 10 min at RT 1x 

✓ 100% MeOH Store in 4oC in sample box 

 

Note: Photos should be taken while sample is in 25% or 50% MeOH.



87 

 

Reagent Recipes 

Hyb (-) 

Reagent 
% in final 

solution 
50 ml Batch 

250 ml Batch 

(ideal) 

Deionized Formamide 

100% 

50 25 ml 125 ml 

SSC 20x 5x 12.5 ml 62.5 ml 

Tween 10% (stock solution) 0.1 50 ul 250 ul 

DepC Water  Top to 50 

ml 

Top to 250 

ml 

 
Note: Make in fume hood. Ensure contents are well mixed. Aliquot into 50 ml flacon tube 

and store in -20oC. 

 
PBS 

 

 
Reagent for 500 ml Batch 

NaCl 4.0 g 

KCl 0.1 g 

Na2PO4 0.693 g 

KH2PO4 0.1 g 

Top to 500 ml with DepC H2O 

pH to 7  

 

To make PBST add 50 ul of Tween-10 to 50 ml of PBS 

 
 

DepC H2O 

✓ Per 1 L of water add 100 ul of DepC (found in upstairs fridge). 

✓ Carry out in fume hood. 

✓ Shake for 30 minutes vigorously. 

✓ Autoclave 
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