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Abstract 
The Major Intrinsic Proteins are represented in all forms of life; plants, animals, bacteria 

and recently archaebacteria have all been shown to express at least one member of this 

superfamily of integral membrane proteins.  We have overexpressed the E. coli 

aquaglyceroporin, glycerol facilitator (GlpF), to use as a model for studying membrane 

protein structure, folding and stability.  Understanding membrane protein folding, 

stability, and dynamics is required for a molecular explanation of membrane protein 

function and for the development of interventions for the hundreds of membrane protein 

folding diseases.  X-ray analysis of GlpF crystals shows that the protein exits as a 

tetramer in the crystallized state [1].  However, preparations of stable aqueous detergent 

solutions of GlpF in its native oligomeric state have been difficult to make; the protein 

readily unfolds and forms non-specific aggregates in many detergents.  Here, I report the 

study of the structure and stability of the glycerol facilitator in several detergent solutions 

by blue native and sodium dodecyl sulphate polyacrylamide gel electrophoresis, circular 

dichroism, and fluorescence.  For the first time, stable protein tetramers were prepared in 

two different detergent solutions (dodecyl maltoside (DDM) and lyso-myristoyl 

phosphatidylcholine (LMPC)) at neutral pH.  Thermal unfolding experiments show that 

the protein is slightly more stable in LMPC than in DDM and that the thermal stability of 

the helical core at 95oC is slightly greater in the former detergent.  In addition, tertiary 

structure unfolds before quaternary and secondary structures in LMPC whereas unfolding 

is more cooperative in DDM.  The high stability of the protein is also evident from the 

unfolding half-life of 8 days in 8 M urea suggesting that hydrophobic interactions 

contribute to the stability.  The GlpF tetramers are less resistant to acidic conditions; 



 x

LMPC-solubilized GlpF shows loss of tertiary and quaternary structure by pH 6, while in 

DDM the tertiary structure is lost by pH 5, however the tetramer remains mostly intact at 

pH 4.  The implications of thermal and chemical stress on the stability of the detergent-

solubilized protein and its in vivo folding are discussed. 
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Chapter 1 Introduction 
 

 

1.1 The Cell and Cellular Membranes: A Brief History 
 

The cell membrane is one of the most unifying themes in all of biology.  With the 

exception of some viruses, all living organisms are reliant on the cell membrane in some 

fashion.  The cell membrane is a selectively permeable barrier that serves many important 

functions such as: containing the cell contents so they do not mix with the extracellular 

environment; facilitating the transport of materials necessary for survival of the cell; 

separating different metabolic regions within the cell; allowing for the formation of 

electrochemical gradients used in energy transduction; providing the required scaffolding 

needed for anchoring cellular receptors responsible for communication between cells and 

the environment; and much more. 

 

Dr. Robert Hooke is credited with the discovery of the “cell” in experiments observing 

the structure of cork, and published in the historical book “Micrographia” [2].  It is said 

that he coined the term “cell” because the walls around the cork reminded him of monks' 

chambers called "cellula". 

 

The eukaryotic cell can be sectioned into three main parts: the nucleus, which contains 

genetic information, the cytoplasm, where most cellular processes take place, and finally, 
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the cell membrane, which regulates the influx and efflux of different molecules.  Within 

the cytoplasm, other membranous systems also exist (for example the golgi apparatus, 

endoplasmic reticulum, mitochondria, chloroplasts, etc.).  We now know a great deal 

about membranes, but it was not always so. 

 

 

1.1.1 Lipids 
 

The understanding of cell membranes did not originate with studies on biological systems 

as might be expected, but with chemistry, and studies on the interaction of lipids with 

water.  It has been suggested that the most likely person to first scientifically study the 

effects of oil and water was Benjamin Franklin [3] – an unlikely candidate indeed.  

During a stay in England in 1774, Franklin conducted studies on the effects of oil on the 

surface of water, and found that upon the addition of the oil to the water, the oil spread 

into a very thin film over a large portion of the water prompting Franklin to comment that 

the pond appeared “as smooth as a looking glass” [3]. 

 

More than a century passed before Franklin’s experiment was repeated by Lord Rayleigh 

(born John William Strutt) in 1890 [3].  Using quantitative techniques, he calculated the 

area that a known volume of oil would occupy, and was therefore also able to calculate 

the thickness of the oil film [3].  Though his results were published, they received little 

notice in the broader scientific community.  This could have remained a scientific side-
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note if not for the communication with a German woman named Agnes Pockels; Pockels 

had developed (in her kitchen) a device which carefully, and accurately, measured the 

area of an oil film [3].  This devise was later modified and improved by Irving Langmuir, 

and is commonly referred to as the Langmuir trough.  It is still used today by scientists 

studying surface properties of materials (Figure 1).  Langmuir was the first to suggest that 

fatty acid molecules form a monolayer with the polar carboxyl group interacting with the 

surface of the water, while the nonpolar hydrocarbon chains orient themselves vertically 

with respect to the water surface [4].  This observation was paramount in solving the 

puzzle of lipid bilayers and the basic structure of the cell membrane. 

 

 

Figure 1:  Diagram of a typical Langmuir trough. 

The properties of thin films consisting of amphiphilic molecules grafted to the air water interface are 
investigated with a Langmuir Trough, usually made of Teflon.  A moveable barrier seals one side of 
the water surface, so the molecular area can be varied.  Reproduced with permission from [5]. 
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1.1.2 Biological Membranes 
 

At approximately the same time that Raleigh was studying the properties of lipids on the 

water surface, Charles Ernest Overton was completing a doctoral degree at the University 

of Zurich [3].  Serendipitously, Overton found that nonpolar molecules would pass 

rapidly into the cells of the plants he was studying.  This is in stark contrast to the then 

current scientific view that the cell membrane was virtually impervious to all molecules 

except water [3].  Overton came up with a hypothesis which consisted of two main 

points: first, that the cell membrane shared similarities to nonpolar molecules such as 

olive oil, and secondly, that certain molecules were able to pass into the cell by 

dissolving into the lipidic centre of the cell membrane [3].  At the time, there was 

considerable opposition to Overton’s hypothesis; however, we are now able to appreciate 

the magnitude of these discoveries. 

 

The first people to purposely study the lipids of the cell membrane were most likely 

Gorter and Grendel.  In their experiments, the cell membrane lipids were extracted with a 

variety of organic solvents, and were found to be able to form both bilayers, and 

monolayers [6, 7].  Using a device similar to the Langmuir trough, the surface areas of 

the lipid monolayers were found to be approximately twice those of the red blood cell 

membranes from which they were extracted [6, 7].  In more recent years, the experiments 

of Gorter and Grendel have been found to have suffered from the poor techniques of the 

time [8].  In fact, Gorter and Grendel’s extraction of the red blood cell lipids was 

incomplete; however, coupled to their underestimation of the area of the red blood cell, 
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the errors cancelled one another, and the conclusions are basically correct [8].  Based on 

these observations, Gorter and Grendel were able to devise a plausible model of the cell 

membrane structure.  According to the measurements on red blood cells from many 

different animals, they concluded that the membrane of these cells must be a bilayer of 

lipid molecules [6, 7] (Figure 2). 

 

 

Figure 2:  Typical lipid bilayer, as described by Gorter and Grendel. 

The lipid bilayer, as described by Gorter and Grendel, consists of two lipid monolayers with the 
hydrophobic tails pointed inwards towards each other, while the polar head groups remain in contact 
with the aqueous solvent.  Reprinted from [9] with permission. 

 

While the Gorter and Grendel model helped explain the structure of the bilayer, it was not 

generally accepted as a membrane model, partly due to the decreased water-absorption 

between that of the synthetic phospholipid bilayers and actual biological membranes [10].  

The first model to be well accepted in the scientific community was that of Davson and 

Danielli [10].  The proposed model was a lipid bilayer, of which both sides were covered 

with a layer of globular proteins (Figure 3). 
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Figure 3:  Davson and Danielli membrane model. 

The membrane model devised by Davson and Danielli includes the bilayer of Gorter and Grendel, 
however it also includes layers of proteins on the surfaces of the bilayer.  Reprinted from [9] with 
permission. 

 

It is interesting to note, that no mention of Gorter or Grendel is present in the original 

model proposed by Davson and Danielli.  In the 1950s, electron microscopy allowed 

scientists to view biological membranes.  Cross-sections taken from the electron 

micrographs showed that the plasma membrane appeared to be 7 to 8 nm in thickness.  

The Davson-Danielli model predicted a thicker membrane and needed to be revised to 

incorporate β-strand proteins as opposed to the globular proteins previously proposed to 

be lining both sides of the membrane.  The new version fit the observed thickness of the 

plasma membrane.  In 1957 Robertson proposed a modification of the Davson-Danielli 

model based on the electron microscopy studies, which was called the “unit membrane” 

model [11].  Under the high magnification of the electron microscope, images of the 

heavy metal-stained plasma membrane have a trilaminar appearance with two electron 

dense layers separated by an electron-transparent region.  The appearance of the 

membrane under the electron microscope further validated the Davson-Danielli model, as 

most early electron microscopists interpreted the darker regions as adhesion of the stain 

to the proteins and lipid head groups, while the hydrophobic core of the membrane was 

expected to be relatively unstained [10].  In a somewhat circular argument, the Davson-
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Danielli membrane-model and the electron micrographs were each used as justification 

for the interpretation of the other.  By the 1960s, the Davson-Danielli “lipo-protein 

sandwich” model was widely accepted as the structural model for not only the plasma 

membrane, but indeed for all cellular membranes. 

 

The success of the model would not last, as scientists realized two main faults with the 

model; first, the generalization that all membranes were identical was attacked on the 

grounds that under the electron microscope (the instrument credited for the Davson-

Danielli model’s success) inner mitochondrion membranes were significantly thinner 

than that of the plasma membrane, (6 nm, as opposed to the 7-8 nm of the plasma 

membrane) and appeared as a row of beads [10].  The second major problem identified 

with the Davson-Danielli “protein sandwich” model was with the proteins.  Under this 

model, the membrane proteins were placed in association with phospholipid head groups 

and with the aqueous cytosol.  However, it was known that membrane proteins were not 

generally soluble in aqueous solution; they were amphipathic and exhibited structural 

regions that were hydrophilic, and others which were hydrophobic.  If membrane proteins 

were layered on top of the membrane, the hydrophobic regions would have to be in the 

aqueous cytosol, or in contact with the polar phospholipid head groups.  In addition, the 

hydrophobic proteins would be separating the phospholipid head groups from the 

aqueous cytosolic environment. 
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In 1972 Singer and Nicolson introduced a new membrane model [12].  According to the 

new model the membrane proteins were integrated into the membrane bilayer (Figure 4), 

not layered on top as previously described by Davson and Danielli (see Figure 3).  

 

 

Figure 4:  The Singer-Nicholson fluid mosaic model of the cell membrane. 

The modern representation of the cell membrane is described by the fluid-mosaic model.  This model 
is composed of the lipid bilayer, which is embedded with integral (for example the transport protein) 
membrane proteins.  Peripheral (not shown) membrane proteins may be associated with the lipid 
bilayer, or with integral membrane proteins.  Reprinted from [13] with permission. 

 

In the new model, the phospholipid bilayer remained much the same as in the Gorter and 

Grendel, and Davson-Danielli models.  As such, the hydrophobic regions of the integral 

membrane proteins would be in contact with the hydrophobic lipidic centre.  Only the 

hydrophilic regions of the membrane proteins would protrude beyond the lipid tails, and 
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would then be in contact with the polar phosphate head groups, and the aqueous cytosol.  

The membrane proteins would appear to dot the membrane in mosaic-like fashion.  In 

addition, the membranes would not be rigid, but would allow lateral movement of the 

lipids and the integral membrane proteins; hence the term “fluid mosaic”. 

 

Not all membrane proteins need to cross the membrane.  Some integral membrane 

proteins inhabit only one leaflet of the bilayer, for example the cyclooxygenase proteins 

[14].  In addition, not all membrane proteins are inserted into the bilayer; many proteins 

exist as modeled by Davson and Danielli; they are globular proteins which are associated 

with the surface of the membrane bilayer.  Due to the increased knowledge on the 

complexity of the membrane system, membrane proteins are classified by their type of 

interaction with the membrane. 

 

 

1.1.3 Membrane Proteins 
 

Approximately 30% of all proteins coded in the genomes of all organisms, both 

prokaryotic and eukaryotic, contain a hydrophobic amino-acid sequence which suggests 

that they are membrane proteins [15].  Membrane proteins can be primarily differentiated 

into two groups based on the protein interactions with the membrane.  Integral membrane 

proteins contain at least one transmembrane segment which completely traverses the 
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membrane, while membrane associated proteins interact with the membrane, but do not 

contain any transmembrane segments and therefore, do not cross the bilayer. 

 

 

1.1.3.1 Membrane-Associated Proteins 
 

Proteins that are only weakly associated with the membrane are referred to as membrane-

associated proteins.  One type of membrane associated protein is the peripheral 

membrane protein.  This group of proteins is often easily removed from the membrane, as 

there are no parts of the protein embedded into the membrane.  The proteins remain in 

contact with the membrane through polar interactions with the phospholipid head groups, 

or with other proteins inserted in the membrane.  Cytochrome c, a small heme-protein, is 

an example of a peripheral membrane protein [16, 17]. 

 

In addition to the peripheral membrane proteins, anchored membrane proteins are 

considered to be membrane-associated proteins.  These proteins are tethered to the 

membrane via fatty acyl, isoprenoid, or glycosylphosphatidylinositol (GPI) lipids [18].  

No part of the protein is directly inserted into the membrane; however, the protein is 

covalently bonded to a molecule that resides, at least partially, in the interior of the 

membrane phospholipid bilayer.  Examples of this group of proteins are the signal 

transducing guanine nucleotide binding proteins, or “G-proteins”.  The “G-proteins” are 

divided into large (a heterotrimeric arrangement of Gα, Gβ, and Gγ) and small 
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(monomeric homologues of Gα) G-proteins [18].  The protein is tethered to the bilayer 

through prenylation of the γ-subunit C-terminus, or through palmitoylation or sometimes 

myristoylation of the α-subunit N-terminus [18]. 

 

 

1.1.3.2 Integral Membrane Proteins 
 

Membrane proteins that have at least some part embedded into the membrane bilayer are 

considered to be integral membrane proteins.  Monotopic integral membrane proteins 

reside in only one of the two membrane leaflets; they do not span the membrane.  Even 

though monotopic membrane proteins are rare, some very biologically important 

membrane proteins are monotopic.  For example, cyclooxygenase (COX) enzymes COX-

1 and COX-2 are monotopic membrane proteins [14, 19-21].  COX-1 is a constitutive 

form of the enzyme, and helps maintain normal gastric mucosa and kidney function, 

while COX-2 is induced by inflammation.  The proteins pair up into heterodimers which 

serve as the biologically active form of the enzyme.  While both proteins have an equal 

affinity for their substrate arachidonic acid, from which prostaglandins are formed, only 

one of the two isoforms is able to process the arachidonic acid at any one time.  

Prostaglandins are the lipidic mediators of pain, inflammation and heart attacks.  The 

COX enzymes are the targets of non-steroidal anti-inflammatory drugs (NSAIDs) such as 

aspirin, ibuprofen and acetaminophen, which inhibit both COX-1 (undesirable) and 

COX-2 (desirable).  More recently, COX-2-specific inhibitors have been developed such 

as Vioxx™ (rofecoxib), Bextra™ (valdecoxib) and Celebrex™ (celecoxib).  While some 
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of these are considered safe, others (rofecoxib) are implicated in elevated risk of heart 

and kidney failure (see [22] for review). 

 

Bitopic membrane proteins are single spanning membrane proteins, and often act as 

signal and antigen receptors.  The topology of integral membrane proteins depends on 

topogenic sequences such as signal, stop-transfer, and signal-anchor sequences [23, 24].  

Bitopic membrane proteins are sub-typed based on the orientation of the transmembrane 

segment, and whether the signal sequence is cleaved or retained after insertion into the 

bilayer [25].  Type I proteins have a cleavable N-terminal signal sequence which initiates 

membrane insertion, followed by a stop-transfer sequence which anchors the protein into 

the membrane with a cytoplasmic C-terminus.  Type II and Type III proteins are inserted 

into the membrane via a non-cleavable N-terminal signal-sequence, the signal-anchor 

sequence, which is responsible for both insertion and anchoring.  In Type II proteins, the 

signal-anchor sequence transfers the C-terminus across the membrane, leaving the N-

terminus cytoplasmic.  Type III proteins are inserted into the membrane leaving the C-

terminus cytoplasmic.  One important feature that determines the topology of membrane 

proteins is the amount and type of charged residues flanking the transmembrane segment.  

Positive charges, usually from Arg and Lys are most often found cytoplasmic, which has 

led to the positive-inside rule [26, 27].  Bitopic membrane proteins can be imagined as 

two polar domains connected by one long non-polar domain.  The positive-inside rule 

states that for both prokaryotic and eukaryotic organisms, the majority of positive charge 

will remain cytoplasmic, suggesting that the topological selection is encoded through 

charged residues [24]. 
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Membrane proteins that span the membrane several times are termed polytopic.  Ion 

channels, transporters and facilitators (such as GlpF) are most often polytopic membrane 

proteins.  For polytopic membrane proteins the first hydrophobic segment (which may be 

a cleavable signal sequence or the first transmembrane segment) usually dictates its own 

and subsequent transmembrane segments’ orientation.  However, the process is 

complicated.  The positive-inside rule, length of the transmembrane segment or loop 

connecting sequential transmembrane segments and interactions between transmembrane 

segments all influence the final topology of the protein [28, 29]. 

 

 

1.2 Protein Structure and Folding 
 

The ability of a protein to fold into its native three dimensional structure, even with 

nearly infinite structural possibilities, is still poorly understood despite much research.  

At nearly the same time as Singer and Nicholson released their fluid-mosaic membrane 

model [12], Anfinsen realized that the full three dimensional structure of a protein is 

determined purely by its amino-acid sequence [30].  Furthermore, the structure of a 

protein defines its function, and by extension, the ability of a protein to function relies on 

its capability to fold rapidly and reliably to its native state [30].  The ultimate goal in 

protein folding research is to be able to predict the three-dimensional fold of the protein 

based solely on the amino-acid sequence (see Figure 5). 
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Figure 5:  Protein folding: prediction from genome to function. 

Reprinted from [31] with permission (Stanford©). 
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Many proteins are capable of folding into their native state spontaneously in an aqueous 

environment.  In order for this to be achieved the protein must satisfy both a 

thermodynamic and a kinetic requirement.  The thermodynamic requirement is that the 

protein must reliably fold into a single, stable conformation.  The kinetic requirement is 

that the protein must fold into this state on an appropriate timescale.  The duration of 

protein folding varies greatly depending on the size and complexity of the protein.  

Slower folding proteins may require many minutes or hours to fold, however many 

proteins fold on the millisecond timescale [32].  In fact, the very fastest folding proteins 

fold in hundreds of nanoseconds, the fastest known presently being the villin headpiece 

[33-37].  In 1969 Levinthal realised that if proteins sampled all available conformational 

space sequentially during the folding process, it would take an astronomical amount of 

time to complete the folding, even if all conformational space was sampled on the 

nanosecond or picosecond timescales [38].  More recent studies on protein folding have 

shown that in order for a 100 amino-acid peptide to sample every available conformation 

in a completely random fashion would take on the order of 1036 sec, or 1029 years [39].  

Given such an unmanageable timescale, a mechanism must exist for proteins to fold in a 

timely fashion.  This means that only a few of the available conformations are sampled 

therefore minimizing the time spent traversing the conformational space, which implies 

the existence of kinetic folding pathways as first suggested in 1968 by Levinthal [38].  

The difficulty in understanding how proteins are able to rapidly and reliably fold into 

their native three dimensional structures is commonly referred to as “the protein folding 

problem”.  Interestingly, while the proteins themselves fold on a rapid timescale, it takes 

remarkably long for computers to simulate the folding process.  This has led to the 
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“folding@home program” [31], which connects personal computers from around the 

world to process folding simulations. 

 

 

1.2.1 Protein Folding Models 
 

Models put forth to explain the phenomenon of a linear random coil amino-acid chain 

folding into its native tertiary structure must satisfy two important features of the folding 

process, at least for small, single domain proteins.  First, the model must predict a two-

state folding process, and secondly the model must predict cooperativity in the folding 

[40].  These conditions are not mutually exclusive of one another, as the condition of 

cooperativity leads to an observation of two states: folded, and unfolded.  The two-state 

folding condition is explained simply as an equilibrium condition for which the only 

available states are: a lower energy folded state, and a higher energy unfolded, or random 

coil, state separated by a single energy barrier (Figure 6) [40]. 
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Figure 6:  Reaction coordinates for a two-state folding process. 

The low energy folded state, and higher energy unfolded state are separated by a single energy 
barrier. 

 

The second feature of protein folding models, that the folding must be a co-operative 

process, is shown diagrammatically in Figure 7. 
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Figure 7:  The sigmoidal transition curve characteristic of a two-state equilibrium transition. 

The cooperativity of protein folding is exemplified by the sigmoidal curve of the population of protein 
molecules in the folded state compared to the reaction coordinated.  Proteins fold in a cooperative 
fashion, such that the folding of one part of the molecule influences the folding of the next, making it 
“easier” for that protein molecule to reach the folded state. 

 

Proteins are held together almost exclusively through weak interactions; hydrogen bonds, 

van der Waals interactions and electrostatic forces make up the bulk of the forces holding 

the protein structure together.  Each of the individual interactions contribute only a small 

favourable energy to the structure, however the large number of interactions add together 

to stabilize the three-dimensional structure. 

 

One of the first models to describe co-operative protein folding is the helix-coil theory 

[41, 42]. This model states that all amino-acids in a peptide chain have a given helix 

propensity and that each amino-acid exists in one of two states: helical or random coil.  

However, the probability of an individual amino-acid becoming helical is also dependent 

on the neighbouring amino-acids; if an amino-acid obtains a helical conformation, the 



 19

neighbouring amino-acids now have an increased likelihood of also becoming helical.  

The helix-coil model can be viewed as a “zipper-like” process, where a single nucleation 

from coil to helix is introduced into the polypeptide chain, and proliferation of the helix 

continues as described above [41].  In this model, only conformations such as 

…ccchhhhhccc… or …hhhhhccccc… are acceptable, while …hhhhhccccchhhhhccccc… 

is not an acceptable conformation as multiple nucleation points would be required1.  

However, the helix-coil model may also be described as a matrix, where nucleation points 

are free to occur anywhere in the polypeptide chain; the polypeptide is no longer 

restricted to single helical segments as in the zipper model [41].  In either of these 

models, helix propagation will continue rapidly, and will become co-operative after only 

a few initial helix conformational transitions [41, 42]. 

 

Many models of protein folding have been proposed since the inception of the helix-coil 

model.  The frame-work model involves an organized assembly where local secondary 

structure forms dependent on the primary structure, but independent of the tertiary 

structure [43, 44].  The secondary structural elements will diffuse until they are close 

enough together to form the overall tertiary structure.  In this manner the protein folding 

process greatly limits the conformational space required for rapid and reliable folding.  

The nucleation model proposes that tertiary structure immediately forms as a 

consequence of the formation of intact secondary structural elements [45, 46].  The 

nucleation events are a result of small sections of intact secondary structure, which then 

spread tertiary structure as a direct consequence of their formation, i.e. tertiary structure 

is forming “just behind” the secondary structure.  The hydrophobic collapse model 
                                                 
1 h = helix, c = coil 
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suggests that the intact tertiary structure forms through the rearrangement of an already 

compact structure, or molten-globule [47, 48].  The hydrophobic collapse resulting in the 

formation of the compact structure or molten-globule must then be an early event along 

the reaction coordinate of the protein folding pathway.  Of these models, both the frame-

work and hydrophobic collapse models imply that there must be formation of kinetic 

intermediates, while the nucleation model does not require such an intermediate [49].  

However, a modified nucleation model, the nucleation-condensation model, first 

introduced by Fersht, allows for a loose folding nucleus to be formed, and subsequently 

the nucleus will condense through a transition-state associated with the tertiary structure 

formation [49-52].  The nucleation-condensation model is supported for several small 

proteins including the chymotrypsin inhibitor-II [50, 51] and the barstar protein [53].  

Interestingly, studies of more than 20 different proteins show that all proteins in the study 

adopt a molten-globule structure when treated with mild denaturants [54, 55].  The 

observation of a molten-globule in each case supports the hydrophobic collapse model, 

and is indeed a model favoured by many.  It is probable however that more than one 

possible folding model is applicable dependent on the protein’s properties.  

 

More recently, a more general approach to the protein folding pathways has been 

described by the so-called protein folding funnel [39, 56-58].  This approach models the 

energy surface of a protein folding pathway as a funnel (Figure 8). 
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Figure 8:  Representation of the protein folding funnel. 

Reprinted from [59] with permission. 

 

The rim of the funnel consists of the many unfolded conformations of the protein, 

representing the high entropy of the unfolded state, while the bottom of the funnel 

represents the global free energy minima, indicative of the native folded tertiary structure.  

This allows for the protein folding to be accomplished via many different routes; the 

folding may take the most direct route as would occur by following the steepest points of 

the funnel.  However, the protein may also take a more leisurely folding pathway that 

involves a shallower decent, and more transition states indicated by the local maxima 

along the protein folding funnel.  Figure 8 shows a theoretical funnel with multiple 

folding pathways each demonstrating different possible pathways for the folding of a 

protein [59]. 
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1.2.2 Membrane Protein Folding 
 

The ultimate goal in understanding membrane protein folding is the same as that of their 

soluble counterparts: to be able to predict the three-dimensional fold of the protein based 

solely on the amino-acid sequence.  One main distinction of membrane proteins is that 

they must be transferred into the oily hydrocarbon region of the bilayer.  The 

thermodynamic cost of transporting polar or charged residues into the membrane is very 

high, and as such the majority of amino-acid side chains of transmembrane segments are 

non-polar; a much higher percentage of Ala, Ile, Leu, Phe and Val are found in the 

transmembrane segments of membrane proteins than in the remainder of the protein.  The 

second consequence of the high thermodynamic cost of polar groups residing in the lipid 

bilayer is that the highly polar peptide bond must maximize its hydrogen-bonding in the 

transmembrane segments so as to lower the energy cost.  Two main structural motifs 

satisfy this condition for maximizing the hydrogen-bonding potential: the α-helix, and the 

β-sheet, with the latter requiring that the β-strands be in close contact as is found in the β-

barrel.  Examples of proteins containing these structural motifs, the α-helical 

bacteriorhodopsin (2BRD) [57, 60], and the β-barrel porin (2POR) [58, 60], are shown in 

Figure 9.  
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Figure 9:  The two main structural motifs of membrane proteins are the α-helix and the β-barrel. 

Bacteriorhodopsin (A) [57, 60] (reproduced from [60]) exemplifies the helical membrane proteins, 
while the β-barrel proteins are represented by porin (B) (reproduced from [60] with permission)[58, 
60]. 

 

These simple thermodynamic principles are sufficient for understanding the basic 

structural parameters of membrane proteins, however in order to predict the detailed 

three-dimensional structure one must have a detailed understanding of the 

thermodynamic and kinetic properties of membrane protein folding. 

 

 

1.2.3 Membrane Protein Insertion 
 

In order for integral membrane proteins to function, they must first be inserted into the 

membrane.  The mechanism by which membrane proteins are inserted into the membrane 

is similar to the mechanism used by the cell to transport secretory proteins across the 
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membrane; in both cases, translocation proceeds through a protein complex which 

supplies an aqueous channel through the membrane [56, 61].  This protein-conducting 

channel, or PCC, is made up of a hetero-trimeric arrangement of integral membrane 

proteins [62].  In eukaryotes, the Sec61 complex makes up the PCC (also referred to as 

the translocon); in mammals this is comprised of a hetero-trimeric arrangement of 

Sec61α, Sec61β and Sec61γ, whereas in yeast the Sec61p, Sbh1p and Sss1p comprise the 

corresponding homologues [63].  The bacterial homologues SecY, SecG and SecE have 

also been identified [63]. 

 

The recent crystal structure of the Methanococcus jannaschii translocon has facilitated 

the understanding of membrane insertion via the PCC [64].  The crystal structure shows 

that the PCC contains only one copy of the SecY complex, and suggests that the single 

hetero-trimer is sufficient for complete functionality [63, 64].  The structure shows that 

the SecY complex pore is formed exclusively by the SecY subunit, while SecG and SecE 

proteins are peripheral to the pore [64].  This structural data is supported by cross-linking 

studies demonstrating that the movement of the polypeptide is through the centre of the 

SecY subunit [65].  Subunits SecG and SecE, and the N- and C-terminal domains of 

SecY are arranged in such a manner, as to allow one side of the PCC to open laterally.  

This ability to open laterally allows the PCC a mechanism to release the transmembrane 

segments of the growing polypeptide into the membrane bilayer [63, 64].  In order to 

allow partitioning of each transmembrane segment to the bilayer, the PCC must open and 

close many times; recent structural studies have indicated that the PCC may function in a 

“breathing-like” fashion where the open-close cycle is continuous [63]. 
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While the crystal structure addressed many aspects of the PCC, further structural studies 

have added to the debate on the PCC function.  Recently, the structure of the PCC bound 

to a translating ribosome was solved using cryogenic-electron microscopy [66].  In this 

structural arrangement, two PCC complexes are involved with their lateral openings 

facing one another [66].  This new structural information adds many new questions, 

which will require further investigation into the PCC structure and function. 

 

 

1.2.4 Membrane Protein Recognition 
 

In order for the cell to target an integral membrane protein to the lipid bilayer, the cell 

must first recognize that the polypeptide is indeed an integral membrane protein.  

Translocation to the membrane may occur in a co-translational or post-translational 

approach [67].  The post-translational method involves the complete synthesis of the 

polypeptide and subsequent release from the ribosome prior to membrane insertion, while 

in the co-translational method the protein is inserted into the membrane concurrent with 

translation by the ribosome attached to the PCC complex.   

 

Proteins are targeted to the PCC by signal sequences involving stretches of hydrophobic 

amino-acids [68, 69].  Two key components to the signalling are the signal recognition 

particle (SRP), and the SRP receptor [70, 71].  The SRP is a cytosolic protein-RNA 
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complex which binds to the growing hydrophobic polypeptide as it is being translated by 

the ribosome [72].  The binding of the SRP causes a pause in translation, and targeting of 

the ribosome to the membrane.  The SRP-bound complex is then bound by the SRP 

receptor which juts from the membrane and serves as a landing pad for the SRP-ribosome 

conglomeration [73, 74].  In a GTP-dependent fashion, the SRP is released from the 

polypeptide chain and the ribosome is transferred to the PCC, allowing translation to 

continue and, for the case of an integral membrane protein, the newly synthesized 

polypeptide to be translocated into the bilayer [71]. 

 

 

1.2.5 Exogenous Membrane Protein Assembly   
 

As previously mentioned, the translocation of endogenous integral membrane proteins 

(those required by the cell for regular function) involves a very complicated arrangement 

of ribosomes transiently attached to the translocon [75, 76] (Figure 10).   
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Figure 10:  The assembly of endogenous integral membrane proteins involves a temporary 
arrangement of the ribosome (with mRNA) and the translocon. 

The protein is then translated into the cavity of the translocon.  Upon completion, the ribosome is 
removed from the translocon and the membrane protein is released into the membrane bilayer, 
where it assumes its final three-dimensional structure [75, 76].  Reproduced from [77] with 
permission. 

 

Despite all of the above information, the mechanism for the folding of endogenous 

integral membrane proteins after release from the translocon is as of yet, still unknown.  

Assembly of exogenous membrane proteins (proteinaceous toxins, antimicrobial 

peptides, etc.) differs from that of the constitutive membrane proteins, as they must enter 

the target cell membrane without the aid of the translocon.  The assembly and folding of 

exogenous membrane proteins in the membrane bilayer is likely guided by the same 

processes as constitutive membrane proteins, and therefore may serve as a model for all 

membrane protein folding.  Examples of pore-forming toxins have been reviewed by 

Gouaux [78], while the structure and function of antimicrobial peptides has been 

reviewed by White et al. [79]. 
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1.2.6 The Energetics of Proteins in the Membrane 
 

Exogenous membrane proteins often use simple physiochemical processes for insertion 

into the membrane, and as such have been used to gain insight into membrane protein 

folding and stability [79].  The mechanism by which a membrane protein finds its way 

into a membrane, whether endogenous or exogenous, is irrelevant to the energetics once 

it is located in the lipid bilayer [80]; there the protein sits in a free energy minimum 

within the lipid bilayer of the membrane.  The sorting out of protein-protein and protein-

bilayer energetics that determine the free energy minimum can be done in principle by 

unfolding and re-folding the protein within the bilayer.  However, this is difficult if not 

impossible to do with whole membrane proteins; they are insoluble in the bilayer in the 

unfolded state (due to the energetic cost of exposing the peptide bonds to the bilayer 

hydrocarbon interior), and they are insoluble in the aqueous phase in their folded and 

unfolded states (due to their hydrophobic nature) [81]. 

 

Modelling the energetics of membrane protein folding via exogenous peptides allows the 

separation of the folding into two main categories: first, secondary structure formation 

and insertion into the membrane bilayer, and secondly, association of the secondary 

structural components.  The entire folding process has been conceptually divided into the 

four main steps as shown in Figure 11 [80, 82-84]. 
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Association Energetics 
 

Figure 11:  Helix folding, insertion and association: the four conceptual thermodynamic steps. 

The reference, or starting state, is taken as an unfolded protein at the interface [85].  Secondary 
structure formation occurs during the partitioning-coupling phase, where maximizing hydrogen 
bonding of the peptide bonds minimizes the energetic cost of residing at the interface [86, 87].  
Following secondary structural folding is membrane insertion [88-90].  It is likely the least 
adequately studied, but may be the most important.  Finally, helix-helix association occurs within the 
membrane, which is likely independent of the intra-membrane assembly [83].  Reprinted with 
modifications and permission from [91]. 

 

First, the unfolded peptide must partition from the bulk solution to the bilayer interface, 

secondly, the unfolded peptide must assume a secondary structure at the interface, 

thirdly, the secondary structural element must insert into the membrane bilayer and lastly, 

the secondary structural elements must come together within the bilayer. 
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The first three steps of the folding model described above are likely impossible to study 

using whole proteins, and therefore White and Wimley have studied the interactions 

between the bilayer and small peptides as a model for the thermodynamic processes of an 

entire membrane protein [82].  This allows membrane proteins to be viewed as 

assemblies of individual secondary structural components.  In order to begin the 

thermodynamic studies by this model, one must have a completely unfolded state in 

solution, which will then partition to the bilayer.  As this situation likely does not exist in 

the cell, a virtual reference state has been defined using an experimental interfacial 

hydrophobicity scale developed from studies on pentapeptides [85].  It is found that 

aromatic residues are particularly favoured at the interface, while charged residues and 

the peptide bond are equally disfavoured [85].  This hydrophobicity scale provides a 

means to calculate the virtual free-energy cost of transferring an unfolded chain from 

solution to the bilayer interface [85]. 

 

Secondary structure formation at the bilayer interface seems to be determined primarily 

by the reduction in the free-energy of partitioning of the peptide bond.  It is reported that 

the formation of the hydrogen-bonds in β-sheet secondary structural elements is 

responsible for a 0.5 kcal/mol reduction per peptide bond [87], while hydrogen-bond 

formation in α-helix secondary structural elements reduces the free energy of partitioning 

by 0.4 kcal/mol per peptide bond [86].  This may appear modest, but the cumulative 

effect can be rather large, as evident for the soluble peptide melittin where a total 

reduction of approximately 5 kcal/mol is observed [86]. 
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The third step in the proposed folding model is of great importance, but is the least 

understood.  This most likely stems from the hydrophobic nature of the materials needed 

to study the insertion of the peptide into the membrane.  Estimates of the free-energy cost 

of inserting a hydrogen-bonded peptide bond into the bilayer vary from 0 kcal/mol to 1.6 

kcal/mol [88-90].  This large variation implies that calculations of inserting peptides as 

short as 20 amino-acids may be over- or underestimated by as much as 30 kcal/mol.  

Clearly more research into the insertion of peptides into the bilayer is needed for a clearer 

understanding of the energetics of insertion. 

 

The last stage of the folding model above is the association of the inserted secondary 

structural elements.  The insertion-association of α-helices has been termed the “two-

stage” folding model by Popot and Engelman  (see Figure 11) [83].  Stage one involves 

insertion of secondary structural elements, (i.e. steps 1-3 as mentioned above) [83].  In 

stage two, the secondary structural elements, which are in thermodynamic equilibrium 

with their lipidic and aqueous environments, must pack together to form functional 

transmembrane structures [83].  In order for the final structure to be obtained, some 

rearrangements of the helices are to be expected, however, others such as helix flipping, 

or insertion of new segments, are kinetically forbidden [83].  This is similar to the case of 

soluble globular proteins, where interplay of kinetic and thermodynamic forces is 

expected during the packing of preformed secondary structural elements [92].  

Experimentally, bacteriorhodopsin (BR) has been shown to refold starting from the 

completely unfolded polypeptide [93], and from two denatured proteolytic fragments 

[94].  These fragments have been refolded in lipid bilayers [95] to produce two-
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dimensional arrays, which have been studied crystallographically and have been shown to 

be indistinguishable from native BR [96].  These outcomes are expected when one 

considers the two-stage model of protein folding.  Here, each transmembrane helix 

behaves as an independent folding domain, where the thermodynamic forces such as 

helix-helix interactions, polar forces, and packing effects control the final structural 

arrangement [83]. 

 

Although only six helical MP have been refolded from a denatured state [97] a common 

requirement for successful re-folding is dissolution of a folding-competent protein in an 

ionic detergent such as SDS or N-lauroylsarcosine.  Interestingly, a recent study of the 

interactions of SDS with membrane proteins [98] suggests that in the presence of SDS, 

membrane proteins are not fully unfolded but that the SDS molecules intercalate between 

the protein helices.  The membrane proteins have lost the close tertiary contacts due to 

the insertion of the SDS molecules, but continue to exist as a loosely packed structure 

(see Figure 12).  Ionic detergent micelles encourage helix formation by providing a 

hydrophobic environment not unlike that of a membrane [99] and discourage aggregation 

by virtue of micelle charge repulsion.  Little is known about the extent of secondary and 

tertiary structure formation of MP in detergent micelles or about the nature of 

intermediates on the folding pathway.  However, thermodynamic and structural studies of 

bacteriorhodopsin [100, 101] and glycophorin A [102, 103] suggest that the final stage of 

MP compaction is facilitated by helix “knobs-in-holes” interactions driven by London 

dispersion forces.  Understanding membrane protein folding in vitro and how lipids, 

bilayers, detergents, co-factors, and protein sequence contribute to protein folding and 
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stability will yield insights into MP folding in vivo and, as suggested by White and 

Wimley [82], is likely to contribute to the elucidation of the principles and forces 

governing water-soluble protein folding. Other benefits include improving the recovery 

of MP from inclusion bodies, and accelerating structure determination by NMR 

spectroscopy and X-ray diffraction. 

 

 

Figure 12:  SDS intercalation of membrane proteins. 

On the left is shown two interacting transmembrane helices in a detergent which stabilizes the native 
structure (white).  On the right, after addition of SDS (black) some of the SDS intercalates between 
the helices, thus changing the spectroscopic properties.  Reprinted from [98] with permission. 

 

 

1.3 Major Intrinsic Protein Superfamily 
 

The Major Intrinsic Protein (MIP) superfamily is comprised of all members of 

aquaporins, glycerol facilitators and aquaglyceroporins (see section 1.3.1) [104].  Named 

after the first aquaporin discovered, the Major Intrinsic Protein [105] found in the eye 

lens, the family of proteins all function as membrane channels that selectively transport 

water, small neutral molecules, or ions out of and between cells, and may play an 

important role in cellular metabolism.  While MIP (since renamed AQP0) gave its name 



 34

to this family, the discovery that MIP was indeed a membrane channel was not made 

until after the discovery of aquaporin1 (AQP1) [106].  The proteins are clustered in the 

family based on their pore specificities, amino acid sequences and gene organization 

[104, 107].  Analysis of these proteins using hydropathy plots [108] suggested that the 

main protein fold consists of six transmembrane helices (1-6) connected by 5 loops (A-

E).  Characteristic of every member of the MIP superfamily is an asparagine-proline-

alanine (NPA) motif2 [109] in loops B and E, which form an important aspect of the 

protein channel [1, 110]. 

 

 

1.3.1 Aquaporins and Aquaglyceroporins 
 

Aquaporins (AQPs) are an important family of proteins that efficiently channel water 

through cell membranes.  Although water can diffuse across biological membranes at 

measurable rates, in their absence, water barely trickles across the hydrophobic cell 

membranes.  Physiologists had long suspected a mechanism by which water would cross 

the membrane at a rate much larger than simple diffusion [111, 112].  The first 

functionally characterized water channel protein, or AQP, was designated AQP1 [113].  

With AQP1 present the Arrhenius activation energy for water crossing the bilayer is less 

than 5 kcal/mol, and as such water can pour through the membrane at the rate of 

approximately three billion water molecules per AQP1 channel per second [114, 115].  

To date thirteen mammalian AQP genes have been identified, and members of all three 

                                                 
2 AQPs 11 and 12 have less conserved NPA motifs.  
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kingdoms of life have been shown to contain at least one AQP gene [107, 116-119], 

reinforcing the fundamental importance of this family of proteins (see  

Table 1). 
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Transport Properties Name 

Water Glycerol 

AQP0 Yes No 

AQP1 Yes No 

AQP2 Yes No 

AQP3 Yes Yes 

AQP4 Yes No 

AQP5 Yes No 

AQP6 Yes No 

AQP7 Yes Yes 

AQP8 Yes No 

AQP9 Yes Yes 

AQP10 Yes Yes 

AQP113
 No No 

AQP124
 Unknown Unknown 

AQPZ Yes No 

GlpF Yes Yes 

AQPM Yes Yes 

 

Table 1:  List of known mammalian, E. coli, and archaebacterial aquaporins, and their transport 
properties. 

To date there are thirteen known mammalian aquaporins (AQP0-12), two known E. coli aquaporins 
(AQPZ and GlpF) and only one known archaebacterial aquaporin (AQPM).  Each is listed above 
with their transport properties. 

 

 

 

                                                 
3 AQP 11 lacks any apparent function. 
4 AQP 12 transport properties are as of yet unknown. 
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1.3.1.1 Structure of the AQP1 Channel 
 

The coding region of the AQP1 cDNA corresponds to a 269 amino acid polypeptide, 

which is predicted by hydropathy analysis to contain six transmembrane segments (1-6) 

connected by 5 loops (A-E) [120].  The polypeptide is interestingly arranged into two 

similar repeats, with the N-terminal half (repeat-1) showing approximately 20% identity 

to the C-terminal half (repeat-2) [120].  Two loops, B and E, show an even greater 

similarity, and each contain the AQP signature NPA motif [120].  Water transport across 

the red cell membrane is known to be inhibited by mercurials, which binds to free 

sulfhydryl groups of cysteine residues [111].  AQP1 contains four cysteine residues, 

however only Cys-189 (located in loop E) has been shown to be sensitive to mercurials 

[121].  Replacement of Cys-189 by Ser abolishes all mercurial sensitivity, however 

replacing the corresponding residue in loop B (Ala-73 → Cys) re-establishes mercurial 

sensitivity, whereas substitutions elsewhere in the protein fail to produce this behaviour 

[121].  In order to account for these observations the AQP1 protein was modeled to have 

an hourglass-like topology in the membrane bilayer, where the six transmembrane helices 

surround a central domain formed from the dipping of loop B into the bilayer from the 

cytoplasmic surface, and the dipping of loop E into the bilayer from the extracellular 

surface (see Figure 13) [122]. 
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Figure 13:  Hourglass representation of the AQP1 protein. 

In the top frame, the two NPA motifs are labelled with an arrow.  In the middle frame, the NPA 
motifs are folded into the middle of the bilayer of the membrane.  The bottom frame shows the 
“collapsing” of the structure into two sets of three helices surrounding the two NPA motifs.  
Reprinted from [122] with permission. 



 39

 

The overlapping of loops B and E was predicted to form a central pore through the centre 

of the protein, with the NPA motifs juxtaposed and flanked by the mercurial inhibitory 

site [122].  Subsequent high-resolution structural models of AQP1 (cryo-electron 

microscopy, human AQP1, 3.8 Å [110] and X-ray diffraction (XRD), bovine red cell 

AQP1, 2.2 Å [123]) showed this hourglass model to be basically correct, with loops B 

and E forming non-bilayer spanning helices at the centre of the protein.  These 

observations permitted molecular dynamics simulations on AQP1, which subsequently 

led to the understanding of how an open channel can allow for rapid flow of water 

molecules across the membrane, but retain complete exclusion to proton conductance 

[124, 125]. 

 

The hourglass structure of AQP1 contains two vestibules, one intracellular the other 

extracellular, where water is in bulk solution.  The vestibules are separated from each 

other by a span of approximately 20 Å, which is so narrow (2.8 Å at its narrowest 

constriction) it can only accommodate water molecules in single file [123].  At this 

narrowest constriction is the side chain of a conserved arginine  (R195) following the 

NPA motif of loop E, which provides a positive charge, and a conserved histidine (H180) 

side chain on the opposite wall, which provides a partial positive charge [123].  Together, 

they serve to repel the positively charged protons [124].  Further down the channel, a 

second mechanism exists, which prevents the leakage of protons.  As the water molecules 

reach the juxtaposed NPA motifs they form hydrogen bonds with the side chains of the 

two asparagine residues of the NPA motifs (N192 and N76) [124].  This, in combination 
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with the two partial positive charges at the centre of the channel, which result from the 

two non-spanning helices of loops B and E, forces a transient reorientation of the water 

molecule’s dipole, which prevents proton conduction via the Grotthus effect [124].  This 

example demonstrates how biology and chemistry are intimately intertwined, and how 

biology uses chemistry to perform fundamental cellular functions. 

 

 

1.3.2 Structure of the GlpF Channel 
 

Many AQPs transport water and glycerol (as well as other small non-ionic solutes) across 

biological membranes, and are termed the aquaglyceroporins (GLPs).  Interestingly E. 

coli contains one member of each of the classical AQPs (AQPZ [126]) and the GLPs 

(GlpF [127]).  The E. coli GlpF is encoded by the first gene in the glpFKX operon, which 

also encodes glycerol kinase (GlpK) and a protein of unknown function (GlpX) [127].  

The glpF gene encodes a 281 amino acid polypeptide, which is predicted by hydropathy 

analysis to contain six transmembrane segments (1-6) connected by 5 loops (A-E), 

similar to AQP1.  The GlpF polypeptide is also arranged into two similar repeats and 

contains the two NPA motifs (residues 68-70 and 203-205). 
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1.3.2.1 The Structure of GlpF 
 

Fu et al. [1] resolved the crystal structure of GlpF to 2.2 Å.  Structural refinement to this 

level permits the observation of individual side-chain electron densities, and thus allows 

for the fitting of the amino-acid sequence into the electron density map to form an 

unambiguous structural model of the GlpF protein (see Figure 14). 

 

 

Figure 14:  The GlpF tetramer. 

A) The crystal structure of the GlpF tetramer.  B) Stereoview of one GlpF monomer.  C) Close-up 
showing the interactions of the two NPA motifs.  D) Schematic diagram of the folding of the GlpF 
protein.  Reprinted from [1] with permission. 
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The GlpF protein crystallizes as a symmetric tetramer of channels (see Figure 14A), with 

the plane of the bilayer perpendicular to the four-fold axis (see Figure 14B).  The 

structure is very similar to that of the AQP1 [123].  GlpF has six transmembrane 

spanning helices (M1, M2, M4, M5, M6 and M8) and two half spanning helices (M3 and 

M7) which fold into a right handed helix bundle around each channel.  Based on the 

crystal structure, 189 of the 2815 residues (67%) are helical.  Inter-helix packing angles 

within the monomers range from approximately +35° to +40°, with intermonomer helix 

angles of approximately -20° both between M1 and M2 of one monomer with M5 and 

M8 of its neighbour [1].  The internal sequence homology of GlpF is shown in Figure 14 

(yellow and blue segments).  Similar to the other AQPs, the N-terminal segment 

originates on the cytoplasmic side of the membrane.  Helix M1 crosses the membrane 

and is followed by loop A, which connects it to helix M2.  Helix M2 spans the membrane 

and connects to loop B.  Loop B reinserts into the centre of the pore from the cytoplasmic 

side and forms the half-spanning helix M3, which originates with the conserved NPA 

motif at residues 68-70.  Loop B returns to the cytoplasmic side of the membrane and 

connects to helix M4, which crosses to the periplasmic side of the membrane.  The C-

terminal segment is arranged much as the N-terminal segment and is connected to it by 

loop C beginning with helix M5 spanning the membrane to the cytoplasmic side, where it 

is connected to helix M6 via loop D.  Helix M6 is followed by loop E which reinserts into 

the centre of the pore from the periplasmic side of the membrane and forms the half-

spanning helix M7, which originates with the conserved NPA motif at residues 203-205.  

                                                 
5 Fu et al. analyzed a 254 residue (6-259) GlpF polypeptide with N- and C-terminal segments truncated.  
The N- and C-terminal segments are assumed to be unstructured. 
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Loop E returns to the periplasmic side of the membrane and is followed by helix M8 

which spans the membrane leaving the C-terminus cytoplasmic (see Figure 14D). 

 

The two half helices M3 and M7 meet with their N-terminal ends near the centre of the 

pore similar to AQP1, and is largely the selectivity filter of GlpF.  The NPA motifs are 

arranged so that the proline ring is nestled between, and in van der Waals contact with, 

the proline and alanine side chains of the other NPA motif (see Figure 14C). 

 

 

1.3.2.2 Glycerol Transport Through GlpF 
 

The GlpF crystal structure shows three glycerol molecules (G1-G3) within the channel 

[1].  G1 is found in the periplasmic vestibule of GlpF where it makes a hydrogen bond 

with Y138 [1].  G2 and G3 are located deep within the pore in what Fu et al. [1] call the 

“selectivity filter site”, where the channel is only large enough to house one CH-OH 

group (see Figure 15).  This also explains why GlpF transports long chain polyols but not 

sugars. 
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Figure 15:  The hydrogen bonding network of GlpF as glycerol passes through the channel. 

The hydrogen bonding network (dotted lines, distances in Angstroms) showing interactions of G2, G3 
and associated water molecules with the selectivity filter.  Hydrophobic contacts are indicated as 
radial lines around atoms or residues.  O1 and O2 are hydrogen bond donors to successive NHs of 
Arg 206, and an acceptor from carbonyl oxygens of Gly 199 and Phe 200 (respectively).  The NH2s of 
Asn 203 and Asn 68 form hydrogen bonds with O1 and O2 of G3 respectively, while O3 forms a 
hydrogen bond with His 66. 

 

The alkyl backbone of G2 is tightly packed into the aromatic rings of W48 and F200, 

which provide part of a “greasy slide” for the glycerol backbone and offer no space for 

substitutions of the CH hydrogen atom.  As a result of this constriction, the CH-OH 

groups of glycerol must pass through the selectivity filter in single file.  Glycerol may be 

co-transported with water as evident from the water molecule between G2 and G3; 

however as the glycerol molecule is transported it is substantially dehydrated via the 

exchange of one set of stringent hydrogen bonds for another.  As is shown in Figure 15, 
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the selectivity filter is designed with two “sides”: one side is polar, with contributions 

from both side chain and backbone atoms while the other side is lined with hydrophobic 

amino acids [1].  As a glycerol molecule enters the pore it is forced to reorient such that 

its alkyl backbone can form van der Waals interactions with, and “slide down”, the 

hydrophobic side, while the polar hydroxyl groups are forced to face the polar side of the 

selectivity filter.  Fu et al. [1] suggest that an “electrostatic triangle” is achieved by the 

protein in order to polarize two successive hydroxyl groups of the glycerol, and is shown 

in Figure 15.  The carbonyls of G199, F200 and A201 are oriented on the periplasmic 

side of the filter via hydrogen bonds to main chain amides of F200, A201 and the side 

chain carbonyl of E152.  The negative charge of E152, the amides of F200 and A201, and 

the positive charge of R206 form the “electrostatic triangle”.  This provides yet another 

filter, where the molecule filling the pore must be polarizable in sections parallel to the 

plane of the membrane. 

 

 

1.3.2.3 Folding and Stability of the AQPs and GLPs 
 

The quaternary structure of the GlpF protein, and indeed the whole AQP family of 

proteins has been under debate since their initial characterization in 1992 [128].  While 

there is a general consensus in the current literature that the AQPs are tetrameric in both 

the membrane and in detergent solution [110, 124, 129-136] the oligomeric state of the 

GLPs in solution and in the membrane remains a point of interest.  Electron microscopy 

studies on the oligomeric state of the GlpF protein have led to ambiguous conclusions.  
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Both negative staining and cryo-electron microscopy of 2-D GlpF crystals have 

suggested, based on the size of the observed particles, that the GlpF protein is a 

homotetramer similar in size to AQP1 [137, 138].  In addition, it was also found that in 

the two-dimensional crystal arrays, the unit cell was an octamer comprised of two 

tetramers in side-on association [137].  The tetrameric assembly analysis of GlpF by 

electron microscopy agrees well with the model of a GlpF tetramer directly interacting 

with the Glycerol Kinase tetramer in E. coli as proposed by Voegele et al. [139].  In 

contrast, freeze-fracture electron microscopy studies of GlpF inserted into oocyte 

membranes suggested that the protein is monomeric in the membrane based on particle 

size analysis [130].  However, we must consider that the heterologous system may induce 

non-native effects on the structure of the protein owing to difference in lipid composition 

between the oocyte membrane and the native E. coli membranes.  The crystallization of 

GlpF from octyl glucoside (OG)-solution, and subsequent analysis by x-ray diffraction 

[1], indicates that in 3-D crystals the GlpF protein exists as a tetramer, and is suggested to 

be the biologically active form of the protein.  

 

Solution studies of the GlpF protein have also led to ambiguous results concerning the 

oligomeric state of the protein.  The current literature suggests essentially two 

possibilities: first that the GLPs are inherently weakly associated tetramers which exist 

predominantly as a monomers in the membrane and in solution [130-134, 140], and 

secondly that the GLPs exist as stable tetramers in the membrane, but are reduced to 

monomeric or weakly associated multimeric species in detergent solution [1, 129, 137, 

138, 141].  In addition to using SDS PAGE for monitoring the coupled events of 
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membrane protein unfolding/dissociation, SDS PAGE may also furnish qualitative 

information regarding the oligomeric stability in that most membrane proteins do not 

dissociate in the presence of SDS unless heated to high temperatures [142], e.g. 

aquaporins are tetramers on SDS-PAGE and in the crystal, while GlpF is a monomer or 

mixture of oligomers on SDS-PAGE, but tetrameric in the crystal.  In addition to using 

SDS PAGE, native PAGE has been used successfully in determining the oligomerization 

state of many membrane proteins [143]. 

 

 

1.4 Biophysical Techniques 
 

1.4.1 Circular Dichroism 
 
One method for monitoring the different aspects of protein structure is circular dichroism 

(CD) spectroscopy.  CD is a spectroscopic method that depends upon the differential 

absorption of left- and right-circularly polarized light by optically active molecules or 

groups and is a standard tool in biochemistry and biophysics where it is used to 

characterize biopolymers such as proteins and nucleic acids (see [144], and references 

therein for a review).  CD is invariably bound to the interactions among the groups being 

measured, and is therefore a measure of molecular geometry [145].  When CD is 

measured, a characteristic curve results (for example, see Figure 16) from the rotary 

strength of the chromophore, which is called a Cotton effect.  Cotton effects arise when 

the electronic motions of a transition are such that parallel components of electronic 
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and/or magnetic moments are generated.  Theoretical models [145] show that for 

simplified systems Cotton effects are generated by one of three mechanisms:  (1) Both 

electronic and magnetic transitions are on the same chromophores (the “one-electron” 

theory).  (2) Both chromophores have electronic transitions, and due to their geometry, 

these transitions couple to produce a Cotton effect (the Kuhn-Kirkwood mechanism, or 

“exciton” theory).  (3) One chromophore has an electronic transition coupled to a 

magnetic transition on a neighboring chromophore (the “μ-m” mechanism).  For a more 

detailed description, see [145], and references therein.  While the structural information 

obtained from CD is limited compared to that obtained by XRD, and NMR spectroscopy, 

it has many advantages.  One such advantage is the wide range of solution conditions and 

temperatures which can be examined.  In addition, data collection is rapid and only small 

amounts of sample are required for CD.  And, as with other spectroscopic techniques, the 

sample is not inherently destroyed by CD.  Consequently CD is a valuable addition to 

other structural biology techniques. 

 

1.4.1.1 Far UV CD 
 
In the far UV region of the spectrum, protein absorbance is dominated by the π→π* 

transition at 190 nm and the n→π* transition near 220 nm [146].  In typical proteins the 

most important contribution to the far UV signal is the orientation of the peptide bonds 

with respect to one another.  It is therefore possible to approximate the far UV spectrum 

as a linear combination of signals from α-helical, β-sheet, and “random coil” secondary 

structural elements (see Figure 16), as well as from aromatic contribution. 
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Figure 16:  Far UV CD of predominantly α-helical, β-sheet and coil protein conformations. 

The three main secondary structural elements are represented: α-helix (red) β-sheet (blue) and coil 
structures (yellow).  Data below 190 nm (shaded green) is not attainable via conventional CD 
instrumentation, and requires the use of a synchrotron radiation source.  Reproduced from [147] 
with permission. 

 

By comparing the far UV CD spectrum of a protein of unknown secondary structure to 

measured far UV CD spectra of proteins with known secondary structure, an estimate of 

the content of α-helical, β-sheet and “disordered” structure can be obtained.  This has 

recently become very accessible due to the advent on the internet of web pages dedicated 

to protein structure, such as DICHROWEB [148] and the Protein Data Bank [60], and to 

algorithms for protein secondary structure analysis (for example CDSSTR [149]).  In 

addition, the use of synchrotron radiation allows the collection of data to much lower 

wavelengths than possible on conventional instrumentation [147].  However, the most 

useful application of far UV CD may be the detection of changes in the secondary 

structure of proteins.  Since the detection of changes at the secondary structural level 
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must involve many residues, these changes are considered to be large scale, and not 

individual residue perturbations. 

 

1.4.1.2 Near UV CD 
 
The study of the tertiary structure of proteins by CD centres on the electronic transitions 

of the aromatic chromophores (i.e. side chains of phenylalanine, tyrosine and tryptophan) 

in the near UV region of the spectrum (320-260 nm) [150].  Because both the occurrence 

of these residues, and their molar absorptivities in the near UV region are low (relative to 

the peptide bond in the far-UV region), the near UV CD absorption and resulting CD 

bands are much weaker than in the far UV CD [151].  As such, much higher 

concentrations of protein are required in near UV CD analyses [150]. 

 

In proteins, only the peptide (exploited in far UV CD studies) and disulfide bonds are 

intrinsically optically active [150].  Because the aromatic chromophores are not 

intrinsically optically active, it is their asymmetrically organized electronic environment 

which bestows upon them transitions measurable by CD spectroscopy.  These transitions 

rely on their local environment, and on whether there is any freedom of rotation around 

the Cα-Cβ or Cβ-Cγ bonds, thus their optical activity is largely determined by the folded 

nature of the protein.  Therefore, a near UV CD spectrum is considered to be indicative of 

the overall protein tertiary structure, with any tertiary structural changes being reflected 

in the near UV CD spectrum [152]. 
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The aromatic transitions are of the π→π* type and are labeled 1La and 1Lb based on the 

Platt notation; these are perpendicular to one another in the plane of the π-bonding system 

[150].  The transitions occur at different wavelengths for each of the aromatic 

chromophores.  However, the intense bands produced by the overlapping of 1La (275 nm) 

and 1Lb (280-290 doublet) tryptophan transitions tends to dominate the near UV CD 

spectra of folded proteins due to its large (with respect to phenylalanine and tyrosine) 

molar absorptivity [152]. 

 

Near UV CD in the 320 nm to 260 nm range results from absorbance of aromatic residue 

side chains held rigidly in asymmetric environments [150].  Although near UV CD can 

not quantitatively assess tertiary structure, the absorption bands may be qualitatively 

analyzed as arising from aromatic side chains held in rigid positions and occupying 

asymmetric environments in folded proteins.  In a tertiary unfolded protein, the aromatic 

side chain residues will have no rigid positions or asymmetric environments and therefore 

no preference to absorb left or right circularly polarized light, which will result in a lack 

of intensity throughout the near UV region.  Therefore, any decrease in near UV CD 

intensity may be interpreted as a decrease in the overall tertiary structure of the protein. 
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1.4.2 Fluorescence Spectroscopy 
 

Fluorescence from the amino acid tryptophan has long been known to be sensitive to the 

polarity of its local environment [153-159], and is an inviting candidate for such a probe, 

except that the required microscopic information has not been conveniently accessible.  

Fluorescence spectroscopy has many advantages in studying protein tertiary structure and 

folding; fluorescence has high sensitivity, is non-destructive, fast, and is sensitive to the 

environment of the fluorophore.  When studying protein tertiary structure using 

fluorescence spectroscopy it is the indole-ring of tryptophan which is usually monitored 

due to the large molar absorptivity and high quantum yield of the tryptophan residue and 

because the excitation and emission wavelengths have a relatively large separation.  In 

folded globular proteins tyrosine emission is often highly quenched by radiationless 

energy transfer to tryptophan as well as by interactions with other protein groups [155].  

About 300 papers per year abstracted in Biological Abstracts report work that exploits or 

studies tryptophan (Trp) fluorescence in proteins.  Among the properties used are changes 

in the fluorescence intensity, wavelength maximum (λmax), band shape, anisotropy, 

fluorescence lifetimes, and energy transfer.  They are applied to folding/unfolding, 

substrate binding, external quencher accessibility, and other questions or areas of 

investigation. 

 

The unfolding of a protein may be followed by measuring protein tryptophan 

fluorescence during thermal or chemical denaturations, or during unfolding of the protein 

due to extremes of pH.  The average tryptophan fluorescence reflects the change in the 
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local environment around these residues, and therefore can be used as a direct means of 

detecting the unfolding of proteins in solution [160].  Tryptophan λmax is quite sensitive to 

its local environment, ranging from ~308 nm (azurin) to ~355 nm (e.g., glucagon) and 

roughly correlates with the degree of solvent exposure of the chromophore.  However, 

emission maximum for tryptophan in proteins is sensitive to both the polarity and the 

dynamics of the environment surrounding the side-chain, and is blue-shifted in 

environments of low polarity such as the hydrophobic interior of a protein or in a 

detergent micelle.  In 1967, Konev and colleagues put forward the hypothesis of the 

existence of two main classes of tryptophan residues in proteins [161].  More recently 

(2001) Burstein and colleagues have extended the classification of Trp fluorescence in 

proteins into 5 classes depending on the polarity and dynamics of the Trp environments 

[162].  First, in Class A (λmax = 308 nm) the tryptophans are buried and do not form 

hydrogen-bound complexes in the excited state (exciplexes [163]) with solvent or 

neighbouring protein groups.  Secondly, Class S (λmax = 316 nm) includes the buried 

tryptophan residues that can form exciplexes with 1:1 stoichiometry.  Third is Class I 

(λmax = 330–332 nm) which represent the buried fluorophores that can form the 

exciplexes with 2:1 stoichiometry.  Fourth is Class II (λmax = 340–342 nm) which 

represent the fluorophores exposed to the bound water possessing very long dipole 

relaxation time, which precludes completing the relaxation-induced spectral shift during 

the excited-state lifetime.  Lastly, is Class III (λmax = 350–353 nm) which contains rather 

fully exposed tryptophans surrounded by highly mobile water completely relaxing during 

the excitation lifetime, which makes their spectra almost coinciding with those of free 

aqueous tryptophan. 
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1.5 Purpose of the Research 
 

In light of the paucity of information on membrane protein structure and folding, and 

specifically the conflicting evidence of the structural characterization of members of the 

MIP superfamily in solution and in the solid state, I propose to study the structure of the 

Escherichia coli integral membrane protein glycerol facilitator in solution.  I propose to 

study the secondary, tertiary and quaternary levels of structure in neutral, zwitterionic and 

negatively charged membrane mimetic environments.  The stability of the protein will be 

measured using heat, urea and changes in pH.  Fluorescence and circular dichroism will 

be used to monitor secondary and tertiary structure, while quaternary structure will be 

monitored via SDS- and BN-PAGE. 
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Chapter 2 Materials and Methods 
 

2.1 Materials 
 

Dodecyl-β-D-maltoside was purchased from Anatrace (Maumee, OH) or Sigma (St. 

Louis, MO).  Sodium dodecyl sulphate, octyl-β-D-glucopyranoside, Coomassie Brilliant 

Blue R-250, β-mercaptoethanol, and urea were obtained from Sigma.  Bis-Tris, 

Coomassie Brilliant Blue G-250, glycerol, and Tris, were from Fisher Scientific 

(Fairlawn, NJ).  Bromophenol blue was from BDH Inc. (Toronto, ON).  Dithiothreitol 

was from Aldrich Chemical Co. (Milwaukee, WI) and imidazole was from Fluka 

(Switzerland).  1-myristoyl-2-hydroxy-sn-glycero-3-phosphocholine was from Avanti 

Polar Lipids (Alabaster, AL).  Nickel-nitrilotriacetic acid (NTA) resin was from Qiagen 

(Toronto, ON).  SDS-PAGE molecular weight markers were from Fermentas Life 

Sciences (Burlington, ON) and bovine serum albumin, the molecular weight standard for 

BN-PAGE was from Sigma. D2O and 15N ammonium chloride were purchased from 

Cambridge Isotope Laboratories (Andover, MA).  All other materials were of the highest 

purity commercially available. 
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2.2 Methods 
 

2.2.1 Glycerol Facilitator Expression and Purification. 
 

E. coli glycerol facilitator was expressed in BL21(DE3)pLysS cells [164] or C43(DE3) 

cells [165] from a pET28b(+) plasmid (Novagen) encoding an N-terminal His6 

purification tag and T7 epitope, as described previously [126, 141, 166].  The Mr of the 

GlpF including the N-terminal fusion tags is 33,505 kDa and was confirmed by mass 

spectrometry [141]; its calculated pI is 7.2 (MacVector, Oxford Molecular).  For the 

purposes of purification of the glycerol facilitator, E. coli cells were incubated with 

DNase, RNase and lysozyme (1 mg each per litre of cells harvested) for 30 minutes, or 

mechanically sheared by brief sonication on ice.  Unbroken cells were removed by 

centrifugation, and membranes were prepared by ultracentrifugation at 100,000xg for 60 

min, at 4oC, in a Beckman SW28 rotor and either a Beckman L8 70M or Beckman-

Coulter LE 80k centrifuge [167].  The membranes were then solubilized in 25 mM 

sodium phosphate buffer pH 7.6, containing 200 mM NaCl, 2 mM β-mercaptoethanol 

and one of DDM (30 mM), OG (50 mM), SDS (150 mM), or LMPC (20 mM), and the 

protein was purified using immobilized metal chelate chromatography.  Protein 

purification was done by washing the resin with 15 ml of 25 mM sodium phosphate 

buffer (pH 7.5) containing 200 mM NaCl, 30 mM imidazole, and detergent (3 mM DDM, 

25 mM OG, or 150 mM SDS) or lyso-lipid (2 mM LMPC).  The resin was next washed 

with the same buffer containing 50 mM imidazole until the A280 was below 0.01. GlpF 
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was eluted from the Ni2+-NTA column using the same buffer containing 250 mM 

imidazole.  In the case of SDS-solubilized protein, the resin was washed with 5 mM 

imidazole and the protein eluted using 50 mM imidazole or elution was done by lowering 

the pH as described previously [141].  For the far UV CD experiments, GlpF samples 

were dialyzed twice against buffer containing no imidazole.  Adjustment of the pH was 

done by adding glacial acetic acid (up to 50 mM) followed by concentrated HCl, as 

necessary.  Protein purity was analysed by SDS-PAGE [168] and MALDI-Mass 

Spectrometry [141]. 

 

 

2.2.2 Electrophoresis 
 

Electrophoresis was done using the Hoefer® Mighty Small II SE 250 mini-vertical gel 

electrophoresis unit. 

 

For the SDS denaturing gels, protein samples were incubated in 50 mM Tris-HCl pH 6.8, 

2% SDS, 0.1% Bromophenol blue, 10% glycerol, and 1% (V/V) β-mercaptoethanol for 

10 minutes at 25°C, prior to gel loading.  Separation was by SDS-PAGE in Laemmli 

discontinuous gels [168] composed of a 4% acrylamide stacking gel and a 10% resolving 

gel.  After electrophoresis, proteins were visualized by staining with Coomassie Brilliant 

Blue R250.  
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For the Blue Native gels [169] protein was incubated in 80 mM BisTris-HCl, pH 7.0, 400 

mM 6-amino-caproic acid, and Brilliant Blue G-250 (1/100 of detergent) for 10 minutes 

at 25°C prior to gel loading. BN PAGE was done using step (4%-10% polyacrylamide) or 

continuous (4%-15%) gradients at 5°C.  Electrophoresis was started at 50 Volts and 

continued until all the protein entered the gel after which the voltage was increased to 

200 Volts for 3-4 hours. 

 

For pH titrations via both SDS PAGE and BN PAGE, sample pH was sequentially 

adjusted, with aliquots removed at each pH increment. 

 

 

2.2.3 Circular Dichroism and Fluorescence. 
 

CD and fluorescence spectra were acquired with a Jasco 810 spectropolarimeter/ 

fluorometer calibrated with camphorsulfonic acid.  Sample temperature was controlled by 

a Julabo F25 circulating water bath or with a built-in Pelletier device.  Briefly, for 

acquisition of far UV CD spectra, protein solutions were placed in a quartz cuvette with a 

0.1 cm path length and spectra were collected at 10 or 20 nm/min between 250-185 nm 

with a response time of 16 or 8 seconds respectively, and data pitch of 0.1 nm.  For near-

UV CD spectra the samples were placed in a quartz cuvette with a 1.0 cm path length and 

spectra were collected at 5 or 20 nm/min between 340-250 nm with a response time of 32 

or 8 seconds respectively, and data pitch of 0.1 nm.  Baselines were collected in the same 
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fashion on buffer solutions and spectra were baseline corrected.  Protein concentrations 

were determined using the calculated molar absorptivity of 38,305 M-1 cm-1 and are 

indicated in the Figure legends.  The CD intensity and wavelength of the 

spectropolarimeter were calibrated using solutions of d-10-camphorsulphonic acid [170].  

Mean Residue Ellipticities (θx10-3 deg•cm2•dmole-1•residue-1) were calculated using the 

equation:  [θ]M = Mθ/(10)(l)(c)(n) where M is 33,505 grams per mole, θ is the measured 

ellipticity in millidegrees, l is the cell path length, c is the protein concentration in g/L, 

and n = 315 peptide bonds (due to the 316 residues).  Deconvolution of the CD spectra 

into pure component spectra was performed using the algorithm CDSSTR [149] accessed 

through Dichroweb [148].  For calculations of helix content we have assumed that none 

of the 35 amino acids in the His6-T7 tag are helical.  Molar ellipticities (deg•cm2•dmole-1) 

were calculated using:  [θ] = θ/10(c)(l) where θ is the measured ellipticity in 

millidegrees, l is the cell path length in cm and c is the protein concentration in mol/L.  

Fluorescence spectra were collected in a 1 cm2 rectangular quartz cell with a 0.5 s 

response time, a data pitch of 1 nm, a scanning speed of 100 nm/min, and excitation and 

emission bandwidths of 8 nm and 10 nm, respectively. 

 

 

2.2.4 Curve Fitting 
 

Near UV and far UV CD temperature titrations were done at a rate of 60 °C/hr, and  
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fitted to Equation 1, where Yobs is the observed ellipticity, Yf and Yu are the ellipticities 

of the low (folded) and high (unfolded) temperature forms of the protein respectively, mf 

and mu are the slopes of the curves at low and high temperatures respectively, R is the gas 

constant, and ΔH and ΔS are the enthalpy and entropy of unfolding [171, 172]. 

Equation 1: Yobs =
Yf + m f T + (Yu + muT )•e(−ΔH +TΔS ) /(RT )

1+ e(−ΔH +TΔS ) /(RT )    

 
Errors were calculated using the Student’s t test.  The temperature gradient of 60 °C/hr 

was chosen so as to be consistent within experiments, and with current literature [173].  

Equation 1 fits the thermal dependence of the ellipticity to a two-state unfolding 

transition yielding a value for Tm=ΔH/ΔS, the midpoint of the transition where the 

concentrations of folded and unfolded protein are equal.  As the unfolding reactions are 

irreversible the fits were used only to extract Tm values as quantitative indicators of the 

thermal stability of the protein.  The cooperativity of the transitions was quantified by 

calculating the range of temperatures (ΔT) over which 80% of the unfolding occurs and 

which corresponds to a Keq range of 0.25 to 4.0.  The urea unfolding rate constant was 

obtained by fitting the time-dependence of the near UV CD ellipticity at 268 nm to 

Equation 2. 

Equation 2: Yobs = A•e(−k•t ) 

 
All the fits were done using the non-linear least-squares fitting program in MathematicaTM 

5.1 [174]. 
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Chapter 3 Results 
 

Biophysical Characterization of GlpF in Detergent Solutions 
 

Detergent plays an important role in determining the folded states of membrane proteins 

and GlpF is no exception.  We have prepared GlpF in a variety of detergents including a 

denaturing ionic detergent (SDS), non-denaturing detergents (OG and DDM) and a lyso-

phospholipid (LMPC).  These were chosen as they represent a variety of polar head 

groups and carbon chain lengths in the lipidic tails, are relatively inexpensive, and are 

commonly used detergents/lyso-lipids in membrane protein research.  Thermal unfolding 

of GlpF in these detergent solutions provides an assessment of protein stability by using 

the mid-point of unfolding.  In addition, lowering the pH of detergent-solubilized GlpF 

induces an acid-unfolded “molten globule-like” structure in DDM and LMPC; OG-

dissolved GlpF proved to be too unstable for such analysis.  In order to characterize the 

effects of these thermal and pH changes we have studied the quaternary, tertiary and 

secondary structural elements of GlpF in these detergent solutions. 

 

 

3.1 Quaternary Structure Analysis of Detergent Solubilized 
Glycerol Facilitator 
 

The GlpF quaternary structure in each of the detergent solutions was studied using SDS 

PAGE and BN PAGE.  Most water soluble proteins are unfolded by SDS, which binds to 
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them at a ratio of about 1 SDS per 2 amino acids [175].  Thus, SDS PAGE is considered 

a denaturing technique which gives reasonably accurate protein molecular weights based 

on similar charge-to-mass ratios. By comparison, for membrane proteins BN PAGE is a 

native electrophoretic method used to observe membrane protein complexes (quaternary 

structure) when non-denaturing detergents are used to stabilize the protein [169]. 

 

 

3.1.1 Glycerol Facilitator Quaternary Structure in Sodium Dodecyl 
Sulfate Solution 
 

The SDS electrophoregrams in Figure 17 and Figure 18 show that when GlpF is 

solubilized in SDS solution, it exists as a mixture of oligomers whether eluted from Ni-

NTA-resin using a pH step-gradient (Figure 17) or using imidazole competition at pH 7.8 

(Figure 18).  

 

The electrophoregram of GlpF dissolved in 150 mM SDS and eluted from Ni-NTA-resin 

using a pH gradient (Figure 17), shows the existence of a mixture of oligomers.  These 

include monomer, just below 36 kDa (lactate dehydrogenase molecular weight standard) 

dimer, which runs between 47 and 85 kDa (ovalbumin and bovine serum albumin 

molecular weight standards respectively), trimer near 85 kDa and tetramer near 118 kDa 

(β-galactosidase molecular weight standard), with dimer representing the dominant 

species (see Figure 17). 
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SDS solubilized GlpF eluted from Ni-NTA-resin using imidazole competitive binding 

exists as a mixture of oligomers as observed by SDS PAGE (see Figure 18).  Monomers 

(M), dimers (D) and trimers (Tr) are observed in Figure 18, however the predominant 

species appears to be monomeric under the neutral pH imidazole elution conditions. 
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Figure 17:  SDS PAGE electrophoregram of GlpF dissolved in 150 mM SDS solution eluted from the 
Ni-NTA-resin at pH 4. 

Monomer (M), dimer (D), trimer (Tr) and tetramer (Te) of the GlpF protein are all observed in the 
right lane.  Molecular weight standards are shown in the left lane. 
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Figure 18:  SDS PAGE electrophoregram of GlpF dissolved in 150 mM SDS solution eluted from the 
Ni-NTA-resin using imidazole competition. 

Monomeric (M), dimeric (D) and trimeric (Tr) protein.  Molecular weight standards are shown in the 
left lane, GlpF is shown in the right lane. 

 

 

3.1.2 Glycerol Facilitator Quaternary Structure in Octyl Glucoside 
Solution 
 

An SDS PAGE electrophoregram of GlpF solubilized in OG shows that it exists as a 

mixture of oligomers when eluted from NTA-resin with low pH.  Significant amounts of 

monomer, dimer, trimer, tetramer, pentamer and hexamer can be identified on the 

electrophoregram (see Figure 19 right lane).  Low pH-eluted GlpF solubilized in OG 

appears to be almost equal parts monomer and dimer, with lesser amounts of the other 

oligomers.  In addition, Figure 19 shows that considerable amounts of high molecular 

weight oligomers (‡) are present at the top of the SDS PAGE gel, but are not resolved 

under these electrophoresis conditions.  The observation that OG-dissolved GlpF exists as 

a mixture of oligomers is in good agreement with much of what is seen in the current 
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literature [129, 133, 134].  However, OG has been used to prepare GlpF protein that 

crystallizes as a tetramer [1]. 
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Figure 19:  SDS PAGE electrophoregram of GlpF dissolved in OG solution eluted from the Ni-NTA-
resin using low pH. 

Monomer (M), dimer (D), trimer (Tr), tetramer (Te), pentamer (P) and hexamer (H) are observed, as 
well as other larger molecular weight aggregates (‡) that can not be resolved under these conditions. 

 

3.1.3 Glycerol Facilitator Quaternary Structure in Dodecyl Maltoside 
Solution 
 

In DDM solution, GlpF electrophoreses predominantly as a monomer with only small 

amounts of dimer, trimer and tetramer observed when eluted from the Ni-NTA-resin 

using a pH gradient (Figure 20A lane 1).  However, when eluted from the Ni-NTA-resin 

using an imidazole gradient (Figure 20B lane 1) the GlpF protein is almost exclusively 

tetrameric with only very small amounts of monomer, dimer and trimer and occasionally 

octamer observed, as shown in Figure 20 lane 1.  This represents the first preparation 
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where detergent-solubilized tetrameric GlpF protein is observed via SDS-PAGE analysis.  

X-ray diffraction (XRD) analysis of the GlpF protein has shown that, similar to other 

members of the AQP family [123, 176], GlpF exists as a tetramer [1] and that the 

tetramer is suggested to be the biologically active form of the GlpF protein.  The small 

amounts of monomer, dimer, and trimer may be caused by the presence of SDS during 

the electrophoresis.  SDS may cause small amounts of the GlpF protein to denature, 

causing both dissociation and partial aggregation of the tetramer into these other species.  

The new extraction and purification preparation that I implemented has resulted in greater 

protein purity and a decrease in the amount of monomer, dimer and trimer observed on 

SDS electrophoregrams when non-denaturing detergents are chosen. 
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Figure 20:  SDS PAGE electrophoregrams of thermal unfolding of GlpF. 

The protein was solubilized in DDM and eluted from the Ni-NTA-resin using (A) pH gradient or (B) 
imidazole competition.  (A) and (B): lane 1, 20 °C; lane 2, 40 °C; lane 3, 60 °C; lane 4, 80 °C.  † Very 
high molecular weight oligomers only able to enter the stacking gel.  ‡ High molecular weight 
oligomers able to just enter the separating gel. 

 



 67

Thermal unfolding of proteins can be used to estimate their stability (see [142] and 

references therein).  If this process is not a reversible one no thermodynamic information 

can be extracted, however useful information about the stability of the protein in solution 

can be deduced by studying the midpoint of the unfolding transition [142].  The transition 

midpoint is taken as the point where the number of protein molecules that are folded is 

equal to the number of unfolded protein molecules. 

 

Thermal unfolding of the low-pH eluted GlpF, solubilized using DDM (Figure 20A), 

shows an introduction of higher molecular weight oligomers accompanied by a 

diminishing of the monomeric species.  At 20 °C (Figure 20A lane 1) the GlpF protein is 

predominantly monomeric, while small amounts of dimer, trimer and tetramer are also 

observed.  This pattern is virtually identical at 40 °C (Figure 20A lane 2).  A slight 

decrease in overall protein intensity is observed once the temperature is elevated to 60 °C 

(Figure 20A lane 3) although no large molecular weight aggregates can be seen.  Upon 

reaching 80 °C (Figure 18A lane 4) only small amounts of monomer, dimer, trimer and 

tetramer can be observed, with the majority of the GlpF protein being present as very 

high molecular weight aggregates that barely enter the separating gel.  The transition 

midpoint for denaturation of the monomer in DDM solution at low pH appears to be 

above 60 °C judging from the intensities of the bands on the gel. 

 

A similar pattern is observed for the imidazole-eluted DDM-solubilized GlpF (Figure 

20B) when thermally unfolded.  At 20 °C (Figure 20B lane 1) GlpF is predominantly 

tetrameric on an SDS PAGE gel when dissolved in DDM.  Very small amounts of 
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monomer, dimer and trimer can also be observed.  This pattern is maintained on the gel 

through 40 °C (Figure 20B lane 2) and 60 °C (Figure 20B lane 3) with little or no change 

in the distribution of species.  When the temperature is raised to 80 °C (Figure 20B lane 

4) the tetrameric GlpF protein completely disappears from the gel and is now observed as 

a multitude of oligomers with most of the GlpF protein existing as high molecular weight 

species.  Some of these high molecular weight aggregates are too large to enter the 

separating gel and can only enter the stacking gel (†), while others enter the top of the 

stacking gel only (‡).  These high molecular weight aggregates are likely formed when 

the thermally denatured GlpF tetramers dissociate into monomers.  These thermally 

denatured monomers then aggregate into larger oligomers.  However, the presence of 

SDS maintains a small amount of the smaller oligomers in solution, hence the 

observation of dimer, trimer, tetramer and pentamer, while a large amount of the protein 

exists as soluble high molecular weight aggregates seen at the interface between the 

stacking gel and the running gel (‡).  The large amount of protein that just enters the top 

of gel most likely represents insoluble high molecular weight aggregates of the protein 

(†). 

 

In order to probe the effect of pH on GlpF quaternary structure, imidazole-eluted GlpF at 

pH 7.8 was subjected to a pH titration (see Figure 21).  Figure 21 lane 1 shows that at pH 

7.8, DDM-solubilized GlpF runs predominantly as a tetramer on an SDS PAGE gel (as 

seen previously in Figure 20), with minor amounts of monomeric species evident.  

Lowering the pH to 7.0 (Figure 21 lane 2) resulted in no observable change in the DDM-

solubilized GlpF oligomerization state.  However, when the pH is lowered to 6.0 (Figure 
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21 lane 3) an increased amount of monomeric DDM-solubilized GlpF is detected and a 

corresponding decrease in the amount of tetrameric DDM-solubilized GlpF is observed 

on the gel.  By pH 5.0 (Figure 21 lane 4), the DDM-solubilized GlpF tetramer is no 

longer observed, and only the monomeric species is evident.  Lowering the pH to 4.0 

causes no additional change to the oligomerization state of the protein (Figure 21 lane 5). 
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Figure 21:  SDS PAGE electrophoregram of a pH titration of DDM-solubilized GlpF. 

The GlpF protein was eluted from the Ni-NTA-resin using imidazole competition showing acid 
induced denaturation and possible renaturation of the GlpF tetramer upon restoration of the pH to 
near neutral.  Lane 1, pH 7.8; lane 2, pH 7; lane 3, pH 6; lane 4, pH 5; lane 5, pH 4; lane 6, pH 5; lane 
7 pH 6; lane 8, pH 7; lane 9, pH 7.8.  Monomer (M), tetramer (Te) and protein aggregates (‡) are 
labelled for clarity. 

 

In order to determine if the acid-induced unfolding of the tetramer could be reversed, the 

pH of the same protein preparation was elevated and the refolding monitored by SDS-

PAGE.  As the pH is incrementally raised back to 7.8 from 4.0, a slightly different pattern 

emerges.  When the pH is raised to 5.0 (Figure 21 lane 6) only monomeric DDM-

solubilized GlpF is observed, as is seen in Figure 21 lanes 4 and 5 (pH 5.0 and 4.0 

respectively).  A notable difference is first observed when the pH is returned to 6.0 



 70

(Figure 21 lane 7), with a re-appearance of the tetrameric DDM-solubilized GlpF.  

Compared to Figure 21 lane 3 (pH 6.0), there appears to be significantly more monomeric 

GlpF protein and less tetrameric GlpF protein.  Of even greater difference is the protein 

oligomerization when the pH is raised to pH 7 and pH 7.8 (Figure 21 lanes 8 and 9 

respectively).  Here the tetramer comprises an even smaller amount of the total protein 

observed, and monomeric GlpF makes up a much greater fraction of protein on the gel.  

This result apparently shows that the acid-induced unfolding of the GlpF tetramer is 

partially reversible.  By eye, approximately 30 % of the protein is restored to the tetramer 

at pH 6, with no further increase in tetramer when the pH is raised to 7 or 7.8. 

 

Figure 21 lane 5 shows that at pH 4, DDM-solubilized GlpF runs as a monomer on SDS 

PAGE.  However, when the pH is raised back to pH 7 (Figure 21 lane 8) a significant 

amount of tetramer is reformed.  During each SDS PAGE experiment proteins are 

subjected to approximately 60 mM SDS from the sample treatment buffer.  In order to 

separate the effects of SDS and low pH on tetramer formation, an SDS titration was 

carried out on DDM-solubilized GlpF at pH 4.  If the DDM-solubilized GlpF is not 

exposed to SDS at pH 4 (Figure 22 lane 1), when returned to pH 7 it runs predominantly 

as a tetramer with very little monomer observed, but noticeable amounts of higher 

molecular weight oligomers are present (‡).  These oligomers appear to be octameric, and 

are also observed in AQP0 preparations [177].  Little to no change is seen if the pH 4 

DDM-solubilized GlpF experiences only 2 mM SDS before raising the pH back to 7 

(Figure 22 lane 2).  However once the SDS concentration at pH 4 reaches 5 mM (Figure 

22 lane 3), the introduction of monomeric species is observed.  As the SDS concentration 
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is further raised to 10 mM (Figure 22 lane 4), the majority of tetrameric and octameric 

GlpF is lost and significant amounts of both monomer and dimer are observed.  Further 

increases in SDS concentration to 20 mM, 40 mM and 60 mM (Figure 22 lanes 5, 6, and 

7 respectively) continue to decrease the tetrameric and octameric species while increasing 

the monomeric and dimeric forms of the pH 4 DDM-solubilized GlpF. 
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Figure 22:  SDS titration of pH 4 DDM-solubilized GlpF observed by SDS PAGE. 

The sample pH was restored to pH 7 in all cases prior to electrophoresis.  Lane 1, 0 mM SDS; lane 2, 
2 mM SDS; lane 3, 5 mM SDS; lane 4, 10 mM SDS; lane 5, 20 mM SDS; lane 6, 40 mM SDS; lane 7, 
60 mM SDS.  Monomer (M), dimer (D), tetramer (Te) and oligomers (‡) are labelled for clarity. 

 

These experiments suggest that at pH 4, DDM-solubilized GlpF is only slightly unfolded 

at the quaternary level.  However, if the pH 4 protein is subjected to any amount of SDS 

greater than 10 mM, the protein is converted to a monomeric species which is only 

partially able to restore its quaternary contacts when the pH is raised back to neutrality.  

This result suggests that the stability of the DDM-solubilized GlpF tetramer at pH 4 is 

very low, as only 10 mM SDS is needed to dissociate the tetramer.  However, it also 
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raises the question whether in the absence of SDS the tetramer dissociates at low pH and 

reforms at pH 7, as suggested in Figure 21, or if the tetramer remains intact at pH 4.  

 

To investigate this further, the quaternary structure of DDM-solubilized GlpF at neutral 

pH was examined using BN PAGE.  Thermal stability was assessed by a temperature 

denaturation and was monitored using BN PAGE.  At 20 °C (Figure 23 lane 1) DDM-

solubilized GlpF exists exclusively as a tetramer (Te) when observed by BN PAGE; no 

amount of monomer, dimer, trimer, or other oligomers are detectable.  This indicates that 

the monomeric, dimeric and trimeric species observed on SDS PAGE for DDM-

solubilized GlpF (as seen in Figure 20B) are induced by the presence of SDS required to 

run the SDS PAGE electrophoregrams.  As the temperature is raised the tetramer is 

maintained until 60 °C as was seen in the SDS PAGE experiment.  As the temperature is 

raised to 80 °C and above, the tetrameric species disappears from the gel and is replaced 

with higher molecular weight species too large to enter the pores of the gel.  This is likely 

the result of the GlpF tetramer dissociating to monomeric species with the increase in 

temperature.  Unlike SDS PAGE, where the presence of SDS helps maintain soluble 

monomers and small oligomers, BN PAGE appears unable to solubilize the thermally 

unfolded monomers.  Monomers are not observed because they are prone to aggregation 

and give rise to very large oligomers. 

 



 73

 

66

132

198
MW

4321

Te

66

132

198
MW

4321

Te

 

Figure 23:  BN PAGE electrophoregram showing the thermal unfolding of imidazole-eluted pH 7 
DDM-solubilized GlpF. 

Lane 1, 20 °C; lane 2, 40 °C; lane 3, 60 °C; lane 4, 80 °C. 

 

 

A pH titration of DDM-solubilized GlpF was also studied by BN PAGE in order to 

observe the effect of acidic pH on the GlpF tetramer under native electrophoresis 

conditions.  At pH 7 (Figure 24 lane 1) DDM-solubilized GlpF is observed as a tetramer 

(Te) on the BN PAGE electrophoregram with a small amount of octamer (O), and high 

molecular weight aggregates (‡) at the interface between the stacking and running gels 

are also observed.  As the pH is lowered to pH 6 (Figure 24 lane 2) the intensity of the 

observed octamer is decreased coinciding with an increase in the higher molecular weight 

aggregates.  In addition, the appearance of very high molecular weight aggregates (†) at 

the top of the gel is observed.  However, no apparent large decrease in the tetramer 

intensity is observed.  As the pH is lowered to 5 (Figure 24 lane 3) this pattern is 

continued and the octamer now has almost completely disappeared, again with little to no 
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change in the intensity of the tetramer.  However, when the pH is lowered to 4 (Figure 24 

lane 4) the tetramer is greatly diminished with a corresponding increase in very large 

oligomers that are unable to enter the gel.  The large amount of high molecular weight 

aggregates of DDM-solubilized GlpF at pH 4 suggest that the protein is now an unstable 

tetramer, prone to aggregation.  This is very different from the SDS PAGE situation 

where DDM-solubilized GlpF at pH 4 is exclusively monomeric (Figure 21 lane 5).  In 

DDM, only at pH 3 (Figure 24 lane 5) does the tetramer completely disappear from the 

gel and is at the same time replaced by a monomeric (M) GlpF species. 
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Figure 24:  BN PAGE electrophoregram showing pH induced unfolding of imidazole-eluted DDM-
solubilized GlpF. 

Lane 1, pH 7; lane 2, pH 6; lane 3, pH 5; lane 4, pH 4; lane 5, pH 3. 

 

 

Since the calculated pI of the GlpF protein is 7.56 [141], lowering the pH should increase 

the net charge on GlpF; increased charge repulsion should make the protein less prone to 

aggregation, unless the protein is unfolded by these effects.  These results suggest that the 
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octamer observed between pH 7 and pH 5 is an unstable oligomer, prone to aggregation 

with even the slightest decrease in pH.  This is in contrast to the tetramer, as it appears 

stable over this pH range.  As the pH is decreased and charge repulsion builds, the GlpF 

tetramer is prone to aggregation near pH 4.  The absence of monomeric GlpF above pH 3 

suggests that either the tetramers remain intact and aggregate as groups of tetramers, or 

that the charge repulsion is insufficient to prevent individual monomers from aggregating 

into very large species.  As the pH is lowered to 3, we see the appearance on the BN-gels 

of monomeric GlpF.  Either the tetramers are dissociating to soluble monomeric species 

or the charge repulsion is now great enough to prevent some monomers from 

aggregating, and are therefore observed on the BN PAGE electrophoregram.  

Furthermore, although the ionization state of Coomassie Blue G250 is not expected to 

change in the pH range studied here, it is conceivable that the interactions between the 

dye and protein change under these conditions resulting in some of the observations.  It is 

also conceivable that the change in ionization state of the aminocaproic acid at low pH 

plays a role in these observations. 

 

Urea is a common protein denaturant used to measure the stability of many water-soluble 

proteins [178].  Initial experiments on DDM-solubilized GlpF indicated a time 

dependence of the effects of urea (see Figure 3-20) and in order to permit the 

establishment of equilibrium conditions the protein was incubated in various 

concentrations of urea for 3 weeks.  Figure 25 and Figure 26 show the effects of additions 

of urea on the DDM-solubilized protein quaternary structure.  According to SDS PAGE, 

low concentrations of urea (2-4 M; Figure 25 lanes 2-3) have a minor effect on the 
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amount of tetramer (Te) present in the solution.  Small increases in monomer (M), dimer 

(D) and trimer (Tr) are observed but the most notable change is the significant loss of a 

high molecular species that appears to be an octamer (O) that is sometimes observed in 

the preparations.  After incubation for 3 weeks in 8 M urea (Figure 25, lane 5), the 

tetramer is nearly absent, monomer, dimer, and trimer have increased substantially, and 

the octamer is greatly reduced.  In addition, protein oligomers electrophoresing between 

the tetramer and octamer appear that are likely non-specific aggregates soluble in high 

concentrations of SDS and urea. 
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Figure 25:  SDS PAGE electrophoregram monitoring the effects of urea on pH 7 DDM-solubilized 
GlpF after 3 weeks. 

Lane 1, 0M urea; lane 2, 2M urea; lane 3, 4M urea; lane 4, 6M urea; lane 5, 8M urea.  Monomer (M), 
dimer (D), trimer (Tr), tetramer (Te) and Octamer (O) are labelled on the electrophoregram. 

 



 77

66

132
198

1 2 53 4

D

Tr
Te

O

66

132
198

1 2 53 4

D

Tr
Te

O

 

Figure 26:  BN PAGE electrophoregram monitoring the effects of urea on GlpF after 3 weeks. 

Lane 1, 0M urea; lane 2, 2M urea; lane 3, 4M urea; lane 4, 6M urea; lane 5, 8M urea.  Dimer (D), 
trimer (Tr), tetramer (Te) and Octamer (O) are labelled on the electrophoregram. 

 

The preceding experiment indicates the high stability of the GlpF protein with respect to 

urea in 60 mM SDS.  In order to explore the effects of urea in the absence of SDS, BN 

PAGE was used.  BN PAGE of the same samples is shown in Figure 26.  The BN gels 

appear to be less sensitive to the unfolding induced by urea at low concentrations because 

in the absence of SDS the low molecular weight species are not observable on the gels.  

Presumably any monomer that forms, aggregates into high molecular weight aggregates 

that are too large to enter the gel.  It is also possible that in the absence of SDS the 

tetramer is resistant to dissociation into monomer, dimer and trimer in low concentrations 

of urea.  However, at 6 M and 8 M urea the unfolding of the tetramer (Te) and octamer 

(O) are evident from their diminishing bands on the BN gel and from the very faint bands 

that appear to be trimer (Tr) and dimer (D) that appear.  The latter are likely soluble in 

small amounts because of the high concentrations of urea present, whereas in the absence 

of urea at pH 7 and 20 °C they are never observed. 
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3.1.4 Glycerol Facilitator Quaternary Structure in Lyso-Myristoyl 
Phosphatidylcholine Solution 
 

Both SDS and BN PAGE show that in LMPC solution GlpF exists predominantly as a 

tetramer when eluted from Ni-NTA-resin using an imidazole gradient (Figure 27 A and B 

respectively, lanes 4).  Heating of the imidazole-eluted GlpF protein in LMPC solution 

results in a similar pattern to that observed for the DDM-solubilized GlpF.  The SDS 

PAGE electrophoregram shows that LMPC-solubilized GlpF is predominantly tetrameric 

(Te) at 20 °C (Figure 27 A lane 4) with some monomer (M), and very small amounts of 

dimer (D) and trimer (Tr) observed.  This pattern is maintained on the gel through 40 °C 

(Figure 27 A lane 3) and 60 °C (Figure 27 A lane 2) with little or no change.  As the 

temperature is raised to 80 °C (Figure 27 A lane 1) the GlpF tetramer is reduced in 

intensity, with a resultant increase in the monomeric, dimeric and trimeric species 

observed, and in addition high molecular weight aggregates (‡) are introduced.  However, 

the majority of the LMPC-solubilized GlpF still exists as a tetramer at 80 °C.  As was 

seen with the thermal denaturation of DDM-solubilized GlpF (Figure 20 B), some of the 

observed high molecular weight aggregates only enter the top of the polyacrylamide 

stacking gel while others remain at the interface between the stacking gel and separating 

gel. 
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Figure 27:  SDS (A) and BN (B) electrophoregrams showing the thermal denaturation of imidazole-
eluted LMPC-solubilized GlpF. 

(A) and (B): lane 4, 20 °C; lane 3, 40 °C; lane 2, 60 °C; lane 1, 80 °C. 

 

At 20 °C, LMPC-solubilized GlpF exists almost exclusively as a tetramer (Te) when 

observed on a BN PAGE electrophoregram (Figure 27B lane 4) with no trace of any low 

molecular weight species.  However, as is sometimes seen, the existence of very small 

amounts of an octameric (O) GlpF species is evident.  The GlpF tetramer is again 

maintained through 40 °C (Figure 27 B lane 3) and 60 °C (Figure 27B lane 2) as was 

observed on the SDS PAGE electrophoregram (Figure 27A).  As the temperature is raised 

to 80 °C (Figure 27B lane 1), the tetrameric species is slightly reduced in intensity and is 

replaced by some higher molecular weight species (†) as evident from the protein species 

too large to enter the polyacrylamide separating gel, in addition to small amounts of  

monomeric, dimeric and trimeric species of the GlpF protein. 

 

Of particular note in the thermal denaturation of LMPC-solubilized GlpF is the retention 

of the majority of the tetrameric structure on both SDS and BN PAGE electrophoregrams 
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even at temperatures as high as 80 °C (Figure 27A lane 1 and Figure 27B lane 1 

respectively).  This is in contrast to the DDM-solubilized GlpF, which at temperatures of 

80 °C have almost no tetrameric GlpF present when observed with either SDS or BN 

PAGE (Figure 20B lane 4 and Figure 23 lane 4 respectively), suggesting that the 

phosphatidylcholine head group, or the longer myristoyl carbon chain, endows the GlpF 

protein with greater thermal stability. 

 

In order to probe the effect of acidic conditions on LMPC-solubilized GlpF quaternary 

structure, the LMPC-solubilized GlpF protein eluted from Ni-NTA-resin using imidazole 

(pH 7.2) was subjected to a pH titration and monitored using both denaturing SDS 

PAGE, and non-denaturing BN PAGE.  Denaturing SDS PAGE shows that in LMPC 

solution, GlpF is predominantly tetrameric (Te) near neutral pH (Figure 28A lane 5).  

Once the pH is lowered to 6.0 however (Figure 28A lane 4), increased amounts of 

monomer (M), dimer (D) and trimer (Tr) are detected coinciding with a decrease in the 

amount of tetramer observed.  By pH 5.0 (Figure 28A lane 3), the LMPC-solubilized 

GlpF tetramer has almost completely disappeared from the SDS PAGE gel with the GlpF 

protein now existing as a mixture of oligomers (monomer, dimer, trimer and tetramer), 

but is predominantly monomeric.  This pattern is retained at pH 4.0 (Figure 28A lane 2) 

and pH 3.0 (Figure 28A lane 1) on the SDS gel. 
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Figure 28:  SDS (A) and BN (B) electrophoregrams of pH titrations of imidazole-eluted LMPC-
solubilized GlpF. 

(A) and (B): lane 5, pH 7.2; lane 4, pH 6.0; lane 3, pH 5.0; lane 2, pH 4.0; lane 1, pH 3.0.  Monomer 
(M), dimer (D), trimer (Tr), tetramer (Te) and octamer (O) are labelled for clarity. 

 

A pH titration of LMPC-solubilized GlpF was also studied by BN PAGE in order to 

investigate the role of pH in the absence of SDS (Figure 28B).  At pH 7.2 (Figure 28B 

lane 5), LMPC-solubilized GlpF is predominantly tetrameric (Te) on the BN gel with 

only a small amount of the octameric species (O) present, as expected based on the SDS 

gel pattern.  When the pH is lowered to 6.0 (Figure 28B lane 4) a decrease in the 

tetrameric GlpF protein structure is observed with a corresponding increase in 

monomeric (M) and dimeric (D) species.  Little change is observed at pH 5.0 (Figure 28B 

lane 3).  Once the pH is lowered to 4.0 (Figure 28B lane 2) the tetrameric species has 

almost completely disappeared from the gel.  In its place are low molecular weight 

species (monomer, dimer and trimer) and very high molecular weight species (†), which 

are too large to enter the pores of the separating gel.  This pattern is maintained at pH 3 

(Figure 28B lane 1).  Of particular interest is the intolerance of the GlpF tetramer to pH 

changes when dissolved in LMPC solution, compared to that of GlpF in DDM solution.  
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The LMPC-solubilized GlpF tetramer starts to unfold at pH 6, and is completely unfolded 

by pH 4 (Figure 28B), while DDM-solubilized tetrameric GlpF appears to be stable to pH 

5, with only partial unfolding at pH 4 (Figure 24).  It is possible that the zwitterionic 

nature of the phosphatidylcholine head group (pKa = 0.8 [179]) could be responsible for 

this sensitivity to low pH. 

 

The combined results of the quaternary structure analysis lead to the conclusion that only 

when the GlpF protein is eluted from Ni-NTA-resin using an imidazole competition at or 

near neutral pH, can the GlpF protein exist as a stable tetramer with appropriate 

quaternary contacts in detergent solution.  In addition, only DDM- and LMPC-solubilized 

GlpF exhibited stable tetramer quaternary contacts. 
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3.2 Tertiary Structure Analysis of Detergent-Solubilized Glycerol 
Facilitator 
 

3.2.1 Glycerol Facilitator Tertiary Structure in Dodecyl Maltoside 
Solution 
 

When the GlpF protein is dissolved in DDM solution at room temperature and neutral 

pH, the near UV CD spectrum is suggestive of a well folded protein, i.e. there is 

significant intensity across the near UV region (Figure 29).  This agrees with the 

quaternary structure analysis, which shows the protein exists as a folded tetramer (see 

section 3.1).  Phenylalanine would be expected to contribute the least to the near UV CD 

spectrum due to its high structural symmetry and the low sensitivity of its transitions to 

changes in solvent polarizability [152].  However, due to their high abundance in the 

GlpF protein the 21 phenylalanines could contribute significantly to the spectral intensity, 

and are the likely origin of the band at approximately 260 nm.  Tryptophan residues 

usually dominate the near UV CD spectra of proteins because of their large molar 

absorptivity, and the bands between 265 nm and 290 nm are attributable to the 5 

tryptophan residues; the Trp 1La band is usually near 275 nm and the 1Lb doublet usually 

falls between 280 and 290 nm [150]. 
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Figure 29:  Near UV CD spectrum of DDM-solubilized GlpF protein (69.4 μM) at pH 7 and 25 °C. 

 

In order to analyze the thermal stability of the GlpF tertiary structure in DDM solution, 

the DDM-solubilized GlpF was subjected to a thermal denaturation.  Figure 30 clearly 

shows that as the temperature is raised from 20°C to 95°C the near UV CD intensity 

diminishes to nearly zero, indicating a total loss of tertiary structure.  As the temperature 

is raised from 20°C to 65°C (dotted line), the GlpF spectra show a gradual loss of 

intensity, indicating partial unfolding of the DDM-solubilized GlpF tertiary structure.  

Continued heating to 70°C reduces the intensity to nearly zero, which represents a total 

loss of the GlpF tertiary structure. 
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Figure 30:  Spectroscopic analysis of the thermal denaturation of imidazole-eluted, pH 7 DDM-
solubilized GlpF (69.4 μM) tertiary structure monitored by near UV CD. 

The spectra at 20°C, 65°C, and 95°C are labelled for clarity. 

 

Figure 31 shows the thermal unfolding of DDM-solubilized GlpF by following the near 

UV CD intensity at 268 nm, which is predominantly due to tryptophan.  As the 

temperature is raised from 20°C to approximately 60°C small linear decreases in the 

negative ellipticity of the near UV CD signal at 268 nm (from approximately -9500 deg 

cm2/dmol at 20°C to approximately -8000 deg cm2/dmol at 60°C) are observed.  Thus, at 

60°C the protein retains approximately 80 % of its 20°C near UV CD intensity.  Only as 

the temperature reaches 65°C does the loss of intensity become non-linear, as the 

intensity decreases to approximately -7000 deg cm2/dmol at 268 nm.  At 70°C the near 

UV CD intensity at 268 nm further decreases to approximately -4800 deg cm2/dmol.  At 

75°C the near UV CD intensity at 268 nm is nearly zero indicating a total loss of tertiary 
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structure.  As the temperature is further increased, the intensity becomes again slightly 

negative.  This may indicate misfolding and aggregation of the protein with a slight 

propensity for certain structured local environments about the tryptophans.  Following 

other regions of the near UV CD spectra results in a similar mid-point of unfolding, 

suggesting that the process occurs simultaneously across all areas of the protein.  Both 

Figure 30 and Figure 31 show a cooperative unfolding transition between 60-70°C.  

Analysis of the thermal denaturation (Figure 31) using the program MathematicaTM 5.1 to 

fit the denaturation to a 2-state process (see Equation 1 in Materials and Methods) shows 

that the DDM-solubilized GlpF near-UV CD ellipticity is eliminated with a mid-point of 

unfolding (Tm) of 65.5±0.8°C and a transition width (ΔT), of 7.5°C.  The narrow width of 

the transition suggests a high level of cooperativity of the transition.  Because of the slow 

scan rate (5 nm/min) and long response time (32 sec), the heating rate for these 

experiments was 0.28 °C/min.  When the scan rate and response time were adjusted (20 

nm/min and 8 seconds respectively) to allow a rate of heating to 1 °C/min, the melting 

point increased to 71±2 °C (data not shown).  This result is in good agreement with those 

of Sehgal et al. [173] , who measured the Tm dependence of adhesion involved in 

diffusion adherence (AIDA) protein.  The Tm of AIDA is elevated by 6 °C when the scan 

rate is increased from 0.25 to 1 °C/min.  However, the Tm is more sensitive to heating 

rates below 0.66 °C/min, and less sensitive to those above. 
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Figure 31:  Molar ellipticity changes of DDM-solubilized GlpF (69.4 μM) at 268 nm. 

The changes in molar ellipticity at 268 nm (open circles) of DDM- solubilized GlpF as a function of 
increasing temperature (60°C/h) fit to a two state equilibrium model (see Materials and Methods 
Equation 1).  Tm = 65.5±0.8°C and ΔT = 7.5°C. 

 

Finally, fluorescence spectroscopy was also used to study the thermal sensitivity of the 

DDM-solubilized GlpF protein tertiary structure by monitoring Trp fluorescence.  Figure 

32 shows that elevated temperatures progressively quench the Trp fluorescence from a 

relative intensity of approximately 0.35 at 20°C to approximately 0.13 at 90°C.  In 

addition, a small red shift from 329 to 333 nm is detected in the spectrum at temperatures 

of 70°C and above.  This indicates that as the tertiary structure unfolds there is only a 

slight increase in accessibility of the Trp residues to water.  This result is not unexpected; 

as the protein unfolds in detergent solution, there may not be much greater solvent 

(water) accessibility due to the interactions of the unfolded protein with the detergent 
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present in solution.  Based on the XRD structure [1] the most likely candidate for the 

slight shift is Trp-42, located at the interface between the monomers. 

 

 

Figure 32:  Thermal denaturation of DDM-solubilized GlpF (2.2 μM) monitored by fluorescence 
spectroscopy (λex = 280 nm). 

Solid, 20°C; dash, 30°C; dot, 40°C; dash-dot, 50°C; dash-dot-dot, 60°C; short dash, 70°C; short dot, 
80°C; short dash-dot, 90°C. 

 

This red-shift in Trp fluorescence at and above 70°C is consistent with the thermal 

unfolding of GlpF tertiary structure when monitored by near UV CD analysis, which 

shows that the DDM-solubilized GlpF tertiary structure thermally denatures with a Tm = 

65.5±0.8°C. 
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In order to determine the effects of acidic pH on DDM-solubilized GlpF tertiary structure 

the protein was subjected to a pH titration and monitored by near UV CD spectroscopy 

(Figure 33).  The spectrum at pH 7 indicates that the DDM-solubilized protein is well 

folded, with near UV CD intensity at 268 nm of approximately -9000 deg cm2/dmol, 

similar to that observed in Figure 30.  The peak positions and intensities of the DDM-

solubilized protein near UV CD spectra are retained as the pH is lowered to pH 6 and to 

pH 5, with little to no change.  This result is in good agreement with that of the BN 

PAGE analysis of quaternary structure during acid unfolding (Figure 24 lane 3).  Not 

until the pH is lowered to pH 4 does the intensity of the near UV CD signal diminish to 

approximately -6500 deg cm2/dmol at 268 nm, indicating a loss of approximately 30 % of 

the tertiary structure of the DDM-solubilized GlpF protein.  This result is also in good 

agreement with the BN PAGE analysis of the quaternary structure during acid unfolding 

of DDM-solubilized GlpF (Figure 24 lane 4) where, according to the gels the GlpF 

tetramer is starting to unfold.  As the pH is lowered to three, an even greater loss of the 

near UV CD intensity is observed; the near UV CD intensity at 268 nm is approximately 

-4000 deg cm2/dmol indicating a loss of approximately 60 % of the tertiary structure of 

the DDM-solubilized GlpF protein at pH 3.  However, while the DDM-solubilized GlpF 

protein shows a complete loss of tetrameric structure at pH 3 as observed by BN PAGE 

(Figure 24 lane 5), the pH 3 near UV CD spectrum shows at least some tertiary structure 

is retained (Figure 33).  The dissociation of the GlpF tetramer, as evident from the gels, 

combined with the retention of near UV CD intensity leads to the suggestion that at pH 3 

the GlpF protein exists as a monomeric species in DDM solution, with at least some of its 

tertiary structure intact. 
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Figure 33:  Spectroscopic analysis of the pH titration of DDM-solubilized GlpF (69.1 μM) tertiary 
structure monitored by near UV CD. 

Solid, pH 7.0; dash, pH 6.0; dash-dot, pH 5.0; dash-dot-dot, pH 4.0; dot pH 3.0. 

 

Fluorescence spectroscopy was also used to monitor the tertiary structure unfolding of 

DDM-solubilized GlpF by acidic pH and the results are shown in Figure 34.  Between pH 

7 and pH 5 the Trp emission is quenched by about 15% but there is no detectable change 

in the position of the emission maximum at 329 nm.  However, between pH 5 and pH 4 

the quantum yield is restored to slightly more than its original value and a shift in the 

peak maximum occurs by about 4 nm to the red.  Between pH 4 and 3 the fluorescence is 

quenched by about 30% but the emission maximum remains at 333 nm. 
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Figure 34:  Acid induced unfolding of DDM-solubilized GlpF (2.2 μM) monitored by fluorescence 
spectroscopy (λex = 280 nm). 

Solid, pH 7; dash, pH 6; dot, pH 5; dash-dot, pH 4; dash-dot-dot, pH 3. 

 

These changes likely reflect direct effects of the protonation of different side-chains in 

the local environments of the five Trp residues as well as indirect effects of the unfolding 

of the tertiary structure and possible oligomerization as the pH is lowered.  The shift of 

the emission maximum from 229 nm to 333 nm was also observed in the thermal 

unfolding experiments and therefore suggests that the protein begins to unfold below pH 

5.0, which agrees with near UV CD, and SDS and BN gel analyses.  Overall, the results 

are compatible with the concept that the pH 3 form of the protein in DDM contains little 

tertiary structure, and may exist as a monomer and/or high molecular weight oligomer.  
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To study the stability of the DDM-solubilized GlpF protein to chemical denaturants, the 

protein was subjected to a urea titration.  Urea titration monitored by near UV CD 

spectroscopy of DDM-solubilized GlpF at pH 7 found that concentrations as high as 8 M 

urea had little effect on the tertiary structure of GlpF protein after incubation for 1 hour 

(Figure 35).  This indicates that the protein's tertiary structure is highly stable at pH 7 in 

DDM solution, even at very high concentrations of chemical denaturants.  However, a 

time dependence in the effects of urea was noticed.  To investigate the urea unfolding 

kinetics the pH 7 DDM-solubilized GlpF in 8M urea was monitored over the course of 

three weeks (Figure 36).  After exposure to 8M urea for 1 hour (Figure 36 solid line), the 

pH 7 DDM-solubilized GlpF near UV CD spectrum shows little difference from that of 

0M urea (Figure 35 solid line), as was shown in Figure 35.  The high stability of the 

DDM-solubilized GlpF protein to chemical denaturants further supports the conclusion 

that in DDM solution, GlpF exists as a well-folded, stable protein. After a period of 24 

hrs however, the near UV CD intensity is somewhat diminished, indicating some loss of 

tertiary structure; the intensity at 268 nm is reduced from approximately -9000 deg 

cm2/dmol after 1 hour (Figure 36 solid line) to less than -5000 deg cm2/dmol after 24 hrs 

(Figure 36 dash line).  Further observation of the pH 7 DDM-solubilized GlpF in 8M urea 

near UV CD signal intensity after 7 days (Figure 36 dot line) indicates greater loss of 

tertiary structure, as the intensity at 268 nm is further reduced to approximately -2000 

deg cm2/dmol.  After an incubation time of 21 days in 8M urea (Figure 36 dash-dot line), 

the pH 7 DDM-solubilized GlpF near UV CD intensity is almost completely eliminated 

with the intensity at 268 nm being approximately -1000 deg cm2/dmol. 
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Figure 35:  Spectroscopic analysis of the urea titration of pH 7 DDM-solubilized GlpF (55.4 μM) 
tertiary structure monitored by near UV CD. 

Solid, 0 M urea; dash, 2 M urea; dot, 4 M urea; dash-dot, 6 M urea; dash-dot-dot, 8 M urea. 
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Figure 36:  Spectroscopic analysis of the time dependence of 8 M urea on pH 7 DDM-solubilized 
GlpF (55.4 μM) tertiary structure by near UV CD. 

Solid, 1 hr; dash, 24 hrs; dot, 7 days; dash dot, 21 days. 

 

When the intensity at 268 nm is fitted to an exponential decay, (Figure 37) the added urea 

reduces the tertiary structure with an unfolding rate constant of 4±1×10-6 s-1.  Although 

only four points were collected, it appears from Figure 37 that they may fit better to a 

two-component decay reflecting an early, fast unfolding event, and a later, slower 

unfolding.  However, the small number of points collected would make the fit to 

biexponential decay statistically meaningless.  Nevertheless, the high concentrations of 

urea required to unfold the protein and the slow unfolding rate both suggest a high 

thermodynamic stability of the present preparation. 
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Figure 37:  Molar ellipticity changes at 268 nm of DDM-solubilized GlpF (55.4 μM) in 8 M urea as a 
function of time (closed squares) fit to an exponential decay (Equation 2, Materials and Methods). 

The exponential fit (solid line) of the molar ellipticity changes show an unfolding rate constant for 
DDM-solubilized GlpF in 8 M urea of 4±1×10-6 s-1. 

 

 

3.2.2 Glycerol Facilitator Tertiary Structure in Lyso-Myristoyl 
Phosphatidylcholine Solution 
 

When the tertiary structure of GlpF dissolved in LMPC at room temperature and neutral 

pH is studied using near UV CD spectral features characteristic of a well-folded protein 

with intense bands across the entire near UV range are observed (Figure 38).  The 21 

phenylalanines are the likely origin of the band at approximately 260 nm [180], and the 
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bands between 265 nm and 290 nm are attributable to the 5 tryptophan residues; the Trp 

1La band is usually near 275 nm and the 1Lb doublet usually falls between 280 and 290 nm 

[150]. 

 

Figure 38:  Near UV CD spectrum of LMPC-solubilized GlpF (25.0 μM) at pH 7 and 25 °C.  

 

When Figure 38 is compared to Figure 29, subtle differences in tertiary structure of the 

GlpF protein dissolved in different non-denaturing solutions are evident.  While the 

overall shapes of the spectra and band positions are nearly identical some differences 

exist, especially around 290 nm.  Figure 29 shows that in DDM-solution, the near UV CD 

intensity near 295 nm is approximately 2000 deg cm2/dmol, while the same near UV CD 

region in LMPC-solution gives rise to an intensity of nearly 5000 deg cm2/dmol.  

Conversely, the intensity at 268 nm (the region where tryptophans are active) is more 
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intense in DDM-solution (approximately -10000 deg cm2/dmol) than in LMPC-solution 

(approximately -7500 deg cm2/dmol).  This suggests a subtle change in the local 

environment of the tryptophans.  This may be interpreted as a decrease in absorption at 

268 nm and an increase at 295 nm, or that the tryptophans' absorption in both regions is 

more positive in LMPC- than in DDM-solution leading to the less negative band at 268 

nm, and the more positive band at 295 nm. 

 

In order to study the stability of the GlpF protein tertiary structure in LMPC solution, a 

thermal denaturation of the protein was monitored using near UV CD spectroscopy.  The 

thermal denaturation was monitored by following the intensity of the tryptophan near UV 

CD band at 268 nm, (Figure 39), as was done for GlpF in DDM solution.  The non-linear 

least squares fit of the thermal denaturation in LMPC solution to a two-state unfolding 

transition using the program Mathematica™ 5.1 (see Materials and Methods Equation 1) 

is shown in Figure 39 (solid line) and determined the Tm to be 74.9 ± 1.45°C and ΔT = 

9.2°C. 
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Figure 39:  LMPC-solubilized GlpF molar ellipticity changes at 268 nm. 

The molar ellipticity changes of GlpF (25.0 μM) in LMPC solution (open circles) as a function of 
increasing temperature (60 °C/h) fit to a two state equilibrium model (solid line) (see Materials and 
Methods Equation 1).  Tm = 74.9±1.5°C and ΔT = 9.2°C. 

 

This result shows that the GlpF tertiary structure has a much greater stability to thermal 

denaturation in LMPC-solution compared to DDM-solution; the mid-point of unfolding is 

9.4°C greater in LMPC-solution than for DDM-solubilized GlpF.  In addition, inspection 

of the pre-unfolding regions of Figure 39 and Figure 31 shows that the slope of the pre-

unfolding regions is significantly shallower in LMPC-solution than in DDM-solution, 

which may further indicate that the GlpF protein tertiary structure has a greater thermal 

stability in LMPC solution than when it is dissolved in DDM solution.  These results 

agree very well with the DDM- and LMPC-solubilized GlpF quaternary structure thermal 

denaturations (Figure 23 and Figure 27 B respectively); both protein solutions were found 
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to be tetrameric up to 60°C however LMPC-solubilized GlpF retained a greater amount 

of the tetramer at a temperature of 80°C than did the DDM-solubilized protein.  It is 

interesting to note that the post-denaturation pattern for each of the DDM- and LMPC-

solubilized GlpF proteins is similar (Figure 31, and Figure 39 respectively); as the protein 

unfolds thermally, the near UV CD intensity approaches zero, but regains a limited 

amount of negative intensity at the highest temperatures.  This observation is difficult to 

interpret as the protein is aggregating at these temperatures (observed as precipitate in 

solution).  One interpretation is that as the GlpF protein thermally denatures, there is an 

interaction in the aggregation of the unfolded monomers leading to a slightly structured 

local environment around the aromatic residues. 

 

Fluorescence spectroscopy was also used to study the thermal stability of the GlpF 

protein tertiary structure by monitoring Trp fluorescence.  Figure 40 shows that elevated 

temperatures progressively quench the Trp fluorescence from a relative intensity of 

approximately 0.7 at 20°C to approximately 0.2 at 90°C.  In addition, a small red shift 

from 329 to 333 nm is detected in the spectrum only at temperatures above 70°C.  This 

indicates that as the tertiary structure unfolds there is only a slight increase in 

accessibility of the Trp residues to water.  The most likely candidate is Trp-42, located at 

the interface between the monomers.  This result is consistent with the near UV CD 

analysis which showed that the LMPC-solubilized GlpF tertiary structure thermally 

denatures with a Tm = 74.9±9.2°C, as the fluorescence red shift occurs between 70°C and 

80°C.  In comparison to GlpF dissolved in DDM, this result also shows the greater 

thermal stability of the GlpF protein tertiary structure in LMPC-solution. 
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Figure 40:  Thermal denaturation of LMPC-solubilized GlpF (3.4 μM) monitored by fluorescence 
spectroscopy (λex = 280 nm). 

Solid, 20°C; dash, 30°C; dot, 40°C; dash-dot, 50°C; dash-dot-dot, 60°C; short dash, 70°C; short dot, 
80°C; short dash-dot, 90°C. 

 

In order to determine the effects of acidic pH on LMPC-solubilized GlpF tertiary 

structure the protein was subjected to a pH titration and monitored by near UV CD 

(Figure 41).  During the pH titration in LMPC solution, there is little to no change to the 

band at 295 nm, which is most likely attributable to the 1Lb transitions of the 7 tyrosine 

residues, suggesting that this region of the protein's tertiary structure does not undergo 

major structural changes when subjected to acidic conditions.  Alternatively, the signals 

from tyrosine may be less sensitive to the structural changes induced by the change in 

pH.  In addition, the intensity of the near UV CD signal as a whole does not decrease 

only to zero but crosses over into positive ellipticity.  This result suggests that when 
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dissolved in LMPC-solution, the GlpF protein's tertiary structure unfolds due to lowering 

the pH in a different manner than in DDM, which might be explained by the zwitterionic 

head-group of LMPC, compared to the neutral head-group of DDM.  This is in good 

agreement with the quaternary structure analysis in LMPC and DDM solutions (Figure 

28A and B, and Figure 21 and Figure 24 respectively), where the quaternary structure 

appears less sensitive at lower pH in DDM-solution, than in LMPC-solution. 

 

 

Figure 41:  pH titration of LMPC-solubilized GlpF (13.7 μM) tertiary structure monitored by near 
UV CD. 

Solid, pH 7.6; dash, pH 7.0; dot, pH 6.0; dash-dot, pH 5.0; dash-dot-dot, pH 4.0; short dash-dot, pH 
3.0. 

 

The effects of lowering the pH on tertiary structure were also monitored using Trp 

fluorescence and are shown in Figure 42.  Between pH 7 and pH 6 the Trp emission is 

quenched by about 10% and there is a red shift in the position of the emission maximum 
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by about 2 nm.  Between pH 6 and pH 5 the quantum yield is further quenched by 

approximately 15% of the original emission, and another shift in the peak maximum 

occurs by about 2 nm to the red.  Between pH 5 and 4 the fluorescence is quenched by 

about 20% but the emission maximum remains at 333 nm.  The fluorescence at pH 3 is 

almost identical to that of pH 4, suggesting no additional changes to the tertiary structure 

when the pH is lowered from 4 to 3. 

 

 

Figure 42:  Figure 3-26:  Acid induced denaturation of LMPC-solubilized GlpF (3.4 μM) monitored 
by fluorescence spectroscopy (λex = 280 nm). 

Solid, pH 7; dash, pH 6; dot, pH 5; dash-dot, pH 4; dash-dot-dot, pH 3. 

 

As was the case for the DDM-solubilized GlpF, these changes likely reflect direct effects 

of the protonation of different side-chains in the local environments of the five Trp 

residues as well as indirect effects of the unfolding of the tertiary structure and 
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oligomerization as the pH is lowered.  The shift of the emission maximum between pH 

7.0 and pH 6.0 suggests a significant unfolding event that confirms the sensitivity of the 

LMPC-dissolved GlpF to low pH as was shown by SDS-PAGE (Figure 28 A).  The shift 

in λmax to 333 nm below pH 6.0 was also observed in the thermal unfolding experiments 

and indicates that in LMPC-solution, the protein continues to unfold, which agrees with 

near UV CD (Figure 41), and the SDS and BN gel (Figure 28) analysis.  Overall, the 

results are compatible with the concept that at neutral pH the LMPC-solubilized GlpF 

protein is well-folded, is more sensitive to acid than the DDM-solubilized protein, but 

that the low pH form of the protein in LMPC may contain residual tertiary structure that 

is different to that detected in DDM solution.  

 

 

3.2.3 Glycerol Facilitator Tertiary Structure in Sodium Dodecyl 
Sulphate Solution 
 

Figure 43 shows the near UV CD spectrum of the GlpF protein dissolved in SDS solution 

at pH 7.0.  The SDS-solubilized GlpF shows only positive ellipticity throughout the near 

UV range with only poorly resolved bands.  When compared to both the DDM- and 

LMPC-solubilized GlpF protein (Figure 29 and Figure 38 respectively) one immediately 

notices a large difference between the near UV CD spectra.  It has been shown previously 

[181] that thermal changes induce no change in the near UV CD signal, which indicates 

that the SDS-solubilized GlpF protein exists in a state with few native tertiary structure 

contacts. 
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Figure 43:  Near UV CD spectrum of imidazole-eluted, pH 7 SDS-solubilized GlpF (14.0 μM). 

 

The near UV CD results suggest that in SDS detergent solution at neutral pH, the GlpF 

protein's tertiary structure is unfolded, and the protein resides in a state characterized by 

the positive ellipticity observed in the near UV region.  It is interesting to note that the 

acid-induced structural changes in LMPC solution also result in positive ellipticity 

throughout the regions of the near UV CD spectrum (Figure 41). 
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3.2.4 Glycerol Facilitator Tertiary Structure in Octyl Glucoside 
Solution 
 

Due to the low stability of the GlpF protein when dissolved in OG solution, the 

concentrations required for near UV CD were not attainable and thus, we were unable to 

perform tertiary structural analysis of OG-dissolved GlpF. 

 

 

3.3 Secondary Structure Analysis of Detergent-Solubilized 
Glycerol Facilitator 
 

In order to study the secondary structure of GlpF in the different detergent solutions far 

UV CD was used.  CD in the far UV region is primarily due to the amide bond, and may 

be analyzed as originating from secondary structural components of the protein (see 

section 1.5). 

 

3.3.1 Glycerol Facilitator Secondary Structure in Dodecyl Maltoside 
Solution 
 

The far UV CD spectrum of DDM-solubilized GlpF at 20°C pH 7, (see Figure 44), 

displays the characteristics of a predominantly α-helical protein with negative bands at 

219-222 nm and 209-211 nm, a positive band at 193-194 nm, and a cross-over point at 

200-201 nm.  The ideal α-helical values are 222, 208, 190-195 and 205 nm respectively.  

Deconvolution of the far UV CD spectra measured at 20°C using the CDSSTR algorithm 
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[149] accessed through the DichroWeb website [148] yields 53% α-helix, 17% β-strand, 

15% turns, and 15% unordered for DDM-solubilized GlpF.  On the assumption that the 

35-residue His6-T7 tag is disordered, the deconvolution indicates that in DDM solution 

60% of the GlpF residues are helical.  This is in close agreement with the secondary 

structure of the tetrameric GlpF observed by X-ray diffraction [1] where 64% of the 

residues are α-helical, 3% are 310 helical, and the balance are in turns or irregular 

structure. 

 

 

Figure 44:  Far UV CD spectrum of DDM-solubilized GlpF (3.0 μM) at pH 7, and 25 °C. 

 

In order to measure the stability of the GlpF secondary structure in pH 7 DDM solution, 

the DDM-solubilized GlpF was subjected to a thermal denaturation.  Figure 45 shows 
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that as the temperature is raised from 20°C to 95°C the far UV CD intensity diminishes, 

indicating a loss of secondary structure.  The dashed line at 65°C indicates the start of the 

unfolding transition.  The unfolding is continued at 70°C (dotted line), and is nearly 

complete at temperatures above 70°C. 

 

 

Figure 45:  Thermal denaturation of DDM-solubilized GlpF (3.0 μM) secondary structure monitored 
by far-UV CD. 

The dashed and dotted lines indicate the spectra at 65 °C and 70 °C respectively. 

 

A plot of the temperature dependence of the ellipticity at 209 nm fit to a 2-state unfolding 

transition is shown in Figure 46.  The plot indicates that the DDM-solubilized protein 

secondary structure is stable up to 60°C following which increasing temperature reduces 

the fractional helicity, as deduced from far UV CD, from 60% to 20% with a Tm of 
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69.7±0.7°C and ΔT of 9.8°C.  When the scan rate and response time are adjusted (from 

10 nm/min and 16 seconds to 20 nm/min and 8 seconds) the rate of heating was increased 

from 0.43 °C/min to 1 °C/min.  This results in an increase of the Tm to 75±1.1 °C (data 

not shown).  Recall that the DDM GlpF near UV CD ellipticity is relatively unperturbed 

up to 60°C (Figure 30 and Figure 31) and is eliminated with a Tm (71±2°C) that is only 

slightly lower than that measured by far UV CD.  This indicates that the thermal 

transition involves a cooperative loss of both secondary and tertiary structure above 60°C 

in DDM solution, which is in excellent agreement with the SDS-PAGE and BN-PAGE 

analysis, where quaternary structure is not lost until temperatures above 60°C (Figure 20 

B, and Figure 23 respectively). 
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Figure 46:  DDM solubilized GlpF (3.0 μM) mean residue ellipticity (deg cm2/dmole) and fractional 
helix changes at 209 nm as a function of increasing temperature (60 °C/h) fit to a two-state 
equilibrium model. 

Tm = 69.7±0.7°C and ΔT = 9.8°C.  The % helix was determined using the CDSSTR algorithm [149] 
accessed through the DichroWeb website [148]. 

 

In order to determine the effects of acidic pH on DDM-solubilized GlpF secondary 

structure, the protein was subjected to a pH titration and monitored by far UV CD.  The 

results in Figure 47 show that the spectra change very little over the pH range studied.  

The helix content of DDM-solubilized GlpF protein at low pH is only slightly lower than 

that of the neutral pH GlpF tetramer.  Thus, the secondary structure of the protein is 

remarkably insensitive to pH and the low pH form of the protein in DDM solution 

contains native secondary structure, little tertiary structure (Figure 33), and may exist as a 

high molecular weight oligomer (Figure 21 and Figure 24). 
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Figure 47:  pH titration of DDM-solubilized GlpF (3.0 μM) secondary structure monitored by far-UV 
CD. 

Solid, pH 7.0; dash, pH 6.0; dot, pH 5.0; dash-dot, pH 4.0; dash-dot-dot pH 3.0. 

 

 

3.3.2 Glycerol Facilitator Secondary Structure in Lyso-Myristoyl 
Phosphatidylcholine Solution 
 

The far UV CD spectrum of LMPC-solubilized GlpF at 20°C, (see Figure 48 solid line), 

also displays the characteristic features of an α-helical protein with negative bands at 

219-222 nm and 207-209 nm, a positive band at 192-193 nm, and a cross-over point at 

201-202 nm.  The ideal α-helical values are 222, 208, 190-195 and 205 nm respectively.  

Deconvolution of the LMPC-solubilized far UV CD spectra measured at 20°C using the 

CDSSTR algorithm [149] yields 53% α-helix, 10% β-strand, 15% turns, and 22% 
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unordered for LMPC-solubilized GlpF.  Assuming that the 35-residue His6-T7 tag is 

disordered the deconvolution indicates that in LMPC solution 60% of the GlpF residues 

are helical.  This agrees closely with the secondary structure observed by X-ray 

diffraction [1] for the tetrameric protein. 

 

 

Figure 48:  Thermal unfolding of LMPC-solubilized GlpF (1.5 μM) secondary structure monitored 
by far-UV CD. 

 

In order to measure the stability of GlpF prepared in pH 7 LMPC, the effects of 

temperature were examined.  The thermal unfolding of secondary structure was followed 

by far UV CD spectropolarimetry and the spectra at 20°C and 95°C are shown in Figure 

48.  Plots of the temperature dependence of the ellipticity at 209 nm fit to a 2-state 

unfolding transition are shown in Figure 49.  The temperature dependence of the thermal 
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unfolding indicates that the LMPC-solubilized GlpF protein secondary structure is stable 

up to 70°C following which increasing temperature reduces the fractional helicity as 

deduced from far UV CD from 60% to 18% with a Tm of 86.9±11.5°C and ΔT of 15.1°C.  

Figure 39 shows that in LMPC solution the GlpF tertiary structure is also relatively 

unperturbed up to 70°C (as determined by near UV CD ellipticity) and is eliminated with 

a Tm of 74.9±1.45°C and ΔT of 9.2°C, which are only slightly lower than those measured 

by far UV CD.  This indicates that the thermal transition involves a cooperative loss of 

both secondary and tertiary structure above 70 °C in LMPC. 
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Figure 49:  LMPC-solubilized GlpF (1.5 μM) mean residue ellipticity (deg cm2/dmole) and fractional 
helix changes at 209 nm as a function of increasing temperature (60°C/h) fit to a two-state 
equilibrium model. 

Tm = 86.9±11.5°C and ΔT = 15.1°C.  The % helix was determined using CDSSTR algorithm [149] 
accessed through the DichroWeb website [148]. 

 

In order to determine the effects of acidic pH on LMPC-solubilized GlpF secondary 

structure the protein was subjected to a pH titration and monitored by far UV CD and the 

results are shown in Figure 50.  The pH titration shows that in LMPC solution the spectra 

change very little over the pH range studied, as was also observed for the protein in DDM 

solution.  The far UV CD spectrum of LMPC-solubilized GlpF protein at low pH is 

virtually identical to that of the neutral pH GlpF tetramer.  This result is compatible with 

the concept that the low pH form of the protein in LMPC solution contains native 

secondary structure (Figure 50), little tertiary structure (Figure 41), and may exist as a 

high molecular weight oligomer (Figure 28). 
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Figure 50:  pH titration of LMPC-solubilized GlpF (1.5 μM) secondary structure monitored by far-
UV CD. 

Solid, pH 7.0; dash, pH 6.0; dot, pH 5.0; dash-dot, pH 4.0; dash-dot-dot pH 3.0. 

 

 

3.3.3 Glycerol Facilitator Secondary Structure in Sodium 
Dodecyl Sulphate Solution 
 

The far UV CD spectrum of SDS-solubilized GlpF eluted from the column via imidazole 

competition at 20°C pH 7, (see Figure 51), displays the characteristics of an α-helical 

protein with negative bands at 219-222 nm and 209-211 nm, a positive band at 193-194 

nm, and a cross-over point at 202-203 nm.  The ideal α-helical values are 222, 208, 190-



 115

195 and 205 nm respectively.  Deconvolution of the far UV CD spectrum measured at 

20°C using the CDSSTR algorithm [149] accessed through the DichroWeb website [148] 

yields 18 % α-helix, 32 % β-strand, 22 % turns, and 27 % unordered for SDS-solubilized 

GlpF.  On the assumption that the 35-residue His6-T7 tag is disordered the deconvolution 

indicates that in SDS solution only 20 % of the GlpF residues are helical.  This differs 

significantly from previous preparations of SDS-solubilized GlpF in our lab [181].  A 

possible explanation for the discrepancy is that the use of imidazole to remove the protein 

from the column in the presence of SDS results in impurities in the preparation as 

detected in the SDS-PAGE electrophoregrams.  As previously discussed, the secondary 

structure observed by X-ray diffraction [1] indicates that 61 % of the residues are α-

helical. 
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Figure 51:  Far UV CD spectrum of SDS-solubilized GlpF protein (1.5 μM) at pH 7. 

 

This result suggests that in the denaturing SDS solution, GlpF is unable to achieve its 

proper secondary fold.  However, one third of the residues retain an α-helical 

conformation even in the presence of high concentrations of SDS in the absence of 

folding-promoting detergents.  Combined with the results of Figure 43 and Figure 18, the 

GlpF protein dissolved in SDS-solution at pH 7, shows evidence of being only partially 

folded at the levels of quaternary (Figure 18), tertiary (Figure 43) and secondary structure 

(Figure 51). 
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Chapter 4 Discussion 
 

4.1 Glycerol Facilitator in Dodecyl Maltoside and Lyso-Myristoyl 
Phosphatidylcholine Solutions at Neutral pH 
 

In all previous attempts to prepare detergent solutions of glycerol facilitator the protein 

appeared predominantly monomeric by several assays, including velocity sedimentation 

analysis [129, 132-134], freeze-fracture particle size analysis [130], and SDS-

PAGE/Western Blots [129, 130, 132-134, 141] although SDS-PAGE sometimes showed 

small amounts of dimer, trimer, tetramer, and higher molecular weight species [129, 

141].  These observations have led to the suggestion that, in contrast to the aquaporins, 

the glycerol facilitators exist as monomers or weakly associating tetramers in membranes 

[129, 130, 132-134, 141].  In solution-state studies that suggest the GlpF protein has only 

weak homo-oligomeric associations, the GlpF protein is found to exist predominantly as 

a monomer, or a mixture of oligomers when observed using SDS-PAGE analysis [129].  

One common feature of each of these reports is that the GlpF protein was solubilized in 

OG detergent.  A possible explanation is that the OG detergent destabilizes the folded 

conformation of GlpF leading to the formation of non-specific aggregates of unfolded 

protein.  This is in agreement with multiple observations of the sensitivity of membrane 

protein conformation to the properties of the detergent/detergents used for their 

solubilizations [81, 142, 182, 183].  For example, the Ca2+-ATPase is an integral 

membrane protein responsible for the coupling of energy production and transport of 

Ca2+ ions across the membranes of muscle cells.  Ca2+-ATPase has been shown to have a 
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variety of activity levels that are dependent on lipid chain length, with a maximum 

activity at a chain length of 16 carbons [184]. 

 

OG has a molecular dynamics calculated monomer length of 14.6 – 14.8 Å, with the 

hydrocarbon tail having an average length of 8.2 – 8.3 Å [185].  X-ray diffraction [1] and 

molecular dynamics calculations [186] estimate that the hydrophobic thickness of the 

GlpF protein in a lipid bilayer is approximately 25 Å, which is similar to that of other 

helical proteins such as the Ca2+-ATPase from muscle sarcoplasmic reticulum [186, 187].  

The OG molecular dynamics simulations [185] also show that each carbon in the 

detergent tail contributes approximately one Å to the length of the detergent.  Since the 

hydrophobic region of GlpF is approximately 25 Å in length [186], two molecules of OG 

would only interact with approximately 64% of the 25 Å long hydrophobic surface of 

GlpF.  However, the GlpF hydrophobic region will be well matched by two 

lipid/detergent carbon tails of approximately 12-13 atoms.  This is in excellent agreement 

with our results, which show a marked increase in the stability of the GlpF protein’s 

quaternary, tertiary and secondary structures in detergent solutions with 12 (DDM) and 

14 (LMPC) carbon atoms in the detergent tail whereas the protein is unstable in the 8-

carbon detergent OG.  The molecular dynamics simulations [185] suggest that OG would 

be a poor detergent for the GlpF protein, as the shorter carbon chains (8.2 Å ) would be 

unable to fully match the 25 Å hydrophobic region of the GlpF protein .  This inability to 

match the hydrophobic region likely contributes to the underlying explanation for why 

many membrane proteins are successfully crystallized from shorter detergents such as 
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octyl- and nonyl glucoside [1, 123, 188-191]; partial instability in detergent solution will 

promote protein-protein interactions, resulting in crystallization. 

 

Based on the hydrophobic mismatching of GlpF and OG, it is not surprising that the GlpF 

protein exists in OG as a mixture of oligomers.  Our results on the oligomerization state 

of the GlpF protein when solubilized in OG-solution (Figure 3-3) show that the protein 

exists as a mixture of oligomers, with the monomeric and dimeric species being of 

similar abundance, which is in excellent agreement with what is observed in the literature 

[129-134, 141].  The results presented here show for the first time that DDM- and 

LMPC-solubilized recombinant GlpF prepared by elution with imidazole from an 

immobilized Ni2+ resin at pH 7.6 exists as a tetramer by electrophoresis on Blue Native 

polyacrylamide gels (Figure 23 and Figure 27B).  Even under very harsh conditions, such 

as those encountered during SDS PAGE (Figure 20B lane 1 and Figure 27A lane 4 

respectively), the GlpF protein remains predominantly tetrameric which suggests that the 

GlpF protein is not inherently weakly associated.  Thus, given the proper conditions, 

GlpF can exist as a stable tetramer in solution, as well as in the crystal-state [1, 138].  The 

BN gels indicate that GlpF monomer, dimer and trimer are virtually undetectable whereas 

the SDS gels reveal small amounts of the alternate species.  This suggests that the SDS 

present during electrophoresis on SDS-PAGE can cause a small amount of dissociation of 

the tetramer and that extraction and purification of the protein at neutral pH in DDM and 

LMPC yields a tetramer that is highly resistant to dissociation even by SDS.  The stability 

of the oligomeric state of GlpF to SDS-detergent is then similar to the properties of many 

membrane proteins, including the aquaporins [129, 130, 133, 134, 142, 192]. 
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In addition to the observation of tetramer, an octameric species is observed in both DDM- 

and LMPC-solutions using both SDS and BN electrophoresis techniques.  An octameric 

species of GlpF is also found in electron microscopy studies of two-dimensional crystal 

arrays of the protein, where the unit cell was found to consist of an octamer comprised of 

two tetramers in side-on association [137].  The only other member of the AQPs to have 

shown association between tetramers is AQP0, where a 7.0 Å crystal structure shows that 

the AQP0 tetramers are associated in a head-to-head fashion, along their four-fold axes 

[177].  AQP0 is also a GLP, as it has been demonstrated to transport both water [193] and 

glycerol [194], and is the most abundant protein in the plasma membrane of the eye lens 

[195].  The observed association of the AQP0 tetramers [177] supports the possibility that 

AQP0 is involved in the extensive intercellular coupling of the eye lens [196].  In GlpF, 

the observation of a tetramer supports a “coupling” of the GlpF to the GlpK (which is 

active as both a dimer and tetramer) as a mechanism to channel glycerol into the cell, 

which could activate the GlpK [139] to phosphorylate the glycerol, thus preventing 

diffusion of the glycerol back across the membrane.  A 1:1 association between the two 

protein tetramers would provide the most efficient pathway for transferring glycerol from 

the facilitator to the kinase preventing loss from the cytoplasm of membrane-permeable 

glycerol [1, 197].  This coupling of sugar permeation to kinase-catalyzed sugar 

phosphorylation and control of transport is known to occur for both glucose and fructose 

sugars in yeast [198, 199]. 
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CD and fluorescence spectroscopies were used to characterize the secondary and tertiary 

structures of the glycerol facilitator protein prepared in neutral DDM- and LMPC-

solutions.  The far UV CD spectra of DDM- and LMPC-solubilized GlpF at 20°C pH 7 

(see Figures 3-28 and 3-32), display the characteristics of a predominantly α-helical 

protein with minima, crossovers, and maxima similar to ideal α-helices [200].  

Deconvolution of the CD spectra measured at 20°C using the CDSSTR algorithm [149] 

yields 53% α-helix for DDM-solubilized GlpF, and 53% α-helix for LMPC-solubilized 

GlpF.  On the assumption that the 35-residue His6-T7 tag is disordered the deconvolution 

indicates that in DDM and LMPC solution 60% of the GlpF residues are helical.  This is 

in excellent agreement with the secondary structure observed by X-ray diffraction where 

64% of the residues are α-helical, 3% are 310 helical, and the balance are in turns or 

irregular structure [1].  These results also support the observation of increased stability of 

the GlpF protein in detergent solutions whose hydrocarbon chains are well matched to the 

hydrophobic region of the protein as these measurements were not possible in the shorter, 

eight carbon tail OG. 

 

The 90°C DDM-solubilized GlpF fluorescence spectrum shown in Figure 32 (short dash-

dot) has a small shoulder at 300 nm and a peak at 329 nm.  The shoulder at 300 nm could 

arise from very weak emission from the tyrosine residues.  In folded globular proteins 

tyrosine emission is often highly quenched by radiationless energy transfer to tryptophan 

as well as by interactions with other protein groups [155].  However, the peak may be due 

to scattering from the aggregation and precipitation of the thermally denatured GlpF from 

DDM solution.  This shoulder is not observable in the LMPC-solubilized fluorescence 
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spectra shown in Figure 40.  The emission maximum for tryptophan in proteins is 

sensitive to both the polarity and the dynamics of the environment surrounding the side-

chain, and is blue-shifted in environments of low polarity such as the hydrophobic 

interior of a protein or in a detergent micelle.  Burstein and colleagues have classified 

tryptophan fluorescence in proteins into 5 classes depending on the polarity and dynamics 

of the tryptophan environments [162].  According to their scheme, the dominant 

fluorescence at 329 nm in GlpF corresponds closely to a class of tryptophan side chains 

that are in a relatively non-polar environment and H-bonded in a 2:1 exciplex that 

fluoresces at about 331 nm [162].  Inspection of the 3D structure of GlpF (shown in 

Figure 14) [1] indicates that Tryptophan-42 is well buried in the intermonomer interface 

and Tryptophan-219 is buried but close to the surface of the protein.  Two tryptophan 

side-chains (76 and 215) project from the lateral surfaces of the protein and likely contact 

detergent but might also interact with water.  In the crystal structure, Tryptophan-48 

forms part of the lining of the glycerol channel [1] and appears as if it would be highly 

exposed to bulk water in a membrane or in a detergent micelle.  Emission from water-

exposed tryptophan residues is usually observed at 350 nm [162] but the fluorescence of 

tryptophan-48 is not distinguishable from the major band at 329 nm in Figures 3-16 or 3-

24.  This may indicate that its fluorescence is quenched or that it interacts with detergent 

molecules that shift its fluorescence to lower wavelengths. 

 

In summary, the DDM- and LMPC-solubilized GlpF protein fluorescence results are 

compatible with the observations of native secondary, tertiary, and quaternary structure 

described above and with the 3D structure determined by X-ray diffraction [1]. 
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Near-UV CD spectra of glycerol facilitator tetramer solubilized in DDM and LMPC at 

neutral pH and 20°C are shown in Figure 29 and Figure 38 respectively.  These spectra 

are usually interpreted as indicating the presence of tertiary structure in proteins as only 

aromatic residues held rigidly in an asymmetric environment will display near UV CD 

bands [150].  The observation of well-defined CD absorbance bands suggests that the 

aromatic residues are fixed firmly in the structure in asymmetric environments and is a 

strong indication of a stable tertiary fold. 

 

 

4.2 Effects of Heat on α-Helical Membrane Proteins 
 

The scarcity of membrane protein thermodynamic data in the literature reflects the 

difficulties and challenges associated with obtaining accurate estimates of the energetic 

parameters characterizing the thermal unfolding of membrane proteins.  For a review see 

[142].  The results of compiled unfolding data suggest that a fundamental difference 

exists between the unfolding of soluble and membrane proteins [201].  In particular, the 

intramembranous secondary structural core of membrane proteins appears to be highly 

stable to thermal denaturation, while the extramembranous loops behave similarly to 

soluble proteins under thermal stress.  Although many water-soluble proteins are now 

known to undergo incomplete thermal and chemical unfolding they contain only residual 

structure in their unfolded states (for example see [202, 203]).  In contrast, the observed 
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reduced unfolding enthalpies measured for membrane proteins compared to soluble 

proteins suggest an incomplete thermal unfolding in which the core of the protein 

remains intact at elevated temperatures [201]. 

 

Bacteriorhodopsin is the prototypical seven transmembrane α-helical membrane protein 

with a stable monomer as the active unit, and trimeric oligomerization in the membrane.  

Bacteriorhodopsin is the sole protein component in Halobacterium salinarum purple 

membrane, and in fact, the purple membrane consists of a two-dimensional crystalline 

array of bacteriorhodopsin trimers [204].  The conformational stability of 

bacteriorhodopsin has been studied calorimetrically in native purple-membranes [205-

207], and in lipid-detergent micelles at neutral pH [208], and is characterized by a high 

temperature thermal transition in purple membranes (Tm ~ 100°C) and a low unfolding 

enthalpy (ΔH~110 kcal/mol, or 3.7 cal/g) compared to the average value of ~12 cal/g for 

soluble proteins at this temperature [201].  The thermal transition of monomeric 

bacteriorhodopsin in lipid-detergent micelles is significantly lower (Tm ~ 65°C), but 

remarkably the thermal unfolding enthalpy is similar to that measured for the trimer [208, 

209].  Subsequent studies revealed irreversibility to the thermal unfolding and scan-rate 

dependence for the differential scanning calorimetry endotherms [210].  Although the 

thermodynamics analysis is compromised it is worth noting that the magnitude of the 

unfolding enthalpy is significantly lower than that of the soluble proteins. 

 

Cytochrome-c oxidase is a multi-subunit α-helical membrane protein which has been 

extensively studied thermodynamically.  The results of several investigations show that 
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the magnitudes of the unfolding enthalpies vary with in vitro reconstitution conditions 

[211-217].  For example, beef oxidase reconstituted in dimyristoyl phosphatidylcholine 

exhibits a biphasic thermal transition (Tm = 52 and 64°C) with the lower temperature 

transition involving the thermal denaturation of subunit III and a corresponding enthalpy 

of 4.8 cal/g, while subunits I and III unfold by a complex path at higher temperatures 

[214].  When reconstituted into detergent, the biphasic denaturation simplifies to a broad 

single transition with a mid-point of unfolding of ~ 56°C and an enthalpy of ~ 2.7 cal/g, 

which is significantly lower than the ΔH ~ 6.9 cal/g expected for soluble proteins at this 

temperature [214].  Yeast cytochrome oxidase thermally unfolds with an enthalpy of ~ 

2.4 cal/g when reconstituted in lipids, and exhibits a similar biphasic thermal transition to 

that of beef oxidase under low ionic strength [212]. 

 

Photosystem II is a multidomain α-helical membrane protein assembly, which has also 

been thermodynamically analyzed in order to determine its stability [218, 219], and 

although it has a very complex thermogram with many transitions (due to the many sub-

units) it is reported to unfold with an enthalpy of ~ 5-6 cal/g [219].  Here too, the thermal 

unfolding is extremely sensitive to in vitro conditions [219], which is corroborated by 

studies suggesting that the ratio and nature of the surfactants play a critical role in the 

stability of membrane proteins [182]. 

 

Based on the above examples (and others), Haltia and Freire [201] proposed a possible 

explanation for the observed low enthalpies and high thermal stabilities of helical 

membrane proteins when compared to soluble proteins (see Figure 52). 
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Figure 52:  Energetics and mechanism of membrane protein unfolding. 

(a) Comparison of the calorimetric enthalpies (cal/g) of select membrane proteins with an average 
soluble protein (solid line), with a protein having a highly hydrophobic core (myoglobin, dotted-line) 
and with a protein having a highly hydrophilic core (RNase A, dashed-line).  Membrane proteins: 
Photosystem II (1) [219]; the band 3 protein (2) [220, 221]; monomeric bacteriorhodopsin (3) [208]; 
trimeric bacteriorhodopsin in the purple membrane (4) [205-207]; Paracoccus denitrificans 
cytochrome-c oxidase subunit III (5) [211];  Paracoccus denitrificans cytochrome-c oxidase wild-type 
(weighted average of two transition temperatures) (6) [211]; Paracoccus denitrificans cytochrome 
oxidase purified from the subunit III-minus mutant (7) [211]; bovine cytochrome-c oxidase (8) [214]; 
bovine cytochrome-c oxidase subunit III (9) [214]; cytochrome-c oxidase from yeast (10) [212].  Note 
the low enthalpies of denaturation of most membrane proteins.  (b) A schematic model of the thermal 
denaturation of a soluble and an α-helical membrane protein.  (Reproduced with modifications and 
permission from [201]). 
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It was suggested that the likely explanation for the low enthalpy changes and high 

thermal stability of membrane proteins is that, unlike their soluble protein counterparts, 

they do not completely unfold under the thermal stress.  Only loop and extramembranous 

regions unfold, whereas the transmembrane α-helices remain intact, but may lose packing 

interactions [81].  This hypothesis has been supported by subsequent studies on 

membrane protein unfolding  

 

4.2.1 Effects of Heat on Glycerol Facilitator in Dodecyl Maltoside 
Solution and Lyso-Myristoyl Phosphatidylcholine Solutions at Neutral 
pH 
 

In order to measure the thermal stability of GlpF prepared in pH 7 DDM- and pH 7 

LMPC-solutions, spectroscopic and by electrophoretic methods were used.  The thermal 

unfolding of secondary structure was followed by far UV CD spectroscopy and the 

spectra are shown in Figure 45 (DDM) and Figure 48 (LMPC).  Plots of the temperature 

dependence of the ellipticity at 209 nm fit to a 2-state unfolding transition are shown in 

Figure 46 (DDM) and Figure 49 (LMPC).  The spectra indicate that the DDM-solubilized 

protein secondary structure is relatively stable up to 60°C following which increasing 

temperature reduces the fractional helicity as deduced from far UV CD from ~ 60% to ~ 

20% with a Tm of 75±1.1°C.  The DDM-solubilized GlpF near UV CD ellipticity is 

relatively unperturbed up to 60°C (Figures 3-14 and 3-15) and is reduced with a Tm of 

71±2°C that is only slightly lower than those measured by far UV CD.  This suggests that 

the thermal transition involves a cooperative loss of both secondary and tertiary structure 

above 60°C in DDM.  The secondary structure of LMPC-solubilized protein is stable up 
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to 70°C following which increasing temperature reduces the fractional helicity as 

deduced from far UV CD from ~ 60% to ~ 18% with a Tm of 86.9±11.5°C and ΔT of 

15.1°C.  Similarly for LMPC-solubilized GlpF the near UV CD ellipticity is relatively 

unperturbed up to 70°C (Figure 3-23) and is eliminated with a Tm of 74.9±1.5°C and a 

ΔT of 9.2°C, which are lower than those measured by far UV CD.  The broad transition 

range of the secondary structure unfolding and the separation of the secondary and 

tertiary unfolding transitions suggest a different thermal unfolding mechanism and 

stability of the protein in LMPC-solution, compared to DDM-solution.  The broad 

transition of the secondary structure thermal unfolding is indicative of only partial 

unfolding of helices through the temperature range of tertiary structure unfolding.  At 

78.8°C, 90% of the tertiary structure in LMPC-solution has unfolded, while 

approximately 75% of the secondary structure remains intact and, when 50% of the 

tertiary structure has unfolded only 10% of the secondary structure has unfolded in 

LMPC-solution.  By comparison, GlpF dissolved in DDM-solution has 90% of the 

tertiary structure unfolded at approximately 69.1°C, and approximately only 55% of the 

secondary structure remains intact, and when 50% of the tertiary structure is unfolded 

approximately 20% of the secondary structure has unfolded in DDM-solution.  In LMPC, 

all levels of structure are more thermally stable than in DDM and the unfolding appears 

less cooperative: the melting points of the secondary structure (Tm = 87ºC) and 

quaternary structure (Tm > 80ºC) are similar and significantly higher than that of the 

tertiary structure (Tm =75ºC), however the secondary structure unfolding transition (ΔT = 

15ºC) is broad suggesting helices with varying stability.  The lower stability of the 

protein in DDM is also indicated by the lower thermal-stable helix content remaining at 
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95ºC in DDM (14%) compared to LMPC (22%).  The loss of tertiary structure before 

secondary structure in LMPC and the presence of a core of thermal-stable helices in both 

detergents support the standard view that the connecting loops are more thermal labile 

than the α-helices.  However, the cooperative unfolding of much of the helix content 

along with the tertiary and quaternary structure in DDM indicate the influence that 

detergent can have on the unfolding pathway. 

 

Finally, the thermal stability of the GlpF protein tertiary structure in DDM- and LMPC 

solutions was monitored by tryptophan fluorescence (Figure 32and Figure 40).  Elevated 

temperatures progressively quench the tryptophan fluorescence and a small red shift from 

329 to 333 nm is detected in the spectrum at temperatures above 60°C in concert with the 

changes observed in the near UV CD spectra.  This indicates that as the tertiary structure 

unfolds there is a slight increase in accessibility of one or more tryptophan residues to the 

aqueous environment.  The most likely candidate is tryptophan-42, located at the 

interface between the monomers, and is supported by observations of thermal unfolding 

of the quaternary structure discussed below. 

 

To measure the thermal stability of the quaternary structure in DDM- and LMPC 

solutions, SDS- and BN-PAGE were used (Figure 20B, Figure 23, Figure 27A and Figure 

27B respectively).  SDS-PAGE indicates that in DDM-solution the tetramer is stable up 

to 60°C but at higher temperatures the protein unfolds forming at least two high 

molecular weight complexes; one aggregate enters both the stacking and running gel and 

the other just enters the stacking gel (Figure 20B).  The results of BN PAGE of the heated 
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protein in DDM-solution are shown in Figure 23.  The unfolding and aggregation of GlpF 

are evidenced only by the disappearance of the tetrameric protein from the gels 

suggesting that the high Mr oligomers are too large to enter the cross-linked 

polyacrylamide.  It seems likely that the oligomers observed on the SDS gel in Figure 

20B underestimate the actual oligomer size formed at high temperature in DDM because 

of the ability of SDS to dissociate them.  Most of the time, the oligomers are soluble 

complexes however, judging from the only very faint development of turbidity in the 

samples in the absence of SDS. 

 

Similarly for the GlpF protein dissolved in LMPC-solution, SDS-PAGE shows that the 

tetramer is stable to 60°C with increasing amounts of higher molecular weight oligomers 

appearing as the temperature is raised further (Figure 27A).  However, in DDM-solution 

the tetramer is completely dissociated and aggregated by 80°C (Figure 20B lane-4), 

whereas in LMPC solution a large fraction of the tetramer is still intact at 80°C (Figure 

27A lane-1).  This greater stability to thermal denaturation in LMPC-solution is likely 

attributable to a combination of the longer detergent carbon-tail length and the 

phosphatidylcholine head group.  Molecular dynamics simulations [186] and magnetic 

resonance studies [222] indicate that matching the hydrophobic region of the protein to 

that of the solvent (lipid, detergent, etc.) dramatically affects the lipid ordering at the 

surface of the membrane protein, thereby affecting the protein's structure and function.  

In addition, Jensen and Mouritsen [186] show that when lipids with carbon chains longer 

than sixteen interact with the GlpF protein, they show a decrease in the order parameters, 

suggesting that lipids with sixteen carbons are an excellent hydrophobic match to the 
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GlpF protein.  This supports the result that in LMPC-solution GlpF will be more stable to 

thermal denaturation than in DDM-solution, as the myristoyl carbon tail of LMPC will be 

better matched to the hydrophobic region of GlpF.  A possible explanation of the role of 

the detergent head group in the higher thermal stability of the GlpF in LMPC compared 

to DDM is that the phosphocholine head group provides an electrostatic environment that 

is better matched to GlpF at pH 7 than the neutral maltoside.  This seems likely in light of 

the high abundance (over 80 mole per cent) of phosphatidylethanolamine in the E. coli 

inner membrane which is isocoulombic with phosphatidylcholine.  In LMPC, the 

quaternary structure of the GlpF appears to be more thermally stable than the tertiary 

structure.  This suggests that, in vivo, the tetramer may form by the association of molten-

globule-like structures that contain native α-helices but no fixed tertiary structure and that 

compact tertiary folds form only in the assembled tetramer.  This pathway would assign a 

chaperone function to each of the monomers and highlights the importance of the 

tetramer in stabilization of the protein tertiary structure.  Such a mechanism may be 

widespread as many membrane proteins are oligomeric and may require multiple 

protein:protein contacts for formation and stabilization of a well packed tertiary cores.  

Dimeric procaspase-3, a water soluble protein, has been shown to unfold to an associated 

dimer intermediate and the stability of the dimer contributes a significant fraction of the 

conformational free energy of the protein [223]. 

 

 

The results of BN PAGE of the heated protein in LMPC-solution are shown in Figure 

27B.  They confirm that in LMPC-solution the GlpF protein retains a large proportion of 
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its tetrameric structure at 80°C, as evident from the intensity of the band on the BN-

electrophoregram.  The unfolding and aggregation of GlpF at higher temperatures are 

evidenced by the slight disappearance of the tetrameric protein from the gel and the 

appearance of high Mr oligomers that just enter the cross-linked polyacrylamide.  In 

addition, a small amount of monomer, dimer and trimer are observed suggesting that 

LMPC has a greater ability than DDM to partially dissociate the large oligomers and keep 

them in solution, although not to the extent that SDS can. 

 

The temperature dependence of the loss of quaternary structure in both detergent 

solutions agrees well with the observed loss of tertiary and secondary structures shown in 

Figure 31 and Figure 46 (DDM tertiary and secondary structure thermal unfolding fits 

respectively) and Figure 39 and Figure 49 (LMPC tertiary and secondary structure 

thermal unfolding fits respectively).  Although the temperature resolution of the 

quaternary structure thermal denaturations is too low to determine mid-points of 

unfolding, the results are consistent with those obtained using spectroscopic techniques 

for secondary and tertiary structures.  Taken together, these results suggest that the major 

thermal transitions measured at ~65°C in DDM, and at 75°C in LMPC involve a 

cooperative loss of quaternary, tertiary and secondary structure in DDM, with a less 

cooperative unfolding pathway in LMPC.  These results also explain the small red shift in 

Tryptophan emission under thermal denaturation in both detergent-solutions as most of 

the Tryptophan side-chains are likely buried in hydrophobic environments in the 

aggregates.  The high melting points for the GlpF structure and its resistance to unfolding 
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by SDS indicate the high stability of the tetramer under the conditions of its preparation 

in both DDM- and LMPC solutions. 

 

The thermal denaturations of detergent-solubilized GlpF are irreversible and as such a 

thermodynamic analysis is not valid; however, when used for comparison purposes only, 

we find that the GlpF protein in DDM- and LMPC-solutions exhibit characteristics 

similar to other membrane proteins.  In LMPC-solution, the calculated enthalpy of 

unfolding of the tertiary structure (Tm = 74.9±1.5°C) is 3.4 cal/g.  This is well within the 

expected range for membrane proteins based on collected data [205-208, 211, 212, 214, 

219-221], and well below the average of 8.5 cal/g at this temperature reported for soluble 

proteins [214].  The calculated enthalpy of unfolding for the secondary structure in 

LMPC solution is 1.4 cal/g, or 0.15 kcal/mol-residue, which is also much lower than the 

average soluble protein.  The unfolding enthalpy values for GlpF in DDM-solution are 

2.4 cal/g and 2.5 cal/g for tertiary and secondary structure respectively.  It is interesting to 

speculate on the cooperativity of the thermal unfolding based on these enthalpies.  In 

DDM-solution, both near and far UV CD have similar thermal midpoints, and similar 

values for the enthalpy of unfolding, suggesting a single transition.  However, in LMPC 

both the midpoints and the enthalpies of unfolding are significantly different for the 

tertiary and secondary structure suggesting that the protein may unfold in two discrete 

stages with tertiary structure unfolding before secondary structure.  
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4.3 Effects of Urea 
 

Urea is a common protein denaturant used to measure the stability of many water-soluble 

proteins and has recently been shown to reversibly unfold a β-barrel protein [178].  Initial 

experiments on DDM-solubilized GlpF indicated a time dependence of the effects of urea 

(see Figure 36) and in order to permit the establishment of equilibrium conditions the 

protein was incubated in various concentrations of urea for 3 weeks.  Figure 25 and 

Figure 26 show the effects of additions of urea on the DDM-solubilized protein 

quaternary structure.  According to SDS-PAGE low concentrations of urea (2-4 M; lanes 

2-3 Figure 25) have a minor effect on the amount of tetramer present in the solution.  

Small increases in monomer, dimer and trimer are observed but the most notable change 

is the significant loss of a high molecular species that appears to be an octamer that is 

sometimes observed in the preparations.  After incubation for 3 weeks in 8 M urea 

(Figure 25, lane 5), the tetramer is nearly absent, monomer, dimer, and trimer have 

increased substantially, and the octamer is greatly reduced.  In addition, protein 

oligomers electrophoresing between the tetramer and octamer appear that are likely non-

specific aggregates of unfolded protein, which are soluble in high concentrations of SDS 

and urea.  BN-PAGE of the same samples is shown in Figure 26.  The BN gels appear to 

be less sensitive to the unfolding induced by urea at low concentrations because in the 

absence of SDS the low molecular weight species are not observable on the gels 

presumably because they form aggregates too large to enter the gel.  It is also possible 

that in the absence of SDS the tetramer is resistant to dissociation in low concentrations 

of urea.  However, at 6 M and 8 M urea (Figure 26 lanes 4 and 5 respectively) the 

unfolding of the tetramer and octamer are evident from their diminishing bands on the 
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BN gel and from the very faint bands that appear to be trimer and dimer that appear.  The 

latter are likely soluble in small amounts because of the high concentrations of urea 

present. 

 

Figure 36 shows another indication of the resistance of the protein to denaturation by 

urea.  Incubation of the DDM-solubilized GlpF in 8 M urea for 1 day causes little change 

in the near UV CD spectrum.  However, over the course of 21 days, the added urea 

reduces the tertiary structure with an exponential unfolding rate constant of 4±1×10-6 s-1 

(Figure 37).  The high concentrations of urea required to unfold the protein and the slow 

unfolding rate both suggest a high thermodynamic stability of the protein dissolved in 

DDM-solution.  The four-helix bundle RNA-binding protein Rop dimer displays similar 

stability.  It unfolds with a guanidine-HCl concentration midpoint of 3.23 M, a thermal 

unfolding midpoint of 70oC, and an unfolding rate constant of 0.7×10-6 s-1 [224].  A 

tetrameric mutant is even more stable with a thermal unfolding mid-point of 101oC [225].  

Intersubunit interactions make significant contributions to the stability of the Rop fold 

and the same is likely to be the case for the GlpF tetramer. 

 

The mechanism by which urea disrupts protein structure is still not completely 

understood.  Urea has long been thought to disrupt hydrophobic interactions within 

proteins [226-228], however more recent studies suggest that the disruption is not in the 

hydrophobic domains, but of hydrogen-bonds in the hydrophilic regions of the protein 

[229].  If we presume that urea does not disrupt hydrophobic interactions both between 

the protein and detergent and within the protein [229], and that urea can interact with the 
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water-soluble loop regions of the protein, this suggests that hydrophobic interactions 

between the protein monomers play a major role in stabilizing the protein structure and 

explain why high concentrations of urea are required to unfold the GlpF protein. 

 

 

4.4 Influence of pH on Protein Structure 
 

The recent interest in partially folded states of proteins is in part due to advances in NMR 

spectroscopy that permit observations of structural details.  However, partially unfolded 

proteins also provide insight into protein folding and protein stability [230-233].  It has 

been demonstrated that some partially folded states may be sampled by the linear 

polypeptide during the folding process prior to the appearance of native structure [47, 

234, 235].  The formation of partially folded states, called molten globules, early in the 

protein folding pathway leads to a dramatic decrease in the conformational space sampled 

by the polypeptide during the folding process, and could therefore simplify the protein 

folding problem [44, 231, 236].  The consensus characteristics of the molten globule are 

that it must have a significant amount of native-like secondary structure, a compact fold 

which lacks strong tertiary interactions, enhanced accessibility to the solvent and low 

cooperativity to thermal unfolding [54, 232, 236-239]. 

 

A mutant of the four helix bundle Interleukin-6 lacking the first 22 residues, and one 

disulfide bond exhibits structural features similar to that of the native protein at neutral 
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pH [240] and that of a molten globule when studied at low pH [241].  Far UV CD 

analysis determined that even at pH values as low as 2, the interleukin-6 mutant retains 

the secondary structural features of the native protein exhibiting minima at 208 and 222 

nm [241].  However, the effects of pH 2 are more dramatic on the tertiary structure of the 

protein.  At pH 2, the intensity of the near UV CD is significantly lower than that of the 

native protein suggesting a loss of tertiary structure [241].  With intensities being only 

approximately 50 % of those obtained from the native protein [240, 241], the addition of 

acid has likely induced a looser structure, resulting in flexible environments near the 

aromatic groups [242].  Fluorescence studies on the acidified state of interleukin-6 also 

indicate a loss of tertiary structure [241] as changes in both the intensity and the emission 

maximum of the tryptophan fluorescence are observed as the pH is lowered.  

Measurements conducted on model compounds showed that upon acidification there is a 

decrease in tryptophan quantum yield, while the emission maximum remains constant 

[241].  This suggested that the blue shift in the fluorescence maximum at pH 2 of the 

interleukin-6 protein reports changes in the polarity of the microenvironment near the 

tryptophan residue [243].  However, the decrease in fluorescence intensity at pH 2 is 

likely primarily due to an acid quenching [241].  In addition, the intensity of tyrosine 

fluorescence near 303 nm increases upon acidification, which is interpreted as originating 

from a weakening of the tyrosine-to-tryptophan energy transfer. 
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4.4.1 Influence of pH on GlpF Structure 
 

Conditions of acidic pH (3 or less) lead to a dissociation of the GlpF tetramer in both 

DDM and LMPC as observed by both SDS and BN PAGE.  This result is similar to the 

effects of acidic pH on the oligomerization state of AQPZ, where the protein must be 

acidified in order to disrupt the stable tetramer [192].  The electrophoregrams in Figure 

21 and Figure 28A show the influence of pH in combination with SDS on the quaternary 

structure of GlpF in DDM and LMPC respectively.  Figure 21, lanes 1-2 show that the 

DDM-solubilized tetramer is stable between pH 7.8 and pH 7.0 on SDS-PAGE.  At pH 

6.0, (Figure 21, lane 3) the tetramer band is diminished and the monomer band increased, 

indicating partial dissociation of the tetramer into monomer; dissociation appears to be 

complete at pH 5.0 (Figure 21, lane 4).  It is worth noting that the lanes containing 

monomer show very little dimeric or trimeric protein suggesting that the monomer could 

be in an unaggregated and partially folded state in the mixture of SDS and DDM.  Figure 

28A shows that the LMPC-solubilized GlpF quaternary structure is more pH sensitive 

than the DDM-solubilized GlpF.  Electrophoresis of the LMPC-solubilized GlpF in the 

presence of SDS suggests that the tetrameric structure near pH 6 is disrupted, and there is 

an increased amount of dimeric and trimeric protein observed, which are likely due to 

oligomerization of partially unfolded monomeric GlpF.  Electrophoresis of the same 

preparations on BN polyacrylamide gels shows the sensitivity of the protein to pH in the 

absence of SDS (Figure 24 and Figure 28B).  According to BN-PAGE, the protein is 

predominantly a tetramer at pH 5.0 in both DDM (Figure 24 lane 3) and LMPC (Figure 

28B) lane 3, however it must be less stable than at neutral pH as it is sensitive to 

dissociation by SDS (Figure 24 lane 3 and Figure 28A lane 3).  At pH 4.0 in DDM 
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solution, BN-PAGE shows that the tetramer has nearly completely disappeared even in 

the absence of SDS (Figure 24, lane 4).  In its place a high molecular weight oligomer 

appears at the top of the gel.  At pH 4.0 in LMPC solution (Figure 28B lane 2), BN-Page 

shows that the tetramer is completely disrupted, with the appearance of monomeric GlpF 

and high molecular weight oligomers. 

 

The changes in secondary and tertiary structure brought about by lowering the pH were 

investigated spectroscopically.  pH titrations by far UV CD in DDM solution (Figure 47), 

and in LMPC solution (Figure 50) show that the helix content of the protein at low pH is 

nearly identical to that of the neutral pH tetramer.  However, near UV CD shows that at 

pH 3.0, the DDM-solubilized protein has lost approximately 80% of its near UV signal 

and tertiary structure (Figure 33).  At pH 3.0 in LMPC solution (Figure 41), the near UV 

CD signal intensity has passed through zero intensity, into positive ellipticity.  This has 

interesting similarities to the shape and intensity of the spectrum of the protein dissolved 

in SDS solution (Figure 43).  Recall that under the conditions of SDS solution, it has been 

proposed [98] that membrane proteins are only slightly unfolded by intercalation of the 

SDS monomers into the protein, disrupting some of the close contacts.  Low pH may 

induce similar effects on GlpF, where the close contacts of the helices are again only 

partially disrupted and the helices themselves are not unfolded.  The effects of pH on the 

fluorescence of the DDM-solubilized protein were also measured (Figure 34).  Between 

pH 7 and pH 5 the tryptophan emission is quenched by about 15% but there is no 

detectable change in the position of the emission maximum.  However, between pH 5 and 

pH 4 the quantum yield is restored to slightly more than its original value and a shift in 
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the peak maximum occurs by about 4 nm to the red.  Between pH 4 and 3 the 

fluorescence is quenched by about 30% but the emission maximum remains at 333 nm.  

These changes likely reflect direct effects of the protonation of different side-chains in 

the local environments of the five Tryptophan residues as well as indirect effects of the 

unfolding of the tertiary structure and oligomerization as the pH is lowered.  The shift of 

the emission maximum to 333 nm was also observed in the thermal unfolding 

experiments and indicates that the protein unfolds below pH 5.0, which agrees with near 

UV CD, and SDS and BN gel analysis.   

 

Overall, the results are compatible with the concept that the low pH form of the protein in 

DDM and LMPC is a molten globule that contains native secondary structure, little 

tertiary structure, and may exist as a high molecular weight oligomer.  However, the 

addition of SDS and elevation of the pH to 7 (for example see Figure 22) appear to 

dissociate the oligomer leading to the formation of a monomeric molten globule.  

Furthermore, the lack of non-specific aggregates (dimer, trimer) on the SDS gels suggests 

that the high molecular weight oligomer is not a non-specific aggregate but may be an 

association of molten globule tetramers that are dissociable by SDS or raising the pH. 

 

4.6 Glycerol facilitator in Sodium Dodecyl Sulfate and Octyl 
Glucoside solutions 
 

We have previously shown that GlpF prepared in SDS solution at pH 4.2 electrophoreses 

predominantly as a monomeric protein on SDS-PAGE and contains an α-helix content of 
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about 48% (53% if the affinity tag is ignored) [141].  Attempts to elute the SDS-

solubilized protein from the Ni2+ resin at neutral pH with imidazole yielded mostly 

monomeric protein that eluted in low concentrations of imidazole but also contained a 

low background of protein impurities (not shown), which is likely due to the effective 

low pH microenvironments induced by SDS [244].  The α-helix in low pH-eluted, SDS-

solubilized protein is thermally stable up to 50oC and at 70oC the protein still retains 

about 40% of its helix content (data not shown).  Thus, in SDS the α-helices are 

thermally very stable.  Near UV CD spectra of the protein dissolved in SDS at various 

temperatures have been shown to exhibit a weak positive ellipticity and lack well-defined 

absorption bands, which suggest some transient asymmetry in the environments of the 

aromatic residues [181].  However, increasing the temperature does not eliminate this 

spectrum and there is therefore no evidence of a two-state unfolding transition.  The 

protein in SDS thus appears to reside in a state retaining much of its secondary structure 

and in addition having retained some tertiary contacts but no quaternary structure.  This 

result supports a recent proposal of SDS binding to membrane proteins [98] shown in 

Figure 12, where the SDS monomers intercalate between the helices, disrupting the 

majority of tertiary contacts but not destroying secondary structural elements. 

 

GlpF was also prepared in OG by elution from Ni2+ resin at low pH [141] or with  

250 mM imidazole.  Dilute solutions could be studied by far UV CD, but both forms of 

the protein readily precipitate from solution at the concentrations required for near UV 

CD analysis.  Although the preparations of GlpF in DDM solution at neutral pH remain 

in solution for several months, far UV CD shows a slow loss of structure over this time 
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course.  The improved stability of the protein dissolved with the aid of 12 carbon 

detergents compared to 8 carbon detergents, and the further increase in stability with the 

use of detergents containing 14 carbons shows that significantly improved conditions for 

stabilizing membrane proteins in solution have been achieved. 

 

 

4.7 Future Work 
 

The present results demonstrate that conformationally stable solutions of membrane 

proteins can be prepared as long as the correct solution conditions such as pH, 

temperature, and detergent are found.  In the case of the GlpF, this stability is in good 

agreement with the observations of a tightly packed 3D structure and low temperature B-

factors by X-ray diffraction [1].  The results also agree with calculations of root mean-

squared deviations of Cα atoms during molecular dynamics simulations that indicate only 

very minor conformational changes during glycerol passage through the pore [124, 245].  

The molecular dynamics simulations indicate that there is no cooperativity between the 

subunits of the tetramer during glycerol passage [245] and this suggests that the tetramers 

play a structural role stabilizing the monomer conformation in the hydrophobic 

membrane.  The molecular dynamics simulations also point out that the stability of the 

pore conformation is critical both for the conduction of glycerol and for the selectivity of 

the pore for glycerol over water [245].  Kinetically and thermodynamically stable 

preparations of membrane proteins in detergent may be amenable to structure and 
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dynamics analysis by multinuclear NMR TROSY experiments [246] if sufficient 

deuterium-labelled protein can be prepared at concentrations of 200-300 μM. 

 

The equilibrium molten globule is speculated to be an analogue of an important kinetic 

intermediate in the folding of many water-soluble proteins [247].  It has also been shown 

to be an important intermediate on the membrane insertion pathway of the colicin Ia 

channel domain [248].  I have shown here that dissociation of the GlpF tetramer leads to 

non-specific aggregation or molten globule formation, suggesting that GlpF may exist as 

a molten globule during its insertion into the membrane by the Sec translocase and while 

in the membrane before it forms the tetramer.  More detailed structural analysis of the 

acid-unfolded molten globule described here may be possible using hydrogen-deuterium 

exchange and NMR spectroscopy as has been done for several water-soluble proteins 

[247]. 
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